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Summary
The rhizosphere is defined as the area of soil surrounding plant roots,
which is influenced by plant exudates. The rhizosphere hosts a diverse
and dynamic microbiome, which is shaped by both plant and
environmental factors. The plant-microbe and microbe-microbe functional
interactions which occur in the rhizosphere can have significant impacts on
plant growth. Developing understanding of the composition, functions and
interactions of the rhizosphere microbiome and the factors which shape it,
may prove valuable to improve agricultural sustainability.
The rhizosphere and bulk soil microbiomes of contrasting Brassica napus
genotypes growing in the field under high and low N inputs were
characterised using amplicon sequencing. Taxonomic identification,
functional prediction tools and network analysis were used to gauge how
nutrient availability and plant genotype influenced the microbiome. N
availability was seen to have a greater influence on composition, function
and connectivity of the microbiome than crop genotype, with varying
effects on microbes from different Kingdoms.
Metatranscriptome analysis enables analysis of the functioning of the
microbiome. The effectiveness of different methods for the separation of
root and rhizosphere soil for metatranscriptome analysis was compared.
Washing roots in water to separate roots and rhizosphere soil followed by
freeze drying prior to RNA extraction was shown to be the best method to
avoid distorting the metatranscriptome profile. Metatranscriptome analysis
of field grown B. napus revealed increases in the rhizosphere relative to
soil for protein metabolism functions, and the root compartment contained
a high proportion of transcripts related to phage activity.
Plant rhizosphere functions were investigated using transcriptomic
analysis of a diverse range of cultivated and wild Brassica oleracea plants.
Uptake of PO4 is a vital plant process but the identity of PO4 transporters
is unknown in B. oleracea. A number of putative PHT1 PO4 transporter
genes were identified. Significant differences in expression of the putative
PHT1 genes were found between cultivated and wild lines, which may
inform future plant breeding strategies.
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Chapter 1. Introduction
1.1

The importance of agriculture and future challenges

Plants play a vital role in feeding global human populations. Although diets
vary across the world, on average 80% of our calorific intake comes from
direct consumption of food crops such as grains, starchy roots, vegetable
oils, vegetables and fruits (FAO, 2011). Additionally, the production of feed
crops to allow for the keeping of livestock, contributes another 16% to
global food needs (FAO, 2011). The human population has been rising at
astonishing rates since the industrial revolution and is predicted to reach
around 9.7 billion by the year 2050 (United Nations, 2015). Agricultural
production will need to increase by an estimated 25-70% in order to feed
this population (Hunter et al., 2017). Meanwhile the area of available
arable land has decreased by 33% between the years of 1975 and 2015
(Cameron et al., 2015). Thus agriculture faces increasing demand for
crops and decreasing space in which to grow them, presenting the need
for greater efficiency of production systems.

A vital driver for increasing agricultural efficiency lies in gaining a better
understanding of the plant-soil ecosystem. Modern agricultural practices
involve vast inputs of water, chemical fertilisers and chemical protection
products. For instance, in 2015 the global demand for nitrogen,
phosphorus and potassium (NPK) fertilisers was 237,810,000 tonnes
(FAO, 2015). These inputs have previously allowed for the increased
productivity of agricultural systems. However they are associated with a
number of environmental problems. Run-off of nutrients from agricultural
systems can lead to devastating consequences to aquatic systems
resulting from hypoxia and eutrophication (Alexander et al., 2008).
Additionally, unlike N, which can be obtained from the air through the
Haber-Bosch process (Haber, 1920) the amount of P available is finite.
The phosphorus present in the majority of NPK fertilisers is mined from
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rock phosphate. Rock phosphate reserves are limited, and some
estimates predict that global rock phosphate supplies may run out by the
year 2050 (Cordell et al., 2009). The sustainable use of resources such as
fertilisers is one of the main challenges for agriculture (Rockstrom et al.,
2017).

A major cause of agricultural losses are pests and diseases, which can
account for potential crop yield losses of up to 50% (Oerke, 2005). The
use of crop protection products (pesticides, herbicides, fungicides etc.)
have reduced the level of loss due to these various pests and diseases to
29% (Oerke, 2005). However the use of these compounds may also have
unintended and potentially adverse effects on the environment. The
herbicide glyphosate has been shown to have the potential for long-term
negative impacts on honeybee colony performance (Herbert et al., 2014),
and in a separate study was seen to alter the soil bacterial community
(Newman et al., 2016), which may have important and currently unknown
effects on plant health.

Plant breeding has played a profound role in improving the productivity of
agricultural systems. Since the domestication of plants some 11,000 years
ago (Doebley et al., 2006), selective breeding of plant varieties has driven
a range of crop species suitable for modern cultivation. Subsequent
selection and breeding has allowed for the development of highly efficient
crop varieties such as the Nobel prize winning development of dwarf
wheat by Norman Bourlag, which had much higher yield and disease
resistance (Brown, 1970).
1.2

Oilseed rape (Brassica napus L.)

Oilseed rape (OSR) is an agricultural crop, which is grown globally for its
seed oil, use as animal feed and also as a biofuel. By mass, it is the UK’s
third most produced crop, behind wheat and barley (Department of
Environment, Food and Rural Affairs, 2012) and globally more than 35
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million hectares of land is used for OSR growth. The vegetable oil produced
from OSR accounts for 13.3% of global oil production and 65.3% of EU
oilseed production (European_Commision, 2017). OSR has additional
benefits as a break crop in rotation with wheat (Angus et al., 1991) as it
boosts disease resistance and yield due to differences in nutrient
requirement, and it can act as a catch crop as it can assimilate N from the
soil in late autumn and early winter.

OSR (Brassica napus L.) is part of the Brassicaceae family which also
contains the model plant species Arabidopsis thaliana. Within the Brassica
genus there are many wild species and six crop species. Three of these
crop species are diploid; Brassica rapa (AA), Brassica nigra (BB) and
Brassica oleracea (CC) that have resulted from a polyploidism event
between 7.9 and 14.6 million years ago (Lysak et al., 2005).Three are
amphidiploid species; Brassica napus (AACC), Brassica juncea (AABB)
and Brassica carinata (BBCC) which have resulted from the hybridisation of
the diploid Brassica species (Nagaharu, 1935) and collectively form the
triangle of U (Figure 1.1).

Brassica rapa
N=10
AA
Brassica juncea
N=18
AABB

Brassica nigra
N=8
BB

Triangle
of
U

Brassica carinata
N=17
BBCC

Brassica napus
n=19
AACC

Brassica oleracea
n=9
CC

Figure 1.1 Triangle of U (Nagaharu, 1935), representing genetic relationships of the
Brassica crop types, (n) is number of chromosomes and letter denotes genome
classification.
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1.3

Plant rhizosphere processes

The significance of roots to plant health cannot be understated. Roots
provide structural roles in anchoring the plant to the ground, and act as the
main way in which plants uptake water and most of their vital nutrients
including N, P and K from the soil.
The rhizosphere is the zone of interaction between plant roots, the soil and
the microbial world. The term was first coined by Lorenz Hiltner (Hiltner,
1904) and was used to describe the area of soil surrounding the roots that
can be influenced by plant secretions. Plant roots release a number of
different chemicals into the rhizosphere. This process is known as
exudation. The composition and concentration of plant root exudates
varies between plant species (Badri and Vivanco, 2009), growth stages
(Chaparro et al., 2013), and can change under nutrient deficiency
(Tawaraya et al., 2014). Root exudate chemicals can comprise a vast
range of carbohydrates, amino acids, secondary metabolites, hormones
and proteins (Huang et al., 2014). Mature plants secrete 5-10% of their
total photosynthetically fixed carbon into the surrounding soil (Jones et al.,
2004), and this figure is higher for growing plants (Bekku et al., 1997). This
presents a vast input of carbon into the rhizosphere, and coupled with the
sloughing of root cap cells and proton exudation from plant roots,
represents significant impacts to the surrounding environmental conditions
and ecosystem (Jones et al., 2009). The function of plant root exudates
are varied. Plants have been shown to use root secretions to communicate
with other plants, via mycorhhizas in order to warn of incoming pests
(Babikova et al., 2013), to detect the identity of surrounding plant species
and trigger behavioural changes (Semchenko et al., 2014), directly
suppress pathogen growth (Raaijmakers et al., 2008), inhibit seed
development of competing plant species (Singh et al., 2002) and prevent
consumption by herbivores (Huber et al., 2016). Plant roots have also
been shown to release enzymes such as acid phosphatase in order to
increase nutrient uptake, (Tadano et al., 1993).
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Root exudates also have indirect functional consequences for the plant
due to influences on the microbial community. The exudation of certain
chemicals has been seen to attract taxa to the rhizosphere in order to
control the growth of pathogenic organisms. Secretions of malic acid from
the roots of Arabidopsis thaliana was linked to significant increases in
abundance of a plant-beneficial Bacillius subtilus strain (Rudrappa et al.,
2008). When under attack from herbivores, increases in (E )-bcaryophyllene in maize roots was shown to attract nematode predators
which acted as biological control (Rasmann et al., 2005). Plant root
exudates also have a role in recruiting taxa with capabilities to increase
plant nutrient access. Nitrogen, phosphorus and potassium are the three
most common growth limiting factors for plants, which have limitations in
uptake due to the specific redox state of these nutrients. Plants can only
uptake phosphorus as HPO42- or H2PO4-, and most plants can only
assimilate N as nitrates NO3- or ammonium NH4+. Some plant species
have the ability to form symbioses with microbes in order to increase
nutrient acquisition. Root exudates such flavones and flavonols have roles
in initiating symbioses, including with rhizobia (nitrogen fixing bacteria),
which are selectively recruited into root nodules of leguminous plants
(Zhang et al., 2009). Similarly root exudation of C-glycosylflavonoid was
shown to have a role in the initiation of mycorhhizal symbioses (Akiyama
et al., 2001), which increase plant available P.
1.4

Rhizosphere microbial ecology

The soil is believed to harbour one of the most diverse microbial
communities studied (Schloss and Handelsman, 2006). Plant root
exudation enriches the rhizosphere with carbon which helps increases the
biomass of microorganisms since carbon is the most common growth
limiting factor for microbes (Alden et al., 2001). This rhizosphere
microbiome plays important indirect roles for plant defence by controlling
pathogenic microbial taxa via natural resource competition. It also plays an
important role in nutrient transformation through activities of free living
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nitrogen fixing bacteria (Hirsch and Mauchline, 2015), denitrifying bacteria
and nitrifying bacteria which have active roles in redox transformations of
N. Extracellular release of phytase and phosphate mobilizing enzymes by
bacteria can increase the plant available P in the rhizosphere by
converting organic P which is unavailable for plants, to inorganic P (Turner
and Haygarth, 2005, Richardson et al., 2009).
The rhizosphere microbiome has been called a second genome available
to plants (Berendsen et al., 2012), due to the substantial contribution that it
plays for supporting plant growth. Different species of plant and even
different genotypes of the same species have been shown to assemble
different microbial communities from the same soil environment (Sasaki et
al., 2013),(Zancarini et al., 2012).

Many factors have an influence of the assembly of rhizosphere microbial
communities. As well as the nutrient status of the soil (Carvalhais et al.,
2011), it has been shown that the growth stage of a plant affects the
community composition (Micallef et al., 2009). However, it is not yet fully
known to what extent plant species directly control their unique
microbiomes, A. thaliana was shown to preferentially recruit
Proteobacteria, Bacteroidetes and Actinobacteria in different soil types
(Bulgarelli et al., 2012).

Rhizosphere and soil microbial communities are dynamic with vast
numbers of ecological relationships and interactions. Symbioses are well
studied between plants and bacteria (such as Rhizobia) and fungi
(Arbuscular mycorrhizae) (van der Heijden et al., 2016). However, further
symbioses between microbial taxa are also present in the rhizosphere,
such as the endosymbiosism between Burkholderia bacteria and Rhizopus
fungi (Partida-Martinez and Hertweck, 2005), in which the bacterial partner
produces a toxin (rhizoxin) which increases fungal pathogenicity to plant
roots and subsequently increases available nutrients to the fungus. There
are numerous antagonisms within soil and rhizosphere microbial
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communities through the production of antibiotic compounds. For example,
surfactin and iturin production in Bacillus subtillis, which inhibits the growth
of the Pythium ultimum fungus (Kinsella et al., 2009). Competition for
nutrients and space is a constant factor which regulates microbial
communities, and drives the high diversity in the soil (Hibbing et al., 2010).
Furthermore, predations such as the grazing of bacteria by rhizosphere
protists drives an intricate feedback loop between plants, bacteria and
protists which regulates nutrient cycling in the rhizosphere (Bonkowski and
Clarholm, 2012). Understanding how various factors influence these
interactions and the assembly of rhizosphere microbial communities is the
first step towards manipulation the rhizosphere microbiome to promote
beneficial functions, thereby improving the efficiency and sustainability of
agriculture.
1.5

Analysing microbial communities

The abundance and composition of soil microbial communities is highly
variable, and is driven by a number of factors such as soil type, pH
(Lauber et al., 2009) and temperature (Oliverio et al., 2017). Estimates of
soil microbial populations were collated from molecular studies by Fierer
and show that typically soil microbial communities are comprised of
bacteria and fungi at highest biomass (~100-100000 µg biomass carbon
per gram of soil), followed by the archaea (~10-100 µg biomass carbon
per gram of soil) and protists and viruses (~0.001-10 µg biomass carbon
per gram of soil) (Fierer, 2017). As mentioned these communities display
massive variation across samples, however typical soil taxa include;
Acidobacteria, Verrumicrobia, Bacteriodetes, Proteobacteria,
Planctomycetes and Actinobacteria, Basidiomycota, Ascomycota,
Zygomycota, Glomeromycota, Chytridiomycota,Crenarchaeota,
Euryarchaeota, Parvarchaeota, Rhizaria, Alveolata, Stramenopiles
Amoebozoa and Archaeplastida (Fierer, 2017); (Crowther et al., 2014).
Rhizosphere microbial communities represent diverse and active
populations (Berendsen et al., 2012) which are distinct from the
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surrounding soil and are again determined by a vast range of abiotic
factors and the species of plant (Berg and Smalla, 2009).
Before the development of molecular methods for microbial ecology,
culture based methods were used to profile microbes from the
environment. This led to improvements in understanding the functional
capabilities of a large number of microbes. However only a fraction of the
total microbial diversity has been cultured thus far, an estimated 1%
(Hugenholtz, 2002). Even as culture collections continue to grow, there is
a limit to the number of microorganisms that can be brought into culture
due to complex dependencies and thus there is a scarcity of certain taxa
(Stewart, 2012). The ability to simultaneously identify and quantify the
diverse microbial taxa from an environment is not possible using culture
based techniques.

Molecular based sequencing methods have revolutionised microbial
ecology. Microbes exist in dynamic communities with a large range of
ecological interactions. The ability to determine the abundance of
organisms relative to each other, and to discern the taxonomic identity of
the microbes present in an environment can reveal a detailed picture of the
microbial ecosystem. Amplicon sequencing is the most common method
used for the identification and relative quantification of microbiomes. The
sequencing of specific regions of DNA, amplified by PCR from
environmental DNA samples can be used to provide taxonomic and
functional characterisation of communities. One of the biggest
technological advances in the study of microbial communities was the
ability to use the 16S rRNA gene for bacterial identification, and the 18S
rRNA gene for eukaryotic identification (Woese et al., 1990). This enabled
the identification of previously unculturable or inaccessible microoganisms.
The ribosomal RNA genes are used for molecular classification of
organisms due to highly conserved regions of the gene to which primers
can bind, and hypervariable regions which allow for unique determination
of identity (Van de Peer et al., 1996). Taxonomic classification using rRNA
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genes is facilitated by the use of Operational Taxonomic Units (OTUs)
based on sequence similarity. One of the benefits of the use of rRNA
genes and OTU clustering is that estimations of taxonomic identity can be
made, without the need to define bacterial species (Schmidt et al., 2014).
One of the drawbacks of using rRNA genes for identification is that some
species may share more than 97% similarity of rRNA genes which can
lead to OTUs representing multiple species, for example Bacillus
globisporus and Bacillus psychrophilus were seen to exhibit more than
99.5% sequence simialtity of the 16S rRNA gene which would lead to
these distinct species being labeled as one OTU (Fox et al., 1992). Also,
prokaryotic taxa may have between one and fifteen copies of the 16S
rRNA gene (Lee et al., 2009), which can distort diversity estimates. For
example, in a forest soil study, the relative abundance of Acidobacteria
was artificially increased and the relative abundance of Firmicutes was
decreased due to differences in 16S rRNA copy number (Vetrovsky and
Baldrian, 2013). Due to the need to amplify the rRNA genes (amplicons)
by PCR, biases can be introduced due to preferential binding of primers to
the DNA of certain taxa, giving erroneous estimates of the relative
abundance. Choice of primers was shown to be one of the main causes of
errors in Illumina DNA amplicon sequencing (Schirmer et al., 2015).
High throughput targeted amplicon sequencing of the rRNA genes is a
popular tool for the determination of microbial communities across
environments. However, there are drawbacks of using targeted amplicon
DNA sequencing to profile the microbial community. This method does not
target the active community. The central dogma of molecular biology, is
that DNA à RNAà Protein (Crick, 1970). DNA represents the genomic
potential of the organisms present, whereas RNA represents the
expression of genes by living organisms. One potential issue of using DNA
to identify and quantify the microbial community is that DNA has been
shown to remain present in the soil environment for years as ‘relic’ DNA
(Carini et al., 2016). The relic DNA has been shown to account for 40% of
the total prokaryotic and fungal communities and as a consequence, has
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the potential to inflate the diversity of the microbiome and shift the
microbial community composition. The use of RNA instead of DNA to
analyse microbial communities has allowed for the taxonomic identification
of the active community (Thomas and Cebron, 2016).
1.6

Whole community identification

The ultimate aim within the study of microbial ecology is to simultaneously
determine the identify and function of all members of microbial
communities. Advances in sequencing technology have enabled the study
of metagenomes and metatranscriptomes in the soil environment.
Metagenomic studies seek to identify the complete genetic potential of the
microbial community while metatranscriptomes can reveal the complete
functional output of a microbial community. This rapidly advancing field of
study currently relies on fragmentation of the total DNA or RNA in the
environment, and the allocation of these stretches of sequence to
reference databases based on percentage similarity. RNA-Seq
approaches allow for the analysis of the metatranscriptome without prior
selection of target genes, such as in RNA microarrays (Wang et al., 2009).
Metatranscriptomics approaches have identified differences in the
microbial composition and function of soil and rhizosphere communities
from a variety of plants (Turner et al., 2013). Whilst these techniques have
opened up new possibilities for linking the composition of microbial
communities to function, there is a key limitation: The databases to which
sequences are aligned do not (by any means) contain the genomes of all
living taxa. Recent estimates have estimated there may be over one trillion
microbial species on Earth (Locey and Lennon, 2016). Furthermore, the
cost of ‘meta-omics’ approaches are much higher than targeted amplicon
sequencing and significant computational power is required to cope with
the volume of data produced.
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1.7

The plant root transcriptome

High throughput sequencing methods have also revealed vast amounts of
information regarding plant transcriptional activity. As mentioned
previously, plant roots are a hotspot for various processes including
nutrient uptake and secretion of chemicals as root exudates. These
processes are coordinated through expression of genes in the root.
Understanding how plants react to different environmental conditions such
as drought (Janiak et al., 2016) and nutrient limitation (Curci et al., 2017)
helps develop the understanding of the impacts that the environment can
have on the plant, and the subsequent influence the plant will have on it’s
environment. By comparing the transcriptional fingerprint of plants with
known functional differences, RNA-Seq transcriptomes can help identify
the underlying causes of these changes and help identify targets for
breeding or genetic modification. For example, Singh and co-workers
(Singh et al., 2016) were able to use rice cultivars to discover genes that
control phenotypes such as lateral root development. At a larger scale, the
root transcriptome of sweet potato (Ponniah et al., 2017) and spinach (Xu
et al., 2015) plants have been compared with those of their wild ancestors
in order to detect differences in expression pattern. This sort of approach
leads to real improvements in understanding how plant systems develop
over time and can reveal practical information about plant responses to
biotic and abiotic stresses which can reveal potential breeding targets and
ultimately help improve agricultural efficiency.
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1.8

Aims and objectives

The overall aims of this thesis were to develop approaches to investigate
plant and microbe functions in the rhizosphere. The work presented here
has been divided into five chapters. Chapter 1 presents a general
introduction into the research area. Chapters 2 - 4 are experimental
chapters with defined structure (Introduction, Materials and Methods,
Results, Discussion), and Chapter 5 provides a general discussion of the
work.
The aim of Chapter 2 was to determine the relative abundance and
potential functions of the microbial communities in the soil and in the
rhizosphere of field grown B. napus and identify what impact N fertilisation
and plant genotype had on the composition and function of these bacterial,
protist and fungal communities.
The aim of Chapter 3 was to evaluate methods for extraction and
preservation of RNA from the soil root and rhizosphere of field grown B.
napus and investigate differences in the active microbial communities and
functions of these compartments.
The aim of Chapter 4 was to investigate functional processes from the side
of the plant, and identify potential phosphate transport genes in B.
oleracea using similarity to Arabidopsis thaliana sequences. Further aims
were to identify localised expression in the root and leaf tissues from a
variety of wild and cultivated Brassica plants and finally detect differences
in expression patterns between the wild species and crop types.
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Chapter 2. The effect of nitrogen fertilisation and plant
genotype on the diversity, composition and function of
microbial communities in the rhizosphere and bulk soil
of field grown oilseed rape.
2.1

Introduction

2.1.1 The rhizosphere
The microbial communities that inhabit the rhizosphere (plant roots and
close-surrounding soil) can have substantial effects on plant health. Many
rhizosphere microbes can influence plant health directly, acting as
pathogens (Hilton et al., 2013, Raaijmakers et al., 2008) or as beneficial
symbiotic partners (Bonfante and Genre, 2010). Others influence plant
growth indirectly by increasing plant access to nutrients, for example
through the release of nutrients from organic substrates (Jorquera et al.,
2008), or by suppressing the growth of plant pathogens (Mendes et al.,
2011).
Microbial communities inhabiting the rhizosphere are made up of a
combination of prokaryotes, protists (single celled eukaryotes) and fungi
(Philippot et al., 2013). The drivers which control the assembly and
function of these communities are most well studied for bacteria (Bell et
al., 2015) and fungi (Paungfoo-Lonhienne et al., 2015), while protists have
received limited focus at the community level, despite their importance
(Wilkinson et al., 2012). This reflects difficulties in creating cultures, the
lack of suitable conserved primers for targeting protist small subunit rRNA
(Adl et al., 2014), and the scarcity of reference sequences and poor
annotation in rRNA databases (Geisen et al., 2015). However, protist root
pathogens, such as the Brassica napus root pathogen Plasmodiophora
brassicae, can have direct detrimental effects on plant health via infection
of the root and formation of galls (clubroot) (Hwang et al., 2012). Protists
can also indirectly affect plant health, for example, Amoebozoa can act as
grazers of bacteria, causing shifts in bacterial community composition and
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function in the rhizosphere (Rosenberg et al., 2009), with consequences
for plant growth (Krome et al., 2009).
Current evidence suggests that rhizosphere microbial communities are
comprised of specialists and generalists (Pandit et al., 2009). Generalist
species generally have the potential to occur over a wide range of niches
and usually have a wide range of potential metabolic processes, however
generalist organism, such as Desulfobulbus are usually outcompeted in
the microbial world by specialists (Carbonero et al., 2014). Specialist
microbes, such as the symbiotic fungi (Bonfante and Genre, 2010) and
rhizobia (Kamboj et al., 2008), show changes in abundance across
ecological niches, such as root hairs or primary roots (Saleem et al.,
2015). The host selection can be specific, for example rhizobia are only
able to colonise plants from the Fabaceae genus. Specialist interactions,
can even be specific to bacterial strain (Andrews and Andrews, 2017) and
have impacts on plant growth that lead to significant yield increases
(Peoples and Craswell, 1992). Specialist microbes are of particular interest
in regards to the assembly of rhizosphere microbial communities as the
interaction of a host plant can be unique to plant species, or even
genotype (Muller et al., 2015), and the interaction can have a significant
impact on growth.
Evidence is emerging that some free-living bacteria may also be
rhizosphere specialists (Farrar et al., 2014). Proteobacteria and
Actinobacteria have been shown to be root colonisers in Arabidopsis
thaliana (Lundberg et al., 2012), and additionally the Actinobacteria have
been implicated as a phylum which is directly recruited into active
Arabidopsis plant roots in response to metabolic signals (Bulgarelli et al.,
2012).

2.1.2 Drivers of microbiome assembly
Although there is an innate microbial community associated with the seed,
the microbiome of the rhizosphere is primarily assembled from the
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surrounding soil (Philippot et al., 2013). Assembly and organisation of the
crop rhizosphere microbiome is the result of interactions between a myriad
of factors (Edwards et al., 2015), which can broadly be categorized into;
environment, crop genotype, and management practices (Busby et al.,
2017).
Environmental factors, such as pH, moisture and salinity have an
important role in shaping the microbial community structure of both the soil
and the rhizosphere (Marschner et al., 2004, Griffiths et al., 2011).
Geographical distance has also been shown to contribute to the selection
of the rhizosphere microbial community for a number of plant species
(Pereira e Silva et al., 2012). The species of plant itself (Berg and Smalla,
2009) and growth stage (Sugiyama et al., 2014b) also has an effect on the
composition of the rhizosphere microbiome. Similarly, genotypes within a
species can show differences in composition of rhizosphere microbial
communities (Bulgarelli et al., 2015). However, an understanding of the
relative importance and interactions of these factors under field conditions
is still being developed. In a field grown sugarcane crop, plant genotype
was found to have no significant effects on rhizosphere community
composition (Yeoh et al., 2016). In agricultural systems, management
practices, such as the application of fertiliser can influence soil bacterial
community composition (Ramirez et al., 2010) (Fierer et al., 2012), and
can affect rhizosphere composition (Gosling et al., 2013), although it is
unclear whether this reflects direct effects, or indirect impacts via effects
on the plant. Additionally, the responses of rhizosphere biota to plant and
environmental drivers of assembly can be different. For example bacterial
communities in the rhizosphere of soybean responded to N availability
(Sugiyama et al., 2014b) while fungi did not (Sugiyama et al., 2014a).
Community composition is also shaped by the interactions between taxa.
The highly diverse and abundant communities of the rhizosphere and soil
allow a variety of ecological interactions, such as predation, parasitism,
symbioses and direct competition (Kent and Triplett, 2002). Network
analysis is an emerging approach to interpret these interactions in the
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rhizosphere. In essence, networks display positive and negative
correlations in the relative abundances of microbial taxa. Connectivity,
which is a measure of the number of these interactions, has been shown
to be greater in the rhizosphere than in soil under controlled conditions in
the rhizosphere of Avena fatua (Shi et al., 2016), and Jacobaea vulgaris
(Yan et al., 2016). However, until recently, rhizosphere network studies
have been mainly conducted in greenhouse (pot) conditions. Field based
network analyses seem to suggest the connectivity of the microbial
community in the soil may be greater than the rhizosphere (Fan et al.,
2017). The extent to which these characteristics scale from greenhouse to
the field environment are unclear.

2.1.3 Functional capabilities of microbial communities
Analyses of rhizosphere community composition typically focus on
community shifts, the functional consequences of which have received
much less consideration. Through amplicon sequencing of DNA regions
that are both conserved and highly variable, it is possible to identify a vast
number of different rhizosphere taxa. However, attempting to identify the
functional capabilities or activity of communities requires more complex
sequencing efforts, such as metagenomics (Ranjan et al., 2016) or
metatranscriptomics (Bashiardes et al., 2016), which come with
complications, such as gaining sufficient coverage and increased cost
(Ogura, 2014). However, tools have been developed that utilise data from
rRNA amplicon sequencing to estimate function. Phylogenetic
Investigation of Communities by Reconstruction of Unobserved States
(PICRUSt) (Langille et al., 2013) uses 16S rRNA genes in order to predict
a likely metagenome using an ancestral-state reconstruction algorithm.
Although PICRUSt predicted microbiomes have limitations, such as a
dependency on sequenced genomes, and possible biases based on
sample type, they can offer a valuable insight into the functional
characteristics of a bacterial community, which have been found to
correlate with full shotgun sequencing efforts (Zarraonaindia et al., 2015).
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FUNGuild (Nguyen et al., 2016) places ITS sequences of fungi into
functional guilds, based on literature searches, which are based on the
most likely lifestyle of the taxonomic group to which the sequence aligns.

2.1.4 Aims
The aims of this chapter were: 1.) To compare the bacteria, fungal and
protist communities of the rhizosphere and bulk soil of Brassica napus
growing in the field, and determine the relative importance of N fertilisation
and the genotype of the plant and microbial community composition; 2.)
To determine whether the shifts in community composition associated with
genotype and N fertilisation could have functional significance, using in
silico predictions; and 3.) To identify interactions between taxa using
network analysis and determine whether N treatment or genotype had an
affect on the composition and characteristics of microbial networks.

2.2

Materials and Methods

2.2.1 Location, experimental design and sampling procedure
Rhizosphere and soil samples were obtained from a field site at
Rothamsted Research, Hertfordshire, UK (51.803896°N -0.362505°E).
The site was managed as a part of the Oilseed RapE Genetic
Improvement Network (OREGIN) project. Ten different B. napus
genotypes were grown in 10 m x 3 m plots. Each genotype was grown in
four plots, two of which received a standard N fertiliser rate of 210 kg/ha of
and two of which received no additional N. This allowed comparisons of
community composition between; compartment (rhizosphere and soil), N
levels in both the soil and rhizosphere and the genotype of the rhizosphere
samples.
Soil and rhizosphere samples were collected from plots of ten selected
genotypes in April 2014, during the pod development stage. The
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genotypes were from a variety of geographic locations, crop types and
oilseed breeding traits, which were selected to encompass genetic
variability available within oilseed rape and its wider breeding material.
The selected lines were; Canard, Couve nabica, Darmor, Ningyou 7,
Rocket, Tapidor, Temple, Victor, York and Yudal (Table 2.1).

Table 2.1 List of Brassica napus genotypes used in this study, with additional
origin, crop type and trait information. (GSL = glucosinolates)

Variety

Couve nabica

Country of
origin
Great
Britain
Portugal

Darmor
Ningyou 7

France
China

Rocket x
Lizard DH line
Tapidor DH
Temple

Great
Britain
France
Great
Britain
Sweden

Canard

Victor
York
Yudal

Crop type

Traits

Winter
forage rape
Couve
nabica
Winter OSR
Winter OSR

High GSL, high erucic
acid
High erucic acid

Winter OSR

Low GSL, low erucic acid
High GSL, high erucic
acid
Low erucic acid

Winter OSR
Winter OSR

Low GSL, low erucic acid
Low GSL, low erucic acid

Winter OSR

High GSL, high erucic
acid
High GSL, high erucic
acid
High GSL, high erucic
acid

Great
Swede
Britain
South Korea Spring OSR

Sampling of the rhizosphere was conducted by removing four plants from
the soil, shaking to remove any loose adhering soil and cutting the root
system at the root-stem junction. Sampling of the bulk soil was conducted
by removal of the top 2 cm of soil and collecting 10 cm soil from an area
adjacent to the plant. Lateral roots with the adhering soil were removed
from the taproot, cut to 5 mm length and pooled. The soil was sieved
(<4 mm). DNA was subsequently extracted from 0.5 g of rhizosphere and
soil samples using the FastDNA® SPIN Kit for Soil, according to the
manufacturers instructions (MP Biomedicals, Santa Ana, USA). DNA was
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quantified using the Qubit 2.0 Fluorometer (Life Technologies, USA) with
the broad range DNA assay and diluted to 5 ng/µl.
2.2.2 Determination of microbial community diversity and structure
PCR amplification was performed on the extracted DNA using 515f and
806r primers to amplify bacterial sequences, Euk_1391f and Euk_Br
primers to amplify protist sequences and ITS3 and ITS4 primers for fungi
(Table 2.2). The primer sets were modified at the 5′ end with adaptors,
(TCG TCG GCA GCG TCA GAT GTG TAT AAG AGA CAG) – forward
adaptor and (GTC TCG TGG GCT CGG AGA TGT GTA TAA GAG ACA
G) – reverse adaptor (Illumina).
Table 2.2 Primer pairs used to amplify target DNA to identify bacterial, protist and
fungal communities

Amplicon

Forward primer Reverse primer

Reference

16S

515f

806r

(Caporaso et al., 2012)

(V4 SSU

5’ GTG CCA

5’ GAC TAC

rRNA)

GCM GCC

VSG GGT ATC

GCG GTA A 3’

TAA T 3’

18S

Euk_1391f

Euk_Br

(V9 SSU

5’ GTA CAC

5’ TGA TCC TTC Amaral-Zettler et al.,

rRNA)

ACC GCC CGT

TGC AGG TTC

C 3’

ACC TAC 3’)

ITS

ITS3

ITS4

(ITS2

5’ GCA TCG

5’ TCC TCC

region)

ATG AAG AAC

GCT TAT TGA

GCA GC 3’

TAT GC 3’

(Caporaso et al., 2012,
2009)
(White et al., 1990).

The final volumes in all of the PCR reactions were: 3µl of DNA template (5
ng/µl), 1.25µl of forward primer (10 µM), 1.25µl of reverse primer (10 µM),
12.5µl of Q5 readymix (New England Biolabs, Hitchin UK), made up to a
total volume of 25µl with water. The PCR was conducted using an initial
denaturation at 98 °C for 30 seconds followed by 25 cycles (16S) or 30
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cycles (ITS/18S) of: 10s denaturing at 98 °C, 15s annealing at 57 °C, 20s
elongation at 72 °C followed by a final elongation step of 5 min at 72 °C in
a Multigene Optimax thermal cycler (Labnet, USA). PCR products were
purified using the AMPure XP beads (Beckman Coulter, Germany)
according to the manufacturer’s instruction. For each amplicon, library
preparation was concluded by performing a PCR using the v1 and v2
Nextera XT Index kit (Illumina, USA). PCR was conducted using 3µl DNA
(4 nM), 13µl Q5® Hot Start High-Fidelity 2X Master Mix (New England
Biolabs), 2.5µl of each Nextera index primer (5 µM), made up to 26 µl in
water. The PCR was conducted using an initial denaturation at 95 °C for 3
minutes followed by 8 cycles of: 20s denaturing at 98 °C, 15s annealing at
55 °C, 15s elongation at 72°C followed by a final elongation step of 5 min
at 72 °C. The PCR product was purified as before. The DNA concentration
was measured using the Qubit 2.0 Fluorometer (Life Technologies, USA)
and diluted to 4 nM. The samples were pooled and 300bp paired end
sequencing was performed on an Illumina MiSeq system (Illumina, USA).

2.2.3 Bioinformatics analysis
The raw sequences were automatically demultiplexed by the Illumina
MiSeq. Trimmomatic v0.35 (Bolger et al., 2014), was used to remove lowquality bases. Paired-ends reads were assembled by aligning the forward
and reverse reads, primers were trimmed and quality filtering was
conducted with the setting (–fastq_maxee 0.5) using USEARCH (Edgar,
2010).
Unique sequences were sorted by abundance and singletons in the data
set were discarded. Sequences were clustered to OTUs at 97% minimum
identity threshold and chimeras were removed. Taxonomy was assigned
using Quantitative Insights into Microbial Ecology (QIIME 1.8) (Caporaso
et al., 2010) using the Greengenes reference database for 16S (McDonald
et al., 2012), the Silva database for 18S (Quast et al., 2013)) and the ITS
Unite database for ITS (Kõljalg et al., 2013), using the UCLUST algorithm
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for 16S and 18S rRNA amplicons and the blast algorithm for the fungal
sequences. An OTU table consisting of the OTU counts for each sample
and the taxonomic classification was constructed with make_otu_table.py.
2.2.4 Statistical analysis
Alpha diversity (the diversity within samples) and Beta diversity (diversity
between samples) were calculated using the Phyloseq package
(McMurdie and Holmes, 2013) in R (R Core Team, 2015). The OTU table
was normalised using a single random subsampling at the lowest depth
library. The statistical significance of the differences in alpha diversity were
conducted using a Kruskall Wallis test. The pairwise comparisons were
conducted using Dunn tests and P values were corrected using BenjaminiHochberg multiple corrections. These statistical analyses were conducted
in R using the Rcompanion (Mangiafico, 2015) plyr (Wickham, 2011) and
FSA (Ogle, 2017) packages. Analyses of PICRUSt generated
metagenomes was conducted using Statistical Analysis of Metagenomic
Profiles (STAMP) (Parks et al., 2014). Significant differences between
relative abundance of taxa were generated using Kruskall-Wallace test
and P values were corrected using the Benjamini-Hochberg multiple
correction method. Non-metric multidimensional scaling plots were
generated using ordinations from Bray-Curtis similarity and were
visualised using the R packages ggplot2 (Wickham, 2009) and vegan
(Oksanen et al., 2017). Primer 6 (PRIMER, version 6, Primer-E, Plymouth
Marine Laboratory, UK) was used to conduct beta diversity analysis of the
OTU tables, grouped at all taxonomic levels. A Bray-Curtis similarity matrix
was created using the OTU tables. Following this differences between
groups were statistically analysed using a one-way analysis of similarity
(ANOSIM), which calculates dissimilarity between samples and a
significance level. In order to determine which OTU (or phylum) were
contributing to the differences observed in the ANOSIM, a similarity
percentages (SIMPER) test was performed.
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2.2.5 Functional analysis
PICRUSt was used to generate predicted metagenomes of the 16S
community. The analysis was conducted using the Huttenhower labs
online tool (available at https://huttenhower.sph.harvard.edu/galaxy) using
the default settings. N cycle genes were identified from the work of Zhu
and coworkers (Zhu et al., 2016); N-fixation (nifD, nifH), Urea hydrolysis
(ureC), Assimilatory nitrate reduction (nasA, nirA), Nitrification (pmoAamoA, hao) a,d Denitrification (norB, nosZ). The contribution of OTUs to
the frequency of these genes in the predicted metagenome were
calculated using contributions_to_metagenome.py and dividing the sum of
the “countcontributionedbyOTU” for each sample by the number of
normalised reads per sample. Significant differences in relative abundance
of OTUs containing N cycle genes between rhizosphere and soil were
calculated using a Wilcoxon ranked sum test. Differences under N
treatment were calculated using a Dunn test. FUNGuild analysis provides
a “guild” to assign to OTUs based on published studies. These analyses
were conducted using the online guilds application (available at
http://www.stbates.org/guilds/app.php). Significant differences were
identified between relative abundance of guilds using Dunn tests and P
values were corrected using Benjamini-Hochberg multiple corrections in R.

2.2.6 Network analysis
In order to investigate correlations of OTU abundances in samples, a
network analysis was conducted. Networks were constructed using OTU
tables pre-filtered for the top 10% most abundant OTUs. SparCC
(Friedman and Alm, 2012) is a tool which estimates correlations between
samples in compositional data sets, and computes P-values representing
the degree of correlation. SparCC was conducted on the OTU tables with
20 iterations and the Pseudo P-values were assessed on 100 bootstrap
replicates, and corrected for multiple comparisons using the Benjamini
Hochberg procedure. Networks were subsequently generated in Gephi
(Bastian et al., 2009) using Spearmans correlations of at least 0.25 and
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Benjamini Hochberg P<0.05. Nodes were coloured by class and edges by
correlation, the network was structured using the Fruchterman-Reingold
algorithm.

2.3

Results

A total of 25,360,302 sequencing reads were returned and after filtering
and paring of reads, there were 19,605,313 contigs that were assigned
taxonomy (Table 2.3). Filtering was conducted in order to remove OTUs
from the 16S table annotated as chloroplast, eukaryota, archea and
mitochondria. Fungal, plant and metazoan sequences were filtered from
the 18S rRNA OTU table.
Table 2.3 Number of sequences assigned to each amplicon of study before and
after filtering steps

16S
18S
ITS

Number of
sequences
6,007,398
5,064,818
2,003,810

Pre-filter
Number of
OTUs
12,384
11,297
1,916

Number of
sequences
5,277,617
164,238

Post filter
Number of
OTUs
10,634
1,311

Data was denoised by removing any OTUs with less than 33 total
sequences across the samples (at least one sequence in half of the
samples). Datasets were normalised to 7,538 bacterial sequences per
sample from 5,258 OTUs, 358 protist sequences per sample from 529
OTUs and 2,479 fungal sequences per sample from 1,187 OTUs.

2.3.1 Bacterial community composition
Bacterial Fisher’s alpha diversity was significantly (P<0.001) greater in soil
samples than in rhizosphere samples (Figure 2.1A), however N had no
significant effect on bacterial alpha diversity in the rhizosphere (P=0.5) or
the soil (P=0.7) (Figure 2.1B). Genotype had no significant impact on
rhizosphere bacterial alpha diversity (Figure 2.1C).
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Figure 2.1 Box and whisker plot showing Fisher’s alpha diversity of the bacterial
communities in A.) the rhizosphere (blue) and soil (orange) samples. B.) The
rhizosphere high N (dark blue), rhizosphere low N (light blue), soil high N (dark
orange) and soil low N (light orange) samples. C.) The rhizosphere for each of the
th
th
genotypes. Hinges are the 25 and 75 percentiles of the data. Whiskers range to
the closest value within 1.5* of the interquartile range.

The differences between bacterial communities were visualised using a
MDS plot generated from a Bray-Curtis similarity matrix (Figure 2.2).
ANOSIM showed that the bacterial communities of the soil and
rhizosphere were significantly different from each other (R= 0.93),
(P<0.001). There were no significant differences between the bacterial
communities from high or low N soil (R=0.01), (P=0.3), however the
rhizosphere high N and rhizosphere low N bacterial community
compositions were found to be significantly different (R=0.22), (P=0.001).
Genotype had no significant effect on the bacterial rhizosphere
communities (R=0), (P=0.5).
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Figure 2.2 Non-metric multi dimensional scaling plot displaying the Bray-Curtis
similarity of bacterial OTUs. Rhizosphere samples are indicated in blue coloured
circles, soil samples are indicated by orange coloured circles. The level of nitrogen
fertilisation is indicated by shade. Rhizosphere high N samples are in dark blue,
rhizosphere low N samples are displayed in light blue. Soil high N samples are
displayed in dark orange, soil low N samples are displayed in light orange.
Samples from each treatment are connected to a group centroid inside coloured
segments

The rhizosphere bacterial samples contained a significantly (P<0.05)
higher relative abundance of OTUs belonging to the Actinobacteria,
Bacteroidetes and Proteobacteria phyla, indicated by soil to rhizosphere
enrichments of 3.3%, 7.8% and 10.6% respectively (Figure 2.3).
Conversely the relative abundance of OTUs belonging to the
Acidobacteria, Chloroflexi, Firmicutes, Gemmatimonadetes, Nitrospirae,
Planctomycetes and Verrumicrobia phyla were significantly (P<0.05)
enriched in the soil samples, indicated by enrichments of 11.0%, 1.3%,
1.4%, 1.6%, 0.6%, 2.4%, 2.5%, in the soil samples relative to the
rhizosphere samples respectively.
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Figure 2.3 Facetted bar plots displaying mean relative abundance of the
bacterial phyla in the rhizosphere (blue) and soil (orange) samples. Error
bars display standard error of the mean. Groups with a different letter
denote significant difference (P<0.05) based on a Kruskal Wallace test
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There was no significant difference in relative abundance of bacterial phyla
under the influence of N in the rhizosphere or the soil (Figure 2.4). No
significant effect of genotype on the composition of bacterial phyla was
identified.
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Figure 2.4 Facetted bar plots displaying mean relative abundance of the bacterial
phyla. Averages of rhizosphere high N samples displayed in dark blue, rhizosphere
low N samples displayed in light blue, soil high N samples displayed in dark
orange and soil low N samples displayed in light orange. Error bars display
standard error of the mean. Groups with a different letter denote significant
difference (P<0.05) based on Dunn’s test.

A Similarity percentages test (SIMPER) was performed in order to identify
the OTUs that contributed to differences between compartments and
treatments which have significant differences indicated by ANOSIM. Each
OTU is assigned a percentage value of dissimilarity between the groups.
The bacterial OTUs that showed the highest contribution to the
dissimilarity (Over 1% of total dissimilarity) between the soil and the
rhizosphere were Flavobacterium (2 OTUs ), Pedobacter,
Oxalobacteraceae, Promicromonospora, and all of these were enriched in
the rhizosphere. Conversely, a DA101 OTU was enriched in the soil (Table
2.4).
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Table 2.4 Bacterial OTUs identified by SIMPER analysis that contribute to over 1%
of differences between rhizosphere and soil samples

OTU Highest level
ID taxonomic
information
8
9
4
6
19
6770

Flavobacterium
Pedobacter
DA101
Oxalobacteraceae
Promicromonospora
Flavobacterium

Rhizosphere
mean relative
abundance
(%)
1.86
1.51
0.8
1.73
1.23
1.25

Soil mean
relative
abundance
(%)
0.29
0.03
2.13
0.52
0.02
0.06

Contribution
to difference
(%)
1.5
1.4
1.3
1.17
1.14
1.12

Using SIMPER it was revealed that of the OTUs that contribute most to the
difference between the N treatments in the rhizosphere, were all
enrichments in the high N sample groups (Table 2.5). Pedobacter,
Promicromonospora, Micrococcaceae, Oxalobacteriacea, and two
Flavobacterium OTUs were enriched in the high N rhizosphere, by 1.47%,
0.89%, 0.95%, 0.40%, 0.34% and 0.45% respectively (Table 2.5).
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Table 2.5 Bacterial OTUs identified by SIMPER analysis that contribute to the top
10% of differences between the rhizosphere samples under contrasting N
treatment, and the corresponding relative abundance of theses OTUs in the soil
samples.

OTU
ID

9
19
2
8
6770
6
12023
8491
OTU
ID

9
19
2
8
6770
6
12023
8491

Highest level
taxonomic
information

Pedobacter
Promicromonospora
Micrococcaceae
Flavobacterium
Flavobacterium
Oxalobacteraceae
Flavobacterium
Pseudomonas
Highest level
taxonomic
information

Pedobacter
Promicromonospora
Micrococcaceae
Flavobacterium
Flavobacterium
Oxalobacteraceae
Flavobacterium
Pseudomonas

Rhizosphere
high N
relative
mean
abundance
(%)

Rhizosphere
low N mean
relative
abundance
(%)

Contribution
to difference
(%)

2.22
1.66
2.91
2.03
1.47
1.92
1.15
0.74

0.75
0.77
1.96
1.69
1.02
1.52
1.03
0.46

2.23
1.73
1.29
1.11
1.03
1.02
0.88
0.64

Soil high N
relative
mean
abundance
(%)

Soil low N
mean
relative
abundance
(%)

Contribution
to difference
(%)

0.04
0.02
1.82
0.23
0.08
0.57
0.31
0.23

0.01
0.02
1.46
0.06
0.04
0.47
0.24
0.06

0.05
0.03
0.87
0.44
0.09
0.39
0.39
0.27

PICRUSt analysis was conducted in order to predict a metagenome. This
allowed detection of possible functional differences between bacterial
communities from various compartments. The predicted metagenomes
were analysed using the KEGG classification, which is divided into a
hierarchical 3-layer structure; Level 1 consists of broad classifications,
such as ‘Metabolism’ and levels 2 and 3 have increasingly narrower
classifications of metabolic pathways such as ‘Metabolism of Cofactors
and Vitamins’ at level 2 and ‘Lipoic acid metabolism’ at level 3. There was
no significant effect of plant genotype on the predicted metagenomes at
any KEGG level (P>0.05). The predicted metagenomes of the soil and
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rhizosphere sample groups were significantly (P<0.05) different at all three
KEGG levels, however N did not significantly impact the overall predicted
metagenome of the rhizosphere or soil (P>0.05) (Figure 2.5).
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Figure 2.5 KEGG PCA plots displaying differences in PICRUST generated
metagenome information at the KEGG level 1 (a) KEGG level 2 (b) and KEGG level
3(c) for PCA 1 and 2. Rhizosphere high N samples are displayed as dark blue
circles, rhizosphere low N samples are displayed as light blue squares. Soil high N
samples are displayed as dark orange triangles and soil low N samples are
displayed as light orange diamonds.

At the KEGG level 1 there were significantly (P<0.05) greater predicted
relative abundances of ‘Cellular processes’, ‘Poorly characterized’ and
‘Cellular Processes and Signalling’ in the rhizosphere compared to the soil
(Figure 8). Conversely, there were significantly (P<0.05) greater relative
abundances of predicted ‘Metabolism’, ‘Genetic Information Processing’
and ‘Environmental Information’ pathways in the soil than the rhizosphere
(Figure 2.6).

Figure 2.6 Mean relative abundance of the significantly different KEGG level 1
processes in the soil (orange) and rhizosphere (blue). Shown with the difference in
mean proportions of the processes and the corrected P value calculated by Whites
non-parametric t-test.
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At KEGG level 2, 37 gene groups were predicted to be significantly
(P<0.05) different between the predicted soil and rhizosphere
metagenomes (Figure 2.7). The largest differences in relative abundance
were a greater prevalence in the rhizosphere of ‘Function unknown’, and
‘Cell motility’. Whereas in the soil the largest shifts by percentage relative
abundance were ‘Replication and repair’, ‘Membrane transport’ and
‘Carbohydrate metabolism’.

Figure 2.7 Mean relative abundance of the significantly different KEGG level 2
processes in the soil (orange) and rhizosphere (blue). Shown with the difference in
mean proportions of the processes and the corrected P value calculated by Whites
non-parametric t-test.

At KEGG Level 3 the relative abundance of 165 predicted processes were
significantly (P<0.05) different between rhizosphere and soil (Figure 2.8).
The largest shifts by percentage relative abundance were increases in the
rhizosphere of ‘Function Unknown’, ‘General function predicted only’ and
‘Bacterial motility proteins’. In the soil the processes that were increased
by the largest relative abundance were ‘Transporters’ and ‘ABC
transporters’.

34

35

Figure 2.8 Mean relative abundance of the significantly different KEGG level 3
processes in the soil (orange) and rhizosphere (blue). Shown with the difference in
mean proportions of the processes and the corrected P value calculated by Whites
non-parametric t-test.
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At KEGG Level 3 the relative abundance of 165 predicted processes were
significantly (P<0.05) different between rhizosphere and soil (Figure 2.9).
The largest shifts by percentage relative abundance were increases in the
rhizosphere of ‘Function Unknown’, ‘General function predicted only’ and
‘Bacterial motility proteins’. In the soil the processes that were increased
by the largest relative abundance were ‘Transporters’ and ‘ABC
transporters’.
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Figure 2.9 Mean relative abundance of the significantly different KEGG level 3
processes in the soil (orange) and rhizosphere (blue). Shown with the difference in
mean proportions of the processes and the corrected P value calculated by Whites
non-parametric t-test.

N treatment did not significantly alter any of the KEGG level 1 processes in
the soil, but in the rhizosphere there were significant (P<0.05) increases
under high N of ‘Environmental Information Processing’ and an increase in
the low N of ‘Poorly Characterised processes’ (Figure 2.10).

Figure 2.10 Mean relative abundance of the significantly different KEGG level 1
processes in the rhizosphere high N (dark blue) and low N (light blue), Shown with
the difference in mean proportions of the processes and the corrected P value
calculated by Whites non-parametric t-test.

At KEGG level 2, N treatment did not significantly alter any processes in
the soil, however in the rhizosphere increases of relative abundance under
high N in ‘Cell growth and death’, ‘Membrane and intracellular structural
molecules’, ‘Glycan biosynthesis and metabolism’, ‘Metabolism of other
amino acids’ and ‘Lipid metabolism’ were identified (Figure 2.11). In the
predicted metagenomes the low N rhizosphere, there were significant
increases of ‘General function and prediction only’, ’Carbohydrate
metabolism’, ‘Signalling molecules and interaction’, ‘Nucleotide
metabolism’, ‘Replication, recombination and repair proteins’, ‘Sporulation’
and ‘Enzyme families’.
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Figure 2.11 Mean relative abundance of the significantly different KEGG level 2
processes in the rhizosphere high N (dark blue) and low N (light blue). Shown with
the difference in mean proportions of the processes and the corrected P value
calculated by Whites non-parametric t-test.

At KEGG level 3, N addition significantly (P<0.05) increased the relative
abundance in the rhizosphere of ‘Glycine, serine and threonine
metabolism’, ‘Oxidative phosphorylation’ and ‘Bacterial secretion system’
(Figure 2.12). The processes predicted to be at higher relative abundance
in the low N rhizosphere were ‘‘Methane metabolism’, ‘General function
prediction only’ and ‘Amino sugar and nucleotide sugar metabolism’.

Figure 2.12 Mean relative abundance of the significantly different KEGG level 3
processes in the rhizosphere high N (dark blue) and low N (light blue). Shown with
the difference in mean proportions of the processes and the corrected P value
calculated by Whites non-parametric t-test.
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In the rhizosphere the predicted metagenome had a significant (P<0.001)
increase in the OTUs containing ureC gene by 0.4% relative to soil. In the
soil the predicted metagenome had a significant (P<0.001) increase of
OTUs containing nirK and nirA genes, relative to rhizosphere, both by
0.4% (Table 2.6).
Table 2.6 The mean relative abundance of OTUs predicted to contain specific
nitrogen cycle genes in the rhizosphere and soil. Also shown is significance of the
difference between rhizosphere and soil samples.

KEGG
ID

Gene

K04561
K01428
K02588
K02586
K00376
K00372
K00368
K00366

norB
ureC
nifH
nifD
nosZ
nasA
nirK
nirA

Rhizosphere
mean %
relative
abundance
of OTUs
1.44
1.73
1.49
1.53
1.54
1.48
1.30
1.32

Soil mean
% relative
abundance
of OTUs

Significance
(Wilcoxon P
value)

1.59
1.30
1.54
1.50
1.49
1.55
1.73
1.71

0.1
<0.001
0.3
0.6
0.4
0.3
<0.001
<0.001

Furthermore, the predicted metagenome of the low N treatment had a
significant (P<0.05) increase of nifH relative to the high N treatment, the
opposite of the effect for ureC (P<0.05) (Table 2.7).
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Table 2.7 The mean relative abundance of OTUs predicted to contain specific N
cycle genes in the rhizosphere and soil under nitrogen treatment

KEGG ID Gene

Rhizosphere high N
mean % relative
abundance of OTUs

Rhizosphere low N
mean % relative
abundance of OTUs

P
value

norB
ureC
nifH
nifD
nosZ
nasA
nirK
nirA

1.44
1.82
1.35
1.54
1.56
1.44
1.35
1.29

1.45
1.63
1.63
1.53
1.53
1.53
1.24
1.34

1.00
0.22
0.03
1.00
0.99
1.00
0.73
0.57

KEGG ID Gene

Soil high N mean %
relative abundance
of OTUs

Soil low N mean %
relative abundance
of OTUs

P
value

1.61
1.43
1.55
1.54
1.60
1.58
1.79
1.78

1.57
1.15
1.54
1.44
1.36
1.51
1.67
1.64

0.88
0.04
0.73
1.00
0.83
0.82
0.83
0.67

K04561
K01428
K02588
K02586
K00376
K00372
K00368
K00366

K04561
K01428
K02588
K02586
K00376
K00372
K00368
K00366

norB
ureC
nifH
nifD
nosZ
nasA
nirK
nirA
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2.3.2 Protist community composition
Protist Fisher’s alpha diversity was significantly (P<0.001) greater in the
soil than in the rhizosphere (Figure 2.13A), however nitrogen had no
significant effect on protist alpha diversity in the rhizosphere (P=0.148) or
the soil (P=0.451) (Figure 2.13B). Plant genotype had no significant impact
on rhizosphere protist alpha diversity (Figure 2.13C).
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Figure 2.13 Box and whisker plot showing Fisher’s alpha diversity of the protist
communities in the A.) Rhizosphere (blue) and soil (orange) samples. B.)
Rhizosphere high N (dark blue), rhizosphere low N (light blue), soil High N (dark
orange) and soil low N( light orange) samples. C.) The rhizosphere for each of the
th
th
genotypes. Hinges are the 25 and 75 percentiles of the data. Whiskers range to
the closest value within 1.5* of the interquartile range.
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Differences in protist community composition between compartment and N
treatment were visualised using MDS (Figure 2.14). ANOSIM showed that
the protist communities of the soil and rhizosphere were significantly
different from each other (R= 0.93), (P <0.001). The soil protist community
composition was significantly different (R=0.146) (P<0.05) between the
soil samples with and without nitrogen treatment, but N fertilisation did not
affect the rhizosphere protist community (P=0.37). Plant genotype had no
significant effect on the protist communities (P=0.06)
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Figure 2.14 Non-metric multi-dimensional scaling plot displaying the Bray-Curtis
similarity of protist OTUs. Rhizosphere samples are shown in blue, soil samples
are shown in orange. The level of nitrogen fertilisation is indicated by shade.
Rhizosphere high N samples are in dark blue, rhizosphere low N samples are
displayed in light blue. Soil high N samples are displayed in dark orange, soil low N
samples are displayed in light orange. Samples from each treatment are connected
to a group centroid inside coloured segments
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There was a significant (P<0.05) enrichment of 18.85% for the SAR
(Stramenopiles, Alveolata and Rhizaria) in the rhizosphere of OSR (Figure
2.15). Conversely the Amoebozoa, Archaeplastida and Excavata were
significantly (P<0.05) enriched in the soil compared to the rhizosphere,
with mean increases in relative abundance of 6.02%, 11.13% and 0.7%
respectively.
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Figure 2.15 Facetted bar plots displaying mean relative abundance of abundant
(greater that 1%) protist high level taxonomic groups in the rhizosphere (blue) and
soil (orange) samples. Error bars display standard error of the mean. Letters
denote significant difference (P<0.05) based on a Kruskal Wallace test

Nitrogen treatment had no significant effect on the relative abundance of
any of the phyla in either the soil or rhizosphere (Figure 2.16).
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Figure 2.16 Facetted bar plots displaying mean relative abundance of the protist
phyla in the rhizosphere high N samples displayed in dark blue, rhizosphere low N
samples displayed in light blue, soil high N samples displayed in dark orange and
soil low N samples displayed in light orange. Error bars display standard error of
the mean. Letters denote significant difference (P<0.05) based on a Kruskal
Wallace test, where groups that share a letter have no significant difference.

The protist OTUs which contributed to at least 2% of the difference
between the rhizosphere and soil, as identified by a SIMPER, were
Spongospora subterranea f. sp. subterranea and Phytophthora infestans
T30-4 which were enriched in the rhizosphere samples by 23.7% and
3.9% respectively (Table 2.8), and conversely, an Ophiocytum OTU was
which had a greater relative abundance in the soil samples by 4.3%.
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Table 2.8 Protist OTUs identified by SIMPER analysis, which contribute to at least
2% of differences between rhizosphere and soil samples.

OTU Highest level
ID taxonomic
information

Rhizosphere
mean relative
abundance
(%)

Soil mean
relative
abundance
(%)

Contribution
to difference
(%)

24

0.27

15.03

2.07

6.36

2.93
2.48

3.98

0.1

28 Spongospora
subterranean f.
sp. subterranea
37 Ophiocytum
255 Phytophthora
infestans T30-4

N treatment did not significantly shift the rhizosphere protist community
composition. In the soil the OTUs identified by SIMPER as contributing to
at least 2% of difference under N treatment were an Ophiocytum OTU and
Pyrenosporomycetes OTU which had higher relative abundance in the low
N samples by 0.8% and 4% respectively (Table 2.9).

Table 2.9 Table of protist OTUs identified by SIMPER analysis that contribute to at
least 2% of differences between the soil samples under contrasting N treatment,
with the corresponding relative abundance of the rhizosphere samples shown for
reference.

OTU ID Highest level
taxonomic
information
37 Ophiocytium
117 Peronosporomycetes

Soil high N
% relative
abundance

Soil low N Contribution
mean %
to difference
relative
(%)
abundance
5.96
6.74
3.41
0.08
4.06
3.26

OTU ID Highest level
taxonomic
information

RhizoRhizoContribution
sphere
sphere low to difference
high N %
N mean %
(%)
relative
relative
abundance abundance
37 Ophiocytium
5.96
6.74
3.41
117 Peronosporomycetes
0.08
4.06
3.26
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2.3.3 Fungal community composition and function
Fungal Fisher’s alpha diversity was significantly (P<0.01) greater in soil
than in the rhizosphere (Figure 2.17A), however N had no significant effect
on fungal alpha diversity in the rhizosphere (P=0.44) or the soil (P=0.74)
(Figure 2.17B). Plant Genotype had no significant impact on rhizosphere
fungal alpha diversity (P=0.6) (Figure 2.17C).
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Figure 2.17 Box and whisker plot showing Fisher’s alpha diversity of the fungal
communities in A.) The rhizosphere (blue) and soil (orange) samples. B.)
Rhizosphere high N (dark blue) , rhizosphere low N (light blue), soil High N (dark
orange) and soil low N( light orange) samples. C.) The rhizosphere for each of the
th
th
genotypes. Hinges are the 25 and 75 percentiles of the data. Whiskers range to
the closest value within 1.5* of the interquartile range.
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The differences in fungal community composition were visualised using an
NMDS plot (Figure 23). ANOSIM revealed that fungal community
composition of the soil and rhizosphere were significantly different from
each other (R= 0.5), (P<0.001). Furthermore, N fertilisation significantly
altered both the soil (R=0.11) (P<0.026) and rhizosphere (R= 0.11)
(P<0.010) fungal community composition. Genotype had no significant
effect on fungal community composition (P=0.09) (Figure 2.18).
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Figure 2.18 Multi-dimensional scaling plot displaying the Bray-Curtis similarity of
bacterial OTUs. Rhizosphere samples represented by blue circles, soil samples are
represented as orange circles. The level of nitrogen fertilisation is indicated by
shade. Rhizosphere high N samples are in dark blue, rhizosphere low N samples
are displayed in light blue. Soil high N samples are displayed in dark orange, soil
low N samples are displayed in light orange. Samples from each treatment are
connected to a group centroid inside coloured segments

The relative abundances of the Ascomycota and Chytridiomycota in the
rhizosphere were significantly (P<0.05) greater than in the soil by 8.4%
and 2.8% respectively, and the relative abundance of Basidiomycota and
Zygomycota were significantly (P<0.05) greater in the soil by 8.9% and
2.0% respectively (Figure 2.19).
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Figure 2.19 Facetted bar plots displaying mean relative abundance of the fungal
phyla in the rhizosphere (blue) and soil (orange) samples. Error bars display
standard error of the mean. Letters denote significant difference (P<0.05) based on
a Kruskal Wallace test, where groups that share a letter have no significant
difference.
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N did not significantly affect the relative abundance of any phyla in the
rhizosphere or soil (Figure 2.20).
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Figure 2.20 Facetted bar plots displaying mean relative abundance of the fungal
phyla in the rhizosphere under high N (dark blue), rhizosphere low N (light blue),
soil high N (dark orange) and soil low N samples. Error bars display standard error
of the mean. Letters denote significant difference (P<0.05) based on a Kruskal
Wallace test, where groups that share a letter have no significant difference.
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The Fungal OTUs that contributed to at least 2% difference between the
rhizosphere and soil were identified by SIMPER. The relative abundance
of Leptosphaeria maculans, Davidiella tassiana, Pyrenopeziza brassicae,
Leotiomycetes, Olpidium brassicae and Chalastospora ellipsoidea OTUs
were enriched in the rhizosphere by 9.7%, 6.4%, 2.3%, 3.4%, 3.4% and
0.7% respectively (Table 2.10). Conversely Sordariomycetes and
Exophiala equina OTUs had higher relative abundance in the soil by 3.1%
and 2.4% respectively.
Table 2.10 Fungal OTUs identified by SIMPER analysis that contribute to the top
10% of differences between rhizosphere and soil samples.

OTU Highest level
ID taxonomic
information
2 Leptosphaeria
maculans
3 Davidiella
tassiana
6 Pyrenopeziza
brassicae
23 Leotiomycetes
42 Olpidium
brassicae
24 Chalastospora
ellipsoidea
12 Exophiala
equina
4 Sordariomycetes

Rhizosphere
mean
relative
abundance
(%)
15.6

Soil mean
relative
abundance
(%)

Contribution
to difference
(%)

5.9

9.9

14.6

8.2

8.2

4.6

2.3

3.4

3.9
3.5

0.5
0.1

2.8
2.8

2.5

1.8

2.0

1.4

4.6

2.6

1.9

4.3

2.4

In the rhizosphere, the fungal OTUs identified by SIMPER that contributed
to at least 3% of the difference between the N treatments were Davidiella
tassiana, Leptosphaeria maculans, Pyrenopeziza brassicae,
Leotiomycetes and Olpidium brassicae OTUs, which were enriched in the
high N treatment by 9.3% 2.5% 1% 1.2% and 2% respectively (Table
2.11).
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Table 2.11 Fungal OTUs identified by SIMPER analysis that contribute to the top
10% of differences between the rhizosphere samples under contrasting N
treatment, and the corresponding relative abundance of the soil samples.

OTU
ID

Highest level
taxonomic
information

3
2

Davidiella tassiana
Leptosphaeria
maculans
Pyrenopeziza
brassicae
Leotiomycetes
Olpidium brassicae

6
23
42
OTU
ID

Highest level
taxonomic
information

3
2

Davidiella tassiana
Leptosphaeria
maculans
Pyrenopeziza
brassicae
Leotiomycetes
Olpidium brassicae

6
23
42

Rhizosphere
high N
relative
mean
abundance
(%)

Rhizosphere
low N mean
relative
abundance
(%)

Contribution
to difference
(%)

18.9
16.7

9.6
14.3

11.0
10.8

5.1

4.1

5.0

4.5
4.4

3.2
2.4

3.8
3.8

Soil high N
relative
mean
abundance
(%)

Soil low N
mean
relative
abundance
(%)

Contribution
to difference
(%)

8.9
7.0

7.4
4.7

7.3
6.3

2.8

1.8

2.7

0.6
0.1

0.4
0.0

0.6
0.1

In the soil, the fungal OTUs identified by SIMPER that contributed to at
least 2% of the difference between the N treatments were Davidiella
tassiana, Leptosphaeria maculans, and Pyrenopeziza brassicae OTUs,
which were enriched in the high N treatment by 1.5% 2.3% and 1%
respectively (Table 2.12). Conversely, in the low N soil the relative
abundance of Sordariomycetes, Chalastospora ellipsoidea, Crytpococcus
podzolicus and Exophiala equina OTUs were greater by 0.4%, 0.8%, 0.9%
and 0.5% respectively.
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Table 2.12 Table of fungal OTUs identified by SIMPER analysis that contribute to
the top 10% of differences between the soil samples under contrasting N treatment,
and the corresponding relative abundance of the rhizosphere samples.

OTU
ID

Highest level
taxonomic
information

Soil high N
relative
mean
abundance
(%)

Soil low N
mean
relative
abundance
(%)

Contribution
to difference
(%)

8.9
7.0

7.4
4.7

7.3
6.3

4.1
2.8

4.5
1.8

3.0
2.7

1.4

2.2

2.4

1.2

2.1

2.1

4.3

4.8

2.0

Rhizosphere
high N
relative
mean
abundance
(%)

Rhizosphere
low N mean
relative
abundance
(%)

Contribution
to difference
(%)

18.9
16.7

9.6
14.3

11.0
10.8

1.4
2.7

2.4
4.1

1.2
5.0

2.6

2.3

2.3

0.2

0.4

0.4

1.1

1.7

0.9

3 Davidiella tassiana
2 Leptosphaeria
maculans
4 Sordariomycetes
6 Pyrenopeziza
brassicae
24 Chalatospora
ellipoidea
11 Cryptococcus
podzolicus
12 Exophalia equina
OTU
ID

Highest level
taxonomic
information

3 Davidiella tassiana
2 Leptosphaeria
maculans
4 Sordariomycetes
6 Pyrenopeziza
brassicae
24 Chalatospora
ellipoidea
11 Cryptococcus
podzolicus
12 Exophalia equina

Using the FUNGuild program, a fungal guild was assigned to 49% of
fungal OTUs. ANOSIM analysis revealed that rhizosphere and soil guild
composition were significantly (P<0.05) different. In the rhizosphere there
was a significant (P<0.05) increase of 15.2% in relative abundance of the
Pathotroph guild (Figure 2.21). In the soil increases in the relative
abundance of Pathotroph-Saprotroph, Pathotroph–Symbiotroph,
Saprotroph-Symbiotroph and Symbiotroph guilds were identified by 4.6%,
0.4%, 0.9% and 0.07% respectively.
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Figure 2.21 Facetted bar plots displaying mean relative abundance of fungal guilds
in the rhizosphere (blue) and soil (orange) samples. Error bars display standard
error of the mean. Letters denote significant difference (P<0.05) based on a Kruskal
Wallace test, where groups that share a letter have no significant difference.

N treatment (Figure 2.22) had no significant effect on guild composition in
the soil or rhizosphere. Furthermore, genotype had no effect on guild
composition in the rhizosphere.
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Figure 2.22 Facetted bar plots displaying mean relative abundance of the fungal
guild composition of rhizosphere high N samples displayed in dark blue,
rhizosphere low N samples displayed in light blue, soil high N samples displayed in
dark orange and soil low N samples displayed in light orange. Error bars display
standard error of the mean. Groups sharing a letter are not significantly different
(P<0.05) based on a Kruskal Wallace test.

2.3.4 Network analysis
Network analysis revealed the potential interactions between different
taxa. Network diagrams highlight any positive or negative correlation of the
relative abundance of OTUs. The points on the network are referred to as
nodes, and the connecting lines between the nodes are referred to as
edges. Edges represent a significant correlation, either positive or negative
between an OTU. The networks have been displayed as averages for
each of the rhizosphere high N, rhizosphere low N, soil high N and soil low
N groups (Figure 2.23).
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Figure 2.23 Network diagrams for soil and rhizosphere under N regimes. Bacteria
are represented by purple nodes, protist OTUs are represented by green nodes and
fungi are represented by orange nodes. Positive interactions are represented by
green edges and negative interactions are indicated by red edges.
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Network statistics indicate a higher level of connectivity in the soil
microbial community than the rhizosphere. Soil networks contained more
edges (864) and higher average degree (edges per node) (1.9) than the
rhizosphere samples (Table 2.13), which contained an average of 583 and
an average degree of 1.5). The nature of the interactions was similar, the
rhizosphere networks contained 49.1% positive interactions compared to
49.3% positive interactions in the soil networks.

Table 2.13 Network information. Nodes represent OTUs from combined datasets.
Edges represent the significant interactions between nodes. Average degree
represents the mean number of edges per node. Modularity represents the density
of edges inside modules compared to links between modules.

Nodes

Edges

Rhizosphere high N
Rhizosphere low N
Soil high N
Soil low N

725
752
827
904

558
608
806
922

Average
degree
1.5
1.6
1.7
2.0

Rhizosphere

739

583

1.5

1.0

Soil

866

864

1.9

0.9

Group

Group
Rhizosphere
high N
Rhizosphere
low N
Soil high N
Soil low N

Negative
edges

Positive Percentage
edges
negative

Modularity
0.978
0.969
0.894
0.877

Percentage
positive

285

273

51.1

48.9

308

300

50.7

49.3

415
460

391
462

51.5
49.9

48.5
50.1

Rhizosphere

286.5

296.5

49.1

50.9

Soil

426.5

437.5

49.3

50.7
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N application decreased network connectivity in a similar manner in both
the rhizosphere and soil. In the soil, the high N networks contained 116
fewer edges than the low N treatment, and had an average degree of 1.7
compared an average degree of 2.0 in the soil low N networks. In the
rhizosphere networks the low N treatment had an average degree of 1.6
compared to the high N treatment, which had an average degree of 1.5,
and, the high N treatment rhizosphere network contained 50 less edges
than the low N treatment network. The percentage of negative interactions
in both the soil and the rhizosphere were greater by 0.6% in the soil and
0.4% in the rhizosphere under higher N conditions.

2.4

Discussion

Significant differences were identified in bacterial, protist and fungal
community composition between the rhizosphere and soil compartments.
N treatment had distinct effects on each group, with assembly of bacterial
communities affected in the rhizosphere only, protists in the soil only, and
fungi affected in both the soil and rhizosphere. Network analysis provided
indications that microbial community connectivity in both the soil and
rhizosphere was affected by N treatment. For both fungi and bacteria,
there was evidence for function differences between the rhizosphere and
bulk soil, and for bacteria, predicted metagenomes indicated differences
between the N treatments. However N application had no effect on
distribution of fungal guilds in the soil or rhizosphere. Significantly, plant
genotype had no effect on any aspect of microbial composition or function.

2.4.1 Plant genotype and microbial community
Although the microbiome of Arabidopsis thaliana, a model plant from the
Brassicaceae, has been studied in depth (Lundberg et al., 2012), the
rhizosphere microbiome of Brassica napus, has received little attention.
These results show similarity between the A. thaliana and B. napus
bacterial microbiomes, with Actinobacteria, Acidobacteria, Proteobacteria
and Bacteroidetes dominating the rhizosphere bacterial communities.
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There are no fungal or protist studies on the rhizosphere microbiome of
Arabidopsis thaliana at the time of writing. The SIMPER analyses
indicated that top OTUs enriched in the rhizosphere were Flavobacterium
(16S, OTU 8) Spongospora subterranea (18S, OTU 28) and
Leptosphaerica maculans (ITS, OTU 2). The Flavobacterium genus
contains 140 known species that are mainly commensal, but can have
both pathogenic or positive impacts on plants (Soltani et al., 2010).
Flavobacterium are often recorded in higher abundance in the rhizosphere
than the soil for plant species (Kolton et al., 2016), and have been shown
to have the potential have a role in plant growth promotion
(Umamaheswari et al., 2013). Spongospora subterranea (powdery scab) is
known to be able to cause pathogenicity to potatoes (George et al., 2004).
B. napus has the potential to act as a trapping plant for Spongospora
subterranea, as it is colonised but slows the life cycle of this
plasmodiophorid (Qu and Christ, 2006). Leptosphaeria maculans (stem
canker) is an Ascomyceete pathogen of Brassica crops (Rouxel and
Balesdent, 2005). Pyrenopeziza brassicae, (Light leaf spot) is a foliar
pathogen that is not believed to have any life cycle below ground (Boys et
al., 2007), potentially there is an unknown role of this pathogen in the
rhizosphere of B. napus.
Plant genotype has frequently been described as having the potential to
influence the assembly of rhizosphere microbial communities (Bulgarelli
2015, Micallef 2009). Genotype is thought to alter rhizosphere microbiome
composition due to differences in concentration and composition of
rhizodeposits that will influence the assembly of microbial communities
(Bulgarelli et al., 2013).
No effect of plant genotype on the diversity of the rhizosphere microbial
communities was identified. Additionally, no overall effect of genotype on
the microbial community composition, or function in the rhizosphere was
identified. This suggests that in field systems, exposure to environmental
variables dilutes the effect that an individual plant can have on the
assembly of its rhizosphere microbiome. This is supported by the work of
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Edwards and colleagues (Edwards et al., 2015), who revealed that while
rice genotype had a significant role in assembly of the rhizosphere
microbiome under greenhouse conditions, this effect was lost when plants
were grown in the field (Edwards et al., 2015). Similarly no effect of the
genotype of Boechera stricta (Drummond's Rockcress, Brassicaceae
family) on rhizosphere bacterial composition was found under field
conditions (Wagner et al., 2016).

2.4.2 Effect of Nitrogen level on microbial communities
Overall, N significantly altered the rhizosphere bacterial communities, but
not the soil bacterial communities. In the case of fungi, rhizosphere and
soil microbial communities were significantly changed by N. Surprisingly,
the protist communities were significantly altered by N in the soil, but not in
the rhizosphere.
Availability of soil N has previously been shown to alter bacterial (Ramirez
et al., 2010), protist (Krashevska et al, 2012) and fungal (PaungfooLonhienne et al., 2015) community compositions. In the rhizosphere
however, changes in N availability can influence community composition
via direct effects, and indirectly, via the responses of the plant to N. The
composition and concentration of plant root exudates can be determined
by the physiological state of the plant (Chaparro et al., 2013), and
increasing N fertilisation has been seen to positively correlate with the
rhizodeposition of sugars, sugar alcohols and phenolics, and altered
bacterial community composition (Zhu et al., 2016).
Whilst no direct measurements of rhizosphere exudation profiles were
taken, the OTUs which responded to N in the rhizosphere, but not in the
bulk soil, such as Pedobacter, Promicromonospora and Flavobacterium
may indicate an indirect response to N of rhizosphere specialists, via the
host plant. In contrast, OTUs that responded to N treatment in both the soil
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and rhizosphere, such as Micrococcaceae, Davidiella tassiana, and
Leptospharea maculans (ITS, OTU 2), could be responding directly to N.
Whilst individual taxa responded to N, the overall response of the bacterial
community to N was only significant in the rhizosphere. In contrast, the
fungal community significantly shifted in both the rhizosphere and soil.
The response of the bacterial community to N level in the rhizosphere and
not the soil implies that a factor other than the available N is driving the
change in the microbial community.
The lower level of available N may have caused a shift in exudation profile
in Brassica napus and may have contributed to significant shifts in
bacterial community composition in the rhizosphere. Both plant health and
nutrient availability can impact the concentration and composition of plant
root exudates. Under N stress plants have been seen to increase
exudation of glycerol, ribitol, fructose, and malate (Carvalhais et al., 2011).
This in turn has the potential to influence the microbial community
composition in the rhizosphere, for example malate and citrate
concentrations have been shown to increase recruitment of a growth
promoting bacteria in the rhizosphere (Tawaraya et al., 2014).The fungal
community shifts in response to N were apparent in both in the soil and the
rhizosphere. Although the shift in plant exudation patterns may have also
impacted the influenced the fungal community, the N level changes alone
were sufficient to drive a change in fungal community composition.
The protist data did not conform to either of these models, since the protist
community composition was altered by change in N in the soil but not the
rhizosphere. A possible cause for this could be the uneven level of
sequencing and filtering required for amplicon sequencing of the protist
community, resulted in a low diversity and low evenness. For future work,
it would be beneficial to use a transcriptomic approach. The sequencing of
total RNA would allow for the direct, quantitative study of microbial
communities uniformly without amplification bias using total rRNA.
Transcriptomic approaches would also incorporate the use of mRNA to
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characterise the genuine functional fingerprint of microbial communities,
rather than using functional predictions.
2.4.3 The impact of compartment and nitrogen on microbiome
connectivity
Network analysis revealed that the soil samples had higher connectivity,
indicated by the increased number of edges and average degree, than the
rhizosphere samples. Increased connectivity represents an increase of
interactions between members of the microbiome. The interactions can be
positive, such as in some form of symbiotic or commensal relationship, or
negative if taxa are competing for the same resources or directly preying
on other taxa.
This is in contrast to existing rhizosphere network studies which have
found that rhizosphere networks were more complex than soil networks
(Shi et al., 2016) and (Yan et al., 2016). It has been hypothesized that the
rhizosphere offers increased stability for interactions to occur, and a more
heterogeneous environment. However the previous studies were
conducted in sieved soil and conducted in a pot experiment. This causes
substantial disruption of the soil structure and therefore microbial
communities. Under such circumstances the rhizosphere may present a
more stable environment, as communities will reassemble in response to
root exudation. However, in undisturbed soil systems, the growth of the
root presents a disruption to existing soil networks and this could be
reflected a decrease in network complexity, relative to the soil, as was
found in the current study. Network analysis of field grown rhizosphere and
soil communities has revealed more complex networks in the soil than the
rhizosphere (Mendes et al., 2014). Mendes and colleagues speculate that
the increased diversity of the soil offers more opportunities for interactions
than the less diverse rhizosphere. This would match these findings, as the
diversity of the rhizosphere communities were all significantly less than the
bulk soil samples.
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Low N networks had more edges and higher average degree than the high
N networks, implying an increase in connectivity. This could be due to an
increase in competitiveness due to the decreased nutrient availability, or
coordination in order to utilise limited resources, his trend of increased
complexity correlating to increased N levels has been previously identified
within soil bacteria (Ma et al., 2016).
The percentage of the total interactions was an average of 49.2% positive
and 50.8% negative across all networks. This, again is in contrast to (Shi
et al., 2013) who report predominantly (>80%) positive interactions in the
rhizosphere albeit using a different algorithm, and (Yan et al., 2016) who
reported a higher percentage of positive interactions in all rhizosphere and
soil networks, using the same algorithm as used in this study. The lower
percentage of positive interactions in this study could be as a result of the
plant specific interactions of the microbial community, or the difference in
community composition and interactions of different soil types, as well as
changes in community assembly and connectivity induced by soil
processing in the previous studies.
Overall network analysis is a new field. There are many tools and
approaches for generating networks, such as SparCC (Friedman and Alm,
2012), MENAP (Deng et al., 2012) and CONET (Faust et al., 2012).
Methods have not been standardised, and the impact that choice of
software used to generate networks has on network structure is unclear.
Additionally, the procedures, in which OTU tables are manipulated prior to
network analysis, are not included, varied and often unclear.

2.4.4 The impact of compartment, nitrogen and plant genotype on
predicted function of bacterial communities and fungal guilds.
Increased relative abundance of gene categories related to movement and
motility were identified in the rhizosphere community, relative to the bulk
soil. In particular, significant increase of ‘Cell motility’ and ‘Flagellar
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assembly’ in the rhizosphere. This corresponds with rhizosphere functional
motility assays analyses conducted by (Czaban et al., 2007). Taxa that are
able to colonise the rhizosphere from the soil, have increased motility
compared to those from the bulk soil, as the ability to move quickly to
colonise the plant root may offer a selective advantage (Ofek-Lalzar et al.,
2014). Therefore it may be possible that other highly different categories
identified by PICRUSt analysis might also be relevant. A significant
increase in “Xenobiotics biodegradation and Metabolism” was identified in
the rhizosphere, which could indicate the functional response of the
bacterial community to the increased competition driven by plant exudation
in the rhizosphere. Environments with increased competition and diversity
may harbour more antimicrobial resistance (AMR) genes. Recent work has
identified increased abundance of genes related to competition in the
rhizosphere (Yergeau et al., 2014). No influence of genotype was
identified on the predicted rhizosphere metagenomes.
Overall, N treatment had no significant effect on the predicted
metagenome of the soil. However, in the rhizosphere, the relative
abundance of fourteen KEGG level 3 processes were significantly greater
in the predicted metagenomes of the high N treatment, and twenty-three
were significantly greater in the low N treatment. Of the groups enriched
under low N, five have the potential to function in biocontrol; Bacterial
toxins (Jousset et al., 2009), Novobiocin synthesis (Flinspach. 2014),
Polyketide sugar biosynthesis, streptomycin biosynthesis and Vancomycin
biosynthesis (summarized in (Thiele-Bruhn, 2003). Antimicrobial activity,
indicated by an increase of streptomycin producing genes has found to be
higher in the rhizosphere than the soil, possibly reflecting increased
competition following bacterial utilisation of exudates (Chaparro et al.,
2014). However, the interaction of N with these processes is unknown.
Under low N conditions the potential for antibiotic production may be
greater, suggesting increased competition in the rhizosphere low N
availability environment. This could have significance for approaches to
identify novel antimicrobial compounds.
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Another KEGG category of potential interest is the high increase in
methane metabolism in the low N rhizosphere (Figure 2.12). N has been
shown to be a limiting factor for methanotrophic microbes (Irvine et al.,
2012). However of the OTUs enriched in the low N rhizosphere, the top
two most abundant taxa were a Methylybium OTU and a Methylotenera
mobilis OTU (Supplementary Table 1). M. mobilis has been identified as
an obligate methylamine –utilising bacteria (Kalyuzhnaya et al., 2006). It is
possible that the local depletion of plant available ammonium and nitrate
drives enrichment of microbial populations capable of accessing N from
organic compounds, such as methylamine.
The predicted relative abundance of N cycle genes were analysed, as
outlined by Zhu and coworkers (Zhu et al., 2016). In the rhizosphere, a
significant increase of the N fixation gene nifH under high N treatment was
identified, but the other genes were not significantly affected by N
treatment. It is possible the level of N fertilisation was not sufficient to drive
a large-scale shift in N cycle genes. These findings also may indicate an
indirect effect of the N on the rhizosphere bacterial community, via
changes in plant health and exudation.
PICRUSt predicted metagenomes have been directly compared to soil
metagenomes with a significant Spearman’s correlation P<0.001, R=0.81
(Langille et al., 2013). However, the accuracy of the predicted
metagenomes are limited by number of genome-sequenced organisms in
the environment of study. Although PICRUSt is able to predict the
metagenome organisms without whole genome sequencing using it’s
ancestral state algorithm, a number of closely related genome sequences
are required in order to make accurate predictions. The soil microbiome,
as previously discussed, comprised of a vast number of different taxa with
no genome sequence data, so there is still a large proportion of the
microbiome that may not be identified using this technique.
The fungal community of the rhizosphere contained a higher relative
abundance of pathotrophic fungi than the soil. Fungal communities can
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broadly be categorised as pathotrophic, saprotrophic or symbiotic, or a
combination thereof (Tedersoo et al., 2014). No significant effect of this
level of N fertilisation was identified on the guild composition of the fungi.
The impact of N on fungal communities have been studied in sugar cane
(Paungfoo-Lonhienne et al., 2015), and N treatment was seen to increase
the level of pathotrophic fungi in the rhizosphere. The N levels used in this
study were lower than those used by (Paungfoo-Lonhienne et al., 2015)
which may account for this difference.

2.4.5 Conclusions
Assembly of the rhizosphere microbiome is of importance to modern
agriculture, due to the impact that the composition of the microbial
community can have on yield. Research into the drivers of rhizosphere
community assembly can help identify conditions, management practices,
environmental changes or crop phenotypes that can lead to a “beneficial”
microbiome, which has the ability to feedback into crop yield.
In the present study, the rhizosphere microbiome of Brassica napus from
an agricultural field in the UK was characterised. The most abundant
bacterial phyla in the rhizosphere were similar to those observed in
A.thaliana (Bulgarelli et al., 2012) with, Proteobacteria and Actinobacteria
most represented in the rhizosphere, however in this study a more
abundant Bacteroidetes community was present. The OTUs that were
observed to have the highest relative abundance were Flavobacterium,
Pedobacter, Promicromonospora and Micrococcacea which may have
beneficial effects on plant health. Resolution of species and functional
studies would be required in order to investigate further. Interestingly the
relative abundance of a Promicromonospora OTU was enriched under
high N in the rhizosphere, whereas the relative abundance of this OTU in
the soil was unchanged. This pattern of enrichment may indicate a role of
plant exudates in driving the abundance of this OTU rather than N level.
Specialist beneficial microbes respond to changes in plant exudation
profiles. For example, increases in exudation of a benzoxazinoid from
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maize roots was seen to recruit a beneficial Pseudomonas putida strain
KT2440 (Neal et al., 2012).
A possible specialist association may be present between this
Promicromonospora OTU and B. napus. Promicromonospora sp. SE188
was seen to produce plant-growth promoting gibberlilins and have a high
phosphate solubilisation potential which increased plant biomass (Kang et
al., 2012). The fungal rhizosphere microbiome detected here contained
mainly Ascomycetes such as Leptospharea maculans. The ITS3 and ITS4
primers used here did not amplify Olpidium brassicae to the same extent
as has been seen in the rhizosphere of OSR previously (Hilton et al.,
2013,). A potential novel life cycle role for Pyrenopeziza brassicae, (Light
leaf spot) was seen as it is not expected in the rhizosphere. The protist
OTUs most enriched in the rhizosphere were Spongospora subterranea
(powdery scab) and Phytophthora infestans (late blight) which both have
pathogenic potential. N level had a greater influence on community
composition than the wide range of genotypes used as host plants.
Genotype of plant was not observed as having a significant effect on
microbiome assembly. The diluting effect of the environmental conditions
in a field setting may be the main factor for this lack of effect. A possible
direction for future studies would be a comparative microbiome study of
pot and field grown B. napus in order to determine the impact these
conditions had on microbial community composition, function and
connectivity. Bacterial communities responded to N in the rhizosphere but
not the soil and may have been responding to an indirect impact of N
fertilisation, such as plant exudates effects. This contrasts to fungal
communities which shifted community composition in both the soil and
rhizosphere under N. The rhizosphere bacterial community in the lower N
treatment group had a predicted increase in antimicrobial compound
producing genes, which may offer a new area of study for novel antibiotics.
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Chapter 3. Optimisation of soil RNA preservation
techniques for metatranscriptome analysis and
comparison of the active communities of root,
rhizosphere and bulk soil
3.1

Introduction

3.1.1 Dynamics of rhizosphere microbial communities
Microbial communities can display extraordinary diversity in natural
environments. Especially so in the soil, where thousands different species
of bacteria may be found in just one gram of soil (Roesch et al., 2007). On
top of bacterial diversity, the soil also hosts large numbers of archaea,
protists and fungi (Fierer, 2017). Microbial communities are recruited into
the rhizosphere from soil, which supports distinct microbial communities to
the soil as seen in Chapter 2. The microbial communities of the root and
rhizosphere soil can have significant effects on plant health and
productivity. The rhizosphere microbiome contains many taxa, which are
potentially pathogenic to plants, which in an agricultural context can lead
to significant losses of yield (Hilton et al., 2013). The abundance of
pathogens species can be controlled by a competition for resources with
other biota in the rhizosphere, predation by taxa from higher trophic levels
(Jousset et al., 2009) and production of antimicrobial compounds (Haas
and Keel, 2003). Microbes in the rhizosphere also perform
biogeochemical cycling roles that benefit the plant, such as mycorrhizal
fungi which provide plants access to soil nutrients such as P (Bonfante
and Genre, 2010) and Rhizobia, which can fix N in root nodules (Andrews
and Andrews, 2017).
As human populations grow, the efficiency of agriculture must be improved
in order to cope with the increased demand for food. Developing an
understanding of the dynamics of soil and rhizosphere microbial
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communities is an important step towards manipulating rhizosphere
processes to benefit humans.

3.1.2 Environmental microbiology methodologies
Historically, the study of microorganisms typically involved the isolation of
an organism from an environment and assessing its functional capabilities
using culture based methods and assays (Sutra et al., 2000). However,
only a small percentage of the total microbial diversity has been
successfully cultured (Rappé and Giovannoni, 2003). Whilst culture based
methods are still vital for the understanding of individual microorganisms,
over the past two decades molecular approaches have provided
opportunities to simultaneously characterise the composition and functions
of the diverse microbial communities typical of environmental
compartments.
PCR amplicon sequencing has greatly extended the scope of rhizosphere
microbial studies, with the search terms “Rhizosphere amplicon
sequencing” identifying 881 of papers from the last 5 years on the NCBI
website (NCBI, U.S. National Library of Medicine, 8600 Rockville Pike,
Bethesda MD, 20894 USA). Although this obviously does not represent a
definitive collection of all amplicon based rhizosphere studies, it
demonstrates the publication of this type of study at a rate of one every
other day. Through these DNA amplicon approaches, rhizosphere
microbiomes have been developed for a growing number of plant species.
As described in detail in Chapter 1, a problem with using DNA to
characterise the microbial community is that DNA can remain present in
the soil environment for years as ‘relic’ DNA (Carini et al., 2016).
The use of RNA allows for the taxonomic identification of the active
rhizosphere microbial community, as the half life for RNA is short (for
example ~6.8 minutes for E. coli mRNA (Selinger et al., 2003) and
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metatranscriptomics, which is the study of the total RNA in a given sample
at a single time point, can reveal the function of these communities.

3.1.3 Rhizosphere metatranscriptomics
A study by Turner and colleagues marked the first rhizosphere
metatranscriptome analysis (Turner et al., 2013), identifying a number of
differences in the rhizosphere metatranscriptomes from a variety of plant
species, and detecting increases in processes suspected to be beneficial
in the rhizosphere such as cellulose degradation and methylotrophy. Later
studies have discovered growth stage dependent changes in rhizosphere
metatranscriptome profile in Arabidopsis (Chaparro et al., 2014),
responses of rhizosphere metatranscriptomes to glyphosate treatment in
the rhizosphere of plants with or without glyphosate tolerance (Newman et
al., 2016) and the functional response of a rhizosphere microbiome
following colonisation by a bacterial plant pathogen (Zhang et al., 2017).
However these studies all took different approaches to rhizosphere soil
sampling. Chaparro and colleagues did not separate root and rhizosphere
soil (Chaparro et al., 2014). Turner and colleagues shook root samples to
remove and collect rhizosphere soil (Turner et al., 2013). Newman and
colleagues used soil cores from a rhizobox (40 × 20 × 2 cm container
(Newman et al., 2016), where all soil in the cores was defined as
rhizosphere soil. Zhang and colleagues scraped roots with brush pencils to
collect rhizosphere soil (Zhang et al., 2017).
The microbial communities of the root (endorhizosphere) and rhizosphere
soil (ectorhizosphere), have been shown to be significantly distinct from
each other in many plant species (Bulgarelli et al., 2013). One of the aims
of this chapter was to find a method of completely separating the
rhizosphere soil from the root tissue, so that the metatranscriptomes in
each compartment could be studied independently. Snap freezing root
with rhizosphere attached would be the ideal preservation technique but
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subsequent separation of the rhizosphere from the root would involve
thawing, which would degrade RNA prior to extraction.
The majority (95-99%) of RNA present in soil samples can be ribosomal
RNA (Mettel et al., 2010). Whilst this can be used for taxonomic profiling of
the microbiome, analysis of the messenger RNA is required to determine
the functional characteristics of the microbiome. Ribosomal RNA is often
depleted prior to metatranscriptome sequencing. However the cost of
these depletion techniques can limit the number of samples which can
subsequently be sequenced. In order to develop cheap, high throughput
methods for metatranscriptome analysis, it would be beneficial to avoid a
ribodepletion step.
Due to the short half life of RNA (~5 minutes) to degradation from
chemicals and enzyme activity, it is typically recommended that samples
for RNA extraction should either be stored at −80°C or maintained in an
RNA preservation solution such as LifeGuardTM Soil Preservation Solution
(MO BIO Laboratories, USA). The effectiveness of Lifeguard solution to
preserve the functional fingerprint of a microbiome has yet to be
determined. If it does not have a significant impact on the taxonomic and
functional fingerprint of the rhizosphere and root microbiomes it would
provide a useful tool for separation of rhizosphere soil from the root whilst
maintaining RNA integrity. However the cost of the Lifeguard solution may
prohibit its use in large scale experiments. If samples could be frozen and
subsequently thawed in Lifeguard then it would allow for preservation of a
large number of samples followed by exploratory amplicon sequencing
work in order to identify samples of interest for focussed
metatranscriptomics. However it is unknown whether Lifeguard is effective
at preserving RNA in samples that have been thawed in the solution.
Cost effective methodologies for separating the rhizosphere soil from the
root without altering the transcriptional fingerprint of the respective
communities would allow comparative analysis of the microbial
interactions and functions within these compartments. A potential way to
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separate the closely bound rhizosphere soil from the root is to wash the
roots in water and flash freeze the rhizosphere wash and roots separately
in liquid nitrogen. This allows a short time period between removal of the
plant from the ground and preservation of RNA. In the lab these samples
can be freeze-dried to remove all water and RNA can be extracted. This
Freeze-drying method may allow for separation of rhizosphere soil from
root without significant degradation of RNA.

3.1.4 Aims
The aims of this study were to 1.) Determine the extent to which different
RNA preservation techniques influence the active microbial community
and transcriptional fingerprint the soil. 2.) Determine differences in the
active microbial composition and functional fingerprint between root,
rhizosphere soil and bulk soil compartments 3.) Determine whether
samples that had not undergone a ribosomal rRNA depletion would still
yield sufficient mRNA to give an indication of the function of the
microbiome

3.2

Materials and Methods

3.2.1 Experimental design.
The experiment was designed in order to be able to compare the
effectiveness of different approaches for preserving soil for subsequent
extraction of RNA. The four techniques were; 1.) Freeze-Dried, 2.) Frozen
3.) Lifeguard and 4.) Thawed (frozen then thawed in Lifeguard) (Table
3.1). The Frozen treatment was taken as the most similar to “real”
community composition, as the snap freezing creates a snapshot of the
total RNA, and prevents degradation by inactivating RNAses. This is why
soil rather than rhizosphere was used to compare techniques as there was
no equivalent “real” rhizosphere. Washing of soil samples was conducted
in order to simulate the washing treatment for rhizosphere soil. The other
three treatments were compared to the Frozen method to determine the
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best method for future large scale rhizosphere metatranscriptomic
experiments. In particular collection of rhizosphere soil requires washing of
closely adhering soil from roots. These methods provide alternative
approaches which can potentially be used to collect rhizosphere soil in the
field
Furthermore, differences between the active microbial community
composition and functional profiles of bulk soil, rhizosphere soil and root
samples, were compared using the Lifeguard method (which was initially
presumed to be most effective based on preliminary RNA quality
(Suplementary figure 1). Additionally, the extracted RNA from frozen soil
samples was divided and half was ribodepleted in order to determine if the
mRNA profile of non-ribodepleted samples provided a sufficient
representation of the mRNA compared to a non-ribodepleted sample.
Each of these techniques was conducted using in triplicates. A summary
of the treatments used for these comparative experiments is provided in
Table 3.1.
Table 3.1 Sample names for each treatment with abbreviation ID. (*) WRO was not
freeze-dried, the roots were snap frozen and homogenised in liquid nitrogen.

Treatment

Bulk

Rhizosphere Root

soil

Ribodepleted
Bulk soil

Freeze-dried
(Washed in water in
field then snap frozen
and freeze dried)
Frozen
(Direct freezing in
liquid N)
Lifeguard
Washed in Lifeguard
solution)
Thawed
(Snap frozen,
defrosted in Lifeguard)

WS

WRO*

NS

LGS

RiboNS

LGR

LGRO

NLGS
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3.2.2 Sample collection and processing
Samples were collected from a field trial plot on a sandy loam soil at
Wellesbourne (Lat 52.211583, Long -1.607942) on Friday 2nd December
2016. The plot was a 6 m x 24 m area of Brassica napus planted in late
August following 3 prior annual crops of wheat.
In order to minimise time between removal of the samples from the
environment and RNA preservation, sampling was conducted using four
‘pseudoreplicates’, which were combined before RNA extraction. This
involved sampling four times in an identical manner and later combining
the samples. This procedure was done as quickly as possible and samples
processed within 3 minutes of the plant or soil being removed from the
ground.

3.2.2.1 RNA extraction
All RNA extractions (bulk soil, rhizosphere and root) were performed using
the MOBIO RNA Powersoil extraction kit (MO BIO industries catalogue
number 12866-25) according to the manufacturer’s instruction. Extractions
were completed over the two days after sampling.

3.2.2.2 Soil collection
Bulk soil for each pseudoreplicate was collected by removing and
discarding the top 1 cm of soil one metre in from the edge of the plot in an
area equidistant from the stems of adjacent plants and collecting a 10 cm
depth sample of soil using a trowel. Three further soil samples were
collected 2 metres apart, and the four samples were pooled and mixed in a
bag. From this pseuodreplicate one of each of the following procedures
was conducted;
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3.2.2.3 Frozen Soil (NS)
Three level spatulas (approx. 5 g) of homogenised soil was transferred an
empty 50 mL falcon tube. The falcon tube containing the soil sample was
flash frozen, by submersion in liquid nitrogen and transported on dry ice to
a -80°C freezer. Before RNA extraction, the samples were combined and
ground using a mortar and pestle in liquid N2. After homogenisation, 2 g of
sample material was used for RNA extraction in triplicate.

3.2.2.4 Lifeguard Soil (LGS)
Three level spatulas (approx. 5 g) of soil were added to a 50 mL falcon
tube, containing 30 mL of Lifeguard solution. The tube was shaken for 45 s
to allow penetration of the solution into the sample material. The sample
was transferred on ice to -20°C. Before RNA extraction the sample was
defrosted at 4 oC overnight and then vortexed for 15 s and centrifuged at
4000 rpm for 10 min at 4oC. The Lifeguard solution supernatant was
discarded leaving behind a soil pellet. Wet weight of soil was measured
and 1 mL of fresh Lifeguard solution was added per g of soil and was
mixed by vortexing, the samples were then combined and mixed. Four
millilitres (approx. 2 g soil) of the soil-lifeguard slurry was transferred to the
bead tube of the RNA extraction kit in triplicate. Tubes were spun for 1 min
at 12000 rpm in a microcentrifuge to pellet the soil, and the Lifeguard
solution supernatant was discarded prior to RNA extraction from the soil
pellet.

3.2.2.5 Thawed soil (NLGS)
Three level spatulas (approx. 5 g) of homogenised soil was transferred an
empty 50 mL falcon tube. The falcon tube containing the soil sample was
flash frozen, by submersion in liquid nitrogen and transported on dry ice to
a -80°C freezer. Before RNA extraction 30 mL of Lifeguard solution was
added to the frozen sample and shaken. The sample was allowed to
defrost over 20 minutes, with light shaking every minute. Once thawed the
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soil was vortexed for 15 s and then centrifuged at 4000 rpm for 10 min at
4°C. The Lifeguard solution supernatant was discarded leaving behind a
soil pellet. Wet weight of soil was measured and 1 mL of fresh Lifeguard
solution was added per gram of soil and was mixed by vortexing and then
the samples were combined and mixed. Four millilitres (approx. 2 g soil) of
the soil-lifeguard slurry was transferred to the bead tube of the RNA
extraction kit in triplicate. Tubes were spun for 1 min at 12000 rpm in a
microcentrifuge to pellet the soil, and the Lifeguard solution supernatant
was discarded prior to RNA extraction from the soil pellet.

3.2.2.6 Freeze-dried soil (WS)
Three level spatulas (approx. 5 g) of homogenised soil were added to a
falcon tube, containing 30 mL of sterile distilled water and shaken for 45 s.
Washing of soil samples was conducted in order to simulate the washing
treatment for rhizosphere soil. The sample was snap frozen in liquid
nitrogen and stored on dry ice prior to storage at -80°C. The sample was
removed from the freezer and lyophilised using an ‘Alpha 1-2 LD plus’
freeze drier (Martin Christ, Germany) until all moisture had been removed.
Samples were combined and 2 g of freeze-dried soil was used for RNA
extraction in triplicate.

3.2.2.7 Ribodepleted frozen soil (RiboNS)
After quantification and quality checking of RNA, 5 µg RNA of each of the
NS samples were ribodepleted using a 50:50 combination of the RiboZero
Plant/Seed (Illumina, USA) and RiboZero soil kits (Illumina, USA)
according to the manufacturer’s instructions. RNA concentration was
quantified using the Qubit Fluorometer RNA HS (ThermoFisher, USA).
RNA quality was assessed using a Bioanalyzer prokaryotic pico chip
(Agilent Technologies).
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3.2.3 Rhizosphere and root collection.
For each pseudoreplicate, four B. napus plants were removed from the soil
and lightly shaken to remove loosely adhering soil. The lateral roots were
subsequently cut into <5 cm length pieces and pooled and sorted into
even sized groups. From this pseuodreplicate one of each of the following
procedures was conducted;

3.2.3.1 Lifeguard rhizosphere (LGR)
Roots with adhering soil were transferred to a 50 mL falcon tube
containing 25 mL of Lifeguard solution (wash 1) and shaken for 45 s.
The sample was transferred on ice to -20°C. Before RNA extraction the
sample was defrosted at 4 oC overnight and then vortexed for 5 s and the
roots were transferred to a fresh 50 mL falcon tube containing 15 mL of
Lifeguard solution (wash 2). The tube was vortexed for 5 s and roots were
transferred to a fresh 50 mL falcon tube containing 30 mL of Lifeguard
solution (wash 3) and vortexed for 5 s to completely clean the roots. Roots
were transferred to a fresh, empty 50 mL falcon tube, flash frozen and
stored at -80°C until use as Lifeguard root (LGRO) samples. Root wash
solutions (rhizosphere soil) from wash 1 and 2 were combined and
centrifuged at 4000 rpm for 10 min at 4 oC. The Lifeguard solution
supernatant was discarded leaving behind a soil pellet. Wet weight of soil
was measured and 1 mL of fresh Lifeguard solution was added per g of
soil and was mixed by vortexing and then the samples were combined and
mixed. Four millilitres (approx. 2 g soil) of the soil-lifeguard slurry was
transferred to the bead tube of the RNA extraction kit in triplicate. Tubes
were spun for 1 min at 12000 rpm in a microcentrifuge to pellet the soil,
and the Lifeguard solution supernatant was discarded prior to RNA
extraction from the soil pellet.
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3.2.3.2 Lifeguard root (LGRO)
Root samples from the previously described LGR treatment were
combined and ground in liquid nitrogen using a mortar and pestle. Two
grams of powdered roots were used for RNA extraction in triplicate.

3.2.3.3 Freeze-dried rhizosphere (WR)
Root material with adhering soil was transferred to a falcon tube containing
25 mL of sterile distilled water and shaken for 25 s. Roots were then
transferred to a fresh tube containing 10 mL of SDW and shaken for 20 s.
Clean roots were transferred to a fresh tube, flash frozen in liquid nitrogen
and stored on dry ice until transfer to a -80oC freezer for use as the
Washed frozen root (WRO) material. Root washes (rhizosphere soil) were
combined, flash frozen and stored on dry ice until transfer to a -80°C
freezer. The rhizosphere sample was then removed from the freezer and
lyophilised using an ‘Alpha 1-2 LD plus’ freeze drier (Martin Christ,
Germany) until all moisture had been removed. Samples were combined
and 2 g of freeze-dried soil were used for RNA extraction in triplicate.

3.2.3.4 Washed frozen root (WRO)
Root samples (from WR) were removed from -80°C. The samples were
combined and ground in liquid nitrogen. Two grams of powdered roots
were used for RNA extraction in triplicate.

3.2.4 Quality control
After extraction of total RNA, samples were treated with DNAse enzyme
according to the manufacturer’s instruction (DNase Max™ Kit ,MO BIO
Catalog# UC-15200-50). Samples were purified using Agencourt
RNAClean™ according to the manufacturer’s instruction (001298v001
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Beckman Coulter). The presence of remaining DNA was tested by PCR
The reaction mixture comprised forward primer 16S 515f (10 µM)1.25 µl,
Reverse primer 16S 806r (10 µM) 1.25 µl, 2 x Q5 readymix 12.5 µl, DEPC
treated water 9 µl, 1 µl DNase-treated RNA, total volume of 25 µl. Any
samples with visible bands were reprocessed.
Total RNA concentrations were quantified using the Qubit Flurometer RNA
HS (ThermoFisher, USA). RNA quality was assessed using a Bioanalyzer
prokaryotic nano chip (Agilent Technologies).

3.2.5 Library preparation
An adapted Illumina Truseq library preparation was conducted at the
Earlham Insitute (Earlham Institute, Norwich, UK) prior to sequencing
using the following procedure: Sequencing libraries were constructed
using an adapted TruSeq RNA protocol (Illumina 15026495 Rev.B). The
library preparation involved QC of the depleted RNA using Bioanalyser
with the Pico kit (Agilent 5067-1513) on the mRNA setting to detect any
potential rRNA contamination and a nano chip for the total RNA to detect
the RIN score. The ribo-depleted RNA and total RNA was chemically
fragmented and first strand cDNA was synthesised. The ends of the
samples were repaired using the 3' to 5' exonuclease activity to remove
the 3' overhangs and the polymerase activity to fill in the 5' overhangs
creating blunt ends. A single ‘A’ nucleotide was added to the 3’ ends of the
blunt fragments to prevent them from ligating to one another during the
adapter ligation reaction. A corresponding single ‘T’ nucleotide on the 3’
end of the adapter provided a complementary overhang for ligating the
adapter to the fragment. This strategy ensured a low rate of chimera
formation. The ligation of a number of indexing adapters to the ends of the
DNA fragments prepared them for hybridisation onto a flow cell. The
ligated products were subjected to a bead based size selection using
Beckman Coulter XP beads (Beckman Coulter A63880). This removed
the majority of un-ligated adapters, as well as any adapters that may have
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ligated to one another. Prior to hybridisation to the flow cell the samples
were amplified by PCR to selectively enrich those DNA fragments that
have adapter molecules on both ends and to amplify the amount of DNA in
the library. The PCR was performed with a proprietary PCR primer cocktail
that annealed to the ends of the adapter. The insert size of the libraries
was verified by running an aliquot of the DNA library on a PerkinElmer GX
using the High Sensitivity DNA chip (PerkinElmer CLS760672) and the
concentration was determined by using a High Sensitivity Qubit assay and
q-PCR.
After library preparation, the samples were pooled and divided evenly over
three lanes of the Illumina HiSeq 2500 and sequenced with a 126bp
paired-end read metric. Samples were split evenly over three lanes to
minimise the impact of lane variation on samples and maximise the depth
of sequencing that may have been reduced due to differences in sample
type influencing number of sequences per sample.

3.2.6 Bioinformatics pipeline.
Firstly samples were reassembled (from the 3 lane split). The samples
were briefly checked using FASTQC and the 5` base was trimmed using
trimmomatic (Bolger et al., 2014) due to low quality in all samples. Forward
and reverse reads were merged prior to SortmeRNA (Kopylova et al.,
2012) separation of mRNA and rRNA.

3.2.6.1 rRNA analysis
rRNA was trimmed using trimmomatic with the quality control settings of
sliding window 4:15, minimum length of 100bp and leading and trailing of
3. Libraries were merged using the multiple_split_libraries_fastq.py script
in QIIME. An OTU table was generated from the merged fasta file using
pick_closed_reference_otus.py in QIIME. Prokaryotic (16S rRNA)
taxonomies were assigned using the Greengenes 97% 13.8 closed
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reference database (DeSantis et al., 2006) and eukaryotic (18S rRNA)
taxonomies were assigned using the Silva 119 database (Quast et al.,
2013). After assignment the 18S rRNA dataset was filtered to remove
plant and animal sequences using the “Metazoa” and “Charophyta” flags
and manually searched to remove any plant or animal OTUs missed by
these flags.
The microbial community compositions and functional profiles of the soil
microbiomes were compared for alpha diversity, beta diversity and
community composition. Fisher’s alpha diversity scores were generated in
R using the estimate_richness script from the “phyloseq” package
(McMurdie and Holmes, 2013). Significant differences overall were
calculated using an ANOVA script from the “stats” package (R Core Team,
2013). Post-hoc pairwise comparisons were calculated using the HSD test
from the “agricolae” package (de Mendiburu, 2017). Beta diversity was
assessed using Bray-Curtis similarity matrices, NMDS, Hierarchical
clustering and SIMPROF tests were conducted in order to determine
significant differences in beta diversity. NMDS plots and SIMPROF tests
were generated in Primer6 (Clarke and Gorley, 2006.) Differences in
community composition were tested using Tukeys’s HSD test and
visualised using the phyloseq and ggplot (Wickham, 2009) packages.
Drivers of differences in community composition between methods were
calculated with a White’s non-parametric t-test, with Bonferrroni multiple
corrections and visualised in STAMP (Parks et al., 2014).

3.2.6.2 mRNA analysis
Trimmed mRNA reads were aligned to the NCBI non-redundant (NR)
protein database (retrieved on 22/08/17) (Pruitt et al., 2007) using
Diamond blastx (Buchfink et al., 2015) using the default settings;
BLOSUM62 matrix, gap open penalty 11, gap extension penalty 1 and a
minimum e value of 0.0001. The 25 top results were kept. The resulting
.daa files were converted into blast tabular format (.m8) using DIAMOND
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view. In order to separate plant reads, accessions with taxonomy
containing embryophyta (green land plants) were extracted from the NCBI
protein database using the Entrez API (Sayers, 2008).
Alignments with an accession number matching those on the embryophyta
list were separated from other reads using a custom perl script.
SEED function were then assigned to each read using MEGAN6
community edition (Huson et al., 2016) using the following parameters:
minimum alignment score 50, maximum e value 0.01, minimum percent
identity 0, minimum support (number of reads for a taxon to be counted) 1,
and the naïve lowest common ancestor algorithm.
Megan files for each library were then loaded into MEGAN6 for
comparison, and the assigned reads normalized against the smallest
number of reads. The data was then exported to STAMP (Parks et al.,
2014) where differences in relative abundance of the functional categories
were tested for significance using Whites non-parametric t tests, with
Bonferroni multiple corrections.

3.3

Results

3.3.1 RNA extraction
Total RNA was successfully extracted from all samples, with sufficient
concentration and quality for RNA sequencing (Table 3.2 and
Supplementary Figure 1).
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Table 3.2 Concentration of RNA (ng/µl) after extraction and purification, measured
by Qubit RNA high sensitivity assay, and RIN scores from bioanalyser nano
prokarytotic chip.

Sample

RNA

RIN

concentration
(ng/ul)
WRO1

519

8.7

WRO2

1150

7.9

WRO3

908

7.9

LGRO1

412

7.7

LGRO2

1090

8.9

LGRO3

544

8.8

NS1

244

8.1

NS2

245

7.9

NS3

226

8.1

LGR1

29

8.1

LGR2

11

8.5

LGR3

10

8.3

LGS1

73

6.9

LGS2

104

6.7

LGS3

126

7.8

NLGS1

153

7.5

NLGS2

173

7.2

NLGS3

155

7.2

WS1

175

7

WS2

189

6.2

WS3

163

6.2

Over the three lanes 730,045,865 reads were generated. For the samples
that had not been ribodepleted an average of 96% was ribosomal RNA.
For the ribodepleted samples 6% of the total reads were attributed to
ribosomal RNA.
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3.3.2 Ribosomal RNA

Figure 3.1 Collectors curves displaying number of observed OTUs at increasing
sampling depths for 16S rRNA (A) and 18S rRNA (B) assigned taxonomies.
Treatment ID’s listed in Table 3.2.
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In total 47,263,919 sequences were assigned to taxa using the 16S rRNA
database across 24 samples. Using the 18S rRNA database, after filtering,
11,137,787 sequences were assigned to taxa. Datasets were subjected to
a single random subsampling in order to account for variation in number of
sequences per sample. The 16S rRNA dataset was normalised to
2,119,333 sequences per sample for the soils comparison and 53,716
sequences per sample for the compartment comparison. The 18S rRNA
dataset was normalised to 245,893 sequences per sample for the soils
comparison and 154,703 sequences per sample for the compartment
comparison. Collector’s curves were constructed to assess the proportion
of the diversity that was sampled at a set depth (Figure 3.1). For each
amplicon dataset, comparisons were made between 1.) Soil samples
using the four different RNA preservation techniques and 2.) Root,
rhizosphere and soil samples using the Lifeguard method.

3.3.3 The impact of RNA preservation technique on the diversity and
composition of the bacterial soil microbiome.
Fisher’s alpha diversity was not significantly different for the bacterial
communities from the different RNA preservation treatments, ANOVA
P=0.06 (Figure 3.2).
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Figure 3.2 Box and whisker plot of Fisher’s alpha diversity scores for the bacterial
soil microbiome for each the RNA treatment methods; Freeze-dried, frozen,
Lifeguard and thawed. No significant differences were identified in alpha diversity
th
th
between treatments (ANOVA P=0.06). Hinges are the 25 and 75 percentiles of the
data. Whiskers range to the closest value within 1.5 * of the interquartile range.

Hierarchical cluster analysis was conducted in order to assess beta
diversity of samples (Figure 3.3). The bacterial communities of the
technical replicates from the four RNA preservation treatments were
clustered at 87%, 83%, 88% and 83% for the Lifeguard, Thawed, Freezedried and Frozen samples respectively. The Lifeguard and Thawed
technical replicates clustered at 79% whereas the Freeze-dried and
Frozen technical replicates clustered together at 75% similarity (Figure
3.3). From the cluster analysis and visual representation by NMDS (Figure
3.4) it is possible to conclude that the Freeze-dried technique displays a
prokaryotic community most similar to that of the Frozen soil community.
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Figure 3.3 Hierarchical Cluster analysis displaying group average Bray Curtis
similarity for bacterial soil communities using different RNA preservation methods.
Red bars signify and * symbol indicate no significant difference between samples
as tested by SIMPROF analysis. Where a branch splits on the y axis displays the
percentage of similarity between samples.

Figure 3.4 NMDS displaying Bray-Curtis similarity between soil sample 16S rRNA
community composition under different preservation methods. Bubbles display
similarity of samples at given percentage identity
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At the highest taxonomic level (phylum) the method of preservation was
seen to impact the relative abundance of 8 of the 9 most abundant phyla
(Figure 3.5). The Freeze-dried method had the fewest significant (P<0.05)
differences in relative abundance of bacterial phyla (three) compared to
the Frozen samples (as tested by the Tukey’s HSD test). The relative
abundance of the Actinobacteria was 16.5% when using the frozen
method and 9.4% under the Freeze-dried method. The relative abundance
of the Proteobacteria was 36.5% in the Frozen method and 32.3% in the
Freeze-dried. The relative abundance of the Bacteriodetes was
significantly greater (16.0%) when using the Freeze-dried technique than
when using the Frozen method (8.3%) (Figure 3.5).
The relative abundance of four Phyla were significantly different in the
thawed soil compared to the Frozen soil. The relative abundance of the
Acidobacteria was greater by 5.1% in the Thawed compared to the Frozen
samples. In contrast the relative abundance of the Actinobacteria,
Planctomycetes and Verrumicrobia were greater in the Frozen samples
than the Thawed by 5.7%, 1.5% and 1.7% respectively. The relative
abundance of five Phlya were significantly different in the Lifeguard soil
relative to the Frozen soil. The Lifeguard samples contained 6.3% more
Acidobacteria than the Frozen samples. In contrast, relative to Lifeguard
samples, the Frozen samples contained higher relative abundances of
Actinobacteria, Firmicutes, Planctomycetes and Verrumicrobia, indicated
by enrichments of 7.0%, 1.7%, 1.5% and 2.2% respectively (Figure 3.5).
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Figure 3.5 Facet bar plots displaying relative abundance of bacterial phyla in the
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(White’s non-parametric T-test , P< 0.05, Bonferroni multiple corrections)
in the relative abundance of any taxa between the Frozen and Freezedried methods. The relative abundance of the Bradyrhizobium genus was
significantly greater in the Frozen (1.87%) than the Thawed samples
(0.96%). The relative abundance of an OTU from the Comamonadaceae
family was a significantly greater in the Lifeguard (3.13%) than the Frozen
(1.12%) samples.

3.3.4 The impact of RNA preservation technique on the measurement of
diversity and composition of the microbial eukaryotic soil
microbiome
Fisher’s alpha diversity of the microbial eukaryotic community was
significantly (P<0.05) greater in the Frozen and Freeze-dried soil samples
than both the Thawed and Lifeguard samples when tested using a Tukey’s
HSD test (Figure 3.6).
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Figure 3.6 Fisher’s alpha diversity scores for the microbial eukaryotic soil
microbiome for each of the soil RNA treatment methods. Significant differences
were identified between treatments (ANOVA P<0.05), treatments with the same
letter are not significantly different. Pairwise differences between alpha diversity
displayed using letters, groupings attributed by Tukey’s HSD test. Hinges are the
th
th
25 and 75 percentiles of the data. Whiskers range to the closest value within 1.5*
of the interquartile range.

Differences in microbial eukaryotic community composition for the different
RNA preservations method was assessed using a hierarchical clustering
dendogram (Figure 3.7) Technical replicates clustered at 87% , 84%, 90%
and 90% similarity for Freeze-dried, Frozen, Thawed and Lifeguard
samples respectively. The Freeze-dried method clustered with the Frozen
method at 82% similarity. Lifeguard and Thawed samples clustered at
77%. From the cluster analysis and NMDS (Figure 3.8) it is possible to
conclude that the Freeze-dried technique displays a eukaryotic community
most similar to that of the Frozen soil community.
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Figure 3.7 Hierarchical Cluster analysis displaying Bray Curtis similarity of microbial eukaryotic soil
communities . Red bars signify no significant different between samples as identified by SIMPROF test.
SIMPROF analysis is overlaid onto the figure displayed and red bars, which indicate no significant
difference between samples. Where a branch splits on the y axis displays the percentage of similarity
between samples.

Figure 3.8 NMDS displaying Bray-Curtis similarity between microbial eukaryotic
soil community under different preservation methods. Bubbles display similarity of
samples at given percentage identity.

RNA preservation method had significant impacts on the microbial 18S
rRNA community composition at a broad taxonomic level, for the 6 main
taxonomic groups of microbial eukaryotes (Figure 3.9). The community
composition of the Frozen treatment was significantly different from the
Freeze-dried method for one of the six main groups of taxa. The relative
abundance of the Rhizaria was significantly (Tukey’s HSD, P<0.05)
greater in the Freeze-dried samples, relative to the other treatments by an
average of 1.68%. The community composition of the Frozen treatment
was significantly different from both the Lifeguard and Thawed treatments
for three of the six main microbial eukaryotic taxonomic groups. The
relative abundance of the Alveolata was significantly greater in the Frozen
samples than the Lifeguard samples by 4.76%. The relative abundance of
the Amoebozoa and Stramenopiles was significantly greater in the
Lifeguard samples relative to the Frozen samples, by 1.86% and 6.12%
respectively. The relative abundance of the Amoebozoa was significantly
greater in the Frozen samples than the Thawed samples by 3.08%. The
relative abundance of the Fungi and Stramenopiles was significantly
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greater in the Thawed samples, than the Frozen samples by 11.14% and
6.28% respectively.
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Figure 3.9 Facet bar plots displaying relative abundance of a eukaryotic group in
the soil for each RNA preservation method. Significance of difference in relative
abundance between methods as indicated by Tukey’s HSD test P<0.05, treatments
with the same letter are not significantly different. Error bars display standard error
of the mean

Analysing the differences in community composition at a finer taxonomic
classification (genus) revealed significant differences (White’s nonparametric T-test , P< 0.05, Bonferroni multiple corrections) in the relative
abundance of taxa between treatment methods. The relative abundance of
an OTU from the LEMD255 phylum was significantly greater in the Freezedried (1.16%) than the Frozen samples (0.84%). The relative abundance
of an OTU from the Zoopagales order was significantly greater in the
Thawed (1.13%) than the Frozen samples (0.56%). The relative
abundance of an OTU Acanthamoeba sp. EFW11 was a significantly
greater in the Lifeguard (1.38%) than the Frozen (0.32%) samples.
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3.3.5 The active bacterial communities of the B. napus root, rhizosphere
and bulk soil

The Fisher’s alpha diversity of the bacterial community in the soil samples
was approximately two fold greater than the root and rhizosphere (Figure
3.10). Tukey’s HSD test indicated that the diversity was significantly
greater in the soil samples compared to the root and rhizosphere samples,
while there was no significant difference in Fisher’s alpha diversity
between bacterial communities in the root and rhizosphere compartments.
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Figure 3.10 Fisher’s alpha diversity scores for bacterial communities of the root,
rhizosphere and soil compartments. Significant differences identified between
treatments (ANOVA P<0.05), groupings identified by Tukey’s HSD test, treatments
th
th
with the same letter are not significantly different. Hinges are the 25 and 75
percentiles of the data. Whiskers range to the closest value within 1.5* of the
interquartile range.

100

Hierarchical cluster analysis revealed clustering of technical replicates at
68%, 82% and 76% for the root, rhizosphere and soil respectively. The
rhizosphere and root communities displayed 49% similarity. The soil
bacterial community was distinct from the rhizosphere and root
communities at 29% similarity (Figure 3.11). The cluster analysis and
NMDS (Figure 3.12) highlights the dissimilarity of the microbial
communities of these compartments.
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Figure 3.11 Hierarchical Cluster analysis displaying group average Bray Curtis similarity for bacterial soil,
rhizosphere and root communities. Red bars signify and * symbol indicate no significant difference
between samples as tested by SIMPROF analysis. Where a branch splits on the y axis displays the
percentage of similarity between samples. Treatment ID’s displayed in Table 1.

Figure 3.12 NMDS displaying Bray-Curtis similarity between root rhizosphere and
soil 16S rRNA community composition. Bubbles display similarity of samples at
given percentage identity.

At the Phylum level, there were significant (Tukey’s HSD P<0.05)
differences between root rhizosphere and soil communities (Figure 3.13).
The root and rhizosphere compartments contained high relative
abundances of Proteobacteria (73.2% and 76.7% respectively) which was
significantly greater in these compartments than in the soil (37.3%) (Figure
3.13). The relative abundances in the soil of the Acidobacteria (15.9%),
Actinobacteria (9.7%) Chloroflexi (2.2%) and Planctomycetes (2.8%) were
all significantly greater than in the root and rhizosphere compartments.
The relative abundance of the Cyanobacteria was significantly different
across all samples; the relative abundance was greatest in the soil (3.3%),
followed by root (1.4%) and then rhizosphere (0.6%). There was no
significant difference in the relative abundance of the Bacteroidetes
between the root (10.9%), rhizosphere (11.4%) and soil (14.7%)
compartments. The relative abundance of Firmicutes in the soil (3.6%) and
rhizosphere (3.1%) was significantly greater than in the root (1.1%).
The relative abundance of the Verrumicrobia was significantly greater in
the root (3.7%) and soil (4.6%) than the rhizosphere by (1.2%)

103

Acidobacteria

Actinobacteria

Bacteroidetes

100
75
50

b

25

a

a

a

a

b

a

a

a

Mean relative abundance (%)

0
Chloroflexi

Cyanobacteria

Firmicutes

100
75
50
25

a

a

b

a

b

c

a

b

b

0
Planctomycetes

Proteobacteria

Verrucomicrobia

100

a

a

75
50

b

25

a

a

b

Root

Rhizosphere

Soil

a

b

b

Root

Rhizosphere

Soil

0
Root

Rhizosphere

Soil

104

Acidobacteria

Actinobacteria

Bacteroidetes

100
75
50

b

25

a

a

a

a

b

a

a

a

Mean relative abundance (%)

0
Chloroflexi

Cyanobacteria

Firmicutes

100
75
50
25

a

a

b

a

b

c

b

a

b

0
Planctomycetes

Proteobacteria

Verrucomicrobia

100

a

a

75
50

b

Figure253.13 Facet bar plots displaying relative abundance of bacterial phyla in the
root rhizosphere
and soil.
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At a finer level, only one genus had significantly different relative
abundance between each compartments after Bonferroni multiple
corrections. The relative abundance of the Serratia genus was significantly
greater in the rhizosphere (1.2%) than the root samples (0.18%), the
relative abundance of Cellvibrio was significantly greater in the root
(1.63%) than the soil (0.13%) and the relative abundance of
Janthinobacterium was significantly greater in the rhizosphere (3.49%)
than the soil (0.17%).

3.3.6 Differences in active microbial eukaryotic composition in the root,
rhizosphere and soil
Tukey’s HSD test indicated that the Fisher’s alpha diversity of the
microbial eukaryotic community was significantly greater in the soil
samples compared to the root and rhizosphere samples. There was no
significant difference in the Fisher’s alpha diversity of the rhizosphere
microbial eukaryotic community and the microbial eukaryotic root
community (Figure 3.14).
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Figure 3.14 Fisher’s alpha diversity scores for microbial eukaryotic communities of
the root, rhizosphere and soil compartments. Significant differences identified
between treatments ANOVA P<0.05. Groupings identified by Tukey’s HSD test
P<0.05, treatments with the same letter are not significantly different. Hinges are
th
th
the 25 and 75 percentiles of the data. Whiskers range to the closest value within
1.5* of the interquartile range. Error bars display standard error of the mean

Beta diversity of the distinct root, rhizosphere and soil bacterial
communities was revealed using hierarchical clustering dendogram
(Figure 3.15). Technical replicates clustered closely together at similarity
of 87% for the soil, 90% for the rhizosphere and 83% for the root.
SIMPROF test identified no significant difference in the eukaryotic
community composition between any of the three rhizosphere replicates.
The rhizosphere and soil compartments clustered at 37% similarity. The
microbial eukaryotic community of the root was clustered at 21% similarity
to the rhizosphere soil and soil compartments, highlighting the value of
separation of these samples. The hierarchical cluster analysis and NMDS
(Figure 3.16) revealed distinct microbial eukaryotic communities for each
of the compartments.
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Figure 3.15 Hierarchical Cluster analysis displaying group average Bray Curtis similarity for microbial
eukaryotic soil, rhizosphere and root communities. Red bars and * symbol indicate no significant difference
between samples as tested by SIMPROF analysis. Where a branch splits on the y axis displays the percentage
of similarity between samples.

Figure 3.16 NMDS displaying Bray-Curtis similarity between root rhizosphere and
soil microbial euakryotic community composition. Bubbles display similarity of
samples at given percentage identity.

At the Phylum level, there were significant (Tukey’s HSD P<0.05)
differences between root rhizosphere and soil microbial eukaryotic
communities (Figure 3.17).
The relative abundance of the Alveolata in the root (9.0%) was significantly
greater than in the rhizosphere (1.0%) and soil (3.1%) (Figure 3.17). The
relative abundance of the Amoebozoa was significantly different across all
samples; the relative abundance was greatest in the soil (16.6%), followed
by rhizosphere (11.5%) and then root (2.3%). The relative abundances of
the Archaeplastida, Stramenopiles and Rhizaria were also significantly
different across all samples; the relative abundances of these groups of
taxa were greatest in the soil (5.0%, 26.0% and 12.5% respectively),
followed by root (3.7%, 14.6% and 12.2% respectively) and rhizosphere
(1.2%, 7.6% and 2.8% respectively). The relative abundance of the fungi
was greatest in the rhizosphere (74.5%) followed by the root (48.4)% and
soil (32%).
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Figure 3.17 Facet bar plots displaying relative abundance of microbial eukaryotic
phyla or high level taxonomic group in the root rhizosphere and soil. Significance
of difference in relative abundance between methods as indicated by Tukey’s HSD
test P<0.05 treatments with the same letter are not significantly different. Error bars
display standard error of the mean.
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Soil

At a finer level, only one group of taxa had significantly different relative
abundance between each compartments after Bonferroni multiple
corrections. The relative abundance of an OTU from the Spizellomycetales
order was significantly greater in the root (2.13%) than the rhizosphere
(0.13%), the relative abundance of the Acanthomeoba genus was
significantly greater in the soil (4.84%) than the rhizosphere (0.75%) and
the root (0.08%).

3.3.7 The impact of RNA preservation technique on the functional
processes of the soil microbial community
Using DIAMOND alignment in MEGAN, total of 6,682,934 microbial
functional sequences were identified in the non-ribodepleted samples
(Figure 3.18). Filtering of plant functions led to a decrease in the number

800000
700000
600000
500000
400000
300000
200000
100000
0

WRO1
WRO2
WRO3
LGRO1
LGRO2
LGRO3
LGR1
LGR2
LGR3
WS1
WS2
WS3
NS1
NS2
NS3
LGS1
LGS2
LGS3
NLGS1
NLGS2
NLGS3

Number of microbial reads
with assigned SEED
function

of sequences in the root.

Figure 3.18 Number of microbial sequences with assigned SEED function per
sample

Differences were identified between the relative abundance of SEED level
1 functional categories between RNA preservation methods in the soil
(Figure 3.19). The relative abundance of two categories; “Respiration” and
“Other” were significantly greater in the Freeze-dried soil than the Frozen
soil. The relative abundance of three categories; Miscellaneous”, “Other”
and “Cofactors, Vitamins, Prosthetic Groups, Pigments” were significantly
greater in the Thawed soil treatments, when compared to the Frozen
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treatment (Figure 19). The relative abundance of ten SEED level 1
categories; "Other", "Sulfur Metabolism", "Miscellaneous", "Cofactors,
Vitamins, Prosthetic Groups, Pigments", "Virulence", "RNA Metabolism",
"Cell Wall and Capsule", "Phages, Prophages, Transposable elements,
Plasmids", "Phages, Prophages, Transposable elements", and "Amino
Acids and Derivatives" were significantly different (P<0.05) between the
Frozen and Lifeguard soil preservation methods when tested using White’s
non-parametric t test (Figure 3.19).
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Figure 3.19 Relative abundance of SEED level 1 categories in the microbial
transcriptomes of soil samples extracted under the four different RNA
preservations methods. Error bars signify standard error of the mean. Treatments
that share a letter are not significantly different (P<0.05) as tested by a White’s nonparametric T test

3.3.8 Differences in functional fingerprints between compartments
Significant differences were identified between the relative abundance of
SEED level 1 functional categories in the root, rhizosphere and soil
compartments, as tested by White’s non-parametric t test (Figure 3.20).
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Figure 3.20 Relative abundances of SEED level 1 categories in the microbial
transcriptomes of root, rhizosphere and soil samples extracted under the Lifeguard
RNA preservations method. Error bars displayed as standard error of the mean.
Compartments sharing a letter are not significantly different as tested by a White’s
non-parametric t test.
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3.4

Discussion

3.4.1 The impact of RNA preservation technique on analysis of the
composition and function of the soil microbial community
The first aim of this experiment was to determine whether the method of
RNA preservation had a significant impact on the revealed microbial
community composition of the bulk soil. The method of soil RNA
preservation did not significantly impact the alpha diversity of the bacterial
microbiome, however it did have a significant impact on the microbial
eukaryotic alpha diversity. The alpha diversity of the microbial eukaryotic
community of the Frozen soil and Freeze-dried soil were not significantly
different, however, these were significantly greater than the alpha diversity
of the Thawed and Lifeguard soil samples. It is likely that Lifeguard and
Thawed treatment methods were less effective at preventing the
degradation of the 18S rRNA which could be due to differences in stability
of the 16S and 18S RNAs. The composition of nucleotides in nucleic acid
molecules affects its stability, for example higher GC content confers
increased thermostability in bacterial RNA compared to eukaryotic RNA
(Wang et al., 2006). If these techniques were less efficient at protecting
RNA degradation, then the less stable 18SrRNA may have been lost to a
greater extent, resulting in the loss of rare taxa and therefore diminished
alpha diversity. This effect may have been exacerbated by differences in
overall diversity and abundance of the samples. The mean Fisher’s alpha
diversity of the 16S rRNA frozen soil was 3,450, whilst the mean Fisher’s
alpha diversity of the 18S rRNA frozen soil was 590. The 18S data will
therefore be more sensitive to RNA loss than the 16S data.
The assigned composition of the microbial communities was also impacted
by RNA preservation method. The relative abundance of eight out of the
nine most abundant bacterial phyla were significantly different between
RNA preservation techniques. The Freeze-dried method resulted in the
fewest significant differences to the Frozen method at the phylum and
genus level for both the bacterial and microbial eukaryotic data sets (4 of
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15 most abundant phyla). The Thawed and the Lifeguard treatments
revealed community compositions with 8 and 9 significantly different phyla
respectively.
Overall, for both the bacterial and microbial eukaryotic communities, the
Freeze-dried method revealed communities most similar to those of the
Frozen soil. NMDS and cluster dendograms (Figures 3 and 12) highlighted
the differences in beta diversity of the samples. The addition of the
Lifeguard solution, for the Thawed and Lifeguard soils, had a greater
distorting effect on the community composition than the Freeze-dry
technique. The Lifeguard solution was least effective at maintaining a
similar community structure to the Frozen treatment, most likely due to the
lack of a freezing step, whilst the Thawed treatment which relies on the
solution penetrating into the samples as the thawing process occurs, may
have caused the shifts in community composition due to degradation of
RNA. The concentration of the Freeze-dried RNA was closest to the
Frozen, with Lifeguard having the least RNA. (Figure 4.3), although the
quality of the RNA was lowest in the Freeze-dried samples (Table 3.2), the
microbial community was most similar to that of the Frozen soil.
The low concentration of Lifeguard RNA may be due to incompatibility with
the extraction technique (although it is the recommended procedure for the
MOBIO kit), degradation prior to extraction or loss of RNA during the extra
centrifugation step. In any case, not all of the environmental RNA was
successfully extracted using the Lifeguard method and may account for
extreme differences with the Lifeguard samples. Therefore the Freezedried technique is suggested as a cost efficient and high throughput
method for sampling RNA from separate rhizosphere and root
compartments in a field setting.
As with the taxonomic profiles, the Freeze-dried method had the fewest
differences in functional classifications of the microbial communities to the
Frozen method. Two of the SEED level 1 categories were significantly
different between the Freeze-dried and Frozen methods. Three of the
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Thawed SEED level 1 categories were significantly different between
Thawed and Frozen methods and ten of the SEED level 1 categories were
significantly different between lifeguard and thawed treatments. These
differences corroborate with the results from the taxonomic study, that the
Freeze-drying method is more suitable for high throughput field based
rhizosphere RNA studies than the Thawing or Lifeguard methods.

3.4.2 Taxonomic and functional differences of the active root, rhizosphere
and soil microbial communities
The second aim of the experiment was to gain an insight into the
composition and relative abundances of active microbial communities in
the root, rhizosphere and bulk soil. Prior to the start of the experiment, the
Lifeguard treatment was presumed to be the best method for extracting
rhizosphere RNA due to the highest RIN scores (Table 3.2) so was used
for the comparison of soil, root and rhizosphere. However, this technique
was subsequently found to lead to underrepresentation of eukaryotic taxa,
such as alveolata and fungi (Figure 3.9) and this must be considered when
discussing the comparison of rhizosphere root and soil communities.

Figure 3.21 Visual representation of microbial communities in root rhizosphere and
soil samples scaled to proportion of total sequences within each compartment
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Alpha diversity was found to be significantly higher in soil than in root or
rhizosphere samples. This was as expected since soil contains the total
pool of organisms that can be recruited into the rhizosphere and root.
Amplicon based rhizosphere studies have identified significant differences
in the alpha diversity of the bulk soil, rhizosphere and root compartments
(Edwards et al., 2015). The rhizosphere soil may have inflated diversity
when measured using DNA due to relic DNA, and this study of RNA
should reflect a better representation of rhizosphere diversity.
Interestingly for both the bacterial and microbial eukaryotic communities,
there were no significant differences between rhizosphere and root beta
diversity. This could be due to the presence of fine root hairs in the
rhizosphere soil, or perhaps a close similarity of the rhizoplane and
adjacent rhizosphere soil communities. As mentioned before, a myriad of
factors determine the assembly of rhizosphere microbial communities.
Plant species in particular influences community composition. To give a
broad indication of previously studied active microbial communities; in a
citrus rhizoplane Proteobacteria (74.56%), Actinobacteria (16.80%),
Bacteroidetes (2.86 %) were found as the dominant taxa (Zhang et al.,
2017). In wheat, oat and pea rhizospheres, the dominant phyla were
Proteobacteria followed by Actinobacteria Bacteroidetes and Firmicutes
(Turner et al., 2013).
Here, a similar dominance of Proteobacteria was observed in the root and
rhizosphere compartments (76.8% and 73.2% respectively) followed in
abundance by Bacteroidetes (10.9% and 11.4.8% respectively) and
Actinobacteria (5.0% and 3.3% respectively). In the work by Turner and
colleagues, the wheat and pea rhizosphere soil was also enriched in Fungi
compared to soil (~55% and ~70% respectively) as seen in this study
(75% of eukaryotic sequences post filtering).
Here, possible plant beneficial microbes were identified in the roots and
rhizosphere of B. napus. Serratia and Janthiobacterium were enriched in
the rhizosphere, whilst Cellvibrio was enriched in the roots. Serratia
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species isolated from the rhizosphere have been shown to have multiple
plant growth promoting effects (Muller et al., 2009). Janthobacterium
species have been identified as having some antimicrobial properties such
as chitosanase production (Johnsen et al., 2010). Cellvibrio species have
been isolated from plant roots and found to have nitrogen fixing
capabilities (Suarez et al., 2014).
An interesting missing taxa from the data is Olpidium brassicae. This
Chytridiomycete fungus has been found in very high abundance in B.
napus roots. (Hartwright et al., 2010). The incidence of this potentially
pathogenic taxa increases with continuous cultivation (Hilton et al., 2013).
The virgin crop, which was sampled from in this study may not yet have
been colonised with the O. brassicae.
The functional processes of the root microbial community were mainly
dominated by phage sequences, an average in LGRO samples (50.1%).
Previous metagenomes studies have identified increases in relative
abundance of genes related to phage activity in the root and rhizosphere
when compared to soil metagenomes (Bulgarelli et al., 2015). Endophytic
microbes have been said to be “prone to phages” (Hardoim et al., 2015),
and phages could be in high abundance in the rhizosphere zone as the
high turnover of bacteria is beneficial for phage lifestyle. The increased
abundance of phage transcripts in the root could be linked to increased
competition in the root zone.
No functional SEED level 1 processes were enriched in the root. In the
rhizosphere there were three classes of functional process that were
enriched compared to the root or soil - ‘Virulence’, ‘Motility & Chemotaxis’
and ‘Stress Response’. Increased virulence genes in the rhizosphere may
be linked to a number of pathogenic microorganisms that are known to be
present in the rhizosphere (Raaijmakers et al., 2008). In order to colonise
the rhizosphere, microorganisms must be motile. Previous rhizosphere
motility studies have indicated increased motility of rhizosphere microbes
(Czaban et al., 2007). The increase of stress response related processes
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in the rhizosphere may be linked to the depletion zones present in the
rhizosphere as plants uptake the surrounding nutrients and water (York et
al., 2016), and a subsequent in microbial stress response. The relative
abundance of the SEED level 1 processes “Protein metabolism” and
“Carbohydrates” were greater in the rhizosphere than the soil. The
rhizosphere is considered a more active zone and increases in metabolism
genes have previously been linked to the increased diversity and
abundance of chemicals in the rhizosphere metagenomes (Ofaim et al.,
2017).
Annotation of reads from metatranscriptomics depends on gene
information from microbes which have been previously sequenced. A
limitation of this lies in the number of sequenced microorganisms, from a
given environment. When no metagenome has been sequenced in
tandem, the reliability of these results depends on the accuracy of the
alignments. The assignment methodology may need to be improved by
increasing the cut-off percentage similarity for assignment. Coupling of
metatranscriptomics with metagenomics may yield to increased
information about the communities present and offer mapping of RNA to
the metagenome for enhanced identification. One of the limitations of the
shotgun metatranscriptomics approach used here is the short length of
reads. This short sequence length (125bp) may contribute to a number of
poor quality assignment of reads to sequences in databases. An example
of this misassignment of taxa is the identification of a Limnohabitans OTU
which are known marine planktonic bacteria (Kasalicky et al., 2013).
Alternative approaches, such as the Oxford Nanopore MinION sequencer
(Oxford Nanopore, UK) are capable of sequencing longer transcripts which
may provide greater accuracy of assignment (Oikonomopoulos et al.,
2016). However, the current accuracy of MinION is poor compared to
Illumina technology (Goodwin et al., 2016).
The first aim of this work was to determine the extent to which different
RNA preservation techniques influence the active microbial community
and transcriptional fingerprint the soil. The Freeze-dried method was
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shown to have a smaller distorting effect on the microbial community than
the Lifeguard and Thawed treatments. The Freeze-dried methods resulted
in both taxonomic and functional profiles most similar to the Frozen
method.
The second aim was to determine differences in the active microbial
composition and functional fingerprint between root, rhizosphere soil and
bulk soil compartments. The function and composition of the rhizosphere
root and soil compartments were significantly different. Although the
taxonomic profiles of the rhizosphere and root compartments were similar
in taxonomic composition, the functional processes were distinct. The root
compartment contained a high proportion of phage related functional
processes, whilst the rhizosphere contained a significantly greater
proportion of protein metabolism processes.
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Chapter 4. Identification of putative PHT1 genes in
cultivated B. oleracea, wild B. oleracea and wild
Brassica C genome species.
4.1

Introduction

4.1.1 Brassica oleracea L.
Brassica oleracea L. is a species within the Brassicaceae family. B.
oleracea genomes are diploid and form the CC component of the triangle of
U (Nagaharu, 1935), (Figure 1.1). The B. oleracea group consists of a
diverse range of widely distributed cultivated crop types, such as;
cauliflower, kohlrabi, cabbage, broccoli, kale and Brussels sprouts. The
crop varieties are globally economically important; over 71 million tonnes
were produced in 2014 (FAOSTAT, 2014). The cultivated crops are
interfertile with each other and with the wild Brassica C genome lines
(Sutton, 1908).
Current theories of Brassica evolution suggest that the wild Brassica C
genome varieties share a common ancestor from Western Europe that
spread eastward, and underwent divergence through adaptation to unique
environments (Hodgkin, 1995). There are 10 recognised species of wild C
genome varieties (Mei et al., 2010). These wild varieties occupy coastal
areas with cliffs, have a limited dispersal range and are threatened to
various degrees. Brassica hilarionis is listed as endangered, Brassica
macrocarpa is listed as critically endangered and both Brassica rupestris
and Brassica villosa are listed as near threatened (The IUCN Red List of
Threatened Species, 2017).
The diverse range of modern B. oleracea cultivated varieties appears to
have been produced through an initial domestication from a wild variety in
Eastern Europe (Maggioni et al., 2017). Subsequent human activity in
Western Europe is believed to have driven the diversification of cultivated
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B. oleracea through artificial selection. For example the preferential
breeding of large stems to eventually form kohlrabi in Germany, and the
selection of plants for lateral buds led to Brussels sprouts, cauliflower and
broccoli diversification in Italy.
The free-growing sea cabbage B. oleracea var. oleracea, may have a
“feral” nature, displaying a significantly narrower genetic range compared to
the true wild species (Moore et al., 2017 personal communication).
Because of this, the B. oleracea var. oleracea is classified as a separate
“wild B. oleracea category”. This variety is found in coastal regions of the
UK, northern France and subsequent studies indicate a spread of this
variety eastwards (Drenckhahn, 2017).

4.1.1 The importance of phosphorus for plants
Phosphorus (P) is one of 17 key plant growth nutrients, without which
plants would be unable to survive (Mengel and Kirkby, 1987). P has a
variety of functions in the plant cell, for example as a component of DNA,
RNA, phospholipids and as a key energy transfer unit present in ADP and
ATP (Ragothama, 1999). Most plants obtain phosphorus from the
surrounding soil through uptake into root hairs (Jungk, 2001). Plants are
only able to assimilate P as orthophosphate, either as H2PO4- in acidic soils
or HPO42- in alkaline soils. Globally phosphorus is second only to nitrogen
as a growth limiting plant nutrient (Schactman et al., 1998b), and in some
environments and growth stages it can be the limiting factor for plant
growth (Agren et al., 2012). The amount of readily available inorganic P (Pi)
in soil is usually very low, under 10 µM (Bielski, 1973), with a large portion
of the P content of soil existing as organic phosphate (Po). Po can account
for between 79% and 93% of the P content of soil (Schactman et al.,
1998a).
Considering the importance of P to plant growth and the low concentration
of accessible Pi, phosphate transport is an important and highly conserved
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function in plants. In order to access the available Pi from the soil pool,
transporters are needed to transfer the P up a chemical gradient into the
plant, and then to translocate the P to where it is required.
Plant uptake and transport of Pi is controlled by phosphate transport
proteins (PHT). PHT proteins are transmembrane Pi:H+ symporters (Ullrich
and Novacky, 1990). The first identification of a phosphate transporter, was
that of PHO84 in yeast (Bun-Ya et al., 1991). Homologous phosphate
transporters were subsequently identified in the model plant species
Arabidopsis thaliana (Muchhal et al., 1996), which were later classified and
named as PHT1 genes. Plant PHT1 and yeast PHO84 have similar
sequences and are part of the phosphate transport superfamily (Pao et al.,
1998). PHT1 genes have been identified in a diverse range of both
cultivated and wild plant species (Baker et al., 2015).
A.thaliana PHT proteins have been classified into 4 families, primarily
based on the membrane in which they are located. PHT1 family
transporters are located in the plasma membrane (Nussaume et al., 2011),
PHT2 in the plastid inner envelope (Versaw, 2002),(Rausch et al., 2004),
PHT3 in the mitochondrial inner membrane (Tabata et al., 2000), while
PHT4 are located in the plastid envelope (Guo et al., 2008) or golgi body
(Hassler et al., 2016).
PHT1 proteins are of primary interest with regards to uptake of P from soil.
In A.thaliana there are 9 members of the PHT1 family. PHT1;1, PHT1;2,
PHT1;3 and PHT1;4 are involved in the uptake of Pi from the soil solution
into the plant (Mudge et al., 2002). PHT1;1 and PHT1;4 have been seen to
be up regulated under P stress (Shin et al., 2004), whereas the expression
of PHT1;2 was not (Lapis-Gaza et al., 2014). PHT1;5 controls translocation
of Pi from the root to the shoot tissue (Nagarajan et al., 2011). PHT1;6 and
PHT1;7 expression was identified in pollen grains (Mudge et al., 2002).
PHT1;8 and PHT1;9 have more recently been shown to have a role in the
root to shoot translocation of Pi (Lapis-Gaza et al., 2014). The expression
profiles of the PHT1 genes in A. thaliana can change at different
development growth stages. The expression of A.thaliana PHT1 genes was
124

visualized using the Plant eFP viewer from the Bio-analytic Resource for
Plant Biology (Austin et al., 2016), hosted at (bar.utoronto.ca/eplant)
(Supplementary Figure 2). AtPHT1;1 and AtPHT1;2 had high expression in
the root tissue at the vegetative rosette stage and no expression in any
other tissues. AtPHT1;3 had high levels of expression in root tissue and
mature pollen grains, as well as medium level expression across a range of
other tissues and growth stages. AtPHT1;4 had high expression in stamens
and medium expression in mature pollen, however other expression
studies have also shown expression AtPHT1;4 in the roots (Peñaloza et al.,
2016). The expression of AtPHT1;5 is highest in senescent leaves, with
medium expression in mature pollen, petals and dry seed. The expression
of AtPHT1;6 was recorded as high in the flower bud, while AtPHT1;7 was
expressed at high levels in the stamen and medium levels in mature pollen.
The expression levels of AtPHT1;8 were recorded to be highest in the
mature pollen grain. The expression level of AtPHT1;9 was high in roots of
the vegetative growth stage and seeds.
The main aims of this work were to 1.) Investigate the overall differences in
expression pattern in the roots for wild C genome species and crop types of
Brassica oleracea. 2.) Identify homologues of PHT1 genes in the roots of B.
oleracea based on BLAST searches and sequence alignments. 3.)
Determine whether the wild C genome, the wild B. oleracea and cultivated
B. oleracea display any differences in expression of predicted PHT1 genes,
using a wide diversity set of the B. oleracea C genome lines.

4.2

Materials and Methods

4.2.1 Brassica category selection
A diverse set of 118 lines from eight B. oleracea crop types, nine wild
Brassica C genome (wild) species and the wild B. oleracea species were
used in this experiment (Table 4.1). Brassica lines were clustered into
“Wild”, “Cultivated” and “Wild B. oleracea” categories based on the
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phylogenetic groupings provided by as yet unpublished work (Moore et al.,
2017, personal communication).
Table 4.1 Categorisation of wild species and crop types of Brassica used in
transcriptome study

Wild species/ Crop
type

Variety

Category

Number
of lines

B. bourgaei

-

Wild

1

B. cretica

-

Wild

8

B. hilarionis

-

Wild

2

B. incana

-

Wild

10

B. insularis

-

Wild

2

B. macrocarpa

-

Wild

17

B. montana

-

Wild

3

B. rupestris

-

Wild

3

B. villosa

-

Wild

8

B. oleracea

Wild B.
oleracea
Cultivated

24

B. oleracea

Var. oleracea
(wild cabbage)
Broccoli

B. oleracea

Brussels sprouts

Cultivated

4

B. oleracea

Cabbage

Cultivated

6

B. oleracea

Cauliflower

Cultivated

10

B. oleracea

Chinese kale

Cultivated

2

B. oleracea

Collard greens

Cultivated

1

B. oleracea

Kohlrabi

Cultivated

4

B. oleracea

Ornamental kale

Cultivated

1

B. oleracea

White flowered
Kale

Cultivated

1

11

The wild species resources developed in the Defra VeGIN project
(https://vegin.warwick.ac.uk/download.php) available for use in this study
were collected from wild populations across Europe: B. bourgaei from the
Canary Islands, B. cretica from the eastern Mediterranean, B. hilarionis
from Cyprus, B. insularis from Corsica, B. montana from France and B.
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incana, B. rupestris, and B. macrocarpa from Sicily or the small islands
surrounding Sicily (Figure 4.1).

Figure 4.1 Geographical distribution of wild Brassica species used in this study

4.2.2 RNA expression data
RNA-seq data was available for use in this project after generation by a
Brassica C genome diversity transcriptome study (Genebank BioProject
accession PRJNA289196: https://www.ncbi.nlm.nih.gov/bioproject/
289196) and is described below.
Three replicates plants of each line (generated by one selfing of
accessions obtained from the UK Vegetable Genebank at Wellesbourne)
were grown on rockwool blocks using a hydroponic nutrient film technique
(NFT) with circulation media containing 3.2 mM Ca(NO3)2.4H2O, 0.8 mM
NH4NO3, 0.8 mM Ca(NO3)2.4H2O, 0.2 mM NH4NO3,2 mM K2SO4, 1 mM
KH2PO4,0.8 mM MgSO4.7H2O, 0.1 mM FeNaEDTA, 30 µM H3BO3, 10 µM
MnSO4.H2O, 1 µM ZnSO4, 3 µM CuSO4 and 0.5 µM Na2MoO4.2H2O.
Plants were grown in a glasshouse at 15°C under 16h light: 8h dark
lighting regime with top-up light on low-light days.
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RNA samples were obtained by harvesting root and leaf tissues at the
true-leaf seven stage (21 days) the replicates for each line. The tissues
were flash frozen in liquid nitrogen and total RNA was extracted using the
Plant RNeasy mini kit (Qiagen Inc., UK) following the manufacturer’s
instructions. RNA quality was assessed using a BioAnalyzer (Agilent, UK).
RNA from the three leaf and root replicate samples was pooled into one
sample of root and leaf RNA for each line. For each sample, Illumina
library preparations were performed using mRNA-TruSeq sample prep kit
v.5 (Illumina Inc., San Diego) according to the manufacturer’s protocol.
The libraries were sequenced using the Illumina GAIIx sequencing system,
which generated 70 base paired-end sequence reads. Bases were quality
scored using Illumina CASAVA pipeline version 1.7 (Illumina, 2010).
Sequence reads were aligned to the published B. rapa genome assembly
using the Bowtie (Langmead and Salzberg, 2012) and Tophat (Kim et al.,
2013) algorithms, and to an assembly of B. oleracea var. alboglabra line
TO1000DH3 (Parkin et al., 2014).

4.2.3 BLAST analyses to identify Brassica oleracea gene homologues of
known PHT1 genes.
To identify potential PHT1 genes in B. oleracea, genes with known
sequences from the most closely related plant species were identified. The
A. thaliana nucleotide sequence for each of the 9 known A. thaliana PHT1
genes and a B. napus PHT1;4 gene, were searched, using BLASTN
(Altschu et al., 1990), against the B. oleracea genome (Parkin et al.,
2014). Both the target sequences and the B. oleracea genome were
downloaded from the Ensembl plants database (Kersey et al., 2016). Hits
were filtered based on a BLAST score of at least 1000, which is a number
used to describe similarity of sequences, and a percentage similarity of the
alignment of over 80%. Due to erroneous annotation caused by automatic
assembly, potential B. oleracea homologues of AtPHT1 genes were
visually assessed and manually edited in order to better estimate exonintron structure (further description in results section).
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Potential homologs were searched using BLAST on the B. oleracea
genome in order to check the homologs did not have a match to a known
gene. Predicted B. oleracea homologues and known A. thaliana PHT
coding sequences were aligned using the MUSCLE algorithm (Edgar,
2004) in Megalign Pro (Megalign Pro. Version 11.0. DNASTAR. Madison,
WI). A phylogenetic tree was generated on the alignment using Megalign
(Megalign. Version 11.0. DNASTAR. Madison, WI) using bootstrapping of
1000 trials.

4.2.4 Analysis of expression data
Gene expression was quantified using cufflinks (Trapnell et al., 2010),
values for the transcriptome dataset by Jonathan Moore for the Brassica C
genome diversity transcriptome study. Data was made available for use in
this project and displayed as Fragments Per Kilobase of transcript per
Million mapped reads (FPKM). Heatmaps and bar plots were generated in
R (R Core Team, 2013) using the ‘ggplot2’ (Wickham, 2009) and
‘RcolorPalette’ packages. NMDS plots and ANOSIM were conducted using
a Bray-Curtis resemblance matrix in PRIMER 6 (Clarke and Gorley,
2006.). Statistical tests between root and leaf were conducted using the
Kruskall-Wallace test in R using the ‘stats’ package (R Core Team 2013).
Pairwise significance values between Brassica categories (cultivated, wild
oleracea and wild) were conducted using the Dunn test from the ‘FSA’
package (Wickham, 2009, Ogle, 2017). Data was visualized using R and
differences between wild, wild B. oleracea and cultivated were tested
using pairwise Kruskall-Wallace, and corrected for multiple corrections
using Dunn method, using GraphPad Prism (GraphPad Software, La Jolla
California USA).
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4.3

Results

4.3.1 Differences in Brassica root transcriptomes

The differences in expression pattern for the whole root transcriptome from
each of the wild species and crop types were tested for significance using
an ANOSIM test (P<0.005) and visualized using NMDS (Figure 4.2).
Significant differences in expression pattern for overall root expressional
fingerprint were identified between 58 pairs of wild species and crop types
(Table 4.2). Only wild species or crop types with at least 3 lines were
included in ANOSIM analysis. Additionally, in order to generate a reliable
statistical ANOSIM test result, a threshold of a minimum of 100
permutations between pairs of wild species or crop types was required in
order to be included in the results.

Table 4.2 Pairwise ANOSIM results for putative PHT gene expression for wild
species or crop types with at least 3 lines and, comparisons containing at least 100
permutations

Group 1

Group 2

R Statistic

Significance
level (P)

Brussels sprouts

Cabbage

0.44

0.02

B. incana

B. oleracea

0.21

0.02

Cabbage

Broccoli

0.287

0.02

B. oleracea

B. rupestris

0.488

0.02

Cabbage

Kohlrabi

0.591

0.01

B. montana

B. oleracea

0.586

0.007

B. montana

B. villosa

0.962

0.006

B. montana

B. cretica

0.715

0.006

B. villosa

B. rupestris

0.723

0.006

B. rupestris

B. cretica

0.661

0.006

Brussels sprouts

Cauliflower

0.607

0.004
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B. montana

B. macrocarpa

0.903

0.003

B. rupestris

B. macrocarpa

0.865

0.003

B. montana

Broccoli

0.998

0.003

B. rupestris

Broccoli

0.975

0.003

B. montana

B. incana

0.951

0.003

B. montana

Cauliflower

0.994

0.003

B. incana

B. rupestris

0.832

0.003

B. rupestris

Cauliflower

0.967

0.003

B. macrocarpa

Brussels sprouts

0.916

0.002

Cauliflower

Kohlrabi

0.719

0.002

B. villosa

Brussels sprouts

1

0.002

B. villosa

Kohlrabi

1

0.002

B. cretica

Brussels sprouts

0.614

0.002

B. cretica

Kohlrabi

0.619

0.002

B. incana

B. villosa

0.892

0.001

B. incana

B. macrocarpa

0.887

0.001

B. incana

B. cretica

0.717

0.001

B. incana

Brussels sprouts

0.796

0.001

B. incana

Cabbage

0.853

0.001

B. incana

Cauliflower

0.946

0.001

B. incana

Kohlrabi

0.813

0.001

B. incana

Broccoli

0.829

0.001

B. villosa

B. oleracea

0.515

0.001

B. villosa

B. macrocarpa

0.832

0.001

B. villosa

B. cretica

0.756

0.001

B. villosa

Cabbage

1

0.001

B. villosa

Cauliflower

1

0.001
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B. villosa

Broccoli

0.999

0.001

B. oleracea

B. macrocarpa

0.602

0.001

B. oleracea

B. cretica

0.547

0.001

B. oleracea

Cauliflower

0.405

0.001

B. oleracea

Broccoli

0.403

0.001

B. macrocarpa

B. cretica

0.827

0.001

B. macrocarpa

Cabbage

0.914

0.001

B. macrocarpa

Cauliflower

0.943

0.001

B. macrocarpa

Kohlrabi

0.913

0.001

B. macrocarpa

Broccoli

0.952

0.001

B. cretica

Cabbage

0.697

0.001

B. cretica

Cauliflower

0.874

0.001

B. cretica

Broccoli

0.844

0.001

Cabbage

Cauliflower

0.653

0.001

Cauliflower

Broccoli

0.331

0.001

Using ANOSIM, the total expression profiles in the root samples of the
wild, cultivated and wild B. oleracea groups were all identified as
significantly (P<0.005) different from each other (Figure 4.2B). The
cultivated group was significantly different (P<0.001) to both the wild and
wild B. oleracea, whereas the wild and wild groups were significantly
different using the ANOSIM test (P=0.004). There was increased variability
in expression profile of the wild lines (Figure 4.2). The greater spread of
the wild C genome and wild B. oleracea lines represents a greater
variation in expression patterns than the more tightly clustered cultivated
lines, even though the cultivated lines represent a variety of diverse crop
types.
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Wild
Wild B. oleracea
Cultivated

Figure 4.2 Nonmetric Multi-Dimensional Scaling (NMDS) plots displaying the BrayCurtis similarity of whole root transcriptome profile of each line. A.) Lines grouped
by category B.) Lines grouped by category. The distance in 2-dimensional space
represents dissimilarity between samples. Therefore the closer together two points
on the NMDS are, the more similar the expression profile is.

4.3.2 Identification of Putative PHT1 genes in B. oleracea

The results of the BLAST search generated potential homologues in B.
oleracea from genomic sequence of the nine A. thaliana PHT1 genes as
well as the single available Brassica napus sequence PHT1;4 sequence
(Supplementary Table 2). Twenty-five putative B. oleracea genes were
identified with a percentage similarity of over 80% to one of the A. thaliana
PHT1 sequences. Nine of the putative B. oleracea sequences showed
closest identity to AtPHT1;1, AtPHT1;2 and AtPHT1;3 genes. Eight
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showed closest identity to AtPHT1;4, one had highest similarity to
AtPHT1;5, two had highest similarity to AtPHT1;6, six had highest
similarity to AtPHT1;7, three had highest similarity to AtPHT1;8 and two
had highest similarity to AtPHT1;9 (Table 4.3).
Upon investigation of the predicted B. oleracea PHT1 sequences, errors in
annotations of the putative genes were identified. Many genome
annotations for B. oleracea were generated automatically, and errors in
the annotation of genomes are possible due to the process. The coding
sequence and genomic sequence homologues were aligned to the coding
sequence of A.thaliana and manual annotation of the putative homologues
was conducted in order to develop coding sequences with better fit to the
predicted structure of the A. thaliana genes. Manual changes were made
to Bo9g059120 in order to remove the repeated N’s, and exon 2 was
extended to include the last available homologous base (The letter N is
used in sequencing when the machine is unable to call a base, this can be
due to a range of factors including sequencing error). Exon 1 of
Bo9g059110 was set to include the upstream bases that show homology
to the start of the A.thaliana PHT1;1 genes.
The genomic region covering the predicted Bo4g185840 and Bo4g185850
genes had high similarity to AtPHT1;4. The annotation of the start and end
points of the coding region was changed to match the known coding
region of AtPHT1;4. Bo5g030740 and Bo5g030730were annotated as
exon 1 and 2 of a potential PHT1;8 homologue, due to homology to exon 1
and exon 2 of AtPHT1;8 respectively. An intron was removed from exon 1
of Bo8g070440 to better match the coding region of AtPHT1;8.
Bo6g120500 and Bo6g120510 were annotated as exon 2 and 1 of a
potential PHT1;9 homologue. An additional annotated exon was removed
from Bo6g084900 to better match the coding sequence of AtPHT1;9.
(Supplementary Figure 3). Additionally the terms “phosphate transporter’
and ‘B. oleracea’ were queried in the NCBI gene database, leading to the
identification of five additional sequences; Bo2g089910 (PHT1;4),
Bo2g119350 (PHT1;3) , Bo6g120470 (PHT1;9), Bo6g120540 (PHT1;9)
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and Bo7g065380 (PHT1;3). The sequence for Bo6g120470 and
Bo6g120480 showed high similarity to exon 1 and 2 of AtPHT1;9
respectively.
A phylogenetic tree was generated using a MUSCLE alignment (Edgar,
2004) of the manually edited coding sequences of the A. thaliana PHT1
sequences, and the top blast hits in the B. oleracea genome, after manual
annotation (Figure 4.3). The high similarity of the AtPHT1;1, AtPHT1;2 and
AtPHT1;3 coding sequence is revealed by the inclusion of these
sequences in a separate cluster displaying high percentage similarity
(Figure 4.3). Within this cluster are eleven putative B. oleracea genes that
share the most similarity to the AtPHT1;1, AtPHT1;2 and AtPHT1;3
sequences, and two additional sequences which were most closely related
to this group. The A.thaliana and B. napus PHT1;4 coding sequences form
a cluster with six putative B. oleracea genes. AtPHT1;5 shows high
similarity and forms a bifolious cluster with a putative B. oleracea gene.
AtPHT1;6 shows similarity to two putative B. oleracea sequences which
form a separate cluster. AtPHT1;7 forms a cluster with two putative B.
oleracea genes. AtPHT1;8 forms a cluster with three putative B. oleracea
genes. AtPHT1;9 forms a cluster with five putative B. oleracea genes. The
clustering of sequences, along with and the percentage similarity scores
were used to attribute a predictive AtPHT;1 homologue, for each of the
putative B. oleracea genes (Table 4.3).
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Figure 4.3 Hierarchical clustering dendogram of A.thaliana PHT1 coding sequences, B. napus
PHT1;4 and putative B. oleracea PHT coding sequences using MUSCLE alignment and 1000
Bootstraps. Phenogram, averages the distance between ancestors in the tree. Dotted line is
negative branch length that results from averaging

Table 4.3 Putative B. oleracea PHT1 genes and closest similarity
homologue in A. thaliana.

Closest Homologue in
A.thaliana based on %
similarity
PHT1-1*
PHT1-2*
PHT1-3*

PHT1-4

PHT1-5
PHT1-6
PHT1-7
PHT1-8

PHT1-9

Putative B. oleracea
gene model number
Bo2g119310
Bo2g119320
Bo2g119350
Bo7g065360
Bo7g065370
Bo7g065380
Bo9g058750
Bo9g059100
Bo9g059110
Bo9g059120
Bo9g059170
Bo3g033000
Bo4g026830
Bo4g026840
Bo4g026850
Bo4g185840/50
Bo4g187910
Bo3g027080
Bo2g119290
Bo9g059050
Bo4g119740
Bo8g084860
Bo5g030730/40
Bo5g030750
Bo8g070440
Bo2g089910
Bo6g084900
Bo6g120470/80
Bo6g120500
Bo6g120540
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4.3.3 Detecting expression of predicted PHT1 genes in root and leaf
tissue of Brassica
Using the transcriptome data, the expression values for each line were
extracted for the each of the putative B. oleracea PHT1 genes (Figure
4.4).

Figure 4.4 Heatmap of RNA expression in the root and leaf tissues of B. oleracea
lines at true leaf 7 for the putative PHT1 genes. The FPKM values represented are
displayed using a staggered colour key. White represents no expression, black
represents expression of 100 FPKM and red is expression of up to 200 FPKM. X
axis is grouped based on category and Y axis is grouped based on closest identity
of A. thaliana PHT1 gene.

In order to limit the number of potential targets and account for sequencing
noise, only putative genes with expression levels of over 10 FPKM were
included in further analysis. Potential B. oleracea PHT1 homologues were
expressed at high levels in the root tissue for eight of the putative PHT1;1,
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PHT1;2 and PHT1;3 (Figure 4.5) and (Table 4.4) Expression of one of the
PHT1;4 homologues was identified at over 10 FPKM. No expression of
potential PHT1;5, PHT1;6 or PHT1;7 genes was identified in the roots or
leaf tissue. Expression of one potential PHT1;8 homologue was identified
in the root tissue. Expression of one putative PHT1;9 gene was identified
at above an average of 10 FPKM in the roots across B. oleracea lines.
Table 4.4 Mean FPKM expression level in root and leaf tissues across all lines of
predicted Brassica PHT homologues.

A. thaliana
PHT1
gene

Average
expression in
leaf (FPKM)
across all lines

Bo2g119310

Average
expression
in root
(FPKM)
across all
lines
1.1

Bo2g119320
Bo2g119350

1.4
6.5

0.0
0.0

Bo7g065360

7.7

0.0

Bo7g065370

78.2

0.0

Bo7g065380

94.7

0.0

Bo9g058750

76.8

0.0

Bo9g059100

121.3

0.1

Bo9g059110

16.0

0.0

Bo9g059120

23.7

0.1

Bo9g059170

53.0

0.2

Bo3g033000

0.0

0.0

Bo4g026830

3.3

0.2

Bo4g026840

3.9

5.3

Bo4g026850

3.9

5.3

Bo4g185840/50

0.1

0.1

Bo4g187910

15.5

8.6

PHT1;5

Bo3g027080

0.4

0.3

PHT1;6

Bo2g119290

0.1

0.0

PHT1;1
PHT1;2
PHT1;3

PHT1;4

Putative B.
oleracea PHT1
gene

0.0
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PHT1;7

PHT1;8

PHT1;9

Bo9g059050

0.0

0.0

Bo4g119740

0.0

0.0

Bo8g084860

0.5

0.0

Bo5g030730/40

0.0

0.0

Bo5g030750

0.0

0.0

Bo8g070440

18.3

0.1

Bo2g089910

0.4

6.0

Bo6g084900

5.8

0.0

Bo6g120480/70

0.1

0.0

Bo6g120500

12.7

0.0

Bo6g120540

0.6

0.0

Ten of the PHT1 homologues were found to have expression above an
average of 10 FPKM in either the root or leaf tissues and all of these
putative genes had significantly (P<0.005) more expression in the root
tissue than the leaf tissue samples (Figure 4.5).
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Figure 4.5 Bar plots displaying the mean FPKM values for the putative PHT1 genes in the root (blue) and leaf (green) tissues of
the total Brassica diversity set. The gene of highest similarity is displayed in brackets. Error bars are standard error of the mean.
Leaf and root with compartments with different letters have significantly different (P<0.05) expression based on a Kruskall
Wallace test.
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Seven homologues were identified that showed high similarity to
AtPHT1;1, AtPHT1;2 and AtPHT1;3. The high degree of similarity between
these sequences prevents higher resolution identification. The predicted
genes had mean FPKM values ranging from 29.9 to 111.9 in the roots,
and mean FPKM values in leaves ranging from 0.04 to 0.2, with fold
increases in roots relative to leaves ranging from 481x to 2345x (Figure
4.5). Of the identified genes, one was classified as a homologue for
AtPHT1;4, Bo4g187910. The mean expression of this predicted gene in
roots was 16.9 FPKM, which was 2-fold higher than the leaf samples, and
was the only putative gene with leaf expression over an average of 5
FPKM. One homologue of AtPHT1;8 was identified, Bo8g070440, the
expression of which in the leaf was 0.14 FPKM, and the expression in the
root tissue was 201-fold higher at 28.2 FPKM. One homologue of
AtPHT1;9 was identified, Bo6g120500, which had an expression level in
the roots of 11.9 FPKM, with 1161-fold higher expression in roots relative
to leaf tissue.

4.3.4 Expression of PHT genes in the roots of wild, cultivated and wild B.
oleracea
Differences in expression pattern for the predicted PHT1 genes between
cultivated and wild lines were tested for significance using an ANOSIM test
and visualized using NMDS (Figure 4.6). Significant differences in
expression patterns for the putative PHT1 homologues were identified
between 32 pairs of wild species or crop types (Table 4.5), (Figure 4.6A).
Only wild species or crop types with at least 3 lines were included in
ANOSIM analysis, additionally, a threshold of a minimum of 100
permutations between paired wild species or crop types was required for
inclusion in the ANOSIM results.
Using the cultivated, wild oleracea and wild groupings, the cultivated
category was found to have significantly (P=0.001) different expression
profiles for the predicted PHT homologues than both the wild B. oleracea
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and wild categories (Figure 4.6B). The predicted PHT expression profiles
for the wild and wild B. oleracea groups were not significantly different
(P=0.057).
Table 4.5 Pairwise ANOSIM results for putative PHT gene expression for wild
species or crop types with at least 3 lines and, comparisons containing at least 100
permutations
Group 1

Group 2

R statistic

Significance
level (P)

B. macrocarpa

Broccoli

0.769

0.001

B. incana

B. macrocarpa

0.357

0.001

B. macrocarpa

Cauliflower

0.804

0.001

B. macrocarpa

B. villosa

0.539

0.001

B. incana

Cauliflower

0.308

0.001

B. macrocarpa

Cabbage

0.718

0.001

B. villosa

Cauliflower

0.439

0.001

B. incana

Broccoli

0.264

0.002

B. villosa

Broccoli

0.381

0.002

B. macrocarpa

Kohlrabi

0.533

0.005

B. cretica

Cauliflower

0.302

0.006

Broccoli

Brussels sprouts

0.523

0.006

B. macrocarpa

Brussels sprouts

0.594

0.008

Brussels sprouts

Cabbage

0.52

0.01

B.villosa

Cabbage

0.354

0.011

B.montana

Broccoli

0.585

0.011

B. oleracea

Broccoli

0.206

0.012

B.cretica

Broccoli

0.306

0.017

Brussels sprouts

Cauliflower

0.47

0.017

B. montana

Cauliflower

0.533

0.018

B. montana

B. villosa

0.54

0.018

B. hilarionis

B. macrocarpa

0.483

0.02

B. cretica

B. villosa

0.217

0.023

B. oleracea

Cauliflower

0.189

0.027

B. incana

B. villosa

0.172

0.033
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B. cretica

B. macrocarpa

0.279

0.034

B. cretica

Cabbage

0.237

0.035

B. rupestris

Broccoli

0.436

0.036

B. macrocarpa

B. montana

0.418

0.039

B.villosa

Brussels sprouts

0.408

0.04

B. rupestris

B. villosa

0.352

0.048

A

B

Wild
Wild B. oleracea
Cultivated

Figure 4.6 Figure 2: Nonmetric Multi-Dimensional Scaling (NMDS) plots displaying
the Bray-Curtis similarity of root transcriptome profile for the putative PHT1 genes
for each line. Coloured by A.) Wild species or crop types and B.) Category
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Of the 10 PHT1 homologues showing differential expression between root
and leaf tissue, 8 showed differential expression between wild, cultivated
and wild B. oleracea groups (Figure 4.7). Bo7g065370, Bo9g058750 and
Bo9g059100 showed significantly higher expression in the cultivated lines
than the wild B. oleracea and wild lines. The average fold increase in
expression between the cultivated and wild B. oleracea lines, was 2.6x,
1.5x and 2.2 respectively. The average fold increase in expression
between the cultivated and wild lines, was 2.3x, 1.4x and 1.8 respectively.
In contrast the putative genes Bo9g059110, Bo9g059120 and
Bo9g059170 had significantly higher expression in the wild and wild B.
oleracea lines, than the cultivated lines. The differences in expression
level were indicated by fold level FPKM increases in the wild B. oleracea
relative to the cultivated lines of 2.3x, 2.9x and 2.7x respectively. The
average fold increase in expression between the wild and cultivated lines
was 2.2x, 2.9x and 12.6 respectively.
The expression of Bo7g065380 was significantly higher in the cultivated
and wild B. oleracea lines than the wild B. oleracea lines. The expression
was 1.4x higher in cultivated than wild B. oleracea, and 1.4x higher in wild
than wild B. oleracea (Figure 4.7). The mean FPKM expression values for
the AtPHT1;4 homologue, Bo4g187910 did not significantly differ between
groups (Figure 4.7). The AtPHT1;8 homologue Bo8g070440 was
significantly different between the three groups. Similarly the mean FPKM
expression value of the AtPHT1;9 homologue Bo6g120500 did not
significantly differ between groups.
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gene of highest similarity is displayed in brackets. Error bars are standard error of the mean. For each
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4.3.5 Differences in PHT1 expression for individual species or types
between and within Brassica categories

Differences in expression levels were analysed between the individual
Brassica species/types with at least 3 lines (Figure 4.7). And compared
between species/types from different categories. The binning of the lines
into three distinct categories; wild, wild oleracea and cultivated has been
justified using phylogenetic trees (Figure 4.1) and similarities of the whole
root transcriptome (Figure 4.3). However, the individual expression profiles
of species or types can also differ within categories (Figure 4.8).
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Figure 4.8 Expression of B. oleracea PHT1 homologues for each wild species or
crop type with 3 or more samples, Error bars represent standard error of the mean.
N is number of individual lines.

Bo7g065370 displayed differences in expression of species/types between
categories; The expression of Bo7g065370 was significantly lower in B.
macrocarpa (23 FPKM), B. montana (2 FPKM) and B. oleracea (30 FPKM)
than both broccoli (106 FPKM) and cauliflower (101 FPKM). Additionally
expression of B. Montana was significantly lower than cabbage (52 FPKM)
(Figure 9). Bo7g065370 also displayed differences in expression of
species/types within categories; The expression of Bo7g065370 was
significantly greater in broccoli (106 FPKM) and cauliflower (101 FPKM)
than in Brussels sprouts (10 FPKM). The expression of Bo7g065370 was
also significantly greater in B. cretica (52 FPKM) and B. incana (45 FPKM)
than in B. montana (2 FPKM). Bo7g065380 displayed differences in
expression of species/types between categories; The expression of
Bo7g065380 was significantly lower in B. montana (22 FPKM) than
broccoli (109 FPKM) and Brussels sprouts (122 FPKM). Additionally the
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expression of Bo7g065380 B. macrocarpa (64 FPKM) and B. oleracea (65
FPKM) was significantly less than in broccoli. Bo7g065380 also displayed
differences in expression of species/types within categories; The
expression of Bo7g065380 was significantly lower in B.montana (22
FPKM) than B. incana (144 FPKM), B. rupestris (144 FPKM) or
B.macrocarpa (64 FPKM). Bo9g058750 displayed differences in
expression of species/types between categories; The expression of
Bo9g058750 was significantly lower in B. villosa (31 FPKM) and B.
macrocarpa (41 FPKM) than in broccoli (86 FPKM) and cabbage (89
FPKM). Bo9g058750 also displayed differences in expression of
species/types within categories; The expression of Bo9g058750 was
significantly greater in B. incana (82 FPKM) than in B.vilosa (31 FPKM).
The expression of Bo9g059100, Bo9g059120, Bo9g059110, Bo9g059170
and Bo8g070440 were not significantly different between any wild species
or crop types from within the same category. The expression of
Bo9g059110 was significantly lower in broccoli (12 FPKM) than in B.
macrocarpa (52 FPKM). The expression of Bo9g059120 was significantly
greater in B. macrocarpa (110 FPKM) than in broccoli (21 FPKM),
cabbage (25 FPKM) or cauliflower (17 FPKM). The expression of
Bo9g059170 was significantly greater in B. macrocarpa (223 FPKM) than
cauliflower (29 FPKM). The expression of the PHT1;8 homologue
Bo8g070440 was significantly greater in B. oleracea (45 FPKM) than in
B.macrocarpa (17 FPKM), broccoli (18 FPKM) and cauliflower (17 FPKM)

4.4

Discussion

The aims of this work were to 1.) Analyse differences in overall root
expression profiles of wild and cultivated lines, 2.) Identify potential
homologues of the PHT1 genes in Brassica oleracea and 3.) Determine
whether there are differences in PHT expression patterns between wild,
wild B. oleracea and cultivated lines.
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4.4.1 Differences in Brassica root transcriptomes
The root and leaf transcriptomes from 119 different lines of B. oleracea
were analysed. The lines were grouped into cultivated, wild B. oleracea
and wild based on unpublished phylogenetic research (Moore et al., 2017
personal communication). The variability in the in root transcriptional
profiles of both the wild and wild B. oleracea lines was much greater than
the cultivated B. oleracea lines (Figure 4.2). The genetic diversity of crop
wild relatives has been of increasing interest to plant breeders in recent
years (Dempewolf, 2017). Wild relatives of crops can be used as a source
of alleles to enhance the resilience of crops to stressful conditions
(Schröder, 2013). Crossing with wild lines can improve the agricultural
value of cultivated lines. For example increases in glucosinolate
production in broccoli have been generated from crosses with wild
B.villosa relatives (Sarikamis, 2006). Given the known prominent
differences between the phenotypes of the crop types, the tight clustering
of root transcriptional fingerprints compared to the wild varieties (Figure
4.2) highlights the lack of transcriptional diversity within the cultivated
lines, despite the B. oleracea crop group representing a highly diverse
cultivated species. The wild lines could offer breeding potential to
introduce traits, which have been bred out of the cultivated lines as crops
have been selected to perform in modern high-input agricultural practices.

4.4.2 Identification of Putative PHT1 genes in B. oleracea
Stringent BLAST searches and sequence alignment were used to identify
putative B. oleracea PHT1 genes with homology to A. thaliana and B.
napus genes (Table 4.3). For each of the AtPHT1 genes there was
variation in the number of hits in the B. oleracea genome (Table 4.3). For
AtPHT1;1, AtPHT1;2 and AtPHT1;3 there were eleven genes with high
similarity. For AtPHT1;4 there were six genes with high similarity, for
AtPHT1;5 there was one gene with high similarity, for AtPHT1;6 there
were two genes with high similarity, for AtPHT1;7 there were four genes
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with high similarity, for AtPHT1;8 there were two genes with high similarity
and for AtPHT1;9 there were four genes with high similarity.
Some other plant species have a greater number of PHT1 genes than A.
thaliana. For example thirteen PHT genes have been identified in rice
(Teng et al., 2017) and at least two of these are involved in Pi uptake
mediated through mycorhhizal symbioses (Yang et al., 2012). In this study
some level of expression was detected for 18 possible PHT1 genes (Table
4.4). The increased number of potential PHT1 genes in B. oleracea may
indicate a number of PHT1 genes with novel functions, which have been
generated over time through gene duplication and subsequent
diversification of function.
A key issue which determines the ability to find homologous genes is the
quality of the annotations of the genome. Exon-intron structure is typically
conserved for orthologous genes (Rogozin et al., 2003). The automatic
annotation of coding sequences from genomic sequence has lead to a
number of irregular intron-exon structures in the B. oleracea genome
(Supplementary Figure 3). Changes will be made to annotations following
validation against expressed gene sequences.

4.4.3 Hypothesising function of putative PHT1 genes.
PHT1 genes are an important family of phosphate transporters in plants,
which are responsible for the acquisition of inorganic P from the soil
solution. Studies in the model plant A. thaliana have attributed distinct
functions for members of this family (Supplementary Figure 2). PHT1;1,
PHT1;2, PHT1;3 and PHT1;4 have all been seen to be expressed in the
roots of A. thaliana (Mudge et al., 2002). Mudge and colleagues also
determined that all four were up-regulated under P stress and PHT1;1 was
constituently expressed. Later research by Shin and coworkers identified
the substantial roles of PHT1;1 and PHT1;4 in P uptake under P stress
(Shin et al., 2004). Further studies showed that PHT1;2 is constituently
expressed (Lapis-Gaza et al., 2014), and was not up-regulated under Pi
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stress after 2 days. However the expression of PHT1;1, PHT1;3 and
PHT1;4 was less than the expression of the reference genes under P
replete conditions and were then up-regulated during P stress.
PHT1;1 and PHT1;2 have an almost identical sequence structure (99%
sequence similarity), the high sequence similarity of these genes (Ayadi et
al., 2015) makes a unique identification using transcriptomic approaches
difficult. The origin of these genes was probably a gene duplication event
(Flagel and Wendel, 2009) that occurred prior to the split of Arabidopsis
and Brassica.
Here, expression was investigated for putative B. oleracea genes that
displayed high similarity to A. thaliana PHT1 genes. Seven putative B.
oleracea genes which had a high similarity to A.thaliana PHT1;1, PHT1;2
and PHT1;3 genes were seen to be strongly expressed in the roots.
Whether the PHT1 gene function is similar in B. oleracea would require
further study, but the localized expression in the roots suggest that the
Bo7g065380, Bo7g065380, Bo9g058750, B09g0591900, B09g0591910,
B09g0591920 and B09g0591970 genes might be involved in P uptake
from the soil in a similar functional role to the A. thaliana PHT1;1, PHT1;2
and PHT1;3 genes. Four putative B. oleracea sequences with similarity to
A. thaliana PHT1;4 were identified and one (Bo4g187910) was seen to be
expressed in both the root and leaf tissues above background noise levels.
The expression of Bo4g187910 was significantly greater in the root tissue
than the leaf tissue, suggesting possible similarities to A. thaliana PHT1;4
(Shin et al., 2004), in accessing external P from both low high P
environments.
In A. thaliana expression of PHT1;5, PHT1;6 and PHT1;7 have been seen
in senescing leaves, pollen grains and Pi deficient leaves respectively.
In accordance with this, no high level expression of the putative B.
oleracea PHT1;5, PHT1;6 and PHT1;7 sequences (Bo3g027080,
Bo2g119290, Bo9g059050, Bo4g119740 and Bo8g084860) was detected
in either root or leaf tissues. AtPHT1;8 has been shown to have a role in
the acquisition of P from the soil (Remy et al., 2012) and subsequently
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roles in the root to shoot translocation of P (Lapis-Gaza et al., 2014). Here,
Bo8g070440 was identified as a potential AtPHT1;8 homologue. The
expression of this gene exclusively in the root and not the leaf, supports
the hypothesis that the gene may have a similar role to A. thaliana
PHT1;8, by transporting P from the root endodermis to the xylem (LapisGaza et al., 2014). In A. thaliana PHT1;9 is believed to mainly function in
the roots (Lapis-Gaza et al., 2014), although low level of expression was
located during leaf senescence (Remy et al., 2012).Three potential
PHT1;9 genes were identified with some level of expression. Bo2g089910
had low expression in the leaf and root, whereas expression of
Bo6g084900 and Bo6g120500 was seen at low levels in the root.
For some putative B. oleracea genes, which had high similarity to A.
thalina PHT1 genes there was low level expression (<10FPKM) in root or
leaf tissue (Table 4.4). Whilst this may be sequencing noise, these genes
could also have roles in P uptake under P limiting conditions. Low level
expression was identified in the root tissue for potential PHT1;1, PHT1;2 or
PHT1;3 genes Bo2g119310, Bo2g119320, Bo2g119350 and Bo7g065360.
Low level expression was seen in both root and leaf tissue was identified
for the possible PHT1;4 genes Bo4g026830 Bo4g026840, Bo4g026850 .
Low level expression was identified for potential PHT1;9 the root tissue
gene Bo6g084900 and in the leaf tissue for Bo2g089910.

4.4.4 Differences in PHT1 expression between wild, cultivated and wild B.
oleracea categories
The expression patterns of the putative PHT1;1, PHT1;2 and PHT1;3
homologues in the roots of the B. oleracea showed significant differences
between wild Brassica C genome, wild B. oleracea and cultivated
categories. The putative Bo9g058750 was identified to have a significantly
higher level of expression in the cultivated category than both the wild and
wild B. oleracea categories (Figure 4.7). In contrast the expression of
Bo9g059110, Bo9g059120 and Bo9g059170 putative genes was
significantly greater in the wild category than the cultivated category
(Figure 4.7). The selective breeding of crop lines has caused a loss of
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genetic diversity over time (Fu, 2015). This ‘domestication bottleneck’ has
reduced the genetic diversity of the crop genotypes as only a subset of
alleles were included in the domestication event. The changes in
expression level of the PHT homologues could be one of many changes in
B. oleracea which has been driven by selection for crop lines and provides
an example of a possible unintended effect of crop speciation on the
expressional profile of a species. The difference in expression of the
Bo9g058750 putative PHT1 gene from the Bo9g059110, Bo9g059120 and
Bo9g059170 genes may be an indication of an unseen change in
expression profiles driven by cultivation. These changes may reflect
differences between wild and cultivated Brassica with regards to P uptake,
which may help direct future breeding efforts.

4.4.5 Conclusions
Here, fifteen potential PHT1 genes have been identified in Brassica
oleracea. Possible classifications have been attributed to these genes
based on sequence similarity and alignments of protein coding sequence.
The location of the expression of these genes have been initially studied in
the root and leaf tissues. In order to test whether these differences in
PHT1 expression patterns are indicative of an underlying change in P
acquisition strategies between wild lines which grow on the phosphate
poor environments and the cultivated lines which have been bred under
higher nutrient input, it would be beneficial to test the lines under a P
gradient and monitor the response in expression patterns in root tissues
coupled with P utilisation efficiency. Genes displaying differential
expression patterns between high and low P conditions in wild species and
crop types could then be investigated further for regulation characteristics
such as signal transduction pathways, P sensing and promoter
sequences. Through this, mechanisms for improving P uptake in low soils
may be discovered.
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Chapter 5. General discussion
5.1.1 General overview of findings
The identity and function of soil and rhizosphere microbiological
communities are of great importance to agriculture due to the substantial
effects that these microorganisms have on plant health and nutrient
cycling. The overall aims of this work were to develop understanding of
plant and rhizosphere microbial functions and interactions with the ultimate
goal of increasing agricultural efficiency and sustainability.
This work has utilised DNA amplicon sequencing to gain information on
the identity of microbial rhizosphere and soil communities and used
predictive tools to gain and insight into potential functions of these
microorganisms. Transcriptomics have been used to analyse expression
of a specific rhizosphere function (P uptake) across a range of plant
species. Metatranscriptomics have been used to identify the active
rhizosphere root and soil microbial communities and gain an insight into
the functional expression of these microbes.
Distinct rhizosphere microbial communities were characterised, which
were significantly enriched in Actinobacteria, Proteobacteria,
Bacteriodetes, Ascomycota, Chytrydiomycota and the SAR group of
protists compared to the soil. Some of the most abundant OTUs in the
rhizosphere were Flavobacterium (16S OTU 8), Spongospora subterranea
f. sp. subterranea (18S OTU 28) and Leptosphaeria maculans (ITS OTU
2). The ability to determine the identity of microbial communities is
especially useful when functions are known of the taxa. For example
Spongospora subterranea (powdery scab) and Leptosphaeria maculans
(blackleg) are known pathogens, whilst Flavobacterium can have plant
growth promoting effects (Kolton et al., 2016). The identification of these
taxa, and subsequent study of what factors influence their relative
abundance in the rhizosphere can provide useful tools when developing
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methods to improve crop health, such as the knowledge that increased N
levels drive increases of these OTUs.
Nitrogen fertilisation was seen to significantly alter soil fungal and protist
communities, but had no significant effect on the soil bacterial community.
Interestingly, the community composition of bacteria and fungi was
affected by N fertilisation in the rhizosphere. There may be fundamentally
different responses to N limitation between bacteria and fungi. It is
possible that he bacterial rhizosphere community was indirectly altered by
soil N status, through interactions with plant root exudates. Composition
and concentration of plant root exudates are known to change under
nutrient limiting conditions. The bacterial community may be more
responsive to these changes in exudation profiles than the fungi. Of
particular interest for potential future work are OTUs that were significantly
enriched in the rhizosphere under N treatment and not in the soil such as
Promicromonospora (16S OTU 17) as it may have been responding to
changes in plant exudation profiles rather than changes in N level.
Attributing function to taxonomy remains one of the greatest challenges in
microbial ecology, but identifying candidates that may have beneficial
effects for plants helps refine the number of potential taxa for functional
assays and inoculation experiments.
Functional prediction tools were used in order to attempt to link the
composition and function of microbial communities. For example using
PICRUSt to predict metagenomes, a greater abundance of genes
associated with antibiotic production were identified in the rhizosphere
under low N, whilst in the soil N did not affect the relative abundance of
any predicted genes. The additional nutrient depletion of the environment
caused by plant N uptake could have driven an increase competiveness of
the microbial community. Another example of shifts in community function
was the increase in methane metabolism in the rhizosphere under low N
conditions. Possible bacterial taxa were identified as Methylybium (OTU
3617 and Methylotenera mobilis (OTU 40), which may have been enriched
in the low N rhizosphere due to capabilities of accessing organic N
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compounds (Kalyuzhnaya et al., 2006). Significant differences were
identified between rhizosphere and soil functional guilds, such as increase
in pathotrophic fungi in the rhizosphere and a corresponding decrease of
saprophytic fungi. This represents an expected increase of pathogenic
taxa closer to potential host biomass. However no significant effect of N
was identified on fungal guild composition. As the FUNGuild database
grows, a larger percentage of fungi may have a guild annotation, which
could influence these results.
No effect of plant genotype on the microbial community composition or
function in the rhizosphere was identified. The influence that the various
genotypes can have on the assembly of rhizosphere microbial
communities may be diluted by the other, stronger drivers of community
composition in a field setting. This may stem from the disruption to soil,
which is accompanied with preparation techniques for greenhouse
experiments. The sieving and storage of environmental soil may decrease
the microbial biodiversity. Additionally, the scale of the rhizosphere and
soil zone is much smaller in pot conditions than in the field, with field
conditions displaying a larger number of factors that may influence the
rhizosphere.
In Chapter 3 metatranscriptomics were used to identify the active microbial
community composition and function in the bulk soil, rhizosphere soil and
root of B. napus. Comparisons are difficult between the work from these
two experiments as it was not possible to separate the rhizosphere and
root samples in the experiments described in Chapter 2 whereas these
compartments were separated in Chapter 3. Additionally, the site and
season were different. However some trends can still be observed. The
greatest difference between the two data sets is the relative abundance of
the Proteobacteria. The mean root and rhizosphere relative abundance of
the Proteobacteria RNA was 75%, and in the DNA study it was 32%. Many
studies have shown high abundances of Proteobacteria in the rhizosphere
(Bulgarelli et al., 2012, Mendes et al., 2013). This may suggest an
underrepresentation of the Proteobacteria in the DNA dataset.
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Actinobacteria and Proteobacteria were shown to be the most
underrepresented Phyla in DNA studies (Carini et al., 2016). Although
such a comparison between different environments is problematic, the
abundance of the Proteobacteria revealed by RNA-seq more likely reflects
the true community and highlights the differences between the methods. In
Chapter 3 distinct microbial communities were identified within the root
rhizosphere and soil compartments. Many of the taxa that had higher
relative abundance in the root relative to the rhizosphere and bulk soil
such as Cellvibrio, Agrobacterium, Candida and Flavobacterium have
known functional roles in the rhizosphere. This includes the ability of some
Cellvibrio spp. to fix nitrogen (Mergaert 2003), the tumour causing abilities
of Agrobacterium spp. (Pacurar 2011), Candida spp. acting as plant
growth promoters (Hilber-Bodmer et al., 2017), and the plant growth
promoting effect of some Flavobacterium spp. (Kolton et al., 2016).
In Chapter 3, the impact of RNA preservation methods on the community
composition and function of the soil microbiome was also analysed. The
freeze-dried method was found to distort the composition and function of
the microbial community less than the Lifeguard and Frozen methods and
is recommended for future B. napus field based metatranscriptomic
studies.
The identity of the PHT1 genes is not known for Brassica oleracea, which
is an important global plant species with high nutritional value and a
diversity of crop varieties. The Brassica C genome also comprises a
number of wild species that offer a largely unexplored genetically diverse
resource. In Chapter 4, candidate PHT1 genes in B. oleracea were
identified using homology searches from the closely related A.thaliana. A
root and leaf transcriptome dataset was used to examine the expression of
the predicted PHT1 genes in root and leaf tissue of a variety of wild
Brassica species, and cultivated B. oleracea types. Potential PHT1 genes
were identified in Brassica oleracea. Initial results were validated by active
expression of these genes in the root tissues from a large range of lines.
Significant differences in expression patterns of these putative PHT1
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genes were found between wild and cultivated lines. This highlights some
of the previously unknown differences between wild and cultivated plan
species that have developed through domestication.

5.1.2 Implications of work
Here, methods have been developed for understanding the function and
composition of rhizosphere microbial communities of Brassica napus in a
field setting. This work has also identified potential P uptake genes in the
closely related B. oleracea and utilised a transcriptome study to identify
differences across wild and cultivated varieties.
Although genotype has been shown to have the ability to influence
rhizosphere microbiome assembly (Wagner et al., 2016), here no
genotype effect was identified, even though a diverse range of plant lines
were used. This supports the use of field trials over laboratory-based
cultivation, especially when studying such dynamic communities. The
connectivity of microbial communities in this study was seen to be greater
in the soil than in the root, whereas processing methods may alter
microbial communities in greenhouse conditions.
Microbial communities of B. napus were identified using DNA and RNA
methods. Taxa were identified which may have potentially important
functional roles in the rhizosphere of B. napus. Pathogens with known soil
based lifestyles such as Spongospora subterranea and Leptosphaeria
maculans were identified, however the leaf pathogen Pyrenopeziza
brassicae was also identified in the rhizosphere and the lifestyle of this
fungus may need revaluating. Taxa with potentially beneficial functional
roles such as Flavobacterium, Pedobacter and Promicromonospora were
identified in the rhizosphere and may be good candidates for developing
inoculations, or investigation nutrient cycling.
The whole root transcriptomes of the diverse crop types displayed less
variation than the wild species. This interesting result highlights the genetic
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potential of the wild species for introducing novel traits through breeding.
Identification of differences in expression of vital P uptake genes may also
help identify areas for future study, for example developing plant lines
suitable for growing under lower P levels.

5.1.3 Future directions
The field of microbial ecology will be enhanced by methods that can better
determine the function of rhizosphere microbial communities. Here DNA
amplicon sequencing was used to gain information on the identity of
microbial rhizosphere and soil communities and was used with predictive
tools to create potential metagenomes. Plant transcriptomes were used to
analyse expression of a specific rhizosphere process, and
metatranscriptomics used to identify the active microbial community and
compare microbial functions in soil, rhizosphere and roots Whilst RNA
studies do offer a representation of the functional processes of the
rhizosphere, the study of proteins offers the closest representation of the
functional processes in an environment.
Metaproteomics offers the opportunity to identify all of the expressed
proteins in a given environment. Studies of metaproteomes have been
conducted in both soil (Bastida et al., 2016) and rhizosphere (Wang et al.,
2011) environments and have revealed a depth of phylogenetic and
functional information of microbial communities. However these
techniques also come with their own difficulties. The greatest challenge of
metaproteomics is extracting a sufficient quantity of pure protein (Wang et
al., 2016). This challenge is especially difficult in complex environments
like soil, and in environments like the rhizosphere where volume of sample
material can be difficult to access. Additional issues in metaproteomics are
due to the identification of proteins, which is limited by quality of reference
databases and high costs.
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A limitation of both amplicon based sequencing and shotgun meta –omic
approaches is the length of the reads. The short read length (100bp –
400bp) makes assembly of this vast number of often similar sequences
into contigs difficult without reference genomes. This process is limited by
both the number of microorganisms with full genome sequence available
and the accuracy of genome annotations. The annotation of genome
sequence, for the most part is conducted using in silico methods, that use
homology to infer function or genetic organisation and are often inaccurate
(Devos and Valencia, 2001). Increasing the number of sequenced
organisms and improving the annotation of sequences in databases will
help improve the accuracy of sequencing methods (Chen et al., 2013).
Advances in computational methods have made it possible to assemble
individual genomes from metagenomes (Sangwan et al., 2016). Although
these methods are computationally demanding, this presents the
opportunity to determine the impact of environmental conditions on the
functional potential of microbial communities. Long read technologies like
Oxford Nanopore (Oikonomopoulos et al., 2016) circumvent this problem
and allow for a more accurate identification of microbial sequences. The
development of this handheld technology may revolutionise agriculture by
providing a way to monitor microbial communities in real time and detect
incidences of pathogens before they can damage crop yield.
The identification of taxa in Chapter 2 that may be responding to plant
exudation patterns, such as the Promicromionospora OTU, could inform
isolation strategies for rhizosphere bacteria. Utilising isolation and culturing
protocols for similar related taxa (Mohammadipanah et al., 2014), may
facilitate the successful culturing of this potential plant-beneficial organism.
Through functional assays and genome sequencing information can be
developed on the functional capabilities of this OTU for potential use in
inoculations.
The methods developed in Chapter 3 can be applied to field based
rhizosphere metatranscriptomic studies. This will allow for investigations
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into the factors that influence function of microbial communities on a
greater scale. There is still a vast amount of data still available from the
RNA-seq data. Comparisons of the ribo-depleted and non-ribodepleted
samples could be conducted following activation of MEGAN6 Ultimate
edition available (Huson et al., 2016). This comparison will determine
whether it is possible to gain a realistic view of the function of the microbial
community without expensive depletion of ribosomal RNA, especially
given the great increases in sampling depth. MEGAN 6 would also offer
the use of KEGG classification of function and command line tools. Plant
RNA sequences had been filtered out for the analysis in Chapter 3. This
data contains a wealth of information concerning the functional activity of
the plant. A goal for future work is the simultaneous assessment of plant
and microbial functional rhizosphere processes, and determining the
impact of agricultural management practices on these functional
responses.
Following on from this work, the putative B. oleracea PHT1 genes
identified from Chapter 4, could be further investigated by conducting qRTPCR analysis of the putative genes in soil systems under phosphorus
replete and deplete conditions. This will allow for a validation of the
expression of these putative genes in a soil system, and also detect
changes in expression of these genes when the plant is P limited. The
differences in expression of these genes between wild species and crop
types may offer new breeding targets for development of low input crops.
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Supplementary figures

Supplementary Figure 1. Bioanalyser (prokaryotic, nano chip) traces for each
sample.
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Supplementary Figure 2. Expression of A. thaliana PHT1 genes in various tissues and growth stages.
Data collected from available studies and visualized using using the Plant eFP viewer from the Bioanalytic Resource for Plant Biology (Austin et al., 2016). Expression displayed on a local (relative) linear
scale.
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Supplementary Figure 3, exon-intron structure of A. thaliana PHT1 genes and putative PHT1 genes in B.
oleracea from EMBL-EBI plant Ensembl (www.ensemblgenomes.org)
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Supplementary table 1. OTUs of greatest relative abundance in the Rhizosphere
low N samples (Chapter 2).

Species

OTU ID

Methylibium
Methylotenera mobilis
Xanthomonadaceae
DA101
Bradyrhizobiaceae
Bacillus

3617
40
11
4
13
7

Rhiz HN
Av.Abund
0.99
0.86
0.86
0.76
0.71
0.63

Rhiz LN
Av.Abund
1.07
1.05
0.91
0.86
0.86
0.72

Contrib
%
0.52
0.47
0.61
0.57
0.27
0.37

Supplementary table 2. BLAST results (Chapter 4)
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