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Abstract 

Glycosylation is one of the most prevalent post-translational modifications that significantly 

affects protein structure, localisation and function. Protein mannosylation is particularly crucial 

for the development of healthy organisms, and it is also involved in the pathogenesis of 

infectious diseases such as tuberculosis and meningitis. Protein mannosylation is carried out in 

various organisms by highly specific glycosyltransferases (GTs) that utilise polyprenyl 

phosphate mannosyl donor substrates, such as undecaprenyl phosphate mannose in prokaryotes 

and dolichyl phosphate mannose in eukaryotes. 

This research work concerned the investigation of the function and the structure of 

polyprenyl/dolichyl phosphate mannose synthase enzymes. These catalyse the conversion of 

polyprenyl/dolichyl phosphate substrates to the corresponding β-mannosyl phospholipids using 

GDP-mannose. Currently, there is scarce information about this enzyme class due to challenges 

associated to protein solubility, stability and limited substrate availability. Insights into the 

structure and the function of these enzymes would greatly aid the development of 

glycosyltransferases as both biocatalysts and as novel therapeutics targeting glycosylation 

machineries. A polyprenyl phosphate mannose synthase, Ppm1, involved in protein 

glycosylation in the model actinomycete S. coelicolor A3(2), was recombinantly expressed in 

E. coli in a soluble tagged full-length form and in good yield, as well as a C-terminal truncated 

version (∆42 Ppm1). The proteins were purified by nickel affinity and gel filtration in the 

presence of various detergents, from which it emerged that the enzymes are present in dimeric 

forms, albeit at high concentrations formation of trimers and further multimers occur.  

A robust assay protocol based on a coupled phosphatase reaction was utilised to evaluate the 

activity of Ppm1, which exhibited promiscuity for both donor nucleotide substrates and 

acceptor lipid phosphates of varying chain lengths and degrees of saturation. Kinetic 

parameters, KM and kcat, of Ppm1 were also determined, with the enzyme displaying better 

catalytic efficiency for the donor substrate GDP-mannose compared to the acceptor substrate 

undecaprenyl phosphate. To further investigate the enzyme structural requirements for 

biocatalysis, site-directed mutagenesis was employed to generate several enzyme mutants. 

These were successfully expressed in E. coli, purified and subsequently utilised for functional 

assays. The results of these functional assays revealed which residues are important for 

catalysis and helped us to build a substrate binding model for Ppm1. This information was 

further substantiated by collaborative studies looking at antibiotic hypersensitivity in S. 

coelicolor itself. In this work we also report the first evidence of chemical rescue for an 
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inverting glycosyltransferase family 2 (GT2) enzyme: indeed, the activity of one of the Ppm1 

mutants that mimic a defective human DPM1 synthase, R82A, was successfully rescued in 

vitro using exogenous small molecules.  

Enzyme crystallisation trials of Ppm1 along with several mutants, the truncated enzyme and a 

thermostable homologue from Streptomyces thermolilacinus were initiated, alongside solution 

NMR studies to investigate the enzyme behaviour and dynamic structure in solution. 

Encouraging preliminary results suggest that in the near future it should be possible to solve 

the enzyme structure and obtain ligand-enzyme binding affinities (Kd values) for various 

acceptor and donor substrates, as well as inhibitors, via NMR.  
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1 Introduction 

The four major classes of biomolecules found in cells are lipids, nucleic acids, proteins and 

glycans. Glycans consist of multiple sugar (carbohydrate) moieties linked together and post-

translationally attached to proteins and lipids throughout their biosynthesis in the secretory 

pathway. Despite their diversity and abundance in nature, there is still relatively limited 

information about carbohydrate/glycan function in comparison to other biomolecules. Glycans 

mediate a vast array of essential biological processes due to their extraordinary structural 

diversity. The latter derives from the various ways in which sugar molecules are linked together 

to create higher order structures, as representatively shown in Figure 1.1. 

 

Figure 1.1: Chemical structure of a 3, 6-branched oligomannose glycan, Man5GlcAc2Asn found in both 

eukaryotes and prokaryotes. 

In eukaryotes, the majority of glycans are biosynthesised in the Golgi apparatus and are 

destined to become part of extracellular compartments; for example, they are found on the 

surface of cells as protein and lipid glycoconjugates as depicted in Figure 1.2, and they 

modulate cellular functions, such as protein folding, sorting and host-pathogen interactions 

which involve cell-cell recognition. [1] 
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Figure 1.2: Proteins and lipids decorated with carbohydrate chains (glycans, in blue), known as 

glycoproteins and lipids respectively, are often found protruding on the surface of cell membranes. 

Glycan biosynthesis is initiated in the endoplasmic reticulum (ER) and subsequent structural 

variation is carried out in the Golgi apparatus (as illustrated and discussed in detail later, Figure 

1.13). The Golgi apparatus harbours glycosidase and glycosyltransferase enzymes which 

collectively are responsible for the construction of the glycan repertoire found in extracellular 

compartments and on cell surfaces. Glycosidases are a group of enzymes that catalyse the 

hydrolysis of glycosidic linkages with either retention or inversion of stereochemistry, whereas 

glycosyltransferases are enzymes that catalyse the transfer of a sugar residue from an activated 

donor to an acceptor molecule. [2] Glycosyltransferases will be discussed in more detail in 

section 1.1 below.  

The variety of carbohydrate-processing enzymes evolved to cells gives them the flexibility to 

biosynthesise glycoproteins of countless properties and functions. Extracellular lipid and 

protein glycoconjugates play modulatory and structural roles. Some of the biological processes 

modulated by glycans include regulation of protein-protein, cell-cell interactions and correct 

protein folding. Polysaccharides are key constituents of cell membranes and the cell wall in the 

form of glycoproteins, thereby providing cells with physical shielding and support. [3] 

Furthermore, glycan structures at the cell-surface largely influence interactions with the 

extracellular environment by providing ligands for macromolecule interactions, cell adhesion 

and pathogen invasion. [4] Dysregulation of glycan biosynthesis leads to an increasing number 

of human genetic diseases such as congenital disorders of glycosylation (CDGs). 

This thesis will focus mainly on glycosyltransferase enzymes (GTs) involved in prokaryotic 

protein glycosylation, and specifically mannosylation. 

glycoprotein 

glycolipid 

Protein channel 

Surface protein Integral protein 

Cytoplasm 

Extracellular fluid 



4 

 

1.1 Glycosyltransferases 

Glycosyltransferases (GTs, Enzyme Commission Number (EC) 2.4.x.y) constitute a large 

family of enzymes that catalyse glycosidic bond formation between an activated sugar donor 

substrate and a specific acceptor molecule; the latter can be either an aglycone or a ready-

glycosylated substrate. [5] Nucleoside diphosphates sugars are the ubiquitous sugar donors (e.g. 

guanosine diphosphate mannose, GPD-Man, and uridine diphosphate galactose, UDP-Gal); 

however, nucleoside monophosphate sugars (e.g. cytidine-5’-monophospho-N-

acetylneuraminic acid, CMP-NeuAc) and sugar lipid mono- and di-phosphates (e.g. mannose 

dolichyl phosphates) can also be utilised. [6] Acceptor molecules can be classified as O-, N- and 

C- based acceptors; these can be amino acids (on their own, or, more often, as parts of peptides 

and proteins), deoxyribonucleic acid (DNA), ribonucleic acid (RNA), fatty acids and lipid 

mono- or di-phosphates (e.g. undecaprenyl phosphate, explored in this thesis). [7] Generally, 

GTs are categorised according to their sequence similarities, structures and the stereochemical 

outcome of the glycosidic bond formation reaction. The classification of GTs is not trivial due 

to the wide range of donor and acceptor substrates resulting in significant enzyme diversity. 

GTs from the same family may process different donor or acceptor substrates: this 

consequently leads to unreliable structure and function prediction based on sequence similarity 

alone. However, since sequence similarity is reflected in structural similarity, a sequence-based 

classification does provide some insight into the three dimensional structure (3-D) of the 

protein. [8]  

At present, the universally accepted classification of the GT family system based on primary 

sequence similarity is collected in the Carbohydrate Active Enzyme database (CAZy, 

www.cazy.org), according to which there are approximately more than 30 000 GTs sequences 

across all kingdoms of life comprising of at least 95 GT families. [9]  

The 3-D structures of GTs are well-conserved. Two major structural nucleotide-dependent 

superfamilies are known as GT-A and GT-B (Figure 1.3a and b) and Table 1.1. A GT-C 

superfamily also exists, and it comprises GTs that employ lipid-phosphates as donor substrates, 

Figure 1.3c and Table 1.1. [10] An additional new family called the GT-D superfamily has been 

recently reported. This novel GT fold is represented by a glucosyltransferase enzyme called 

DUF1792 from Streptococcus parasanguinis (S. parasanguinis), Figure 1.4 and Table 1.1. [11] 

The structural fold of all these GT families will be discussed further in the next section. 
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Figure 1.3: General folds observed for GTs. (a) The structure of SpsA from Bacillus subtilis (PDB 1QGQ) 

is representative of the GT-A fold; (b) the structure of bacteriophage T4-glucosyltransferase (PDB IJG7) 

shows the GT-B fold; (c) the GT-C fold is represented by the C-terminal soluble domain of Pyrococcus 

furiosus STT3 (residues 471-967, PDB 2ZAI). Structures were modelled on PyMOL. 

 

Figure 1.4: The structure of the GT-D fold enzyme DUF1792 from S. parasanguinis with the ligand UDP in 

the active site (PDB 5V4A). Structures were modelled on PyMOL. 

(c) GT-C (a) GT-A 

(b) GT-B 
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Table 1.1: Summary of different folds of GT enzymes 

Name Size PBD Uniprot Number 

SpsA from B. subtilis (GT-A) 30,184 Da 1QGQ P39621 

Bacteriophage T4-glucosyltransferase (GT-B) 40,666 Da IJG7 P04547 

P. furiosus STT3 (GT-C) 108,585 Da 2ZAI 16V0B8 

DUF1792 from S. parasanguinis 123,584 Da 5V4A A3CM53 

 

Within superfamilies, GTs are further classified according to the stereochemistry of the 

anomeric functional group of the glycosyl donor substrate and that of the resulting 

glycoconjugate. In this context, we can distinguish retaining GTs which involve the transfer of 

the sugar moiety with retention of the anomeric configuration from inverting GTs which 

transfer the sugar moiety with inversion of stereochemistry at the anomeric carbon. [12] 

1.1.1  GT classification based on structure 

The GT-A fold was first observed in the crystal structure of the Spore Coat Polysaccharide 

biosynthesis protein, SpsA, from Bacillus subtilis, Figure 1.3 (a). [13] The first reported GT-B 

fold enzyme was the bacteriophage T4 ß-glucosyltransferase. [14] In addition, there are other 

carbohydrate-processing enzymes that are not GTs but that have been reported to adopt the 

GT-B fold, such as UDP GlcNAc 2- epimerase. [15] An example of a GT-C fold enzyme is the 

oligosaccharyltransferase (OST) from Pyrococcus furiosus (P. furiosus), [16] which catalyses 

the co-translational transfer of an oligosaccharide (heptasaccharide) from a lipid donor to an 

asparagine residue in nascent polypeptide chains. 

Generally, the GT-A fold consists of a single domain composed of open twisted ß-sheets 

surrounded by α-helices on both sides. This type of architecture, which comprises of two so-

called Rossmann-like folds (ß/α/ß domains), is typical of nucleotide binding proteins. [17] The 

majority of GT-A enzymes have a general ‘signature’ Asp-X-Asp motif (also known as the 

DXD motif) and require a divalent cation for activity. ‘X’ is usually an aliphatic or polar amino 

acid residue of moderate size such as alanine, and it is believed to interact with the sugar donor 

substrate. The carboxylate groups of the DXD motif have been shown to coordinate to a donor 

substrate via a divalent metal ion such as magnesium or manganese, Mg2+ and Mn2+ 

respectively. [18] Variants of the DXD motif exist, such as for DXX or XXD; besides, there are 

some GTs that belong to the GT-A superfamily that do not possess the DXD motif or its 

variants.  
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The GT-B fold has similar architecture to the GT-A fold; it is composed of two separate ß/α/ß 

Rossmann-like domains which face each other providing a cleft that acts as a catalytic site, 

Figure 1.3 (b). The fundamental difference between the GT-A and the GT-B folds is that the 

first is composed of one domain, whereas the latter consists of two domains. The GT-B fold 

displays excellent structural conservation between family members, particularly in the C-

terminus, which is the nucleotide binding domain. The N-terminus part, which is believed to 

accommodate various acceptors, exhibits pronounced variations in the helices and loops that 

point to the catalytic site.  

 L  

GT-C enzymes are integral membrane proteins consisting of 8-13 transmembrane (TM) helices 

with an active site located on a long loop region, Figure 1.3 (c). [19] These enzymes are localised 

in plasma membranes or in the ER, and they utilise lipid (mono- or di-) phosphate activated 

sugars as glycosyl donors. [20]  

As previously mentioned, there is a novel GT fold (GT-D) that is represented by the highly 

conserved DUF1792 superfamily. This recently discovered GT-D fold is represented in Figure 

1.4 by the DUF1792 from the oral bacterium S. parasanguinis. DUF1792 from S. 

parasanguinis does not share any homology with any known GTs. The GT-D fold has been 

reported to be crucial for Fimbriae-associated protein 1 (Fap1) biogenesis, which has been 

implicated in bacterial virulence. [21] Indeed, Fap1 is responsible for the modulation of bacterial 

biofilm formation in S. parasanguinis. [22] This protein is heavily O-glucosylated by Glc-

GlcNAc-linked oligosaccharides consisting up to four additional sugars. [23] Fap1 belongs to a 

family of bacterial adhesins called serine-rich repeat glycoproteins (SRRPs); the SRRP family 

plays a significant role in bacterial virulence. DUF1792 is a glucosyltransferase that catalyses 

the third step of Fap1 glycosylation; glucose is transferred from UDP-D-glucose to the branch 

point of the hexasaccharide O-linked to the serine-rich repeat of the bacterial adhesin, Fap1. 

[11] The structure of DUF1792 consists of three regions: the N-terminal region containing the 

metal binding site (the DXE motif); a central region composed of a Rossmann-like fold 

(ß/α/ß/α/ß); and the C-terminus region containing a nucleotide binding site (UDP-D-glucose). 

The divalent metal (Mn2+) binds to the DXE motif during catalysis. This DXE motif is 

distinctly different from the GT-A and GT-B DXD motif. Homologs from Streptococci and 

Gram-negative bacteria show that this DXE motif is invariable and is strictly conserved 

throughout, whereas the DXD motif is not strictly conserved in GT-A and GT-B enzymes. [11]  
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1.1.2 GT classification based on product stereochemistry 

There are two possible stereochemical outcomes for glycosidic bond formation reactions: the 

anomeric configuration of the sugar in the resulting product can either be inverted or retained 

with respect to that in the donor substrate, as illustrated in Figure 1.5. 

 

Figure 1.5: GTs catalyse the transfer of the sugar moiety with either retention (top) or inversion (bottom) 

of stereochemistry at the anomeric centre. The donor substrate is a diphosphate nucleotide and the acceptor 

substrate is a lipid-phosphate. 

Hence, GTs are further classified as either retaining or inverting enzymes, depending on the 

stereochemical outcome of the reaction. 

1.1.2.1 Inverting GTs 

Inverting enzymes are thought to operate an ‘SN2-like’ displacement mechanism via an 

oxocarbenium ion-like transition state, as illustrated in Figure 1.6. [24] This mechanism also 

involves an active site basic side chain moiety that acts as a catalyst to activate the nucleophilic 

acceptor substrate by deprotonation. The catalytic basic residue is typically glutamate (Glu) or 

aspartate (Asp); its position is conserved in various GTs across all kingdoms of life. [25] 

Generally, inverting GTs promote catalysis by supporting leaving group departure. In inverting 

GT-A fold enzymes (Figure 1.6), the leaving group departure is facilitated by a divalent metal 

ion that coordinates the diphosphate moiety of the sugar nucleotide donor and acts as a Lewis 

acid catalyst, whereas within the inverting GT-B fold family, enzymes utilise a positively 

charged side chain. [26]  
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Figure 1.6: General mechanism for inverting glycosyltransferases showing that the catalytic mechanism 

operates via an ‘SN2-like’ displacement mechanism via an oxocarbenium ion-like transition state. 

However, examples of inverting GTs that utilise a metal independent catalytic mechanism do 

exist, for instance from the GT14 and GT42 families. [27] As previously stated, there are some 

GT-A glycosyltransferases that do not possess this characteristic metal ion binding DXD motif. 

These enzymes employ basic amino acids such as arginine and lysine (Arg and Lys, 

respectively) or tyrosyl hydroxyls to compensate for the positive charge of the divalent metal 

ion. The tyrosyl hydroxyl groups or the basic amino acids essentially serve to provide a 

stabilising electrostatic interaction with the nucleoside diphosphate leaving group. 

Interestingly, this divalent metal ion independent mechanism is also observed within the GT-

B superfamily. 

In addition to the SN2-like mechanism for inverting GTs, another mechanism has been 

proposed. [28] An SN1-like mechanism has been suggested and supported by recent theoretical 

and experimental studies on protein O-fucosyltransferase 1 (POFUT1). [29] According to this 

mechanism, glycosidic bond cleavage occurs first, followed by the formation of an 

oxocarbenium-phosphate ion pair as shown in Figure 1.7. The GTs that utilise this SN1-like 

mechanism invoke nucleotide sugar participation to carry out catalysis (substrate-assisted 

catalysis). The ß-phosphate of the donor substrate plays a catalytic role because POFUT1 lacks 

a candidate catalytic residue. The α-phosphate serves as a proton acceptor with the help of a 

lysine residue and does not participate in direct catalysis. [30] 
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Figure 1.7: General mechanism for inverting GTs that proceed via an ‘SN1-like’ catalytic mechanism. 

1.1.2.2 Retaining GTs 

In contrast to inverting GTs, the mechanism of retaining glycosyltransferases has not been 

completely elucidated. There are currently two hypotheses: one involves a double 

displacement, and another an internal ‘return’ mechanism which is SNi-like. [31] The double 

displacement mechanism involves the formation of a covalent intermediate via a catalytic base 

or the leaving group phosphate, with inversion of stereochemistry at the anomeric carbon of 

the sugar donor substrate. The covalent intermediate is subsequently hydrolysed with another 

inversion at the same anomeric centre, as shown in Figure 1.8a. [32] However, according to the 

literature there is no kinetic or structural data that fully supports this scenario. [33] Additionally, 

further structural data analysis suggests that there are very few retaining GTs that have amino 

acids with side chains suitably positioned in the catalytic site to act as nucleophiles to facilitate 

such a mechanism.  

The alternative ‘SNi-like’ mechanism would proceed via glycosidic bond cleavage, followed 

by the formation of the donor-acceptor bond resulting in an ion-pair intermediate (Figure 1.8b). 

[34] The acceptor OH group subsequently attacks the sugar anomeric C-1 atom. This 

nucleophilic attack would occur on the same face that the sugar group leaves the donor. [35] The 

transition state of this particular mechanism involves the formation of an oxocarbenium ion 

that is covered or shielded from one face of the reaction centre by the GT enzyme. [36] In 

essence, the GT enzyme is proposed to orient the substrates in close proximity, activate the 

leaving group, stabilise the oxocarbenium species and shield against nucleophilic attack from 

the opposite face resulting in the retention of stereochemistry at the anomeric position. [37] All 

the presented experimental and theoretical evidence for both the double displacement and SNi-

like mechanism indicate that both these mechanisms are feasible in glycosylation reactions 
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catalysed by some retaining GTs. [38] However, the debate on what the correct mechanism may 

be is still on-going.  

 

Figure 1.8: General mechanisms concerning retaining GTs. (a) Proposed double-displacement mechanism. 

For the sugar-enzyme covalent intermediate proton abstraction from the acceptor molecule can be carried 

out by either a catalytic base or the leaving group phosphate; (b) proposed internal ‘SNi-like’ mechanism 

for retaining GTs. [34] 

1.2 Protein glycosylation 

Protein glycosylation is one of the most ubiquitous and complex post-translational 

modifications (PMTs) that involves the transfer of a sugar moiety to secretory and surface 

exposed proteins in all kingdoms of life. [39] Plant, fungi, animal and bacterial cell systems all 

possess the ability to glycosylate proteins; albeit to very different extents and with significant 

differences in the nature of monosaccharides utilised and the final carbohydrate structures 

formed. [40] Addition of a sugar molecule to the side chain of an amino acid residue alters the 

physiochemical properties of that particular protein. Glycosylation plays not only a significant 

role in the maintenance of local structure and stability of proteins but also affects protein 

conformation, solubility, surface recognition, proteolytic resistance and immunogenicity. 

There are four major types of protein glycosylation and these are classified according to the 

nature of the glycosidic bond formed between the sugar molecule and the specific acceptor 
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residue in the protein. The two major forms of protein glycosylation are N- and O- 

glycosylation, with examples shown in Figure 1.9. O-glycosylation involves the post-

translational transfer of a monosaccharide or an oligosaccharide to the hydroxyl group of a 

threonine, serine or tyrosine residue. This is exemplified by dynamic O-linked β-N-acetyl 

glucosamine (O-GlcNAcylation) and the biosynthesis of O-linked mucin glycans. Recently, 

there has been reports of O-glycosylation of unusual amino acid residues, including 

hydroxylysine and hydroxyproline. [41] N-glycosylation is a co-translational process that 

involves the en-bloc conveyance of a precursor oligosaccharide to the side chain amide 

nitrogen of an asparagine residue within acceptor proteins. Other protein glycosylation forms 

are C-linked and glycosylphosphatidylinositol (GPI) anchors, Figure 1.9. C-linked 

glycosylation involves the peculiar attachment of a carbohydrate to the carbon of a tryptophan 

residue. In GPI anchors, a hydrophobic phosphatidylinositol (PI) moiety is attached through a 

carbohydrate containing linker to an amino acid residue at or near the C-terminus of a target 

protein, and this linkage serves to tether to the protein to the cell membrane, as shown in Figure 

1.9.  
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Figure 1.9: Examples of N-glycosylation, O- glycosylation, C-glycosylation and GPI anchors. (2) N-linked 

glycosylation represented by GalNAc-ß-N-Asn, (3) O-linked glycosylation represented by Man-α-O-Ser, (4) 

O-linked glycosylation represented by GlcNAc-ß-O-Thr and (5) C-linked glycosylation represented by 

GlcNAc-ß-C-Trp. Schematic representation of the conserved core of GPI-anchors. The polypeptide chain 

(protein) is covalently attached through its C-terminus to the core GPI structure (6), (ethanolamine-

(phosphate-(mannose)3-glucosamine-phosphatidylinositol). The alkyl-acyl-glycerol lipid interacts with the 

lipid bilayer.  
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In both prokaryotes and eukaryotes, the initial glycosylation step occurring in the outer cellular 

compartments involves the transfer of a sugar residue in the cytoplasm from sugar nucleotide 

diphosphate such as GDP-mannose to a hydrophobic carrier lipid to generate a sugar donor 

molecule for transmembrane (TM) export. These hydrophobic carrier lipids are membrane-

bound polyprenyl phosphates, which include undecaprenyl phosphate (7) in prokaryotes and 

the dolichol phosphates (8) in archaea and eukaryotes (Figure 1.10). In eukaryotes, archaea and 

bacteria, these glycosylated hydrophobic carrier molecules are utilised for N-linked and O- 

linked protein glycosylation and the formation of GPI anchors. 

 

Figure 1.10: Undecaprenyl phosphate and dolichyl phosphate structures. These are commonly utilised as 

acceptors in prokaryotes and eukaryotes respectively to generate glycosyl donors for O-, N-, C- 

glycosylation and GPI anchor formation processes.  

Extensive research has been carried out on enzymes that employ dolichols and polyprenols in 

glycan assembly; however, relatively very little direct information on their structure and 

function is available. This is because these enzymes are either integral membrane proteins or 

membrane-associated, and hence, they are very challenging to express and purify in vitro. 

Generally, linear polyisoprenols are lipid components of cell membranes and they contain 

approximately 7-24 isoprene units, which can possess cis or more frequently trans 

stereochemistry. [42] Linear polyprenols are divided into two classes: the first class comprises 

of polyprenyl phosphates; these are the predominant sugar acceptor substrates in prokaryotes. 

The second class comprises of dolichols and these are the predominant sugar acceptor 

substrates in eukaryotes. Polyprenyl phosphates are found on the plasma membrane of cells, 

they typically have unsaturated α-position and may contain at least 55 carbons, Figure 1.10. 

Dolichyl phosphates are located on the membrane of the ER, and they can be distinguished by 

the presence of a single saturated isoprene unit in the α-position. Dolichyl phosphates may 

contain an average of about 20 head-to-tail linked isoprene units and approximately 95 carbons 

in eukaryotic cells, Figure 1.10. [43] In both cases, the α-position refers to the moiety adjacent 

to the hydroxyl group. In eukaryotes S (-) configuration rather than R (+) for the α-isoprene 
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subunit is preferred. In bacterial, polyprenyl-processing enzymes general prefer undecaprenol 

as substrate. [42] However, the specificity of these enzymes within both bacteria and eukaryotes 

is not uniform. For instance, polyprenyl processing enzymes exhibit promiscuity, whereas 

dolichyl processing enzymes tend to be more substrate specific. Dolichyl/polyprenyl-

phosphate dependent pathways in eukaryotes and prokaryotes largely rely on the translocation 

or ‘flipping’ of polyisoprenols across the lipid bilayers. [44] In eukaryotes, dolichyl phosphates 

are loaded with sugar moieties on the cytoplasmic side of the ER; the latter are then conveyed 

to the luminal side of the ER membrane by ‘flippases’. Once on the luminal side of the ER, the 

sugar moieties are then transferred to a target protein. However, there is very limited 

information about the mechanisms employed by these proteins during glycan translocation. [45]  

 

Figure 1.11: Simplified diagram illustrating eukaryotic glycosylation reactions taking place in the lumen of 

the ER: N- linked glycosylation, O-linked glycosylation, C-linked glycosylation and GPI anchor 

biosynthesis. [46] 
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1.2.1 Protein glycosylation in eukaryotes 

 As previously mentioned, protein glycosylation is a phenomenon that has now been 

demonstrated to exist in all domains of life. However, for a long-time glycosylation was 

thought to occur exclusively in eukaryotic organisms. Approximately 70 % of the eukaryotic 

proteome is thought to be glycosylated. [47] Furthermore, the major glycosylation pathways in 

eukaryotes are N- and O- linked protein glycosylation as well as the biosynthesis of GPI-

anchors; C-linked protein glycosylation has been reported in several cases. [48] 

1.2.1.1 N-linked glycosylation 

Protein N-glycosylation consists of the covalent attachment of a carbohydrate moiety to an 

asparagine residue as shown in Figure 1.9. Essentially, this transformation occurs by the 

formation of an N-glycosidic bond between an asparagine residue and ß-N-acetyl-D-

glucosamine (GlcNAc) or ß-N-acetyl-D-galactosamine (GalNAc). Dolichol, the key substrate 

required for protein glycosylation processes in eukaryotes, is biosynthesised by enzymes called 

prenyl transferases (also known as prenyl diphosphate synthases). The biosynthesis of dolichol 

is initiated from farnesyl pyrophosphate (FPP) followed by the sequential addition of C5 

isoprenoid units, Figure 1.12. [49] 
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Figure 1.12: Example of dolichol biosynthesis in yeast, n = 10-14 isoprene units by Rer2p and n= 14-23 for 

Srt1p [50]. Rer2p and Srtp are prenyl transferase enzymes that are involved in dolichol biosynthesis. 

Dolichol biosynthesis is crucial for the N-glycosylation process; any alterations in dolichol 

biosynthesis adversely affects N-glycosylation and in eukaryotes can lead to congenital 

disorders of glycosylation (CDG). [51] In eukaryotes, further extension of the oligosaccharide 

is carried out by lumen-oriented GTs that utilise dolichyl phosphate bound monosaccharides 

as donor substrates (lipid-linked oligosaccharides, LLO). Once in the lumen of the ER, 

oligosaccharides are subsequently transferred to specific asparagine residues by enzymes 

called oligosaccharyltransferases (OSTs). OSTs are membrane-bound enzymes found in 

plants, fungi and animals; these enzymes form heterooligomeric complex. In yeast, for 

instance, OSTs are composed of eight subunits, all membrane proteins. [52] Specific asparagine 



18 

 

residues that ultimately are glycosylated are identifiable by a consensus and evolutionary 

conserved recognition sequence, Asn-X-Ser/Thr (N-X-S/T), [52] where X is any amino acid. N-

linked glycosylation significantly affects the biophysical properties of proteins. For instance, 

the presence of hydrophilic carbohydrates improves both the thermodynamics and kinetics of 

the protein folding process, accelerating and stabilising it. [53] Protein folding can also be 

indirectly altered as the presence of glycans serve as recognition ‘tags’: these enable 

glycoproteins to interact with other enzymes and lectins. [54] Consequently, lectins direct newly 

biosynthesised polypeptides to folding, secretion and degradation pathways. [55]  

As previously mentioned, N-glycosylation does not stop in the ER and further processing of 

the N-linked glycan structures occurs in the Golgi apparatus. N-glycosylated glycoproteins 

arrive in the cis-Golgi carrying N-glycans; the latter are typically of the high mannose (Man) 

type, and usually contain about eight to nine mannose residues. [56] The Golgi apparatus is 

composed of an interconnected network of membranes called cisternae. The cis-Golgi 

(cisternae nearest to the ER) receives proteins and lipids from the ER for sorting and 

processing; these are subsequently released via the trans-Golgi (furthest cisternae from the 

ER). Cis- and trans- Golgi refer to the different faces of the Golgi complex. Not all 

glycoproteins undergo further modification in the cis-Golgi: some remain unchanged as they 

pass through and are often found on cellular surfaces or secreted proteins. However, most N-

glycans are usually processed and modified initially in the cis-Golgi by a set of α-mannosidases 

that remove Man residues to generate a Man5GlcNAc2Asn intermediate, Figure 1.1: this is 

subsequently utilised as a substrate for the medial Golgi GT N-acetylglucosamine T-1 (GlcNAc 

T-I). [57] The synthesis of hybrid and complex N-glycans is preceded by the transfer of GlcNAc 

to Man5GlcNAc2Asn by GT GlcNAc T-I. The hybrid N-glycans usually possess five Man 

residues and carry out an extension of the arm that received GlcNAc by utilising galactose 

(Gal) and sialic acid or other monosaccharides, Figure 1.13. Further structural complexity of 

these glycan structures is achieved when the N-glycans lose the terminal two of the five Man 

residues and accept a second GlcNAc to form a complex N-glycan structure called a 

biantennary. This biantennary structure makes it possible for further branching to occur; up to 

six branches can be formed and these branches can be further elongated by the addition of 

various sugars such as GalNAc, fucose (Fu), galactose (Gal) and even disaccharide units, 

Figure 1.13. [58] The glycoproteins are subsequently trafficked to the plasma membrane, 

internal organelles and into the secretory system. The resulting complex glycan structures assist 
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in the correct localisation of mature proteins to relevant cellular compartments or onto the cell 

surface. [59] 

 

Figure 1.13: Typical glycoforms for (a) N-glycans and (b) O-linked glycans. [60] 

1.2.1.2 O-glycosylation  

Eukaryotic O-glycosylation is a stepwise process which starts with the attachment of a sugar 

moiety to the hydroxyl group of an acceptor serine or threonine residue. [47] Other amino acids 

bearing hydroxyl groups have also been implicated, such as tyrosine (Tyr), hydroxyproline 

(Hyp) and hydroxylysine (Hyl). [61] The majority of eukaryotic O-glycans frequently occur in 

mucin-type glycoproteins which are first covalently modifies via attachment of GalNAc, 

Figure 1.13. Sugars such as fucose, mannose, galactose, glucose and GlcNAc have also been 

utilised. [62] O-mannosylation will be discussed in detail in section 1.2.2.1. Mucins are typically 

high molecular weight eukaryotic glycoproteins found in goblet and epithelial cells. These 

glycoproteins are characterised by tandem repeats of serine/threonine/proline sequences which 

are heavily O-glycosylated. Mucins are also key component gel-like secretions in eukaryotes, 

and they serve as lubricants and receptors for microbes. [63] 
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Evidence from extensive studies carried out on the biosynthesis of the GalNAc-α-Ser/Thr bond 

suggest that there is approximately nine GalNAc transferases involved in this process. [64] The 

majority of eukaryotic O-biosynthesis takes place in the cis-Golgi; however, there is still some 

O-glycosylation events that are initiated in the ER, particularly O-Man linked glycosylation. 

The eukaryotic domain exhibits great diversity of O-glycosylation largely due to the fact that 

a great variety of sequences can be attached to sugars. [65] 

1.2.1.3 C-linked glycosylation and GPI anchors 

C-glycosylation has been reported relatively recently as it is not as widespread as O-linked and 

N-linked modifications. This form of glycosylation involves the attachment of an α-mannosyl 

residue to the C-2 of the indole ring of a tryptophan residue (Tyr) through a C-C bond, Figure 

1.9. [66] Contrary to N-linked and O-linked glycosylation, C-linked glycopeptide linkages do 

not involve any amino acid functional groups. C-linked mannosylation largely depends on Dol-

P-Man as a substrate for mannosylation. [67] This suggests that this process takes place in the 

ER as all other Dol-P-Man dependent reactions. It has been reported that the consensus 

sequence Trp-X-X-Trp (with X= small or polar amino acids such alanine and lysine) is required 

for C-mannosylation, suggesting that this process might be more prevalent in higher 

eukaryotes. [68]  

The covalent attachment of GPI moieties to proteins is a ubiquitous PTM that is conserved 

amongst eukaryotes. A significant number of plasma membrane proteins are anchored to the 

membrane via GPI moieties as shown in Figure 1.9. [69] Proteins that are going to be tailored 

with GPI anchors contain in their carboxy-terminal an attachment ‘signal’ sequence that 

consists of a short hydrophilic peptide, followed by a hydrophobic peptide. The hydrophobic 

signal sequence triggers the addition of the GPI anchor; the process is initiated when this 

hydrophobic signal sequence is cleaved off in the ER, generating a mature form of GPI that is 

subsequently covalently attached to processed proteins via a residue located at or near the C-

terminus of the target protein. [70] The covalent attachment is performed by a GPI transamidase: 

a C-terminal GPI-anchor signal is cleaved off simultaneously with addition of the GPI anchor. 

[71] The biosynthesis of GPI is initiated on the cytosolic side of the ER; GlcNAc is added to 

phosphatidylinositol (PI), followed by de-N-acetylation to produce glucosamine (GlcN)-PI. 

The GlcN-PI moiety is subsequently flipped to the luminal side where it is further modified. 

Mature GPI is composed of Man2-(EtNP-) Man-GlcN-(acyl-)PI (EtNP, ethanolamine 

phosphate); this structure has three mannose residues that have been donated by dolichol 

phosphate mannose (DPM) on the luminal side of the ER, Figure 1.9. [72] There are highly 
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specific GTs that catalysed the transfer of these three mannose residues from DPM. Any defects 

in the biosynthesis of DPM leads to no mature GPI production, which consequently leads to 

degradation or abnormal secretion of precursor proteins that were to be expressed with GPI on 

the cellular surface. [73] Additionally, a genetic disease caused by a hypomorphic promoter 

mutation in the phosphatidylinositol glycan anchor biosynthesis class M (PIGM) gene, 

encoding a DPM: GlcN-(acyl-) PI mannosyltransferase, leads to decreased surface expressions 

of GPI-anchored proteins due to a defection in the addition of the first mannose. [74]  

1.2.2 Protein glycosylation in prokaryotes 

For a long time, protein glycosylation was thought to occur only in eukaryotes, however there 

is now accumulating evidence that bacteria have evolved complex biosynthetic pathways to 

generate a wide variety of oligosaccharides that they utilise to synthesize glycoproteins. [75] 

Bacteria provide relatively less complicated systems to study, exploit and elucidate 

glycoprotein biosynthetic pathways; hence their study can provide significant mechanistic 

insights into glycan assembly. 

There are more than 70 bacterial distinct families of glycoproteins that have been reported in 

literature so far, and several more families and pathways currently under investigation: this is 

indicative of how protein glycosylation is more common in prokaryotes than previously 

thought. [76] The majority of bacterial glycoproteins are surface proteins that affect how bacteria 

interact with their environment. Indeed, glycoproteins influence cell-cell interactions, surface 

adhesions and for Gram-negative bacterial pathogens several glycoproteins are implicated in 

the generation and maintenance of virulence factors. [76-77] Important steps leading to bacterial 

pathogenesis have been associated with glycan substitution of surface proteins: the 

glycosylation of bacterial proteins plays significant roles in host infection, pathogenesis and 

inflammatory immune responses. [76] Bacterial glycans are not only vital components of the 

cell wall but they are also essential constituents of surface antigens such as lipopolysaccharides 

(LPS) as well as capsular antigens in Gram-negative bacteria, which are linked by lipid anchors 

(namely, lipid A or diacylglycerophosphates). [78] The glycan structures function by introducing 

commensal bacteria and pathogens to a specific environment, hence facilitating virulence. 

Additionally, in several bacterial species, gene clusters that have genes that encode for highly 

specific GTs have been found to be directly linked with virulence genes. [79] Therefore, 

glycosylation pathways of bacterial proteins have increasingly become of interest as 

therapeutic and prophylactic targets.  
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Protein glycosylation was first reported in Archaea species, which have O- glycosylated surface 

(S-) layer proteins and was later discovered to be also present in prokaryotic species such as 

Clostridia. [80] S-layer glycoproteins have been identified as components of certain Gram-

positive bacteria such as bacilli. However, there is no evidence of their existence in most Gram-

negative bacteria. Studies carried out on S-layer glycoproteins provided the first data that shed 

some insight into the glycosylation machinery in this domain. The first examples of N-linked 

glycosylation in bacteria were found in 2002; specifically, this pathway was studied in the 

human gastrointestinal pathogen Campylobacter jejuni. [81] Since then, an increasing number 

of bacterial glycoproteins have been identified in various bacterial species/components 

including the flagellins from C. jejuni, [82] Campylobacter coli, [83] Helicobacter pylori, [84] 

Clostridium difficile; [85] and the pilins from Neisseria meningitides, [86] Neisseria 

gonorrhoeae, [87] and P. aeruginosa. [88] More recently evidence of O-linked glycoproteins has 

been reported, for example, from Burkholderia, [89] Porphyromonas gingivalis, [90] Francisella 

[91] and Acinetobacter spp. species. [92] However, there are very few examples of bacterial 

glycoproteins that have been deposited in the PDB. Two of the few examples include the sugar 

binding protein, SrpA with sialyl LewisX, from Streptoccocus sanguinis (S. sanguinis) and 

BLV TM hairpin from E. coli (strain K12). [93] [94] 

 

Figure 1.14:Examples of glycoproteins: (a) SrpA with sialyl LewisX (PDB 5KIQ) from S. sanguinis (strain 

SK36). SrpA is decorated with D-galactose (GAL), L-fucose (FUC), O-sialic acid (SIA) and N-acetyl-D-

glucosamine (NAG), and (b) BLV TM hairpin (PDB 2XZ3) E. coli (strain K12) with a maltose (MAL) 

moiety. [93] [94] Structures were modelled on PyMOL. 

Just like in eukaryotes, protein prokaryotic glycosylation plays significant roles in affecting 

protein conformation/ folding, resistance against proteolytic digestion, surface recognition and 

enzymatic activity. [76, 95] Understanding prokaryotic protein glycosylation machineries and 

considering the role of protein glycans in the pathogenesis of certain bacteria provide in 

numerous opportunities for the discovery of new targets for antibiotic therapy, as well as 

insights on how more complex glycosylation machineries in eukaryotes might be targeted by 

small molecules in the future. [96] 
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1.2.3 Protein O-mannosylation in eukaryotes and prokaryotes 

Protein O-mannosylation is a vital and evolutionary conserved protein modification. Protein 

O-mannosylation is carried out by protein O-mannosyltransferases (PMTs, EC 2.2.1.109): 

these are key enzymes responsible for the assembly of O-mannosyl glycans. Protein O-

mannosylation is essential not only in mammals and fungi but also in prokaryotes such as 

actinomycetes. Actinomycetes are a group of Gram-positive bacteria of relatively high G+C 

content; in this group we find common soil bacteria that play an essential role in the 

decomposition of organic matter, as well bacteria that inhabit animals and plants such as 

Streptomyces, Corynebacterium and Mycobacterium tuberculosis. [97] Streptomyces are also 

well known to be prolific producers of bioactive secondary metabolites, several of which 

constitute pharmaceutical/agrochemical compound leads. 

1.2.3.1 Protein O-mannosylation in eukaryotes 

In eukaryotes, the process of protein O-mannosylation is initiated in the ER during and after 

translocation, Figure 1.11 and Figure 1.15. Highly specific GTs transfer a mannose residue 

from GDP-mannose to a lipid-phosphate carrier molecule (dolichol monophosphate, Dol-P); 

the newly glycosylated phospholipid substrates act as glycosyl donors for protein O-

mannosylation. PMTs catalyse the transfer of a mannosyl residue from dolichol 

monophosphate-activated mannose to the hydroxyl group of a Ser or Thr residue of nascent 

secretory and membrane proteins. Further modification of the O-linked mannosyl residue 

occurs in the Golgi as previously mentioned. PMTs are integral membrane proteins consisting 

of two hydrophilic loops that face the lumen of the endoplasmic reticulum. [98]  

The first evidence of O-mannosyl glycans was reported in eukaryotes, such as Saccharomyces 

cerevisiae (S. cerevisiae, baker’s yeast). [99] PMTs have been extensively studied and 

characterised in S. cerevisiae, where the PMT family is composed of at least six family 

members (Pmt1p- Pmt6p). [100] Notably, information provided by topology analysis of S. 

cerevisiae, Pmt1p revealed seven TM domains with the N-terminus facing the cytosol and the 

C-terminus facing the lumen of the ER. As previously mentioned, these enzymes contain two 

hydrophilic loops situated between TM domains. This topology is reported to be applicable to 

all PMTs. 

Mannosylated glycans play a crucial role in a variety of physiological processes, for example, 

in the maintenance of protein stability, localisation and ligand interactions. In S. cerevisiae, 

aberrant O-mannosylation affects cell polarity, morphogenesis, ER homeostasis, cell wall 
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integrity as well as the general quality control of proteins. In addition, loss of protein O-

mannosylation is lethal to the organism. [101] 

In higher multicellular eukaryotes such as humans, mouse and Drosophila, any impairment of 

protein O-mannosylation process leads to severe developmental defects. [102] In humans, for 

instance, mutations in protein O-mannosyltransferase1 (POMT1) or mutations that affect the 

synthesis of O-mannosyl glycans result in patients suffering from Walker-Warburg Syndrome 

(WWS). [98] WWS is a syndrome characterised by severe congenital muscular dystrophy, 

neurological-migration defects, and by another adverse condition called Beltran-Valero de 

Bernabe (structural abnormalities of the eye). [103] Any targeted deletions of the WWS gene 

POMT1 in mouse leads to embryonic lethality. [104] 

All this data proves the fundamental significance of protein O-mannosylation in various 

organisms. Understanding protein O-mannosylation in yeast provides the insight needed for 

the development of novel antifungals. In addition, PMTs in S. cerevisiae have been utilised as 

a model to gain some knowledge into the molecular mechanisms that could be transferred from 

yeast to mammals. This knowledge could prove very significant in the development of 

diagnostic and therapeutic approaches within the frame of neuromuscular diseases mentioned 

earlier. [105] 

1.2.3.2 Protein O-mannosylation in prokaryotes 

Evidence of O-mannosylated proteins in prokaryotes was first reported in the human pathogen 

Mycobacterium tuberculosis (M. tuberculosis). [106] There are certain aspects of bacterial 

protein O-mannosylation that are closely similar to those observed in yeast, however, there are 

also some variations. In yeast, the biosynthesis of mannose is essential for cell viability, 

however, studies show that mannose is not significant for the viability of M. tuberculosis. [107]  

Data obtained from experiments carried in Mycobacterium smegmatis (M. smegmatis) 

demonstrated that, just like in S. cerevisiae, in prokaryotes mannose must be activated by a 

hydrophobic lipid-phosphate in order for the protein mannosylation reaction to take place. [95a, 

108] . However, actinomycetes do not possess dolichol but harbour phosphorylated polyprenols 

in their cytoplasmic membrane. These phosphorylated polyprenols, such as undecaprenyl 

phosphate, have shorter chain lengths and they are functional homologues of dolichol, as 

previously mentioned. The GT enzymes that utilise phosphorylated polyprenols as acceptor 

substrates are called polyprenyl phosphate mannose (PPM) synthases and they are homologues 

to the S. cerevisiae DPM1 synthase and the human DPM1 synthase. Structurally, PPM 
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synthases differ from the yeast homologue in that they lack they lack the C-terminal 

hydrophobic domain that anchors the yeast DPM synthase to the plasma membrane, Figure 

1.26. [109] In actinomycetes, the polyprenols present in the plasma membrane vary in chain 

length and degrees of saturation of the isoprene units: for example, S. coelicolor employs 

preferentially C45 polyprenol, M. tuberculosis a C50 polyprenol and M. smegmatis utilises C35, 

C40
 and C50 polyprenols with some of the polyprenols showing saturation of four of the isoprene 

double bonds. [109-110] 

In actinomycetes, protein O-mannosylation is carried out by PMT homologues of S. cerevisiae. 

As actinomycetes do not possess an ER and Golgi apparatus, all protein mannosylation 

reactions are carried out in the cytoplasmic membrane and largely depend on lipid phosphate 

activated mannose as a substrate. [109] The first PMT sequences to be identified in 

actinomycetes were in S. coelicolor and these sequences were discovered during a search for 

mutants resistant to bacteriophage ФC31. [111] The second class of ФC31 mutants could be 

complemented by a gene that encodes for a Ppm1 synthase from S. coelicolor, SC6D7.16 (or 

SCO1423, the subject of this thesis). 

Generally, bacterial O-mannosylated glycoproteins belong to different functional categories; 

O-mannosyl glycans have proven to be essential for cell viability and glycoproteins have been 

identified as immunologically active molecules that contribute to the virulence of the human 

pathogens such as M. tuberculosis. [98, 112] In M. tuberculosis, for example, as the tubercle bacilli 

invade an appropriate host organism, they are recognised by macrophages (MO) and dendritic 

cells (DC). The tubercle bacilli interact with these cells via glycoproteins and possibly other 

glycoconjugates with C-type lectins. C-type lectins are a group of cell receptors which 

recognise glycoconjugates found on the bacterial surface. [113] Notably, among these C-type 

lectins, there is a mannose receptor (MR) is one of the most significant ones. [114] Again, 

understanding these mannosylation pathway will provide the insight needed to develop novel 

antibacterials. 

1.3 Natural product mannosylation 

Protein O-mannosylation-like pathways also play an integral role in the mannosylation of 

natural products. Indeed, there are some natural products that are decorated with mannosyl 

residues, such as the mannopeptimycins (Figure 1.16), although these in general are rare. 
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Figure 1.15: Mannopeptimycin cosmid map and gene cluster. Open Reading Frames (ORFs) are colour 

coded to indicate gene function (black, transporters; yellow, regulatory; blue, tailoring, red, 

nonproteinogenic amino acid formation; green, NRPS). [115] 

Mannopeptimycins are a relatively new class of lipoglycopeptide antibiotics produced by 

Streptomyces hygroscopicus (S. hygroscopicus); they exhibit activity against multi-drug 

resistant Gram-positive pathogens such as methicillin-resistant Staphylococcus aureus 

(MRSA) and vancomycin-resistant enterococci (VRE). Mannopeptimycins work by blocking 

the transglycosylation process during cell wall biosynthesis mediated by lipid II binding. [116]  

The mannopeptimycin biosynthetic gene cluster contains various enzymes that are responsible 

for the biosynthesis of the mannopeptimycin hexapeptide core. These enzymes include 

nonribosomal peptide synthetases [NRPS] and enzymes that carry out tailoring reactions such 

as mannosylation, isovalerylation, hydroxylation and methylation, Figure 1.5. [115] Generally, 

the mannopeptimycin NRPS system is composed of six modules that use only five amino acid 

specific adenylation domains. However, this system lacks the typical macrocylizing 

thioesterase (TE) domain. [115] 

Mannopeptimycins are composed of a hexapeptide core that contains two proteinogenic and 

four proteinogenic amino acids, for example, epimers of β-hydroxy-enduracididine (βhEnd) 

and β-methyl-phenylalanine (βmPhe). [115] These amino acids are arranged into a cyclic peptide 

which is subsequently tailored with one N-linked mannose and an O-linked di-mannose moiety 

(α-D-mannopyranosyl-α-1, 4-D-mannopyranoside). In addition, an isovaleryl group is added 

to the terminal O-linked mannose. 

There are also other examples of lipid II binding agents that are similar to mannopeptimycin 

such as ramoplanin and enduracidin; these agents have O-linked di-mannose and 

enduracididine, respectively. [117] In the ramoplanin gene cluster there is only one GT called 

Ram29. Therefore, it is likely that in both the ramoplanin and mannopeptimycin biosynthesis, 

the di-mannose moiety is transferred by a single mannosyltransferase. [115] 
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The S. hygroscopious mannopeptimycin gene cluster contains a set of three 

mannosyltransferase genes (mppG, mppH and mppI). [115] MppG showed about 45% similarity 

to a putative polyprenyl mannose synthase from S. coelicolor, encoded by the gene SC6D7.16. 

[109] MppG also displayed similarity to a Ppm1 mannosyltransferase from M. tuberculosis; 

Ppm1 catalyses the transfer of a mannose residue from GDP-mannose to C35 and C50 

polyprenyls. MppH and MppI not only show high similarity to each other but they are so very 

similar to the mycobacterial membrane associated PMT enzymes (pfam02366) that utilise 

mannosylated C35 and C50 polyprenyls as mannosyl donors in lipoarabinomannan biosynthesis. 

[111a] 

 

Figure 1.16: Chemical structure of mannopeptimycin, a mannosylated natural product. 

MppG allegedly generates mannosylated polyprenyls that in turn are utilised as mannose 

donors for MppH and MppI to transfer mannose to the mannopeptimycin aglycon. 

Mannopeptimycins are decorated with three mannose residues as shown in Figure 1.16, which 

serve to provide stabilisation and improve solubility. There are other examples of glycosylated 

natural products, such as the glycopeptide antibiotic teicoplanin. [118] Hence, O-mannosylation 

also plays a crucial role in natural product biosynthesis as it confers small molecules novel 

bioactivities and advantageous properties. 

1.4 Human dolichol phosphomannose synthase 

The human dolichol phosphomannose synthase (DPM synthase, E.C.2.3.1.83) is an essential 

enzyme required for the synthesis of the N-glycan precursor (dolichol phosphate mannose, 

DPM), GPI anchors, O-linked and C-linked glycoproteins. DPM is biosynthesized from GDP-

mannose and dolichol phosphate on the cytosolic surface of the ER membrane by DPM 

synthase, Figure 1.17. 
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Figure 1.17: DPM/PPM synthases catalyse the formation of DPM/PPM precursors that are utilised by 

PMTs as donor substrates for protein O-mannosylation. Mannose is transferred from GDP-mannose to 

undecaprenyl phosphates in prokaryotes and to dolichyl phosphate in eukaryotes. 

Upon its formation, mannosylated DPM is flipped to the luminal side of the ER membrane 

where it is utilised as a donor substrate. DPM is the sole donor substrate for PMT enzymes 

working on the luminal side of the ER that catalyse the transfer of a mannose residue to 

hydrophobic lipid linked oligosaccharides of both GPI anchor and N-glycan precursors. [119] 

The human DPM synthase is a multicomponent enzyme consisting of three subunits, DPM1, 

DPM2 and DPM3. [119-120]  

 

Figure 1.18: Schematic representation of human DPM synthase. DPM1 is the catalytic subunit that 

catalyses the transfer of mannose from GDP-mannose to Dol-P, DPM2 associates with the N-terminus of 

DPM3. DPM3 associates to the catalytic unit DPM1 via its C-terminus. 

DPMS belongs to the GT-A superfamily and the GT2 subfamily of inverting 

glycosyltransferase enzymes. DPM1 synthase is the hydrophilic catalytic subunit of DPM 

synthase consisting of 260 amino acids. This enzyme contains the catalytic ‘signature’ DXD 

motif that is commonly found in GT-A enzymes, Figure 1.19. 
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Figure 1.19: Predicted secondary structure of the human DPM1 synthase generated by Raptor X and 

modelled on PyMOL. (a) Modelled secondary structure showing two Rossmann-like folds (ß/α/ß domains), 

typical of GTA enzymes; (b) inset showing the ‘signature’ DXD nucleotide binding motif.[121] 

DPM2 is an ER expressed membrane protein that consists of 84 amino acids. It contains two 

putative TM domains that contain a double lysine (Lys) sequence in the C-terminus that acts 

as a putative ER localisation signal. [122] 

DPM1 utilises twenty-four amino acids on its C-terminus to associate with DPM2; 

phenylalanine 21 (Phe) and Tryptophan 23 (Trp) in DPM2 have been reported to associate with 

DPM1. [120] Thus, DPM2 forms a complex with DPM1 synthase (Figure 1.19 and Figure 1.20) 

and the formed complex is crucial for ER localisation and for stable expression of the DPM1 

synthase. [122] In other words, the DPM2 subunit plays a regulatory role in the stable expression 

of DPM1 synthase. In addition, DPM2 enhances the binding of the acceptor substrate, Dol-P, 

of the DPM1 synthase and hence increased enzyme activity. [120]  

The third subunit is DPM3; this is also a hydrophobic transmembrane protein that comprises 

of 92 amino acids and this enzyme binds to both DPM1 and DPM2, Figure 1.20. DPM3 is the 

subunit that tethers DPM1 to the ER membrane, Figure 1.18 and Figure 1.20; the hydrophilic 

C-terminus region is essential for binding to DPM1. The N-terminus TM regions associate with 

DPM2. [122] The expression of DPM3 is stabilised by the presence of DPM2. Hence, in 

summary, DPM3 stabilises DPM1, and DPM2 stabilises the expression of DPM3. 

 

(a) (b) 

D118 

D120 
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Figure 1.20: Predicted secondary structures of (a) DPM2 (9.3 kDa) and (b) DPM3 (12.3 kDa). These 

proteins are composed of transmembrane helices. DPM2 stabilises the expression of DPM3 and DPM3 

stabilises the expression of DPM1. Homology models were generated by Raptor X and modelled on 

PyMOL. [121] 

1.4.1 Human DPM synthase and disease 

As previously mentioned, DPM is the sole mannosyl donor in the ER lumen and it acts as a 

donor substrate for protein mannosylation in four glycosylation pathways.  

In humans, partial deficiency of protein mannosylation leads to various forms of congenital 

disorders of glycosylation (CDGs), previously termed the carbohydrate glycoprotein 

syndromes. [123] Generally, CDGs are genetic diseases caused by defects in the synthesis or the 

attachment of the glycan moiety of glycolipids and glycoproteins. These genetic diseases are 

classified into four groups: disorders of protein O-glycosylation, disorders of protein N-

glycosylation, disorders of lipid glycoproteins and disorders of other glycosylation pathways. 

[124] CDGs are also described as severe multi-systemic disorders with a wide range of adverse 

clinical phenotype, including seizures, psychomotor retardation, myopathy, liver disease, brain 

retardation with microcephaly and ocular abnormalities to mention a few. Currently, there are 

40 reported CDGs and an estimated 80% of these are neurological or have a significant 

neurological component. [125] Approximately 1% of the genome is involved in glycosylation, 

therefore it is plausible that several CDGs are yet to be discovered. [125] 

Eight inherited diseases caused by defects in the N-linked glycosylation machinery are known 

to affect humans. CGDs are generally divided into two categories, CDG-I and CDG-II: the 

CDG-I group is comprised of defects in the assembly of the lipid-linked oligosaccharide (LLO) 

(a) DPM2 (b) DPM3 
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chain, wherase CDG-II refers to the defects that occur during the processing of protein-bound 

glycans in the Golgi apparatus. [125] The CDG-I category is further subdivided into enzyme 

defects localised in the cytosol (CDG-Ia, CDG-Ib), and enzyme defects localised in the ER 

(CDG-Ic, CDG-Id and CDG-Ie). CDG-Ia and GDG-Ib are also caused by genes involved in 

GDP-mannose biosynthesis such as the phosphomannomutase (PMM2) and the 

phosphomannose isomerase (MPI). [123, 125-126] The CDG-II category is subdivided into three 

groups that refer to defects in the processing of the protein-bound glycans, either in the late ER 

(CDG-IIb) or in the Golgi apparatus (CDG-IIa and CDG-IIc). [123, 125-126] 

The CDG-Ie is the result of DPM synthase deficiency and mutations in its catalytic subunit, 

DPM1. Patients suffering from CDG-Ie exhibit clinical phenotypes that are characterised by 

severe neurodevelopmental delay, microcephaly, intractable seizures, cortical blindness and 

delayed myelination. [127] 

There is also evidence of another minor group of genetic glycosylation disorders called alpha-

dystroglycanopathies and patients that suffer from these disorders experience muscular 

dystrophy. [128] Alpha-dystroglycanopathies are caused by a deficiency of enzymes affecting 

protein O-mannosylation. The accessory protein DPM3 of DPM synthase plays an integral role 

in this process; a mild defect in DPM3 leads to a clinical phenotype of muscular dystrophy. 

[128] DPM3 is required for four glycosylation routes, hence, the observed phenotype might be 

due to a deficiency in O-mannosylation of alpha-dystroglycan. 

1.4.2 Mutations in the DPM1 gene 

The DPM1 gene has been found to undergo either deletions or point mutations; the most severe 

symptoms of CDG-Ie were observed with deletions because these terminated entire DPM1 

function. Point mutations are the most common amongst patients; for example, a mutation from 

arginine (Arg, R) to glycine (Gly, G), p.R92G, leads to decreased DPM1 function in vivo. [129] 

This amino acid residue is conserved throughout yeast and bacterial DPM/PPM synthases, 

indicating that R92, Figure 1.21, might play a role in substrate binding or catalysis. [129-130] 

Patients with this mutation suffer from the most severe clinical phenotype of CDG-Ie. [131] 
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Figure 1.21: Homology model of DPM1 synthase generated by RaptorX and modelled on PyMOL. [132] R92 

is highlighted in green, G152 is highlighted in yellow and S248 is represented in red. These residues can 

undergo point mutations in humans that can lead to diseases such as congenital disorders of glycosylation. 

Milder disorder symptoms are observed in patients who have a serine to proline (Pro, P), 

p.S248P mutation. [129, 131] However, the S248 is not conserved in bacterial homologues. [131] 

Clinical features for patients with this type of mutation include developmental delay, optic 

atrophy, microcephaly and cerebellar dysfunction without cerebellar atrophy. Lastly, another 

DPM1 point mutation from glycine to valine (Val, V), p.G152V, leads to decreased binding of 

DPM1 to the accessory protein DPM3. [133] The DPM1 G152 residue is highly conserved 

among various species; in vitro enzyme analysis of fibroblast membrane fractions carried out 

to characterise this variant suggests that p.G152V is pathogenic, Figure 1.21. The pG152V 

variant terminated the ability of DPM1 to bind to DPM3, indicating that the mutation possibly 

resides at the binding interface with DPM3, and hence the possible reason for pathogenesis. 

Interestingly, DPM3 also has a p.L85S, which destroys binding to DPM1, [128] suggesting that 

these two mutations are positioned in the two complementary binding domains. 

1.4.3 Mutations in the DPM2 gene 

The accessory protein DPM2 does not only regulate the DPM1 catalytic subunit but it also 

plays a crucial role in the regulation of glycosylphosphatidylinositol N-acetyl-

glucosaminytransferase (GPI-GnT) enzyme complex, [134] suggesting that DPM2 plays a 

significant role in GPI anchor biosynthesis. Defective DPM2 leads to clinical features 

characterised by progressive microcephaly, epilepsy, liver involvement and reduced 

coagulation factors. The clinical phenotype displayed by a deficiency in DPM2 significantly 

overlaps with the severe clinical features observed in DPM1 patients.  
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Defective DPM2 is mainly caused by a point mutation at tyrosine 23 (Tyr 23, Y23), p.Y23C. 

Tyr 23 was highly conserved during evolution and plays a very important role in stabilising the 

DPM synthase complex. [122, 134] The structure of the human DPM2 is predicted to have two 

TM domains. In the first TM domain two amino acid residues, tyrosine 23 and phenylalanine 

21(Phe21, F21) as shown in (Figure 1.22) are essential for the interaction of DPM1 with DPM3. 

[135] Another point mutation from glycine to glutamic acid (Glu, E), p.G10E, has been reported 

to cause low expression of DPM2 and subsequently leading to reduced DPM1 activity, Figure 

1.22. [119] 

 

Figure 1.22: Homology models for the human DPM2 and DPM3 generated by RaptorX and modelled on 

PyMOL. [121] (a) G10, F21 and Y23 are the residues that undergo point mutations in DPM2. (b) L85 is the 

residue that is prone to point mutations in DPM3. Point mutations at the highlighted residues lead to disease 

and defected glycosylation pathways. 

At cellular level, fibroplasts which have a deficiency of DPM2 display a phenotype that is 

characterised by the accumulation of truncated oligosaccharides, Dol-PP-GlcNAcMan5. 
[130b, 

136] These are transferred onto proteins leading to defective N-linked and O-linked 

mannosylation pathways. In addition, since DPM2 also associated with GPI-GnT, it is possible 

that any mutation or defects in DPM2 could potentially have an adverse impact on GPI-anchor 

biosynthesis. 

1.4.4 Mutations in the DPM3 gene 

As previously stated, DPM3 is responsible for genetic disorders called alpha-

dystroglycanopathies and patients that suffer from these disorders experience muscular 

(b) DPM3(a) DPM2

F21

G10

L85
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dystrophy. [128] Alpha-dystroglycanopathies are caused by a deficiency of enzymes affecting 

protein O-mannosylation. Generally, these disorders exhibit a more organ-restricted clinical 

phenotype, including variable degrees of eye and brain anomalies and muscular dystrophy such 

as the Walker-Warburg syndrome. [128] Muscular dystrophy is a condition best described as a 

complex brain development disorder. The accessory protein DPM3 plays an integral role in 

this process; a mild defect in DPM3 leads to the observed clinical phenotype. DPM3 is required 

for four glycosylation routes, and hence the observed phenotype might be due to a deficiency 

in O-mannosylation of alpha-dystroglycan. Data from investigations carried out on a DPM3-

deficient patient showed that the absence of DPM3 leads to reduced N-glycosylation, defective 

C-mannosylation, impaired GPI anchor biosynthesis and severely reduced O-mannosylation. 

[130, 137] The O-mannosylation pathway is affected the most as a consequence of DPM3 

deficiency. As mentioned earlier, Dol-P-mannose is the sole glycosyl donor for all 

mannosylation reactions that occur on the luminal side of the ER; it stands to reason that a 

deficiency of DPM3 synthase will lead to defects in the four glycosylation pathways. In 

addition, a point mutation in DPM3 from leucine (Leu, L) to Serine (Ser, S), p.L85S, causes a 

reduction in both DPM1-binding capacity to DPM3 and DPM1 stability in vivo, Figure 1.22. 

[128, 133] 

1.4.4.1 CDG diagnosis and treatment 

CDG patients display a significantly broad clinical spectrum and various methods of CDG 

diagnosis currently employed include isoelectrofocusing (IEF) of serum transferrin, enzymatic 

measurements, mutation studies, prenatal diagnosis, LLO analysis an glycan structure analysis. 

[126, 138] 

IEF of serum transferrin- this procedure is the hallmark of introductory screening for CDG. 

Transferrin is a ubiquitous serum glycoprotein that contains two N-glycosylation sites. The 

majority of transferrin molecules comprise of two biantennary chains with terminal negatively 

charged sialic acid residues. [126] The main serum transferrin is called tetrasialotransferrin. Any 

defects in N-glycan biosynthesis lead to an ineffective incorporation of sialic acid moieties. An 

increase or decrease in the negative ion charge caused by the presence of sialic acid molecules 

causes a cathodical shift in the IEF pattern of transferrin. IEF patterns are then compared to the 

patterns produced by control plasma and hence abnormal patterns can be deduced. One of the 

limitations of this diagnostic technique is that it is mainly based on sialic acid and hence any 

other defects caused by other sugars, such as a fucose deficiency, cannot be detected. [139] 
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Enzymatic measurements- following an abnormal IEF profile, enzymatic assays of 

phosphomannomutase (PMM) and/or phosphomannose isomerase (MPI) are carried out. [140] 

PMM and PMI enzymatic activity is measured in the patients’ fibroplast or leucocyte cells. 

Decreased activity suggests mutations or abnormalities to these enzymes. 

Mutation studies- missense mutations are predominant in the PMM2 gene, with approximately 

40% of patients harbouring a R141H mutation. [125] Other mutations include F119L, V231M 

and P113L. Patients that suffer from an MPI deficiency also have missense mutations, with the 

predominant one being A333V. 

Prenatal diagnosis- direct mutation analysis in the foetus is carried out with this diagnostic 

technique. This method is utilised to test all types of CDG as long as the molecular defect is 

known, on condition that the mutation has been detected in one or both parents. [141] 

LLO analysis- this method is based on that N-glycosylation in the Golgi apparatus is conserved 

in eukaryotes. Yeast genetic techniques are employed, and they have been instrumental in both 

the investigation and identification of new N-glycosylation defects in humans. The LLO 

structures of patients are compared to yeast mutant strains, and this enables the identification 

of different mutations in humans that can be linked to a certain type of CDG. [125] However, 

this method is only effective in the diagnosis of defects that occur in the cytosol and ER. 

Glycan structure analysis- identifying glycan structures present makes it possible to pinpoint 

candidate genes and enzymes that are responsible for the observed abnormalities in patients. 

Analytical techniques such as electron spray ionisation mass spectrometry (ESI-MS) of 

glycoproteins allows separation of various glycoforms and nuclear magnetic resonance 

spectroscopy (NMR) enables the determination of glycan variants. [142] Other techniques 

utilised include anion exchange chromatography, western blotting, IEF and capillary zone 

electrophoresis. [125] 

Currently, there are no effective treatments available for CDG patients. There are reports of 

patients suffering from CDG-Ib who have shown significant improvement after taking oral 

mannose, however, high mannose intake leads to osmotic diarrhoea and other health problems. 

[143] At present, there is no crystal structure for DPM1, DPM2 and DPM3, and these enzymes 

are a challenge to study in vitro because they function as a unit and some of the components 

are membrane-bound. In general, membrane proteins are challenging to express, purify and 

utilise in vitro due to low expression levels, tendency to aggregate and hence significantly 

challenging purification. Alternative homologues and animal models could offer the potential 
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to study and test therapeutic approaches. Gaining an insight into enzymes like the catalytic 

subunit, DPM1 synthase, would be tremendously beneficial in the development of drug 

therapeutics for patients who suffer from these multisystemic disorders. 

1.4.5 Inhibitors of DPM and PPM synthases 

One of the most useful methods for studying multienzyme pathways involves the use of 

inhibitors to block specific steps in the pathways. Natural product inhibitors for DPM and PPM 

synthases such as amphomycin, tunicamycin and friulimicin B, Figure 1.23, are briefly 

discussed below  

Amphomycin (11, produced by Streptomyces canus) is a lipopeptide antibiotic that is 

commonly known to act as an inhibitor in bacterial cell wall biosynthesis, Figure 1.23. In the 

1970s, amphomycin was also reported to inhibit mannose and GlcNAc incorporation into 

dolichol-linked saccharides. [144]  

 

Figure 1.23: Chemical structure of amphomycin, tunicamycin and friulimicin B. 
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Dolichol-linked saccharides are involved in the glycosylation of glycoproteins that contain 

mannose and GlcNAc with the oligosaccharide molecule attached to the protein via a 

glucosaminyl to asparagine bond (N-linked glycosylation). Generally, GlcNAc 1- phosphate is 

conveyed from UDP-GlcNAc to dolichyl-phosphate and this results in the formation of a 

GlcNAc-pyrophosphoryl-dolichol moiety. [145] A second GlcNAc molecule is subsequently 

added to synthesise a disaccharide-lipid called N, N’-diacetylchitobiosylpyrophosphoryl-

dolichol. This disaccharide-lipid then acts as an acceptor molecule for mannose residues. [144] 

The mannose residues come from two sources; the first residue which forms a β-linkage comes 

from GDP-mannose and there is evidence to suggest that the other ones come from mannosyl-

phosphoryl-dolichol. [144] Amphomycin acts by inhibiting the transfer of mannose from GDP-

mannose to dolichyl phosphate, thereby blocking the formation of Dol-P-Man. Amphomycin 

forms a complex with Dol-P in the presence of divalent cations such as Ca2+; thereby blocking 

the transfer of mannose to the lipid phosphate. Intriguingly, there is no evidence to show that 

amphomycin hinders the transfer of mannose from existing Dol-P-Man to lipid-linked 

oligosaccharides or from the lipid-oligosaccharides to glycoproteins, or the transfer from GDP-

mannose directly onto lipid-oligosaccharides. [146]  

Tunicamycin (12) is an antiviral antibiotic isolated from Streptomyces lysosuperificus (S. 

lysosuperificus), Figure 1.23. This antibiotic shows activity against Gram-positive bacteria, 

plant viruses, animal, yeast and fungi. There is evidence to suggest that tunicamycin inhibits 

the dolichol pathway by preventing the transfer of GlcNAc-1-phosphate from UDP-GlcNAc to 

dolichol phosphate, hence, preventing the formation of lipid-linked saccharides through a 

diphosphate moiety.[147] Ultimately, blocking the biosynthesis of lipid-linked saccharides 

hinders the protein glycosylation (N-glycosylation) leading to malfunctioning and/or lack of 

secretion of some proteins. [148] 

Friulimicin B (13) is a naturally occurring cyclic lipopeptide produced by actinomycete 

Actinoplanes friuliensis (A. friuliensis), Figure 1.23. This natural product shows high activity 

against a wide range of Gram-positive bacteria, including pathogens such as MRSA, obligate 

anaerobes and enterococci. [149] Friulimicin B severely affects the cell envelope of Gram-

positive bacteria by interrupting the cell wall precursor cycle. Friulimicin B works by forming 

a Ca2+-dependent complex with the bactoprenol phosphate carrier (C55-P) without affecting 

cell membrane integrity. [150] In Gram-positive bacteria, bactoprenol phosphate carrier (C55-P) 

acts as the central lipid carrier of membrane-associated biosynthesis pathways. Bactoprenol 

phosphate carrier (C55-P) also plays a major role as a lipid carrier in teichoic acid biosynthesis 
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and provides transport for polysaccharides across the cytoplasmic membrane. [149] Therefore, 

abduction of the C55-P lipid carrier should interrupt the process of precursor cycling and 

ultimately block the synthesis of a functional bacterial cell. Thus, suggesting that friulimicin B 

has the potential to be utilised an inhibitor for GTs like DPM synthase and other homologues 

that utilise lipid phosphates as substrates. 

1.5 DPM synthase in plants 

Protein N-glycosylation and GPI-anchor biosynthesis processes are not only present in 

eukaryotes, prokaryotes and archaea but they are also very common in plants; however, in these 

protein O- and C-mannosylation does not take place. [151] Various steps of N-glycan synthesis 

pathways are reported to be crucial for plant development and defence. GPI-anchored proteins 

are essential components of plant cellular surfaces and they are also involved in the regulation 

of various aspects of plant development, including cell wall integrity, cellulose deposition, root 

growth, and they have also been implicated in interactions that lead to plant pathogenesis. [152] 

Investigations of plant N-glycosylation and GPI-anchor biosynthesis pathways and relevant 

enzymes involved have been carried out on the model plant Arabidopsis thaliana. [151] On the 

basis of sequence alignment, the structure of the DPM synthase (DPMS) from Arabidopsis 

thaliana is highly analogous to the structure of the human DPM synthase. The DPM1 synthase 

from Arabidopsis thaliana and the DPM1 synthase from humans are 59.6% identical and 

76.5% similar as predicted by Emboss Needle. In plants, Dol-P-Man synthesis is also carried 

by three genes that encode DPMS1, DPMS2 and DPMS3 proteins. These three proteins are 

orthologs of the human DPM synthase; and just like in the human enzyme, they assemble into 

a functional complex where DPMS1 serves as the catalytic subunit. The subcellular localisation 

of the DPMS protein has been experimentally confirmed to be in the ER membranes of 

Arabidopsis leaves; confirmation was obtained by tagging the proteins with a green fluorescent 

protein (GFP) marker and then using a confocal microscope to identify localisation. [153] 

DPMS1 directly affects a wide range of aspects that influence the development of Arabidopsis, 

for example root growth, seed architecture, induction of chlorosis as well as sensitivity to 

ammonium. [154] 

The biological role of DPMS in plants is not well understood, however, experimental evidence 

from in vitro investigations carried out in Arabidopsis shed some insight. [151] Similar to the 

human DPMS1, no enzymatic activity is observed when recombinant DPMS1 is expressed in 

E. coli. [155] Nonetheless, in vitro synthesis of Dol-P-Man was achieved when a reconstituted 

enzyme system comprising DPMS1, DPMS2 and DPMS3 solubilised in detergents was 
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utilised. The contribution of each protein to enzyme catalysis was demonstrated by testing the 

following combinations: DPMS1+DPMS2+DPMS3, DPMS1+DPMS2, DPMS1+DPMS3 and 

DPMS2+DPMS3. Combinations of DPMS1+DPMS2 and DPMS1+DPMS3 showed 5 and 

20% reduced activity respectively, relatively to the DPMS1+DPMS2+DPMS3 combination. 

[151] There was no enzyme activity observed with DPMS2+DPMS3, thus confirming the crucial 

catalyic role of DPMS1. 

As previously mentioned in preceding sections, GDP-mannose is the sole donor of mannose in 

the Golgi apparatus and Dol-P-Man is the donor in the ER. Dol-P-Man is synthesized via a 

two-step mechanism which starts with the formation of Dol-P followed by the addition of a 

mannose residue from GDP-mannose. In yeast and mammalian cells, Dol-P is exclusively 

derived from the mevalonate pathway and this reaction occurs between the cytosol and the ER 

compartments. [156] The pathway for Dol-P synthesis in plants is slightly different; the primary 

steps of Dol-P synthesis are initiated in the plastids from isopentenyl diphosphate (IPP), and 

IPP itself is derived from the mevalonate pathway. [157] Dolichols ranging from Dol14 to Dol23  

are produced in Arabidopsis; liquid chromatography–electrospray ionisation-mass 

spectrometry (LC-ESI-MS) was utilised to analyse the synthesized mannosylated dolichol 

phosphates. [158] 

As previously stated, DPMS plays a significant role in various aspects of plant development; 

in Arabidopsis and other members of the Brassicaceae family, and the Dol-P-Man pathway has 

been linked to ammonium (NH4
+) sensitivity or toxicity. [158] Plants need nitrogen for various 

metabolic pathways essential for plant development, and nitrogen is assimilated as its reduced 

ammonium form. Evidence of ammonium toxicity includes strongly chlorotic leaves resulting 

in a bleached phenotype and drastically reduced root growth. Ammonium sensitivity has been 

reported to be primarily a consequence of a disturbance in Dol-P-Man biogenesis and its 

downstream utilisation. [158] However, since Dol-P-Man is required for N-glycan and GPI-

anchor biosynthesis in plants, it is fairly reasonable to expect that these pathways are also 

affected. Given the increasing number of implications of glycan-linked proteins and pathways 

leading to their formation in various forms of life, further insight into the structure and function 

of the enzymes (DPMS) is of paramount importance. 

1.6 Stereochemical divergence in archaea 

In a recent publication by Eichler et al., it has been reported that the stereochemistry of sugar 

addition by GTs is not conserved across evolution. [159] Eukaryal and archaeal DPM synthases 
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catalyse similar reactions, however, the products of these reactions have different 

stereochemistry.  

Interestingly, in archaea, the sugar moieties added to dolichol monophosphate are found as α-

anomers. This has been observed at the inception of archaeal N-glycosylation pathways; these 

pathways include the synthesis of dolichol monophosphate-GlcNAc by Methanococcus voltae 

(M. voltae) and Haloferax volcanii (Hfx. Volcanii). [159] The conformation of the 

stereochemistry was confirmed by 31P-decoupled 1H nuclear magnetic resonance (NMR). 

These findings imply that, in some instances, archaea utilise a retaining mechanism. As 

previously indicated, the retaining mechanism is still not well understood. In addition, there is 

no sequence or structural distinction between eukaryal and archaeal GTs; hence, the basis of 

the divergence in stereochemistry is also unclear. 

1.7 Dolichol phosphate mannose synthase from Saccharomyces cerevisiae 

There is increasing evidence that supports the existence of two classes of yeast DPM synthases; 

the first consists of a homomeric enzyme termed DPM1 synthase or DPMS1, and the second 

is constituted by a heteromeric enzyme complex which consists of three protein components, 

namely catalytic DPMS1, and non-catalytic DPMS2 and DPMS3 proteins. Examples of the 

first class consisting of the homomeric protein include DPMS1 from Trypanosoma brucei, 

Leishmania mexicana, Thermoplasma acidophilum and Saccharomyces cerevisiae. [158] 

Examples of the heteromeric protein class include DPM synthases from mammals such as 

Trichoderma ressei, Schizosaccharomyces pombe and Homo sapiens (as discussed in the 

previous section). [158]  

In yeast (S. cerevisiae), the DPM1 synthase gene encodes for a protein (DPM1 synthase, 

E.C.2.4.1.83) composed of 267 amino acids with a single hydrophobic domain, potentially 

membrane spanning, near the C-terminus of the polypeptide chain as shown in Figure 1.24. 

The DPM1 synthase from yeast is predicted to have the typical GT-A fold secondary structure 

architecture comprising two Rossmann-like folds (ß/α/ß domains). The signature ‘DXD’ 

catalytic motif is also conserved in yeast. There is currently no crystal structure for the yeast 

DPM1 synthase, however, this enzyme has been extensively studied through other techniques 

and for a long time it has been used as a model to understand the structure and function of 

larger heteromeric systems like the human DPM synthase. DPM1 from yeast, like other 

homologous enzymes discussed above, catalyses the transfer of GDP-mannose to some form 
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of dolichol lipid phosphate acceptor substrate. Generally, in fungi, these lipid-phosphates are 

composed of predominantly of 16-19 isoprene units. [160] 

 

Figure 1.24: Homology model for DPM1 synthase from S. cerevisiae generated by Raptor X and modelled 

using PyMOL. [121] 

Dol-P-Man is subsequently used as a substrate for N-, O- glycosylation and GPI anchor 

biosynthesis pathways. Interestingly, in yeast, subsequent glycosylation steps leading to N- or 

O- linked glycosylation or GPI anchor biosynthesis are carried out by at least 16 GTs that 

utilise lipid phosphates as substrates. [160]  

The yeast DPM1 also contains a consensus sequence consisting of 13 amino acids, 

LFVXFXXIPFXFY. This sequence is highly conserved in the putative membrane–spanning 

domains of three GTs from yeast, and this sequence was believed to be a “dolichol recognition 

sequence”. [161] This assumption was based on the fact that this consensus sequence is predicted 

to be located in membrane where it could possibly interact with the membrane-bound lipid 

phosphate substrates. However, recent studies have shown that the consensus sequence is not 

essential for mannosylation to occur and the hydrophobic region functions as an integral 

membrane anchor. [160] Various studies have been conducted to investigate the structure and 

function of the yeast DPM1 synthase, and one of the most recent studies utilised Forster 

Resonance Energy Transfer (FRET). [162] This is employed to measure distances between 

specific amino acids in the enzyme substrate analogues that have a fluorophore/chromophore 

attached to them. FRET works by measuring the energy transferred between light sensitive 

molecules (fluorophores/chromophores). 
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In the study by Lamani et al, FRET was utilised to acquire preliminary information on the 

structure of the yeast DPM1 synthase and the activity of the enzyme with acceptor substrates 

such as dolichyl-phosphate and its analogues. [162] Acceptor substrates were chosen as the focus 

of this study mainly because DPM1 shows specificity for GDP-mannose and shows less 

specificity towards lipid phosphates. [163] Lamani et al were interested in two amino acid 

residues, namely Cys93 and Trp133. FRET analysis was conducted to investigate the effect of 

substrate binding on Cys93 and Trp133. It was not clear what role these amino acid residues 

played in substrate binding or catalysis, however, deductions from the investigations concluded 

that these residues might be in close proximity to the active site. There was no evidence from 

the FRET studies to suggest that these residues were directly involved in substrate binding. 

A model for S. cerevisiae was created by sequence alignment of the DPM1 synthase to the 

crystal structure of the enzyme SpsA. SpsA is 15.6% identical and 28.8% similar to the yeast 

DPM1 synthase (as predicted by Emboss Needle), and it has been implicated in the synthesis 

of the spore coat of Bacillus subtilis. This enzyme also belongs to the GT2 family of inverting 

enzymes. A possible 3D model for the DPM1 synthase was successfully generated using 

RaptorX and modelled by PyMOL as shown in Figure 1.24. Structural alignments of the DPM1 

model with the SpsA complex allowed the donor substrate, GDP-mannose, along with two 

Mg2+ ions to be placed in the enzyme active site. Lamani et al also concluded that Tyr12 and 

Asp44 might be involved in binding and positioning of the donor substrate moiety, Figure 1.25; 

these residues are also conserved in humans and bacteria (highlighted in yellow in Figure 1.27). 

[162] The other residues believed to be involved in the binding of the acceptor substrate and the 

divalent metal ions are also shown in Figure 1.25 and they are also conserved throughout all 

the organisms. At the start of my PhD project, this was the only proposed model for DPM and 

PPM synthases.  
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Figure 1.25: Model of the catalytic site of DPM1 from yeast according to Lamani et al. [162] 

As stated previously, mannosyl glycans play an essential role in various physiological 

processes in yeast, for example, in maintaining protein stability and directing protein 

localisation. In yeast, any defects in the protein O-mannosylation biosynthetic pathway results 

in compromised cell wall integrity and complete loss of O-mannosylation leads to lethality. It 

is therefore very important to gain more in-depth and direct insights into the actual structure 

and function of these enzymes. In addition, understanding the structure and function of the 

yeast DPM1 enzyme will be pivotal in the development of novel antifungals. 

1.8 Ppm1: a polyprenyl phosphomannose synthase from Streptomyces coelicolor 

The human DPM synthase is a multicomponent enzyme with two accessory proteins that 

contain TM helices, and the yeast DPM1 synthase has a hydrophobic domain that is tethered 

to the ER membrane. Generally, there are several challenges encountered with working with 

membrane or membrane-associated proteins, and these include technical problems with 

expression, extraction, solubilising and purification. [164] However, these enzymes are very 

important as they form glycans and glycoconjugates that are utilised in various pathway 

discussed in previous sections, therefore it is imperative to gain an understanding of their 

structure and function.  

Bacterial PPM synthases have been identified as homologues of DPM synthases that are more 

amenable to study as they possess only one domain, Figure 1.26. 
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Figure 1.26: Structural differences of DPMs/PPMs across different organisms. (a) Homology model for the 

human DPM synthase complex (DPM1+DPM2+DPM3); (b) GtrB dimer, a PPMS from Synechocystis (PDB 

5EKP); (c) homology model for DPM1 from S. cerevisiae, and (d) homology model for Ppm1, a PPM 

synthase from S. coelicolor. Homology models were generated by Raptor X and structures were modelled 

on PyMOL. [121] 

For instance, it has been early reported (by Prof Maggie Smith and others) that both a putative 

protein O-mannosyltransferase Pmt (encoded by SC03154/SCE87.05) and a polyprenyl 

phosphate mannose synthase, Ppm1 (encoded by SC01423/ SC6D7.16) are required for phage 

ϕC31 infection in S. coelicolor. [111a] The phage receptor is a glycoprotein generated through 

the O-mannosylation pathway; with Pmt and Ppm1 responsible for the synthesis of this phage 

receptor. Ppm1 (SC6D7.16) catalyses the transfer of the mannose moiety from GDP-mannose 

to a polyprenol phosphate, forming polyprenyl phosphate mannose (Pol-P-Man). Pmt 

(SCE87.05) subsequently uses Pol-P-Man as a donor substrate and catalyses the transfer of 

mannose from activated Pol-P-Man to a Ser/Thr in target peptides or proteins. 

As prokaryotes do not have dolichols, polyprenyl molecules such as undecaprenyl phosphate 

are utilised to synthesize Pol-P-Man. Ppm1 has been reported to have a broad range of substrate 

specificity in vivo: indeed the enzyme was able to mannosylate exogenous phosphates such as 
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C35-P, C40-P, C45-P, C50-P, C55-P, C75-P and C95-P. [111b] Radiolabelled GDP-mannose was 

utilised as a substrate for these reactions and according to A.S.V.S Wehmeier et al, C45-P is the 

preferred substrate utilised by Ppm1 from S. coelicolor. The role of protein glycosylation or 

Ppm1 and Pmt in prokaryotes such as mycobacteria and Streptomyces is not fully understood. 

A recent publication indicates that these enzymes are both involved in the O-mannosylation of 

a periplasmic phosphate binding protein (PstS). [111a] Phosphate is an essential element or 

nutrient, and PstS is integral to its utilisation in prokaryotes. In Streptomyces, PstS is expressed 

to a high level and phosphate depletion has been associated to switch on antibiotic biosynthesis, 

[165] whereas in M. tuberculosis any mutations in the glycosylation of PstS results in attenuated 

virulence possibly due to phosphate limitation. [166] 

The Ppm1 synthase encoded by SC01423/ SC6D7.16 in S. coelicolor has been chosen as a 

study model for both PPMs and DPMs in my thesis. Indeed, this bacterial enzyme is highly 

homologous to the DPM1 synthases from humans and yeast (Figure 1.27 and Table 1.2).  

 
Figure 1.27: Sequence alignment of DPM1 from S. cerevisiae, PPM1 from S. coelicolor (encoded by 

SC6D7.16 object of my thesis) and DPM1 from Homo sapiens generated by ClustalW. 

The sugar nucleotide donor binding motif, DXD (highlighted in green in Figure 1.27), is 

conserved across yeast, bacterial and humans. [167] Interestingly, the N-terminus of PPM1 from 

S. coelicolor has approximately 6% identity to DPM2 in H. sapiens, and the C-terminus has 

about 10% identity to DPM3 in H. sapiens (sequence identities predicted by utilising the 

program Emboss Needle). This suggests that Ppm1 is homologous to the DPM synthase 

multicomponent complex as a whole, and not solely the catalytic unit DPM1. 
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Name of organism Protein Identity Similarity 

 

S. cerevisiae and S. coelicolor DPM1 & PPM1 

 

23.2%  37.1% 

S. coelicolor and Homo sapiens PPM1 & DPM1 

 

26.9% 43.1% 

Table 1.2: Identity and similarity between the DPM1 from S. cerevisiae and the PPM1 from S. coelicolor, 

and between PPM1 from S. coelicolor and DPM1 from Homo sapiens as predicted by Emboss Needle. 

Also conserved is R82 in S. coelicolor; as previously mentioned, any mutation to this amino 

acid in humans (R92G in DPM1, highlighted in magenta in Figure 1.27) causes the most severe 

phenotype of CDGs. Other conserved amino acids that lead to disease in humans include G143 

(G152V in DPM1, highlighted in grey in Figure 1.27) and interestingly L205 (L85S in DPM3, 

highlighted in blue in Figure 1.27). In humans, mutations to both G152 and L85 lead to 

decreased binding capacity of DPM1 to DPM3. Interestingly, the C-terminus of PPM1 shares 

identity with DPM3 (section 4.3), and it is in this C-terminus region that the disease causing 

L85S mutation is found. 

 

Figure 1.28: Homology model of PPM1 synthase from S. coelicolor predicted by Raptor X and modelled 

using PyMOL. [121] The ‘signature’ DXD motif is highlighted in red on the surface model. 

There is currently no crystal structure for the Ppm1 synthase from S. coelicolor. This enzyme 

belongs to the GT-A fold of inverting glycosyltransferases and has a secondary structure 

architecture consisting of two Rossmann-like folds (ß/α/ß domains), according to homology 

models that I generated for this project (Figure 1.28 and Chapter 5, section 5.2.1.3). The Ppm1 

gene SC6D7.16 encodes a protein of 302 amino acids (approximately 32.5 kDa in weight). 

Insights into the structure and the function of this Ppm1 synthase would be tremendously 

DXD motif 
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beneficial for the development of novel therapeutics, as well as novel biocatalysts and tools for 

natural product biosynthesis applications.  

1.8 Aims & Objectives of this work 

Prior to the beginning of my PhD studies, Dr Tosin had identified the Ppm1 from S. coelicolor 

as a possible suitable candidate to study PPM and DPM synthases due to the high solubility of 

a functional recombinant enzyme (Chapter 2, section 2.2.3). It was indeed envisaged that this 

enzyme would be amenable for functional and structural characterisation, whereas most 

homologues of this class are membrane-bound and mostly insoluble.  

The overall aim of this thesis was to gain an in-depth insight into the structure and the function 

of Ppm1 from S. coelicolor as a model for both the structure and function of the human DPM1 

synthase as well as of PPM synthases in general. This has been addressed by pursuing the 

following objectives: expression and purification of the recombinant enzyme and other 

homologues for structural and functional studies (Chapter 2); enzyme site-directed mutagenesis 

to determine the key residues for catalysis (Chapter 3); the synthesis of acceptor mimics for 

enzyme activity assays (Chapter 3); enzyme functional and kinetic studies (Chapter 3); 

chemical rescue of enzyme defective mutants (Chapter 4), and enzyme structural studies via 

X-ray crystallography and solution NMR (Chapter 5). In addition, I have pursued collaborative 

work with Nathaniel Holman (Smith Group, University of York) in order to investigate 

antibiotic hypersensitivity associate to Ppm1 mutations in S. coelicolor (Chapter 3, 4 and 6). 

Overall conclusions and new research directions are presented in chapter 6, and experimental 

details of my work are all outlined in Chapter 7.  
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2 Expression and purification of S. coelicolor Ppm1 and other 

homologues 

In the previous chapter, the Ppm1 synthase from S. coelicolor was introduced as a suitable 

model to study in vitro in order to gather functional and structural insights into DPM/PPM 

synthases. In this chapter, I will describe the cloning, expression and purification of this 

enzyme, as well as that of a C-terminus truncated version of it. The Ppm1 synthase was 

truncated in order to generate a smaller protein that is still functional and more amenable for 

biophysical characterisation (by X-ray crystallography and solution NMR, chapter 5). I will 

also describe and discuss the expression and purification of two synthetic constructs encoding 

recombinant enzymes of the same class: a putative PPM synthase from S. thermolilacinus (a 

thermostable homologue of Ppm1), and the human DPM1 synthase (the catalytic unit of the 

human DPM synthase complex). I will also highlight the challenges associated with the 

expression and purification of this enzyme class and how we successfully managed to 

overcome some of them. 

2.1 Identification and in silico analysis of a putative polyprenyl/dolichyl 

phosphomannose synthase from S. coelicolor 

The idea of this project came from Dr Manuela Tosin’s previous work in natural product 

biosynthesis. Dr Tosin identified genes that encode for GT enzymes responsible for natural 

product mannosylation (unpublished results) in the mannopeptimycin gene cluster (Chapter 1, 

section 1.3) and other mannosylated natural products. Amongst these, mppG from the 

mannopeptimycin gene cluster is highly similar to SC6D7.16 from S. coelicolor which encodes 

for the Ppm1 synthase previously discussed (Chapter 1, section 1.7). 

This enzyme consists of 302 amino acids, as shown below in Figure 2.1. The bioinformatic 

software ExPASy was utilised to compute the isoelectric point (pI, approximately 5.6) of the 

protein and to predict its molecular weight (approximately 32.5 kDa) based on the primary 

sequence.  
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Figure 2.1: Amino acid sequence of a putative PPM synthase (Ppm1) from S. coelicolor encoded by 

SC6D7.16 (Uniprot Q9RKY2). The enzyme consists of 302 amino acids and has a pI and molecular weight 

of 5.64 and 32.5 kDa respectively. The pI and molecular weight of the protein was computed by ExPASy 

based on the amino acid sequence. 

The amino acid sequence of the S. coelicolor Ppm1 was also utilised to generate a Kyte-

Doolittle hydrophobicity plot, Figure 2.2, which indicated that Ppm1 be soluble. [168] Hence, it 

was deemed tractable for in-depth in vitro structural and functional investigation. 

 

Figure 2.2: Kyte-Doolittle Hydrophobicity Plot for Ppm1 from S. coelicolor. The plot was generated using 

the EXPASy ProtScale tool (window size 19-21). [169] No transmembrane regions (characterised by peaks 

above the red line at 0) were predicted. 

GSSHHHHHHSSGLVPRGSHMMNDGDGTPAAAARERRFGPLGTALVIIPTYNEAENIKAIVTRVREAVPE

AHVLVADDNSPDGTGKADELAAADDHVQVMHRKGKEGLGAAYLAGFRWGLEHGYGVLIEMDADGSHQPE

ELPRLLTALKGDLVLGSRWVPGGRVVNWPKSREIISRGGSMYSRIALDLPLRDITGGYRAFRRETLEGL

GLEEVASQGCFQVDLARRAIKAGYHVVEVPITFVERELGDSKMSRDILVEALWRVTTWGVGERVGKVLG

RDRRSTAADGQTASSGTDGRTASSDRSTDSLDESAKASDAKA 

 

302 amino acids     Theoretical pI/Mw 5.64/32508.49 
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Figure 2.3: Homology model for Ppm1 from S. coelicolor predicted by Raptor X and modelled by PyMOL. 
[121] 

Most GTs have TM regions and/or membrane-associated regions, hence major challenges are 

associated to their studies in vitro in a non-lipid environment. These include low expression 

levels particularly from heterologous hosts, as well as problems with solubilisation and 

purification. [170] Furthermore, as previously stated, most GTs have flexible linkers or 

disordered regions, which can lead to protein instability. Hence, it is imperative to optimise 

both expression and purification methods when investigating membrane or membrane-

associated proteins. In the following sections the choice of a suitable heterologous expression 

host and buffer optimisation for recombinant Ppm1 purification are described.  

2.2 Expression and purification of S. coelicolor recombinant Ppm1  

2.2.1 Choosing a suitable protein expression strain 

Recombinant overexpression of proteins in heterologous hosts can be a challenging task. The 

ability to express and purify a recombinant protein in large quantities is crucial for its 

biochemical and biophysical characterisation. There are various host systems that are available, 

and these include bacteria, yeast, fungi and unicellular algae. [171] Each of them present 

advantages and disadvantages, and their selection largely depends on the protein of interest. E. 

coli is still the most common platform for high-yield production of proteins due to its well-

established genetic characteristics, high recombinant expression levels and fast growth kinetics 

(doubling time is approximately 20 minutes). [171] Common examples of widely used E. coli 

recombinant protein expression strains include BL21 (DE3) and Rosetta (DE3) cells. BL21 

(DE3) is a basic IPTG-inducible strain that contains T7 RNA polymerase (DE3). [172] This 
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bacterial strain is deficient of Ion and ompT proteases, and is generally used for the expression 

of bacterial proteins, whereas the Rosetta (DE3) strain is commonly used for the expression of 

eukaryotic proteins: this strain is generally good for ‘universal’ translation because it contains 

7 additional tRNAs for rare codons not typically found in E. coli. [172] Previously Dr Tosin had 

cloned the SC6D7.16 gene encoding for a putative Ppm1 synthase from S. coelicolor into a 

pET-28a(+) vector (Appendix 8.1) from genomic DNA. The SC6D7.16 gene was cloned 

between the NdeI and BamHI restriction sites and the plasmid was sequenced prior to protein 

expression. BL21 (DE3) and Rosetta (DE3) E. coli strains were preliminarily evaluated for the 

production of hexahistidine-tagged Ppm1. Higher expression levels were observed when using 

BL21 (DE3) based on SDS-PAGE analysis carried out by Dr Tosin; hence all subsequent 

protein expression experiments were carried out using this strain. The recombinant enzyme 

expressed in BL21 (DE3) and purified by affinity chromatography was found to be highly 

soluble and functional, as judged by thin layer chromatography (TLC) analyses of enzymatic 

assays (M. Tosin, unpublished results). However, further attempts to purify the enzyme by size-

exclusion chromatography (by Piera Marchetti, MChem student in the Tosin group) showed a 

high propensity to aggregation. Hence my initial work focused on the identification of protein 

purification conditions that could minimise this, including the use of detergents. 

2.2.2 Choosing a suitable detergent for protein isolation and purification 

Detergents have been widely used to solubilise membrane proteins and to minimise protein 

aggregation during protein purification. [173] Generally, protein aggregation is dependent on 

solution conditions such as concentration, temperature, conductivity and pH. [174] Detergents 

closely mimic the cell membrane lipid bilayer because of their self-assembling properties and 

are therefore highly suited for preserving the structural integrity of proteins following their 

extraction from their native environment. [175] Unlike biological lipids, detergents self-

assembly into well-defined structures or aggregates called micelles. The minimal concentration 

of detergent required to form micelles from detergent monomers is called critical micelle 

concentration (CMC). When purifying proteins, it is essential to use detergents at 

concentrations higher than the CMC. At concentrations much higher than the CMC, most of 

protein exists in the form of detergent-protein micelles. [176] 

Detergents are categorised according to their chemical structures into three main groups: 

▪ Non-ionic detergents: consisting of an uncharged hydrophilic head group of either a 

glycosidic or polyoxyethylene group, examples include n-octyl-β-D-glucopyranoside (OG, 
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14), n-dodecyl-β-D-maltoside (DM, 15), n-dodecyl-β-D-maltoside (DDM, 16) and 

nonaethylene glycol monododecyl ether (NGME, 20), Figure 2.4. These detergents are 

relatively mild and solubilise membrane proteins by disrupting lipid-lipid interactions and 

lipid-protein interactions. 

▪ Ionic detergents: comprising a polar head group that is either positively or negatively 

charged, and a hydrophobic tail, they are exemplified by sodium dodecyl sulfate (SDS, 17, 

Figure 2.4). These detergents are very effective at solubilising membrane proteins; however, 

protein denaturation may occur, and protein refolding may be necessary. 

▪ Zwitterionic detergents: composed of a polar head group that has both positively and 

negatively charged head groups (hence, the overall charge is neutral). The strength of 

action is in-between that of ionic and non-ionic detergents. Common examples include 3-

3[(3-Cholamidopropyl)dimethylammonio]-1-propanesulfonate (CHAPS, 18) and 3-3[(3-

Cholamidopropyl)dimethylammonio]-2-hydroxy-1-propanesulfonate (CHAPSO, 19), 

Figure 2.4. These detergents are very efficient in solubilising proteins; they efficiently 

disrupt protein-protein interactions; however, they are less harsh compared to ionic 

detergents. 

There is a wide variety of commercially available detergents that can be utilised for either 

membrane protein isolation/ purification, as well as to prevent protein aggregation in general. 

[176] It is critical to choose a detergent that is compatible with desirable downstream 

applications, such as protein crystallisation, biomolecular NMR and electron microscopy. For 

the purpose of my work, I investigated the effect of various detergents and other additives on 

protein aggregation. 
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Figure 2.4: Chemical structures of common detergents utilised for protein purification: n-octyl--D-

glucoside (14), n-decyl-β-D-maltoside (15), n-dodecyl-β-D-maltoside (16), sodium dodecyl sulfate (17), 3-

3[(3-Cholamidopropyl)dimethylammonio]-1-propanesulfonate (18),  3-3[(3-

Cholamidopropyl)dimethylammonio]-2-hydroxy-1-propanesulfonate (19) and nonaethylene glycol 

monododecyl ether (20). 

2.2.3 Ppm1 initial expression and purification 

The first aim of my project was to express and improve the purification protocol for the S. 

coelicolor Ppm1 to aid extensive structural and functional studies. As already mentioned, the 

gene encoding for Ppm1 (SC6D7.16, also known as SCO1423) was originally cloned by Dr 

Tosin from S. coelicolor genomic DNA into a pET-28a(+) vector (Appendix 8.1) and 

overexpressed in E. coli BL21 (DE3). As detailed in the supplementary section, the pET-28a(+) 

plasmid was transformed into BL21 (DE3) (complete with colony picking and setting up of 

pre-cultures using kanamycin-resistent colony selection). The recombinant Ppm1 bearing an 

N-terminal hexahistine tag was expressed by inoculating 1 Litre (L) of Luria-Bertani (LB) broth 

(containing 50 µg/mL of kanamycin). The 1 L culture was grown at 37 ºC with agitation for 3 

hours until the cells reached an optical density (OD) value between 0.4 and 0.6 absorbance 
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units (AU). Protein expression was induced by adding 0.5 mM of isopropyl β-D-1-

thiogalactopyranoside (IPTG ) and the culture was grown overnight in a 15 ºC shaker. The cell 

pellets were harvested by centrifugation at 4000 x g for 15 minutes, after which they were 

resuspended in 20 mL lysis buffer (containing 50 mM sodium phosphate, 10 % glycerol, 300 

mM sodium chloride, 10 mM imidazole and 0.3 mM magnesium chloride, pH 7.5). Cell lysis 

was performed using a constant pressure (20.1 psi) cell disruptor, and centrifugation at 10, 000 

x g for 15 minutes allowed cell debris and the supernatant to be separated. Immobilised metal-

affinity chromatography (IMAC) was utilised to perform protein purification; the clear 

supernatant obtained by centrifugation was loaded onto an agarose nickel affinity (Ni2+-

affinity) resin gravity column previously equilibrated with lysis buffer. The protein, bound to 

the resin via 6 x histidine tag (His6-tag), was subsequently washed with wash buffer (containing 

50 mM sodium phosphate, 10% glycerol, 300 mM sodium chloride, 20 mM imidazole and 0.3 

mM magnesium chloride, pH 7.5) and eluted from the column with elution buffer (50 mM 

sodium phosphate, 10% glycerol, 300 mM sodium chloride, 300 mM imidazole and 0.3 mM 

magnesium chloride, pH 7.5). The protein was isolated with a yield of 6-8 mg per litre of culture 

after IMAC. A 12% sodium dodecyl sulfate polyacrylamide gel (SDS-PAGE) showed the 

tagged protein to be of approximately 35 kDa, as shown in Figure 2.5. The mass of the protein 

had been previously determined to be of 34541 Da (ESI-MS analyses performed by a previous 

project student in the Tosin group, (Appendix 8.4) and was also independently found by me to 

be of 34535 Da via matrix-assisted laser desorption/ionisation-time of flight (MALDI-TOF 

analyses). 
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Figure 2.5: SDS-PAGE analysis of the expression of recombinant His6-tagged Ppm1 from S. coelicolor in 

E. coli BL21 (DE3). The enzyme (Ppm1) was eluted with 300 mM imidazole. The mass of the purified 

protein was found to be 34541 Da by ESI-MS. 

2.2.4 Optimisation of recombinant Ppm1 purification 

A previous MChem student in our group, Piera Marchetti, preliminarily reported that 

recombinant S. coelicolor Ppm1 isolated after IMAC is mainly aggregated protein; this was 

determined by size exclusion chromatography (SEC) and circular dichroism (CD) studies 

(unpublished results). To improve protein purification and limit protein aggregation, which 

constitutes a substantial hurdle to structural characterisation by crystallography or NMR: I 

investigated the use of various conditions and additives, which included exposing the protein 

to different pH values, salt concentrations, buffers and detergents. Protein samples (2.5 mg/mL) 

were incubated in different test conditions (reported in Table 2.1) at 37 ºC water bath for 1 

hour; a 100 kDa filter was then utilised to separate aggregates above 100 kDa from Ppm 1 

monomers, dimers and trimers (of sizes inferior or approximately equal to 100 kDa, Figure 2.6 

and 2.7). The non-aggregated protein sample was collected by centrifugation at 4000 x g for 

10 minutes; the aggregates were collected by inverting the 100 kDa and further spinned at 4000 

x g for 10 minutes to maximise monomeric/dimeric/trimeric protein recovery.  

Enzyme after Ni2+ affinity 

purification at ~ 34.5 kDa 
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Figure 2.6: (a) 100 kDa Amicon filter utilised to separate Ppm1 aggregates from monomers, dimers and 

possibly trimers. The protein monomer (of ~35 kDa in size, His6-tagged), its dimer (~ 70 kDa) and its trimer 

(~ 105 kDa) would pass through the filter upon centrifugation, whereas the protein in further aggregated 

state is too big to pass through the filter. (b) SDS-PAGE cartoon illustrating the separation of protein 

aggregates (A) and monomers/dimers/trimers. (T) after sample concentration through a 100 kDa cut-off 

filter.  

The extent of changes in aggregation was qualitatively estimated by loading 20 µl of protein 

sample filtrate, and 20 µl of retained aggregates on an SDS-PAGE, as exemplified in Figure 

2.6b.  

Table 2.1: Overview of pH ranges, salts, detergents and buffers screened for minimising Ppm1 

aggregation. The best conditions for this have been highlighted in red. 

 pH  Buffer  

pH 6.0 50 mM phosphate buffer, pH 7.5 

pH 6.5 50 mM Tris-HCl buffer, pH 7.5 

pH 7.0 50 mM MES buffer 7.5 

pH 7.5 50 mM Trizma Maleate buffer, pH 7.5 

pH 8.0 50 mM HEPES, pH 7.5 

Salts Detergents  

50.0 mM EDTA 0.1% NGME 

100 mM EDTA 0.2% NGME 

300 mM EDTA 0.5% DDM 

50.0 mM DTT 1.0% DDM 

100 mM DTT 0.7% OG 

300 mM DTT 1.4% OG 

50.0 mM NaCl 0.5% DM 

100 mM NaCl 1.0% DM 

300 mM NaCl  
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Amongst pH values ranging from 6 to 8, a pH of 7.5 was found to be the most efficient for 

minimising aggregation. Enzyme assays discussed in Chapter 3, section 3.7 were subsequently 

carried out at pH 7.5. Various buffers were examined, and 50 mM Tris-HCl and HEPES (4-(2-

hydroxyethyl)-1-piperazineethanesulfonic acid) were found to be optimal. Various additives 

were also screened, including NaCl (sodium chloride), EDTA (ethylenediaminetetraacetic 

acid) and DTT (dithiothreitol). Overall, the protein appeared less aggregated at relatively low 

EDTA and DTT concentrations (e.g. 50 mM) and at high concentration of NaCl (e.g. 300 mM). 

A selection of non-ionic detergents was also tested to determine whether they altered the 

aggregation state of the protein. These included DDM (16), NGME (20), DM (15) and OG 

(14). Amongst the concentrations of DDM and NGME ranging from 0.03% to 0.1% 

(concentrations above their CMCs) gave the best results as shown in Figure 2.7. The best 

conditions (highlighted in red in Table 2.1) were combined to develop an optimised purification 

protocol for the S. coelicolor recombinant Ppm1, which included the use of 50 mM NaH2PO4, 

300 mM NaCl, 10% glycerol, 0.3 mM MgCl2 and 0.03% DDM, pH 7.5. It is important to note 

that the best purification conditions could not be achieved without the use of detergents. 

 

Figure 2.7: SDS-PAGE analysis of Ppm1 subjected to filtration through a 100 kDa cut-off filter in the 

presence of DDM and NGME detergents at different concentrations (above their CMCs).  

Detergents were added to all buffers during Ni2+ affinity purification and subsequent SEC 

buffers and the enzyme was purified using a Superdex 200 pg column on the FPLC. When 
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using this column, the void volume elutes at approximately 45 mL, the Ppm1 synthase 

monomer elutes at 80 mL, the dimer at 70 mL and the trimer at 65 mL. 

No detergent
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Figure 2.8: Example of SEC elution profile for recombinant Ppm1 purified in the absence of detergent 

showing oligomerisation and the absence of clearly defined peaks. 3.8 mg/mL of protein was injected into 

the Superdex 200 pg column using a 2 mL. Peaks eluting at 65 mL indicate the presence of a trimer, dimers 

elute at 70 mL and monomers at 80 mL.  

In the absence of any detergent the SEC of Ppm1 showed extended oligomerisation and 

aggregation (Figure 2.8), whereas the presence of detergents at different concentrations in the 

gel filtration buffer allowed the isolation of purified Ppm1 as a dimer or a trimer (Figures 2.9 

and 2.10). 

In general, not all detergents were effective in reducing aggregation; for example, OG (14) and 

DM (15) did not improve the GFC elution profile of Figure 2.8. Only the use of detergents such 

as DDM and NGME significantly improved the purification process in aiding the isolation of 

Ppm1 as a dimer or a trimer, Figure 2.9 and 2.10. 
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Figure 2.9: SEC elution profiles for Ppm1 purified under different detergent conditions: (a) enzyme 

purified in 0.03% DDM, (b) enzyme purified in 0.03% DM, (c) enzyme purified in 0.1% NGME and (d) 

enzyme purified in 0.1% DDM. An average of 7 mg/mL of protein was injected into the Superdex 200 pg 

column using a 2 mL. Peaks eluting at 65 mL indicate the presence of a trimer, dimers elute at 70 mL and 

monomers at 80 mL.  

In general, Ppm1 was mainly isolated in its dimeric form. Native gel analyses were separately 

utilised to corroborate this (data not shown). Increasing the amount of detergent improved the 

yield of the amount of non-aggregated enzyme eluted, as shown in Figure 2.9a and Figure 2.9d. 

Typically to initiate crystallisation trials at least 10 mg of protein is required to obtain enzyme 

crystals; hence, a larger culture of protein was expressed, and 18 mg/mL of protein was purified 

by gel filtration. DDM was utilised as the detergent of choice due to its small micelle 

aggregation size compared to NGME.  
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Figure 2.10: Gel filtration profile for Ppm1 purified in 0.03% DDM (left) and 12% SDS-PAGE analysis of 

the fractions collected under the trimer peak. 2 mL of 18 mg/mL protein was injected into a Superdex 200 

pg column. Peaks eluting at 65 mL indicate the presence of a trimer, dimers elute at 70 mL and monomers 

at 80 mL.  

Increasing the amount of protein purified by gel filtration in one go led to the formation of 

aggregates and protein isolation as a trimer, Figure 2.10. Attempts to isolate the recombinant 

Ppm1 enzyme in its monomeric state alone by increasing detergent concentration proved 

unsuccessful. Interestingly, a monomer was obtained for one of the enzyme mutants described 

later on in Chapter 3, section 3.4, and purified in identical conditions to Ppm1. This indicates 

that this mutant (H116D) might possibly be involved in dimer formation.  

In addition, trial protein expression studies were carried out varying the amount of IPTG/ (with 

no IPTG as a control) to explore whether slowing protein expression could possibly improve 

folding and minimise the formation of aggregates (data not shown). Optimum protein 

expression was achieved with IPTG concentrations between 0.25-0.50 mM. Moreover, this did 

not seem to lead to significant changes in the SEC elution profile of Ppm1, hence an engineered 

truncated Ppm1 (∆42) and homologues were also investigated as possible valuable candidates 

for structural and functional analyses.  

2.3 Cloning, expression and purification of a truncated Ppm1 

A large number of proteins have intrinsically disordered or unstructured regions, which confer 

the protein conformational plasticity and flexibility. [177] However, proteins with intrinsically 

disordered regions are generally unstable and hence very challenging to crystallise. 

Conformational stability is an essential prerequisite for crystallisation and can be aided by the 

presence of ligands. [177] Besides, bioinformatics and molecular biology can be helpful and 

instrumental in devising and generating proteins that are still functional but lack disordered 

regions.  
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Early on in the project, the Ppm1 synthase was predicted to have disordered regions at both the 

N- and C-termini (Figure 2.11), which is typical of most glycosyltransferases (Chapter 1, 

section 1.1.1). 

 

Figure 2.11: Intrinsic disordered regions of Ppm1 as predicted by Secondary Structure Prediction (PSI-

PRED). Regions that have a disorder tendency above 0.5 (circled) are predicted to be unstructured. 

As previously mentioned in Chapter 1 (section 1.6), the yeast DPM1 homologue has a 

consensus sequence in the C-terminus (LFVXFXXIPFXFY). This was believed to be the 

binding site for the acceptor substrate Dol-P. However, it was later confirmed that this region 

is not essential for catalysis. [160-161] Therefore, to reduce disorder for Ppm1 and improve its 

conformational stability for structural studies we decided to truncate a portion of its C-

terminus, as highlighted in Figure 2.11 and 2.12. Exactly 42 amino acid residues were removed 

to produce a protein of approximately 29 kDa in size.  

 

Figure 2.12: Secondary structure map for S. coelicolor Ppm1 predicted by PSI-PRED. Disordered regions 

annotated in red and green at the C-terminus were truncated from the Ppm1 synthase. 

To truncate the SC6D7.17 encoding for Ppm1, forward and reverse primers were designed as 

follows: a CACC overhang was added to the forward primer at the 5’ end and a stop codon, 

TCA, was also added to the reverse primer. The TOPO cloning method (Chapter 7, section 

7.2.4) was utilised to amplify the gene of interest, with the primers shown in Figure 2.13: 
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Figure 2.13: Forward and reverse primers for the amplication of the SC6D7.16 gene leading to a truncated 

construct. 

The vector selected for TOPO cloning was TOPO pET151 vector (Appendix 8.2). This allows 

expression of recombinant protein with an N-terminus containing a 6x His tag for IMAC 

purification. The N-terminal also includes a TEV protease cleavage site to enable removal of 

the 6x His-tag after protein purification. 

To amplify the truncated gene, PCR reactions were performed using Platinum Pfu DNA 

polymerase as per manufacturer’s instructions. The PCR product was purified on a 0.8% 

agarose. The desired PCR product was excised from the gene and purified using a gel extraction 

kit (Qiagen) as prescribed by the manufacturer’s instructions. The cloning reaction was 

performed using a ChampionTM pET151 Directional TOPO® Expression Kit from Invitrogen.  

The cloning reaction was subsequently transformed into TOP10 competent cells (Invitrogen). 

The purified plasmids from the resulting colonies were sent to GATC for sequencing, to 

confirm the accuracy of the gene sequence and ligation respectively. The results from the 

sequencing indicated that the amplified gene was indeed truncated, did not contain any 

mutations, and was in the correct orientation on the vector. Following successful sequencing, 

the recombinant plasmid was transformed into E. coli BL21 (DE3) for protein expression and 

purification. This was carried out as described above (section 2.2.3) for the original construct. 

The truncated construct (42) was also purified by IMAC with a yield of 5-6 mg per litre of 

culture; protein size and purity were initially estimated by SDS-PAGE gel analysis, Figure 

2.14. 

Forward Primer 

5’CACCGTGAACGACGGCGAGGG ‘3 

Reverse Primer 

5’TCAGCGGCCGAGCACCTTGCC’3 
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Figure 2.14: SDS-PAGE analysis of truncated Ppm1 (42) after Ni2+ affinity chromatography. 

The protein was subsequently purified by gel filtration in the presence of 0.03% detergent, as 

shown in in Figure 2.15.The elution profile was similar to that of original protein, suggesting 

that protein folding is similar for both constructs. This was later on corroborated by functional 

studies and preliminary NMR analyses, as discussed in Chapters 3 and 4. 
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Figure 2.15: Gel filtration profile of truncated Ppm1, ∆42, purified in 0.03 % DDM on a Superdex 200 pg 

column. The protein elutes mainly as a trimer with a dimer shoulder and a small monomer peak. 
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2.4 Expression and purification of a thermostable Ppm1 synthase from S. 

thermolilacinus 

Protein stability is key for structural characterisation. [177] Thermostable enzymes are more 

amenable to crystallisation and other biophysical characterisation methods. In general, enzyme 

thermostability is an intrinsic property that is determined by the structure of the protein. [178] 

Molecular mechanisms that increase enzyme stability include the presence of intermolecular 

interactions such as ion pairs, hydrophobic interactions, hydrogen bonds and disulphide 

bridges. [179] In order to identify a PPM synthase that could be more amenable to crystallisation, 

a bioinformatic search for a thermostable orthologue of the Ppm1 synthase from S. coelicolor 

was carried out. A BLAST algorithm (Basic Local Alignment Search Tool algorithm) in 

genomes was utilised the Ppm1 synthase sequence. The search revealed a putative PPM 

synthase from Streptomyces thermolilacinus (S. thermolilacinus) composed of 257 amino acids 

(approximately 28 kDa in size) whose sequence is displayed below. 

 

Figure 2.16: Amino acid sequence of a putative Ppm1 synthase from S. thermolilacinus (Uniprot number 

A01D3DXU4). The enzyme is composed of 257 amino acids and has a pI and molecular weight of 7.11 and 

28 kDa respectively. The pI and molecular weight of the protein was computed by ExPASy based on the 

amino acid sequence. 

This putative PPM synthase from S. thermolilacinus is highly identical to the truncated 

construct of Ppm1 from S. coelicolor, sharing an identity of approximately 85% as shown in 

the sequence alignment below in Figure 2.17.  

MKDDGQSQRRYGPLGKALVIIPTYNEAENIGPIVSRVREAVPDAHILVADDNSPDGTGKIADELSADDAH 

VHVLHRKGKEGLGAAYLAGFRWGMEHGYDVLVEMDADGSHRPEELPRLLTALKSADLVLGSRWIPGGRIV 

NWPKSREYLSRGASVYSRVLLGVPIRDVTGGFRAFRADTLRGLGLEDVASQGYCFQIDLARRAVAAGFHV 

AEVPITFVEREHGDSKMSRDIVVEALWRVTAWGVTTRAGRLTGRARG 

 

257 amino acids     Theoretical pI/Mw 7.11/28089.86 
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Figure 2.17: Sequence alignment of the Ppm1 synthase from S. thermolilacinus (top) and truncated Ppm1 

from S. coelicolor (bottom generated by T-coffee using ClustalW). The conserved regions are highlighted 

in red. 

The Ppm1 synthase from S. thermolilacinus was predicted to have no disordered regions, 

Figure 2.18. Therefore, we decided to pursue the expression and characterisation of this protein. 
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Figure 2.18: Intrinsic disordered regions of the Ppm1 synthase from S. thermolilacinus as predicted by 

Secondary Structure Prediction (PSI-PRED). Regions that have a disorder tendency above 0.5 denoted by 

the line are predicted to be unstructured. 

A synthetic gene encoding for the Ppm1 synthase from S. thermolilacinus in a pET-28a(+) 

vector (Appendix 8.1) was ordered from Genescript. The sequence of the gene was sent to 

Genescript, and the gene was chemically synthesised, optimised for expression in E. coli and 

inserted between BamHI and NdeI restriction sites in the expression vector. The recombinant 

plasmid containing the synthetic gene (J116_024470) was transformed into E. coli BL21 (DE3) 

for protein expression. This was carried out as previously outlined for Ppm1 and ∆42, and the 

protein was purified by IMAC first (Figure 2.19) followed by gel filtration. The overall amount 

of protein purified was of approximately 6 mg per litre of culture. Its gel filtration profile was 

similar to that of previously purified proteins from S. coelicolor, Figure 2.9 and Figure 2.15. 

 

Figure 2.19: SDS-PAGE analysis of the Ppm1 synthase from S. thermolilacinus after Ni2+ affinity 

chromatography. The His6-tagged enzyme is at approximately 31 kDa.  
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Figure 2.20: Gel filtration profile of the Ppm1 synthase from S. thermolilacinus purified in 0.03 % DDM on 

a Superdex 200 pg column. 

The protein was utilised for both functional and structural studies as discussed in chapter 5 

2.5 Expression and purification of the human DPM1 synthase 

DPM1 is the catalytic unit of the human DPM (dolichol phosphate mannose) synthase 

extensively discussed in chapter 1. Whereas the accessory proteins DPM2 and DPM3 are 

tethered to the cell membrane, DPM1 (consisting of 260 amino acids, Figure 2.21) is predicted 

to be soluble. This enzyme is approximately 45% similar to Ppm1 from S. coelicolor and 48.6% 

similar to Ppm1 from S. thermolilacinus. 

 

Figure 2.21: Amino acid sequence of the DPM1 synthase from Homo sapiens (Uniprot number 060762). 

The enzyme is composed of 260 amino acids and has a pI and a molecular weight of 9.57 and 29.6 kDa 

respectively (computed by ExPASy). 

A synthetic gene encoding for the DPM1 from humans in a pPB-N-His vector (Appendix 8.3) 

was ordered from Genomics-Online. The gene was chemically synthesised, optimised for 

expression in E. coli and inserted between 5’-NHel and 3’-Xhol restriction. The recombinant 

plasmid containing the human DPM1 synthetic gene was transformed into E. coli BL21 (DE3) 

for protein expression. Protein expression was carried out as described above in section 2.2.3. 

MASLEVSRSPRRSRRELEVRSPRQNKYSVLLPTYNERENLPLIVWLLVKSFSESGINYEIIIIDDGSPDG 

TRDVAEQLEKIYGSDRILLRPREKKLGLGTAYIHGMKHATGNYIIIMDADLSHHPKFIPEFIRKQKEGNF 

DIVSGTRYKGNGGVYGWDLKRKIISRGANFLTQILLRPGASDLTGSFRLYRKEVLEKLIEKCVSKGYVFQ 

MEMIVRARQLNYTIGEVPISFVDRVYGESKLGGNEIVSFLKGLLTLFATT 

 

 

260 amino acids     Theoretical pI/Mw 9.57/29634.28 
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The enzyme was subsequently purified by Ni2+ affinity chromatography and gel filtration. 

However, this enzyme expressed in a soluble form in very small amounts (1-2 mg from a litre 

of culture, needing further purification, data not shown). As mentioned in chapter 1, DPM1 

synthase requires DPM2 synthase and DPM3 synthase for stable expression, therefore 

expression conditions of this enzyme will have to be further optimised. This is now carried out 

by a new PhD student in the Tosin lab. 

2.6 Brief summary and further recombinant protein expression and purification 

In this chapter, I have shown that Ppm1, a putative PPM synthase from S. coelicolor encoded 

by the SC6D7.16 gene, was successfully expressed in E. coli in a soluble form and its 

purification was optimised to reduce aggregation. Some in vivo functional studies on Ppm1 

have been previously reported, however, this is the first time that Ppm1 has been generated in 

a recombinant and functional form (as described further in Chapter 3). During early stages of 

the project, it was indeed observed that this enzyme has a tendency to form aggregates (by gel 

filtration analyses and precipitation occurs after a day or two). The optimised protein 

purification protocol was successfully established after screening a wide variety of conditions, 

from which the use of detergents emerged as essential. As bioinformatic analysis of Ppm1 

showed that the enzyme presents disordered regions in both the N- and C-termini, a truncated 

version of it (Δ42) was successfully obtained, as well as thermostable homologue from S. 

thermolilacinus Besides, expression of recombinant human DPM1 was attempted and 

encouragingly showed protein solubility to some extent, however this will require further 

optimisation. All the proteins described here have been utilised for functional and structural 

studies (Chapters 3, 4 and 5). In addition, several mutants of these enzymes (12 overall) have 

been generated, expressed and purified via the protocols reported in this chapter: these and 

their use will be described in the following chapters. 
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3 Functional characterisation of Ppm1 from S. coelicolor 

In this chapter, I will discuss our functional characterisation of the recombinant Ppm1 on the 

basis of the GT2 models available at the beginning of this project. Our investigational methods 

included Ppm1 site-directed mutagenesis on the basis of literature search and bioinformatics to 

generate several Ppm1 mutants for biochemical assays and kinetic experiments, as well as a 

substrate binding view or model based on the results from our investigations. 

At the beginning of my work, there were two existing models for the GT2 (inverting enzymes) 

sugar-nucleotide dependent enzymes proposed: the first was based on the crystal structure of 

SpsA from Bacillus subtilis (B. subtilis), and a second one generated on the basis of FRET 

studies on membrane-bound dolichol phosphomannose synthase (DPM1) from yeast (S. 

cerevisiae). [13, 162] A brief presentation of them will be given as the rational for our mutagenesis 

plan and activity studies.  

3.1 SpsA from Bacillus subtilis 

SpsA, a nucleotide-diphospho-sugar transferase implicated in the synthesis of mature spore 

coat in B. subtilis (Chapter 1, section 1.1.1) comprises of 256 amino acids. This protein is one 

of the few GT2 members for which a crystal structure was available at the beginning of my 

PhD. SpsA shares 10.4% identity and 14.8% similarity with Ppm1 from S. coelicolor as 

predicted by the bioinformatics software EMBOSS Needle, Figure 3.1. 

 



72 

 

 

Figure 3.1: Sequence alignment of SpsA from B. subtilis (top) and Ppm1 from S. coelicolor (bottom). 

Conserved residues are highlighted in red. The DXD motif is not conserved in SpsA. The DXD motif in 

Ppm1 from S. coelicolor is underlined in black. 

In 1999, Charnock and Davies. reported the SpsA structure at 1.5 Å resolution, including 

enzyme-ligand complexes at 1.7 Å (Mn2+-UDP and Mg2+-UDP complexes, Figure 3.2). [13]  
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Figure 3.2: Structure of SpsA in complex with Mg2+-UDP (PDB IQGS) and modelled on PyMOL: (a) ribbon 

presentation of the secondary structure of SpsA showing UDP in the active and two Mg2+ ions; (b) surface 

representation of the structure of SpsA (the surface is highlighted in pink and the residues interacting with 

the substrate are in colour). The UDP molecule and Mg2+ reside in a shallow cavity as shown in the 

structure.  

The structure of SpsA in complex with Mg2+-UDP showed the UDP molecule bound to two 

Mg2+ ions and a glycerol molecule residing in a shallow cleft, Figure 3.2b. On the basis of this 

crystal structure, a binding model and mechanism of catalysis for SpsA and other GT2 enzymes 

was proposed, Figure 3.3 and Figure 3.4. 

 

 

Figure 3.3: Binding view of the SpsA active site showing interactions of UDP mediated by Mg2+ and Mn2+ 

ions. [13]  
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According to Figure 3.3, SpsA coordinates to the distal phosphate of the donor substrate, UDP, 

via Mn2+ and Mg2+ ions. Apart from enzyme-divalent metal coordination, residues found to be 

directly involved in substrate binding were Thr9, Tyr11, Lys13, Asp29, Arg71, Asp98, Asp 

99, Asp158 and Asp191, Figure 3.3. Comparing the primary sequence of the S. coelicolor 

Ppm1 and SpsA (Figure 3.1), only three of the above-mentioned substrate binding residues in 

SpsA are conserved in Ppm1. In SpsA, Tyr11 is involved in stacking with the nucleotide base, 

Asp39 in UDP binding and Asp99 sits next to the distal phosphate where it directly coordinates 

to the leaving group Mn2+-phosphate. The residues in the Ppm1 that correspond to these SpsA 

substrate binding amino acids are marked with a red star in Figure 3.1. Therefore, these three 

amino acids were considered as potential targets for point mutations for the functional 

characterisation of our Ppm1.  

3.2 DPM1 synthase from S. cerevisiae 

In 2006, Lamani et al reported Fluorescence Resonance Energy Transfer (FRET) studies used 

to probe the structure of membrane-bound DPM1 synthase in yeast and enzyme/substrate 

interactions with acceptor substrates such as dolichyl phosphate (Dol-P) and analogues. [162] In 

yeast, the DPM1 synthase has been demonstrated to be essential for cell viability (Chapter 1, 

section 1.6). The model generated from these studies provided some useful insights into 

possible residues important for catalysis. The yeast DPM1 synthase shares 23.6% identity and 

37.1% similarity with the S. coelicolor Ppm1, as predicted by EMBOSS Needle, Figure 3.4.  
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Figure 3.4: Sequence alignment of the Ppm1 synthase from S. coelicolor (top) and DPM1 synthase from S. 

cerevisaie (bottom). Conserved residues are highlighted in red, including the DXD motif.  

FRET analysis is a methodology that allows the measurements of distances between specific 

amino acid residues in a protein and fluorophore/chromophore groups in substrate analogs. 

FRET is a distance-dependent technique by which energy is transferred in a non-radioactive 

manner from a donor (an excited molecular fluorophore) to the acceptor (another fluorophore) 

by means of intermolecular long-range dipole-dipole coupling. [180] This method allows 

measurements of molecular proximity at angstrom distances between 10-100 Å and is very 

efficient if the donor and acceptor fluorophore molecules are positioned within the Förster 

radius (defined as the distance at which half the excitation energy of the donor is transferred to 

the acceptor molecule, usually between 3-6 nm). 

A truncated form of the DPM1 synthase from yeast, DPM1 Δ3, which lacks 29 C-terminal 

amino acids, was recombinantly expressed in E. coli in a soluble form, purified and utilised for 

FRET studies. [160, 162, 181] DPM1 Δ3 was chosen as an ideal candidate for fluorescence studies 
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because, unlike the full-length enzyme, it contained only one cysteine residue (Cys93) and one 

tryptophan residue (Trp133). The idea was that the Trp133 residue serves as a fluorescent donor 

to a fluorescent acceptor covalently attached to the Cys93 residue. The modification of both 

Cys93 and Trp133 with a chromophore enabled the measurement of the distances between 

specifically selected amino acid residues in the enzyme, as well as the distances between the 

enzyme and a few chromophoric synthetic Dol P substrate analogs. 

 

Figure 3.5: Model of the catalytic site of DPM1 from yeast according to Lamani et al. The model shows 

how the residues Asp97, Asp44 and Tyr12 interact with the sugar donor substrate (GDP-mannose) and 

the interaction of Arg212 with dolichol phosphate. [162] 

A 3-D analogy model for the catalytic domain together with GDP-mannose and Dol P was 

obtained using the Robetta server [182] based on homology/comparative modelling with the 

known structure of SpsA from B. subtilis, Figure 3.5. According to this model, Tyr12 and 

Asp44 directly interact with the guanine moiety of GDP-mannose providing specificity to the 

donor substrate. [183] This hypothesis is in agreement with the active site model of SpsA which 

showed that these same residues are involved in coordinating to the nucleotide moiety of UDP. 

In addition, Asp97 coordinates via a divalent metal ion to the distal phosphate of GDP-

mannose. Asp97 is conserved in Ppm1 from S. coelicolor and is part of the DXD motif. The 

Arg212 residue coordinates to both the mannose moiety of GDP-mannose as well as one of the 

oxygens of the donor substrate phosphate group of the donor substrate. These substrate binding 

residues, Tyr12, Asp44, Asp97 and R212, in the yeast DPM1 synthase are conserved in Ppm1 

from S. coelicolor (marked by red stars in Figure 3.4). Hence, they were selected as amino acid 

residues to mutate for the functional characterisation of Ppm1. 
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3.3 Homology models 

In addition to literature search, independent homology modelling was also utilised to identify 

possible residues that might be involved in Ppm1 substrate binding and catalysis. Homology 

modelling is a very useful tool in the prediction of 3-D protein structures that have not yet been 

elucidated experimentally by biophysical methods such as X-ray crystallography and NMR. In 

recent years, there has been an increasing number of bioinformatics or modelling software that 

can exploited to generate possible 3-D structures of proteins based on their amino acid 

sequences. Homology modelling, in essence, depicts the similarity of environmental residues 

at topologically corresponding positions in reference proteins. [184] In other words, the 

homology model is constructed on the basis of known 3-D structures of homologous proteins. 

Homology modelling not only predicts the 3-D structure of a protein but can also be utilised to 

predict the ligand binding site in a protein. In this project, Phyre and RaptorX (bioinformatics 

software) were employed to generate the 3-D structure of Ppm1 including the nucleotide-sugar 

donor and acceptor lipid phosphate binding site. [121, 185] The ligand prediction is performed by 

using the generated homology structure to search a structural library to identify homologous 

structures with bound ligands. Below is a list of residues and cofactors that were predicted to 

be in the active site by ligand predicting software, Figure 3.6:  

 

Figure 3.6: List of residues predicted by Phyre and RaptorX to be in the active site of Ppm1 from S. 

coelicolor. The residues highlighted in colour are highly conserved in other GTs of the same family. [186] 

A number of residues were predicted to be involved in substrate binding, some of which are 

highly conserved in both DPM1 synthase from yeast and SpsA from B. subtilis. The highlighted 

residues, which included the DXD motif (D111 and D113 in Ppm1 from S. coelicolor), are 

shown below in the homology model and they were selected as targets for mutagenesis, Figure 

3.7.  

The residues in Figure 3.6 that are not highlighted were kept on a list, and mutants will be 

generated for some of them in the future. We are interested in the A112 residue, which is part 

of the DXD motif (in this case, DAD motif). It would be interesting to find out how this 

The predicted pockets and residues for domain 1  
1      163          MN         | P28 T29 Y30 E32 D57 G87 L88 A91 D111 A112 D113 R164 I165 

A166 Y199 F201 Q202 R226    

2      61           CL         | V140 N147 Y162 S163 R164 D173 T175 Q202 L238  
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mutation affects catalysis. The residue G87 is also located very close to the nucleotide binding 

site, the DXD motif. Hence, it is possible that this amino acid residue might also be involved 

in substrate binding or catalysis. The L205 residue in not on the list of residues in Figure 3.6, 

however, we are very interested in this residue because mutations to the corresponding leucine 

residue in DPM3 from humans (L85) lead to disease (previously discussed in Chapter 1, section 

1.4.4). Future work on this project will possibly involve generating and probing the activity of 

these mutants in the near future. 

 

Figure 3.7: Homology model for Ppm1 predicted by RaptorX and modelled with PyMOL. The residues 

highlighted in orange were selected as sites for point mutations. [121] 

3.4 Site-directed mutagenesis 

One of the project aims was to functionally characterise the Ppm1 synthase from S. coelicolor; 

therefore, to investigate which amino acid residues are involved in substrate binding and the 

mechanism of catalysis. Various mutants derived on the basis of literature search and 

bioinformatic studies were generated via site-directed mutagenesis. The target sites for point 

mutations were selected based on a combination of sequence alignments with similar proteins 

that have been structurally characterised, homology models and results from literature search. 

Table 3.1 below briefly summarises the selected mutants, and also lists additional residues that 

ultimately were subjected to site-directed mutagenesis.  

Site-directed mutagenesis (SDM) is a technique that is utilised to investigate the structure and 

biological activity of various molecules such as DNA, RNA and proteins. It is a process that 

involves creating specific targeted alterations, and these include deletions, substitutions and 
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insertions, Figure 3.8. [187] In this case, SDM was utilised to investigate which amino acid 

residues are essential for catalysis as well as study any changes in protein activity.  

Table 3.1: List of amino acid point mutations accomplished via site-directed mutagenesis 

Amino acid mutation Putative amino acid function 

D57A    Binding of GDP-mannose 

R82A Unknown; corresponding mutation in human DPM1 causes disease 

[129] 

D111A Binding of GDP-mannose 

D113A Binding of GDP-mannose 

R138A Possible binding of lipid phosphate acceptor 

R226A Possible binding of lipid phosphate acceptor 

C200A Unknown; only cysteine in primary sequence and located close to 

active site 

S156D Unknown; possible site for phosphorylation in vivo [162] 

G143V Unknown; corresponding mutation in humans causes disease [129] 

S163L Unknown; mutation abolishes glycosylation in vivo in S. coelicolor 

[111a] 

H116D Unknown; mutation abolishes glycosylation in vivo in S. coelicolor 

[111a] 

E218V Unknown; mutation abolishes glycosylation in vivo in S. coelicolor 

[111a] 
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Figure 3.8: Specially designed forward and reverse primers are utilised to introduce different types of 

mutations in a gene. Mutations such as (a) substitutions whereby one amino acid is substituted for another, 

(b) deletions which involve the removal of a section of the gene and (c, d) insertions into plasmid DNA. [187] 

During the course of this project, we collaborated with the group of Prof Maggie Smith 

(Biology Department, York), and her PhD student Nathaniel Holman. The Smith group were 

the first to report the crucial role of Ppm1 in protein glycosylation in S. coelicolor. More 

recently they reported that any defects to the glycosylation machinery in S. coelicolor results 

in hypersensitivity to various antibiotics. [111a] Indeed, they observed that some mutations in 

Ppm1, S163L, H116D and E218V led to different S. coelicolor phenotypes for which the 

protein glycosylation machinery seems to be disrupted. Therefore, we were interested in 

investigating whether there could be direct correlations between biocatalysis in vitro and in 

vivo that could help us in building our own functional model of Ppm1. We designed primers 

and generated these mutants for in vitro biochemical characterisation, (Table 7.3, section 

7.1.2). The results from these experiments will be discussed later in this chapter. The 

oligonucleotides were ordered with a phosphate 5’ modification from Sigma Aldrich. The 5’ 

phosphorylation on the primers is to facilitate ligation of the amplicon ends after the 

polymerase chain reaction (PCR). 

The polymerase chain reaction (PCR) was employed to amply the primers in order to generate 

proteins with a point mutation at desired sites. Gene SC6D7.16/SC01423 originally cloned into 

a pET-28a(+) vector (Chapter 2, section 2.1) was subsequently utilised as template DNA for 

PCR reactions. These were carried out using Phusion DNA polymerase from Thermo Scientific 
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and Platinum Pfu-DNA polymerase from Invitrogen, as prescribed by the manufacturer’s 

instructions. PCR products were analysed on an agarose gel (Figure 3.9) and successful gene 

amplification afforded products of approximately 6000 base pairs (gene + vector). 

The DNA fragments were subsequently excised from the gel, purified, ligated and successfully 

transformed into DH5α E. coli competent cells. Purified plasmid DNA was sent to GATC for 

sequencing, and sequencing results confirmed that the plasmids contained the desired mutation 

for all the mutants listed in Table 7.3. The plasmids were subsequently transformed into BL21 

(DE3) E. coli cells and Ni2+ affinity chromatography was utilised to purify mutant proteins. 

12% SDS PAGE gel analyses were used to verify protein size, purity and expression levels, 

Figure 3.9. Protein concentration was determined using a Thermo Scientific NanodropLite 

spectrophotometer; an average protein concentration of 5 mg of protein was produced from 1 

litre of culture for all the mutants (in good comparison with the wild type protein, section 2.2.3). 

 

 

Figure 3.9: An 8% agarose gel electrophoresis analysis showed the correct sized DNA fragments for all the 

plasmids containing a desired mutation. 
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Figure 3.10: Representative 12% SDS-PAGE gels showing yields of Ppm1 wild-type and some mutant 

proteins (D111A, D113A and R82A) after overexpression in E. coli and IMAC purification under detergent 

conditions (0.03% DDM). 

The protein mutants were further purified on a Superdex 200 pg column by Fast Protein Liquid 

Chromatography (FPLC). Overall, the size-exclusion chromatography (SEC) profile for all the 

mutants was comparable to the wild type Ppm1 as shown in Figure 3.11. In addition, the yields 

of the mutants after purification ranged from between 4 mg/mL to 6 mg/mL. 

Interestingly, the H116D SEC profile shows that this Ppm1 mutant predominantly assumes a 

monomeric form. This might suggest that the H116 residue in the wild type enzyme might be 

involved in dimer formation; this will be further discussed in section 3.7.5. 

All the mutants were purified under non-ionic detergent conditions and subsequently utilised 

for enzymatic assays in comparison with the wild type protein. The results of these experiments 

will be discussed later in this chapter. 
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Figure 3.11: SEC elution profile for Ppm1 wild type and some of the mutants, namely D111A, H116D, 

S163L and R82A under non-ionic detergent conditions (50 mM Tris-HCl, 100 mM NaCl, 10% glycerol, 

0.03% DDM, pH 7.5). Mostly the proteins assume a dimeric form with the exception of H116D which 

prefers to be a monomer. 

3.5 Chemical synthesis of surrogate acceptor substrates  

As previously mentioned, PPM synthases utilise hydrophobic polyisoprenoid lipid phosphates 

as acceptor substrates. Gurcha et al. [109] showed that Ppm1 synthase from Mycobacterium 

tuberculosis (M. tuberculosis), a membrane-bound homologue of Ppm1 S. coelicolor, can 

process exogenous polyisoprenoid lipid monophosphates of varying chain length, [109] 

including C10, geranyl monophosphate; C15, farnesyl monophosphates; C20, geranylgeranyl 

monophosphate; C35, DOL, α-dihydroheptaprenyl monophosphate; C35, heptaprenyl 

monophosphate; C40, octaprenyl monophosphate; C50, decaprenyl monophosphate; C60, 

dodecaprenyl monophosphate; C75, pentadecaprenyl monophosphate and C95, dolichol 

monophosphate. Polyisoprenoids are generally not abundant in natural sources. They are 

commercially available but unfortunately, they are very expensive. The cost of 2 mg of C10, 

geranyl monophosphate (the shortest lipid-monophosphate listed above) is approximately £330 

from Larodan Fine Chemicals. Longer chain lengths are much more expensive, and this poses 

a significant financial challenge when working with these enzymes. In addition, these 

isoprenoid lipid monophosphate substrates are challenging to chemically synthesize due to 

their length, varying degrees of saturation and stereochemistry. 
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To reduce the cost of purchasing long and expensive commercial substrates, surrogate 

substrates were synthesized. There have been several literature reports on the preparation of 

phospholipid analogues that can be utilised as suitable acceptor substrates for glycan-

processing enzymes. One of these is phytanyl phosphate, C20 (24), which is thought to have a 

minimal isoprenoid-like chain length required for catalysis and exhibited 60-70% efficiency 

relative to the natural acceptor substrate dolichyl phosphate for the human DPM synthase [188] 

 

Figure 3.12: Chemical synthesis of phytanyl phosphate. [188] 

The synthesis of 24 was carried out according to literature starting from commercially available 

phytol 21. [188] Hydrogenation with platinum oxide (PtO2) as catalyst yielded phytanyl 22 in 

94% yield. Subsequent phosphorylation of the alcohol moiety was achieved by utilising di-

tert-butyl-diisopropylphosphoramidite, P(OtBu)2N(iPr)2, and 1H-tetrazole, followed by 

oxidation with meta-chloroperoxybenzoic acid (m-CPBA) to introduce a protected phosphate 

moiety. The resulting intermediate (23) was subsequently deprotected with trifluoroacetic acid 

(TFA) to yield phytanyl phosphate (24) in 72% (Figure 3.12). Phytanyl phosphate fully 

saturated isoprene units; to investigate whether Ppm1 discriminates varying degrees of 

saturation, geranylgeranyl phosphate (27) was also chemically synthesised using the same 

phosphorylation/deprotection protocol, Figure 3.13. 

 

Figure 3.13: Chemical synthesis of geranylgeranyl phosphate [188] 

In addition to these substrates, we also identified some other useful commercial substrates for 

enzyme assays represented in Figure 3.14: 
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Figure 3.14: Summary of commercially available and synthetic acceptor substrates utilised for enzyme 

activity assays.  

We purchased undecaprenyl phosphate and dolichyl phosphate from Larodan, Sweden. 

Citronellyl phosphate (29) was synthesized by our collaborators (N. Holman, York). Farnesyl 

phosphate (30) and heptaprenyl phosphate (31) were kindly given to us by Professor Tim Bugg 

(University of Warwick). We purchased phenyl phosphate (28) from Sigma Aldrich and we 

were interested in this substrate because it has been reported in literature that phenyl phosphate 

could act as a water soluble analog of Dol-P. [189] Indeed, some of the double bonds in the 

benzene ring can mimic the isoprene units of Dol-P and we envisaged that our GT enzymes 

might be able to mannosylate this substrate. Since phenyl phosphate is both commercially 

available and very cheap, we decided to add it to our list of acceptor substrates and probe the 

promiscuity of the Ppm1 synthase. 

3.6 Glycosyltransferase enzymatic assays 

In general, the functional characterisation of glycosyltransferase can be challenging as they are 

specific for complex donors, including hydrophobic lipid-phosphates which require the use of 

detergent for solubilisation. In addition, several recombinant glycosyltransferases are stable in 
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membrane preparations. Traditionally, assays that utilise radiolabels are used to monitor 

reactions of membrane-bound glycosyltransferases: these involve the transfer of a 3H- or 14C- 

radiolabelled sugar moiety from a nucleotide donor to complex acceptor molecules. [190] 

However, these assays are challenging to configure for rapid GT activity detection and are not 

high-throughput. [191] Additionally, in our case it was not possible to utilise methods such as 

the HPLC (high performance liquid chromatography) and this is largely due to that Ppm1 

processes very hydrophobic substrates which require the use of detergents to keep them in 

solution. Generally, the use of detergents is not compatible with reverse column chemistry. 

HILIC (hydrophilic interaction liquid chromatography) separation of enzyme starting material 

and product was preliminarily explored within the Tosin group (by Piera Marchetti), however, 

did not seem to work well. Alternative assay methods include the use of fluorescence; however, 

these require the modification of the donor substrate which may not be always feasible. [192] 

Multienzyme-based analyses systems (coupled-assays) have also been utilised; for instance, 

uridine monophosphate (UMP) release can be coupled to NAD+ (nicotinamide adenine 

dinucleotide) generation. [193] Recent literature reports [191a] describe assays that employ 

bioluminescence signal to measure GT activity; for instance, the resulting free nucleotide after 

glycosyl transfer (UDP or GDP) can be converted to a nucleotide triphosphate, which is 

subsequently converted to a stable bioluminescence signal by luciferase/luciferin reaction 

components also present in the assay.  

We initially utilised thin-layer chromatography (TLC) to monitor Ppm1 enzyme activity; 

indeed, stains such as orcinol (for carbohydrates), molybdenum blue (for phosphates) and 

1,3,5-hexatriene (for lipids) can be used to visualise the starting material (phospholipid) and 

the product (glycosylated phospholipid, Dr M. Tosin, personal communication). However, for 

more in-depth functional characterisation of Ppm1 and for kinetic studies, it was essential to 

identify and optimise a quantitative assay. We envisaged that a phosphatase-coupled assay 

could be a suitable and practical assay for preliminary enzyme functional characterisation. 

In particular, we decided to utilise a Glycosyltransferase Activity kit from R & D Systems. 

This provides a basic and nonradioactive high-throughput technique for assaying 

glycosyltransferase activity for all glycosyltransferases that employ diphospho-nucleotide 

sugars as donor substrates. [194] 
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Figure 3.15: Overview of glycosyltransferase activity assay based on a coupled-phosphatase reaction that 

releases inorganic phosphate, which can be quantitatively detected by malachite green reagents. 

This assay works by exploiting a specific phosphatase to remove inorganic phosphate (Pi) in a 

quantitative manner from the leaving donor nucleotide, such as guanosine diphosphate (GDP) 

(Figure 3.4). The released Pi is colorimetrically and quantitatively detected using Malachite 

Green phosphate reagents. Indeed, the phosphatase coupling reaction releases an amount of Pi 

that is equal to the glycoconjugate product generated; hence, the amount of Pi production as a 

function of time can be utilised to obtain accurate kinetic parameters of the glycosyltransferase 

reaction. The assay can be set up on a 96 well-plate and green colour development (due to the 

Pi released forming a complex with ammonium molybdate absorbing at 630 nM can be 

quantified on a plate reader, Figure 3.16. [195]  
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Figure 3.16: Overview of phosphate-ammonium molybdate complex formation that results in the 

absorbance at 630 nm.  

As part of the glycosyltransferase assay set up, a phosphate standard curve must be generated, 

and the slope of this standard curve provides a phosphate conversion factor in picomole/optical 

density (pmol/OD). The phosphate standards are prepared by carrying out 2-fold serial 

dilutions starting from 5000 pmol/well to zero pmol/well, Figure 3.18. An example of a 

standard curve is shown in Figure 3.17. 
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Figure 3.17: Phosphate standard curve for inorganic phosphate (0 to 500 pmol/well phosphate input) 

determined using malachite green reagents at 630 nm. 

 

Figure 3.18: Serial dilution of phosphate standards to generate a phosphate standard curve (phosphate 

standards S1-S8). 

3.7 Activity assay of Ppm1 and mutants 

To investigate the activity of Ppm1 over time, enzymatic reactions were incubated for 1 hour 

and the progress of the enzyme reaction was followed by measuring the quantity of Pi, formed 

as above described, and plotting the concentration of product formed against time in minutes 

as shown in Figure 3.19. Details of how the Ppm1 assays were set up are outlined in Chapter 

7, section 7.6.1.2. 
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Figure 3.19: Ppm1 synthase activity as a function of time using 0.5 mM GDP-mannose and 0.5 mM 

undecaprenyl phosphate in 25 mM Tris-HCl, 10 mM CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% 

Triton X and 10 mM MnCl2, pH 7.5. The enzyme activity is linear for about 45 minutes. The enzyme was 

assayed in triplicate and error bars depict S.E.M., n=3. 

The enzyme activity is linear for approximately 45 minutes, after which the activity reaches a 

plateau (Appendix 8.5). This could be due to loss of catalytic activity by the enzyme and/or 

depletion of substrates. The phospholipid mannosylation reaction also proved to be enzyme-

concentration dependent, as illustrated in Figure 3.20. By varying different amounts of enzyme 

(0.025 mg, 0.050 mg and 0.100 mg) in a 50 µl reaction, it was found that the amount of 

inorganic phosphate or product produced increased with increasing enzyme concentration. 
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Figure 3.20: Enzyme activity as a function of its concentration (assayed in 25 mM Tris-HCl, 10 mM CaCl2, 

20ng/µL CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5 in the presence of 0.5 

mM GDP-mannose and 0.5 mM undecaprenyl phosphate). The enzyme was assayed in triplicate and error 

bars depict S.E.M., n=3.  
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3.7.1 Ppm1 utilises divalent metal ions for enzymatic activity 

PPM and DPM synthases utilise divalent metal ions for activity this is very typical of the GT-

2 enzyme family. For the recombinant Ppm1, we were able to experimentally determine in 

vitro the dependence of divalent cofactors, Figure 3.21. 
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Figure 3.21: Normalized activity of the PPM synthase in the absence and presence of divalent metal ions 

(assayed in 25 mM Tris-HCl, 10 mM CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 

mM divalent metal ion (MnCl2 or MgCl2), pH 7.5 in the presence of 0.5 mM GDP-mannose and 0.5 mM 

undecaprenyl phosphate). The enzyme was assayed in triplicate and error bars depict S.E.M., n=3. 

No enzymatic activity was observed in the absence of divalent metal ions, and Ppm1 displayed 

a preference for Mg2+ to Mn2+ ions. This was not unexpected because according to literature 

some GT2 enzymes have a preference for Mg2+ and others Mn2+. [131, 196] 

3.7.2 Activity of the wild type Ppm1 and its truncated version (42) 

As previously discussed, Ppm1 was truncated at the C-terminus in order to minimise structural 

disorder. To establish whether and how the truncation might affect the enzyme activity, the 

∆42 construct was assayed under the same conditions as the wild type enzyme in the presence 

of GDP-mannose and undecaprenyl phosphate: the results are displayed in Figure 3.22 below. 
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Figure 3.22: Activity of Ppm1 wild type and its truncated variant ∆42 (assayed in 25 mM Tris-HCl, 10 mM 

CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5 in the presence of 

0.5 mM GDP-mannose and 0.5 mM undecaprenyl phosphate). The amount of product formed measured in 

µM of released Pi was converted into activity and normalised. The enzymes were assayed in triplicate and 

error bars depict S.E.M., n=3. 

The truncated ∆42 enzyme displays approximately 80% activity relative to the wild type 

enzyme utilising undecaprenyl phosphate as sugar acceptor. This is consistent with the in vivo 

results from our collaborators (N. Holman, York). In S. coelicolor any alteration in the 

glycosylation machinery leads to antibiotic hypersensitivity. [197] When ∆42 was introduced 

into a Ppm1 deficient strain, ppm1– strain (DT3017), this strain did not show hypersensitivity 

to any antibiotics. This suggests that ∆42 successfully complemented the ppm1– strain 

(DT3017) (Appendix 8.6), and this indicates ∆42 is active in vivo. The C-terminus truncation 

does not affect Ppm1 activity in vitro and in vivo.  

As ∆42 proved to be still significantly active, it was subsequently utilised for further functional 

studies (using heptaprenyl phosphate and phenyl phosphate as acceptor substrates, Figure 

3.29), and also biophysical studies, namely solution NMR and X-ray crystallography (Chapter 

5).  

3.7.3 Investigation of donor and acceptor sites in Ppm1 

The GT2 family of enzymes is characterised by a highly conserved ‘signature’ DXD motif: 

this is the binding site for the donor substrate GDP-mannose and it is conserved throughout in 

humans, yeast and bacteria. In addition to the DXD motif, another highly conserved residue, 

D57, has been predicted by bioinformatics and the SpsA model to be involved in sugar 

nucleotide binding.  
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The activity of wild type Ppm1 and its mutant D113A were first investigated in parallel and 

visually in assays containing GDP-mannose, Mn2+ and undecaprenyl phosphate, Figure 3.23). 

Control assays included a blank (assay buffer), a negative control (which contained all the 

enzyme assay components except the GT enzyme) and a UDP coupling phosphatase control 

(composed of the coupling phosphatase in assay buffer in the presence of UDP, to ensure that 

the correct functioning of the phosphatase). The coupling phosphatase works by cleaving Pi 

from UDP releasing UMP as a by-product. The Pi subsequently produces a green colour in the 

presence of malachite green reagents. The reactions were incubated for two hours and product 

formation was detected every 30 minutes over this time period.  

 

Figure 3.23: Comparative activity assay between wild type Ppm1 and its D113A mutant (assayed in 25 mM 

Tris, 10 mM CaCl2, 0.1% Triton X and 10 mM MnCl2, pH 7.5 in the presence of 0.5 mM GDP-mannose 

and 0.5 mM undecaprenyl phosphate). On the left (a) blank (assay buffer), negative control (all the assay 

components except for the Ppm1 enzyme) and coupling phosphate control (phosphatase in the presence of 

UDP) assays are shown; (b) shows wild type and D113A mutant reactions over a 2-hour period. The amount 

of phosphate/product formed increases over time for Ppm1 enzyme whereas the mutant shows very little/no 

product formed. 

From Figure 3.23a above, it is evident that the wild type enzyme is active relative to the D113A 

mutant, and that the product amount increased over time as indicated by the increase in intensity 

of the green colour. The blank which only contained assay buffer remained yellow, and this is 

indicating the absence of Pi in that well. Hence, this also suggests that there was no phosphate 

contamination from the buffer. The same is observed for the negative control (which contains 

all the assay components, except for Ppm1); the absence of the green colour is evidence of that 

the phosphatase reaction only occurs after the GT reaction has taken place. There is an intense 

green colour observed in the coupling phosphatase control (which contains the phosphatase 

enzyme and UDP in assay buffer), and this proves that the coupling phosphatase is active, and 
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it successfully cleaved Pi from UDP. Hence, the green colour observed in Figure 3.23b is a 

consequence of the action of the coupling phosphatase on the nucleotide diphosphate (in this 

case, GDP that is released as a by-product of the GT reaction). 

To further probe quantitatively the importance of all the residues allegedly involved in sugar 

donor binding, the D113A, D111A and D57A mutants were assayed in the presence of GDP-

mannose and undecaprenyl phosphate. The amount of product released (Pi) was compared to 

that deriving from the WT, Figure 3.24. 

 

Figure 3.24: Activity of WT Ppm1 relative to the mutants D57A, D111A and D113A (assayed in 25 mM 

Tris-HCl, 10 mM CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5 

in the presence of 0.5 mM GDP-mannose and 0.5 mM undecaprenyl phosphate). The enzymes were assayed 

in triplicate and error bars depict S.E.M., n=3. 

The mutant D57A displayed partial activity, whereas the activity of the D113A protein was 

significantly reduced (~ 7% of WT activity). D57 is predicted to interact with N1 and N2 atoms 

of the guanine base of GDP-mannose via hydrogen bonding to its carboxylate group, Figure 

3.25. 
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Figure 3.25: Homology model of Ppm1 with the superimposed donor substrate, GDP-mannose, showing 

the disposition of key residues D57, D111, and D113 in the active site and interactions with the donor 

substrate. The divalent cation, Mg2+, is denoted by the purple sphere. 

The amino acid residue D113 possibly coordinates with both the α- and β-phosphate groups of 

GDP-mannose via a divalent cation such as Mg2+ or Mn2+, Figure 3.25. This would account for 

the critically reduced activity of the D113A mutant. As previously mentioned, the GT2 family 

utilises divalent metal ions for efficient catalysis. The principal role of the divalent cation is to 

coordinate and position the diphosphate of the donor substrate for biocatalysis. The D111A 

mutant shows more residual activity than the D113A mutant: it is possible that the D111 residue 

does not coordinate directly to the divalent metal ions as discussed previously in the case of 

the SpsA and the DPM1 synthase from yeast models (section 3.1 and 3.2); however, the D111 

residue is within hydrogen bonding distance to the mannosyl donor, GDP-mannose, Figure 

3.25. The reduction in enzyme activity for the D111A mutant also indicates that this residue is 

essential for catalysis.  

The in vivo results obtained by our York collaborators utilising our mutant plasmids for 

complementation experiments were in agreement with our in vitro data. The mutants D113A 

and D111A were unsuccessful in restoring normal glycosylation as shown in Appendix 8.6. 

Indeed, the ppm1– strain (DT3017) was not complemented with these mutants and displayed 

increased susceptibility to all antibiotics tested relative to the wild type (parent strain, J1929). 

The substantial effect of these mutations both in vitro and in vitro on the function of Ppm1 

indicate that these residues are essential for efficient catalysis. As previously mentioned, the 

D57A mutant which displayed partial activity in vitro; this was also the case in vivo as D57A 
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partially restored glycosylation (Appendix 8.6). Our in vitro data complements the in vivo 

results for this mutant, and these results suggest that D57 is involved in substrate binding but 

is not essential for catalysis. 

One of the objectives of this project was to determine the binding site of the lipid phosphate 

acceptor substrate. Through bioinformatics and literature search, the R138 and R226 amino 

acid residues seemed to be potential binding sites for the acceptor substrate. The R138A and 

R226A mutants were therefore generated (section 3.4) and assayed in the presence of GDP-

mannose and undecaprenyl phosphate, Figure 3.26. 

 

Figure 3.26: Activity of the WT Ppm1 to mutants R138A and R226A (assayed in 25 mM Tris-HCl, 10 mM 

CaCl2, 10 Units calf intestine phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5 in the presence of 0.5 

mM GDP-mannose and 0.5 mM undecaprenyl phosphate). The enzymes were assayed in triplicate and 

error bars depict S.E.M., n=3. 

Their activity (Figure 3.26) was once again severely reduced in comparison to that of the wild 

type Ppm1. As a result of the R138A mutation, the enzyme activity was almost completely 

abolished, indicating that this residue is critical for biocatalysis. This suggests that both the 

R138 and R226 residues are essential for catalysis. In addition, the in vivo results from our 

collaborators corroborated our in vitro results for the R138 and R226 residues in Ppm1. Alanine 

mutations to these residues failed to restore glycosylation in non-complemented ppm1– strain 

(DT3017) in vivo (Appendix 8.6). Collectively, our in vitro results and in vivo data indicate 

that R138 and R226 both play a significant role in catalysis. 

3.7.4 Specificity of the donor and acceptor substrates  

To probe enzyme promiscuity at both donor and acceptor sites, different sugar nucleotides and 

lipid-phosphates (as well as surrogate substrates of them) were tested. The Ppm1 synthase was 
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able to process different sugar nucleotides including UDP-glucose and GDP-L-fucose, albeit 

to lower extents, Figure 3.27. 

 

Figure 3.27: Activity of Ppm1 towards different donor substrates: 0.5 mM GDP-D-mannose, 0.5 mM GDP-

L-fucose and 0.5 mM UDP-D-glucose (assayed in 25 mM Tris-HCl, 10 mM CaCl2, , 10 Units calf intestine 

phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5). Error bars depict S.E.M., n=3. 

These sugar donors were assayed in the presence of undecaprenyl phosphate as the acceptor 

substrate. Whereas the processing of UDP-D-glucose was somehow expected on the basis of 

homology modelling (RaptorX ligand predictor software), the partial processing of GDP-L-

fucose (a typical donor of eukaryotic protein mannosylation) is interesting and suggests that 

engineering of Ppm1 to process alternative donor substrates might be possible. [196]  

To probe substrate tolerance at the acceptor site, the enzyme was assayed in the presence of 

GDP-mannose using the phosphate substrates presented in Figure 3.14. The results of these 

experiments are summarised below in Figure 3.28: 
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Figure 3.28: Activity of Ppm1 towards undecaprenyl phosphate, heptaprenyl phosphate, dolichol (C95) 

phosphate, farnesyl phosphate, phenyl phosphate, geranylgeranyl phosphate and phytanyl phosphate 

(assayed in 25 mM Tris-HCl, 10 mM CaCl2, 10 Units calf intestine phosphatase, 0.1% Triton X and 10 mM 

MnCl2, pH 7.5). Error bars depict S.E.M., n=3. 

In this respect, Ppm1 exhibited substrate promiscuity as it was able to turnover substrates of 

different chain lengths and extent of saturation, including the eukaryotic substrate dolichol 

phosphate (C95, 8) and a shorter analogue of it (phenyl phosphate, 28). This suggested to us 

that Ppm1 can be utilised as a model for the human DPM1 synthase and possibly employing a 

commercially available and inexpensive phosphate molecule rather than Dol P. Heptaprenyl 

phosphate (31) was processed more efficiently than any other of the substrates tested. Previous 

in vivo studies on this enzyme utilising radiolabelled substrates and MS detection of 

mannosylated phospholipids reported that nonaprenyl phosphate is likely to be the ideal 

acceptor, however this has yet to be independently established in vitro. [96b] Interestingly, very 

little difference in activity was displayed by Ppm1 processing either geranylgeranyl phosphate 

(27) or phytanyl phosphate (24). This suggests that, when the isoprenoid chain length is the 

same, there is not much discrimination between saturated and unsaturated substrates at the 

phosphate -position by bacterial PPMs. 
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In general, Ppm1 displays a distinct preference for isoprenoid chain length, and the worst 

results were obtained for shorter substrates such as farnesyl phosphate (3 isoprene units, C15, 

30) and citronellyl phosphate, 29 (data not shown) In this context the processing of phenyl 

phosphate to almost the same extent of C95 Dol-P is remarkable and worth of further 

investigations (Chapter 6). The fact that Ppm1 displays broad substrate specificity at its donor 

site implicates that it might be can be used as a biocatalyst to generate mannosylated 

phospholipid substrates and others. Mannosylated phospholipids have been shown to be 

antigens, for example, in M. tuberculosis many secreted antigens are glycoproteins. [111b]  

As previously discussed, truncated Ppm1, ∆42, was active both in vitro and in vivo (section 

3.7.2). We decided to investigate whether ∆42 is as flexible as the wild type enzyme in 

processing substrates of different chain lengths. We assayed ∆42 in the presence of heptaprenyl 

phosphate, 31 (which was processed very efficiently by the wild type enzyme, Figure 3.7) and 

phenyl phosphate, 28 (which is a Dol-P analog and was processed less efficiently by the wild 

the wild type enzyme). The results are shown below in Figure 3.29: 
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Figure 3.29: Activity of the truncated Ppm1, ∆42, towards undecaprenyl phosphate, heptaprenyl 

phosphate, and phenyl phosphate (assayed in 25 mM Tris-HCl, 10 mM CaCl2, 10 Units calf intestine 

phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5). Error bars depict S.E.M., n=3. 

Our in vitro results indicate that ∆42 just like the wild type enzyme is able to process different 

substrates of varying chain length, including phenyl phosphate. The C-terminus truncation does 

not seem to have a significant effect on the activity of the enzyme. 
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3.7.4.1 Kinetics parameters of Ppm1 with GDP-mannose and undecaprenyl phosphate 

Steady state kinetic analyses of Ppm1 were carried out to determine the kinetic parameters for 

both the donor and the acceptor substrates. Steady state kinetics describes conditions were all 

or some of the variables in a system are kept constant despite existing processes that strive to 

change them. In other words, the term steady state describes a situation whereby products are 

continuously removed, and substrates are continuously replenished. The kinetic assays for 

Ppm1 were set up as follows: concentration of one substrate was kept constant (200 µM) and 

in excess and the other substrate was assayed at different concentrations ranging from 0.5 – 

200 µM. Kinetic parameters (kcat and KM) were determined by nonlinear regression method 

using Graphpad prism 5 software. The Michaelis-Menten equation utilised is as follows: v0 = 

vmax ([S]/KM + [S]), where [S] is the substrate concentration. All assays were performed in 

triplicate, and the standard error for each parameter was determined by statistical methods and 

reported along with the data, Table 3.2 

Figure 3.30 and Figure 3.31 below show the steady state kinetic plots for GDP-mannose and 

undecaprenyl phosphate, and the KM and kcat values for both substrates are reported in Table 

3.2.  

 

Figure 3.30: Steady-state kinetic plot for Ppm1 using undecaprenyl phosphate as donor substrate (assayed 

in 25 mM Tris-HCl, 10 mM CaCl2, 200 µM GDP-mannose, 10 Units calf intestine phosphatase, 0.1% Triton 

X and 10 mM MnCl2, pH 7.5). Error bars depict S.E.M., n=3. 
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Figure 3.31: Steady state kinetic plot for Ppm1 as a function of GDP-mannose as donor substrate (assayed 

in 25 mM Tris-HCl, 10 mM CaCl2, 200 µM undecaprenyl phosphate, 10 Units calf intestine phosphatase, 

0.1% Triton X and 10 mM MnCl2, pH 7.5). Error bars depict S.E.M., n=3. 

Table 3.2: Steady-state kinetic data for Ppm1 

Substrate k
cat

 (s
-1

) K
M 

(M) k
cat

/K
M

 (M
-1

 s
-1

) 

GDP-mannose 212 ± 15.26 30 ± 7.80 7 x 10
6
 

Undecaprenyl 

phosphate 

79 ± 15.20 55 ± 26.03  1 x 10
6
 

 

According to the KM values reported in Table 3.2, GDP-mannose binds more tightly to Ppm1 

based on the observed lower KM value relative to that of undecaprenyl phosphate. In addition, 

when comparing the catalytic efficiency values (kcat/KM) of the two substrates, Ppm1 exhibits 

higher substrate specificity for GDP-mannose relative to undecaprenyl phosphate. In addition, 

based on the kcat values, Ppm1 is an efficient catalyst, displaying higher efficiency in processing 

GDP-mannose compared to undecaprenyl phosphate. 

According to our knowledge, this is the first time that kinetic parameters have been determined 

in vitro for the Ppm1 synthase from S. coelicolor. There is very limited kinetic data in literature 

for Ppm1 homologues. Most of the data that is available was determined using membrane-

bound enzymes and the KM values reported are in the µM range. One of the few examples 

available, include the kinetic data that was presented for a truncated version of a DPM synthase 

(PH0051p, 1-237) from the hyperthermophilic archaeon Pyrococcus horikoshii (P. horikoshii). 

[198] DPM1 synthase (PH0051p, 1-237), was expressed in S. cerevisiae and radioactivity assays 

were carried out to measure the kinetic data. The KM values reported for undecaprenyl 
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phosphate dolichol phosphate for this enzyme are 1.17 µM and 1.59 µM, respectively (no 

kinetic data for GDP-mannose was reported). No kinetic parameters were reported for the two 

recently published crystal structures for Ppm1 homologues, GtrB and PfDPMS (discussed in 

detail in Chapters 5 and 6). [131]  

Another example of a kinetically characterised Ppm1 homologue is that of DPM1 synthase 

from S. cerevisiae (encoded by the Dpm1p gene). [199] This enzyme was successfully expressed 

in vitro in E. coli and mammalian cells. A radioactivity assay was utilised to determine the 

kinetic parameters for GDP-mannose. The reported KM and kcat values for GDP-mannose are 

1.2 µM and 12.1 s-1, respectively. There is currently no kinetic data reported for similar 

bacterial enzymes, hence, our results are the first to be reported for a putative PPM synthase. 

The KM and kcat values that we obtained for Ppm1 from S. coelicolor are higher than the values 

reported in literature as shown in the above examples. Ppm1 is 39% similar to the thermophilic 

DPM1 synthase (PH0051p) from P. Horikoshii and 37% similar to the DPM1 synthase 

(DPM1p) from S. cerevisaie (as predicted by EMBOSS Needle). The DPM1 synthase 

(PH0051p) from P. horikoshii and DPM1 synthase (DPM1p) from S. cerevisiae are 40% 

similar to each other. Therefore, all these enzymes are not very similar, and they exist in 

different environments in nature. Kinetic parameters such as KM values depend on the structure 

of the active site (amino acids found in the active site). If there are differences in the active site 

or binding site, there will be difference in the KM values as well. Since, there is no crystal 

structures available for all the three aforementioned enzymes, we cannot compare and contrast 

their 3-D structures to determine if there are any structural differences that affect enzyme 

activity. However, all the reported KM values for these enzymes are in the µM range, including 

those we determined for the Ppm1 synthase. 

3.7.5 Activity of other Ppm1 mutants  

In order to get further insights into Ppm1 workings, we also acquired activity data on other 

mutants prepared in section 3.4. Ppm1 has only one cysteine residue in the entire amino acid 

sequence; according to early reports by Lamani et al related to the yeast enzyme homologue 

this residue might be close to the active site. [162] The homology model of Ppm1 shown in 

Figure 3.7, shows that the C200 residue is relatively close to the DXD motif. To probe its 

importance, a C200A mutant was generated and assayed in the presence of GDP-mannose and 

undecaprenyl phosphate (Figure 3.32). This showed 20% loss of activity (80% residual activity 

for the mutant in relation to the wild type), however, this is not significant. According to the 
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studies carried out on the yeast DPM1 synthase by Lamani et al, this conserved cysteine residue 

is located very close to the active site, however, there is no evidence to show that it is involved 

in substrate binding or catalysis. [162] In addition, according to Schutzbach et al, site-directed 

mutagenesis studies carried out on all the three cysteine residues in the DPM1 synthase from 

S. cerevisiae indicated that these residues are not essential for catalysis as enzyme activity for 

all the cysteine mutants was comparable to the wild type enzyme. [181] These results are 

consistent with what we observed with our in vitro characterisation of the Ppm1 C200A mutant.  

As mentioned in Table 3.1 section 3.4, the function of S156 in Ppm1 is unknown. However, 

Banerjee et al, reported that in vivo the corresponding residue in the DPM1 synthase from S. 

cerevisiae might be a possible site for phosphorylation. [199] This possible site for 

phosphorylation was established from complementary DNA (cDNA) analysis of the primary 

structure of DPM1 from S. cerevisiae. This enzyme contains a consensus sequence (RRVIS141) 

for phosphorylation by the enzyme cyclic adenosine monophosphate-dependent protein kinase 

(cAMP-dependent protein kinase). The S141 residue in the yeast DPM1 synthase 

(corresponding to S156 in Ppm1 from S. coelicolor) showed a 6-fold increase in enzyme 

activity compared to the wild type enzyme after in vivo phosphorylation. So, we decided to 

carry out a S156D mutation in Ppm1 to test this hypothesis. The idea was that the carboxylate 

groups in the aspartic acid could mimic the phosphate groups and possibly bring about an 

increase in enzyme activity. However, when the S156D mutant was assayed, its activity was 

comparable to the wild type enzyme (~90% activity), Figure 3.32. This mutation did not bring 

about any increase in enzyme activity as we expected. This mutation did not bring about any 

increase in enzyme activity. A possible further mutant to generate and test could be a S126E 

as glutamate would be expected to mimic a phosphorylated serine residue more stringently. 
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Figure 3.32: Activity of WT Ppm1 relative to mutants H116D, S163L, E218V, C200A and S156D (assayed 

in 25 mM Tris-HCl, 10 mM CaCl2, 10 Units calf intestine phosphatase, 0.1% Triton X and 10 mM MnCl2, 

pH 7.5 in the presence of 0.5 mM GDP-mannose and 0.5 m undecaprenyl phosphate). The enzymes were 

assayed in triplicate and error bars depict S.E.M., n=3. 

As previously mentioned, in the course of this project we initiated a collaboration with 

scientists at the University of York working on the function of ppm1 and pmt genes in S. 

coelicolor. S. coelicolor ppm1- and pmt- strains (strains defective in Ppm1 and Pmt) show 

resistance to ΦC31 infection and this is indicative of the role of mannosylation in the 

production of a cell surface glycoprotein phage receptor (Chapter 1, section 1.7). [111a] Any 

defects to this mannosylation machinery causes antibiotic hypersensitivity; ppm1- strains in 

particular exhibit increased hypersensitivity to several cell wall targeting antibiotics such as 

vancomycin and daptomycin. [111b] Over several years our collaborators have generated mutants 

by random mutagenesis. Several Ppm1 mutants associated to different S. coelicolor phenotypes 

are characterised by increased susceptibility to antibiotics and a change in lipid composition 

leading to compromised membrane and cell wall functions (all indicative of altered/ disrupted 

glycosylation). 

Amongst the most interesting in vivo Ppm1 mutations were H116D, E218V and S163L, to 

which significant antibiotic hypersensitivity is associated (Appendix 8.6). Therefore, we 

decided to generate H116D and S163L mutants of Ppm1 as previously described, whereas the 

E218V mutant was generated by our collaborator, N. Holman (Smith Group, York). 

These Ppm1 mutants were assayed in vitro under the same conditions as the wild type (Figure 

3.32). The E218V mutant was almost inactive, and this is consistent with what was observed 

in vivo in S. coelicolor (defective mannosylation phenotype). However, the H116D and S163L 
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mutants displayed activity in vitro (90% and 60% in relation to the wild type). This was 

somehow unexpected and will be further discussed in the next paragraph. According to the 

homology models by us generated, the H116 residue is located very close to the donor substrate 

binding site (Figure 3.35), whereas S163 is not located close to the active. However, according 

to Figure 3.35 and Figure 5.8, S163 is located on the helices that interact with the lipid chain 

(possibly the part of Ppm1 that associates with the cell membrane). 

In addition to the mutants so far discussed in this chapter, two additional Ppm1 mutants, R82A 

and G143V, have been generated and investigated because mutations to the corresponding 

residues in human DPM1 lead to congenital disorders of glycosylation. The implications of 

these mutations for in vitro and in vivo catalysis will be presented and further discussed in more 

detail in the next chapter (Chapter 4).  

In the next paragraph we will discuss how a direct relationship between Ppm1 catalysis and 

antibiotic hypersensitivity in S. coelicolor could be established.  

3.7.6 Correlating Ppm1 biocatalysis in vitro and S. coelicolor antibiotic 

hypersensitivity  

Given that we had in our hands recombinant and functional Ppm1 from S. coelicolor, as well 

as the opportunity to investigate the corresponding in vivo glycosylation system through our 

collaboration with the Smith group in York, we decided to explore whether there could be a 

direct correspondence between Ppm1 function in vitro and in vivo, and whether our insights on 

the activity of wild type and mutant forms of recombinant enzyme could be directly correlated 

to antibiotic hypersensitivity in S. coelicolor observed by the York group. In collaboration with 

N. Holman (Smith group, York) we were able to evaluate the effect of our original Ppm1 

mutations (D111A, D113A, D57A, R82A, R138A, R226A, G143V, H116D, S163L and ∆42) 

in vivo. Plasmids of the aforementioned mutants were sent to York, where they were introduced 

into the parent strain (J1929) and ppm1- strain (DT3017). Antibiotic disc diffusion assays were 

carried out to test for antibiotic susceptibility to various antibiotics (Appendix 8.6). The 

objective was to test if our Ppm1 mutants complemented the ppm1- strain (DT3017). An 

increase in antibiotic hypersensitivity indicates that glycosylation has been disrupted, and 

hence the mutant is inactive in vivo. 

In addition, N. Holman further tested the Ppm1 mutants by carrying out ФC31phage infection 

assays. The successfully complemented ppm1- strains (DT3017) showed vulnerability to 

ФC31phage infection and displayed increased growth rates. Ppm1 mutants that were inactive 
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in vivo showed resistance to ФC31phage infection, for example, D111A, D113A, R138A and 

R138A. 

In the majority of cases, there was a direct correspondence between in vitro enzyme activity 

and antibiotic hypersensitivity in S. coelicolor, as well as phage infection (indicative of 

disrupted mannosylation) as summarised in Table 3.3 below and illustrated in supplementary 

figures (courtesy of N. Holman, see Appendix 8.6). 

Table 3.3: Overview of Ppm1 mutations effects on recombinant enzyme activity and S. coelicolor 

phenotype characteristics.  

Ppm1 

enzyme  

In vitro activity[a]  S. coelicolor phenotype  

Wild 

type  

100%, active normal [b] 

Δ42 80%, active [c] normal [b] 

D111A 19%, inactive [c]  altered: phage infection resistance and antibiotic hypersensitivity [d]   

D113A 5.0% inactive [c] altered: phage infection resistance and antibiotic hypersensitivity [d] 

R138A 6.5% inactive [c] altered: phage infection resistance and antibiotic hypersensitivity [d] 

R226A 8.0% inactive [c] altered: phage infection resistance and antibiotic hypersensitivity [d] 

E218V 7.5% inactive [c] altered: phage infection resistance and antibiotic hypersensitivity [d] 

D57A 42%, partially active partially active 

G143V 35%, partially active[e] partially active 

R82A 29%, inactive [e] normal [b] 

H116D 90%, active [c] altered: phage infection resistance and antibiotic hypersensitivity [d] 

S163L 60%, partially active [c] altered: phage infection resistance and antibiotic hypersensitivity [d] 

[a] in vitro assay conditions: 25 mM Tris-HCl, 10 mM CaCl2, 0.1% Triton X and 10 mM MnCl2, pH 7.5 in the 

presence of 0.5 mM GDP-mannose and 0.5 m undecaprenyl phosphate 

[b] no hypersensitivity to antibiotics, ФC31phage infection 

[c] in comparison with wild-type enzyme 

[d] indicative of disrupted glycosylation 

[e] described in chapter 4 

 

These results indicated that, in general, there is a direct correlation between Ppm1 function in 

vitro and in vivo. However, surprising outcomes were obtained for the R82A, H116D and 

S163L mutations that showed discrepancy of behaviours in vitro and in vivo. The R82A mutant 

will be discussed in detail in Chapter 4. However, this result was unexpected as the in vivo 

results contradict our in vitro results and recently published in vivo data by Ardiccioni et al. 

[131] 
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The S163L mutant displayed partial activity in vitro, approximately 60% relative to the wild 

type enzyme. However, in vivo this mutant failed to restore normal S. coelicolor phenotype. 

As previously mentioned, the role of the S163 is unknown, however, our hypothesis is that the 

S163L mutation might affect Ppm1 expression in vivo. In vitro, Ppm1 is overexpressed in E. 

coli under a T7 promoter with IPTG induction. Hence, it is difficult to ascertain the effect of 

the S163L mutation on Ppm1 expression in S. coelicolor. In addition, based on our homology 

model with the superimposed Dol-P substrate in the active site, Figure 3.35, the S163 is located 

on an α-helix that is very close to the third isoprene unit of Dol-P. It is possible that this helix 

interacts with the cell membrane in vivo, Figure 5.8. The possible interaction of this helix with 

the cell membrane in vivo will be discussed in Chapter 5, section 5.2.1.3. 

The H116 residue is located very close to the nucleotide binding site, but we are still not certain 

of its role. Interestingly, the H116D mutant exists mainly as a monomer when purified under 

detergent conditions, compared to the wild type and the rest of the mutants that exist as dimers 

as concentrations below 8 mg/mL. The mutant was assayed as a monomer and it displayed 

activity comparable to the wild type, Figure 3.32. It is possible that Ppm1 exists and functions 

as a dimer in vivo, however, dimerization is not required for in vitro activity. 

3.8 Ppm1 ligand binding studies via MicroScale thermophoresis 

To investigate further the role of individual amino acids in the binding of either sugar donor 

and acceptor substrates, we decided to explore the use of MicroScale Thermophoresis (MST). 

MST is a technique that can be utilised to quantify biomolecular binding interactions. It is 

primarily based on thermophoresis, which is the directed movement of molecules along a 

temperature gradient. [200] This strongly depends on properties such as charge, size or hydration 

shell. [200-201] The temperature gradient is induced by an infrared laser (IR laser), and the 

movement of molecules is detected and quantified by the use of a covalently attached 

fluorophore. The fluorophore can be attached directly to the protein or to its ligand. When the 

sample is heated, a binding affinity (Kd) curve is automatically calculated from a fitted curve 

that plots normalised fluorescence versus concentration of the ligand. 

To determine binding affinities for Ppm1 from S. coelicolor and its substrates, we purchased a 

fluorescent labelling kit (Nanotemper). This kit includes a fluorescent dye, capillaries, buffers 

and Tris-nitrilotriacetic acid (Tris-NTA), which has a strong affinity for His6-tagged proteins. 

This technique requires very little buffer optimisation and allows the use of detergents. The 

first step in this process was to determine whether the Tris-NTA dye was binding to the protein 
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before the ligand could be added. This was carried out by incubating 98 µL of 200 µM enzyme 

with 2 µL Tris-NTA dye for 60 minutes. Following this, it is imperative to check protein-dye 

binding by monitoring protein fluorescence. The protein samples were placed in capillaries and 

placed within a Monolith NT.115 (MST instrument/Nanotemper) instrument to be heated with 

an IR laser. The results obtained indicated that the protein was successfully labelled with the 

fluorescent dye, Figure 3.33. 

 

Figure 3.33: MST results showing that Ppm1 gives a fluorescent signal upon exposure to an IR laser: this 

confirms that the fluorescent dye was successfully attached to the His6-tag of the protein. 

Upon addition of the donor ligand (GDP-mannose), which requires divalent metal ions for 

binding to the protein, the fluorescent signal was still present, however the obtained 

dissociation curve showed that there was a lot of noise possibly due to protein aggregation 

(data not shown). Generally, protein aggregation can affect the production of the fluorescent 

signal. The same result was obtained after several attempts, even in the presence of the acceptor 

substrate, undecaprenyl phosphate. As we were unable to get any useful data from this process, 

we decided to concentrate on crystallisation and NMR analysis to gather further insights into 

substrate binding and processing  

3.9 Brief summary and relevance of enzyme activity studies  

Through literature search and homology modelling we were able to initially envisage for Ppm1 

a number of possible amino acid mutations that would be desirable to explore in order to shed 

light on substrate binding and catalysis requirements. These mutations (Table 3.1) were 

achieved, as well as other useful additional ones suggested by glycosylation-defective 

phenotypes for S. coelicolor observed in York. The activity of recombinant wild type Ppm1 
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and mutants was qualitatively and quantitively evaluated through the use of a phosphatase-

coupled assay for which the release of inorganic phosphate, equalling mannosylated product 

formation, is spectrophotometrically measured. 

Activity studies with metal cofactors, as well as natural, unnatural and surrogate substrates 

were conducted to probe substrate specificity at both donor and acceptor sites. Kinetic data 

(Table 3.2) agreed in revealing that Ppm1 presents much more substrate promiscuity at the 

acceptor site. This was known on the basis of previous studies carried out on membrane-bound 

enzymes of the same class and contributes to suggest that Ppm1 might be further developed as 

a biocatalyst for the preparation of mannosylated phospholipid (or phospholipid-like) 

substrates. The stereochemistry of these has been predicted (and verified by others) to be 

 however, it has yet to be independently established for surrogate substrates such as phenyl 

phosphate. Indeed, the Ppm1 reaction is expected to proceed with inversion of stereochemistry 

at the anomeric position of mannose, as shown in Figure 3.34. 

The in vivo data resulting from our collaboration with the Smith group in York have greatly 

contributed to corroborating insights on Ppm1 function and its significance in the context of 

the development of healthy phenotype in S. coelicolor. Indeed, we were able to correlate in 

vitro enzyme activity data with the in vivo glycosylation outcomes as shown in Table 3.3. In 

the majority of cases a direct correlation between them was established. For example, instance 

the following Ppm1 mutations/alterations: D111A, D113A, R138A, R226A, G143V, D57A, 

E218V and ∆42, lead to enzyme defective activity in vitro and in vivo. In a few cases there 

were discrepancies, namely for the H116D, S163L and R82A mutants. The role of R82A in 

enzyme catalysis will be further discussed in detail in Chapter 4. We are still not certain about 

the roles of the H116 and S163. In the recently published GT2 structure of PfDPMS it is 

suggested that the H116 residue is located within hydrogen bonding distance to the mannosyl 

moiety of the donor substrate. [196] However, there is no mention of whether this residue plays 

an active role in substrate binding or catalysis. The S163 residue is not conserved in PfDPMS, 

instead, there is a glycine residue at the position corresponding to S163 in Ppm1. 

Nonetheless, these aforementioned recently published structures allowed us to rationalise our 

data and confirm our early hypotheses for the rest of the mutants previously discussed. Our 

Ppm1 homology model of Figure 3.35 in complex with Und-P (based on superimposing the 

donor and acceptor ligands on our Ppm1 homology model) shows all the mutated residues 

located between the donor and the acceptor substrate sites. 
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Figure 3.34: Proposed substrate binding and catalysis view based on our collective studies. Ppm1 

coordinates to GDP-mannose via D57, D111 and D113. R138 binds to the phosphate moiety of the acceptor 

substrate. Divalent metal ions are required for substrate binding. 

These are D111, D113, D57, H116, R82 and C200. The arginine residues R138 and R226 that 

we early predicted to be putative binding sites for the lipid phosphates are positioned on flexible 

linkers or loops. In addition, the other mutated residues E218, S163 and S156 are also located 

very close to the acceptor lipid phosphate. Interestingly, S163 is located on an α-helix very 

close to G143. In DPM1 synthase from humans the conserved and corresponding residue 

(G152) is one of the residues that facilitates DPM1 synthase binding to DPM3 (Chapter 1, 

section 1.4.2). DPM3 is a membrane-bound enzyme and hence this suggests that G152 in the 
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human enzyme is located very close to the cell membrane. It is possible that both S163 and 

G153 in Ppm1 are located on the part of the protein that interacts with the cell membrane. 

However, we are still not certain how Ppm1 interacts with the cell membrane in S. coelicolor. 

 

 

Figure 3.35: Homology model for Ppm1 showing the position of all the residues that were mutated 

(represented in sticks). The homology model was generated by Raptor X and modelled on PyMOL. 

The structure of the Ppm1 synthase in relation to the two recently published crystal structures 

will be discussed in more detail in Chapter 5. Further discussion and conclusions will be 

highlighted in Chapter 6. 
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4 Chemical rescue of Ppm1 activity defective mutants 

In the previous chapter we described site-directed mutagenesis aimed at generating several 

mutants whose characterisation was instrumental for the identification of amino acid residues 

either involved in substrate binding and/or catalysis of GTs. In addition, we were also interested 

in investigating some of the conserved residues that have been implicated in congenital 

glycosylation disorders in humans. In chapter 1 (section 1.4.1), disease-causing mutations in 

DPM1 were extensively discussed. DPM genes in humans can undergo either deletions or point 

mutations that consequently lead to either complete loss of DPM synthase function or the 

manifestation of congenital disorders of glycosylation (CDGs). [123] These are characterised by 

a myriad of clinical symptoms such as seizures, psychomotor retardation, myopathy, liver 

disease and brain retardation with microcephaly to mention a few. [125-126] 

This chapter focuses on the investigation of disease-associated mutations in the DPM1 gene, 

namely R92G and G152V, which are R82 and G143 respectively in the S. coelicolor Ppm1, 

Table 4.1 [129, 131, 133] The position of these residues in the human DPM1 synthase is shown in 

Figure 4.1. 

 

Figure 4.1: Homology model of the DPM1 synthase from humans in cartoon and mesh representation. The 

model was generated by RaptorX and modelled on PyMOL. [121] R92, G152 and S248 residues represented 

in spheres. These amino acid residues can undergo point mutations in humans leading to CDGs. The R92 

residue is in close proximity to the sugar-nucleotide binding site, D65 (which is involved in the nucleotide 

moiety of the donor substrate), and the DXD motif active site represented by red spheres.  
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Table 4.1: Shows the DPM1 residues that cause disease in humans when they undergo point mutations as 

well as the corresponding residues in S. coelicolor 

Human DPM1 synthase   S. coelicolor PPM1  

R92 R82 

G152 G143 

S248 E240 

 

The enzyme activity of Ppm1 R82A and G143V mutants was studied in vitro using the 

phosphatase-coupled assay discussed in chapter 3, with malachite green reagents used to detect 

product formation. It should also be noted that the DPM1 undergoes a serine to proline point 

mutation (S248P); however, this residue is not conserved in bacteria (the corresponding residue 

in Ppm1 is E240). [129, 131] Milder symptoms have been observed in patients that have the S248P 

mutation. Clinical phenotype includes developmental delays and optic atrophy. Additionally, 

as discussed in Chapter 1, there are point mutations that lead to disease that have been reported 

for the two accessory proteins, DPM2 (G10E and Y23C) and DPM3 (L85S). [128, 134-135] 

However, the starting point was to focus on the DPM1 synthase first as it shares approximately 

43% similarity with the Ppm1 synthase (as predicted by the bioinformatic software EMBOSS 

Needle, Table 1 in Chapter 1). Additionally, the point-mutations in the DPM1 gene cause the 

most severe clinical phenotype, particularly the R92G mutation. [129] 

As discussed previously, it would be very challenging to study the activity of the DPM1 

synthase in vitro or carry out mutagenesis studies on this enzyme, as it requires two membrane-

bound accessory proteins (DPM2 and DPM3) for stable expression and function. [120] Hence, 

Ppm1 serves as a suitable homologue to investigate the effect of the disease-causing mutations 

not only in terms of enzyme catalysis but also if the mutations lead to loss of enzyme activity, 

enzyme chemical rescue attempts can be explored. 

4.1 Enzyme chemical rescue using exogenous molecules 

Prior to carrying out enzyme activity rescue experiments on Ppm1 activity defective mutants, 

a literature search was conducted to determine firstly if this methodology has been previously 

applied to other glycosyltransferase enzymes or related enzymes, and secondly, to search for 
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potential exogenous molecules that could potentially be utilised to surrogate the role of the R82 

residue. 

Enzyme chemical rescue refers to an experimental approach that involves attempting to restore 

enzyme activity by using small exogenous molecules. In principle, exogenous molecules work 

by mimicking the mutated side chain and in successful cases, a revival of the mutant catalytic 

activity is observed. [202] There are two possible effects that can explain the revival of enzymatic 

activity, and these are not mutually exclusive. First, the exogenous compound can provide a 

reacting group that has been removed by mutation; and second, the rescuing exogenous 

molecule can assist in the restoration of the local, global structure or active site structure that 

has been disrupted by the mutation. 

There are relatively few examples on this approach reported in wider literature, and within 

carbohydrate-processing enzymes they include some on retaining glycosidases, briefly 

mentioned in Chapter 1. Glycosidases catalyse the hydrolysis of glycosidic linkages with either 

retention or inversion of stereochemistry. Retaining glycosidases utilise a double displacement 

mechanism which involves the formation and subsequent hydrolysis of a covalent glycosyl-

enzyme intermediate species. [203] This two-step process is process is facilitated by general 

acid-base catalysis, provided by acidic side chains (e.g. the carboxylic acid groups of Asp and 

Glu). Chemical rescue has been employed in some retaining glycosidases to identify and probe 

the nucleophilic and the general acid-base residues. Nucleophilic exogenous molecules such as 

azide and formate are often utilised for such experiments; for example, the activity of the 

E358A mutant of the β-glucosidase from Agrobacterium faecalis (A. faecalis) was increased 

by approximately a 100, 000-fold in the presence of high concentrations of azide or formate. 

[204] 

This approach has also been used for glycosyltransferase enzymes, although not that 

commonly. An example is given by the report on the chemical rescue of a bovine α3-

galactosyltransferase (α3GalT) enzyme. [205] α3GalT (E.C 2.4.1.151) belongs to the GT-6 

family of glycosyltransferases; it is a Golgi-resident type II transmembrane protein that 

transfers galactose from UDP-α-galactose to the terminal N-acetyllactosamine unit of 

glycoconjugate glycans, forming the oligosaccharide structure Galα1,3Galß1,4GlcNAc. [206] 

This oligosaccharide structure is present in most mammalian glycoproteins. 

The chemical rescue methodology was applied to bovine α3GalT on inactive mutants; key 

residues in the enzyme active site were generated with the aim of providing new mechanistic 
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insights into how this enzyme works. Sodium azide was successfully utilised (as a nucleophile) 

to chemically rescue the E317A mutant. [205] Monegal et al. reported that sodium azide was 

able to specifically rescue the activity of the E317A mutant; attempts to chemically rescue 

another active site mutant, D316A, were futile. Additionally, increasing the concentration of 

sodium azide displayed an inhibitory effect on the wild type enzyme.  

Chemical rescue has also been applied to the study of the human carbonic anhydrase II (HCA 

II) enzyme. [207] Carbonic anhydrases (CAs) are ubiquitous metalloenzymes found in nature. 

They are divided into five families and they catalyse the rapid and reversible transfer of carbon 

dioxide to bicarbonate and in addition produce excess protons. [208] Proton transport is essential 

for various biological processes such as photosynthesis in plants and respiration in humans. 

The human HCA II can undergo an H64A mutation which disrupts the rate limiting proton 

transfer (PT) step, and consequently a reduction of catalytic activity in comparison to the wild 

type enzyme. Maupin et al reports that the PT event in the human HCA II was successfully 

restored by using a 4-methylimidizole as a proton donor/acceptor in the active site. [207] HCA 

11 activity was chemically rescued to wild type activity level. 

Another very interesting example found in literature is the one reported by Deckert et al., for 

which chemical rescue by small molecules was utilised to modulate enzyme activity. [209] In 

this example, Deckert et al. developed a technique for engineering de novo allosteric control 

into proteins that do not inherently possess this property. The premise for this technique is 

based on studies that report that cavity-forming mutations in an enzyme can be complemented 

by binding of small hydrophobic molecules. [210] Engineering allosteric control involves the 

removal of a buried structural component in the enzyme, which distorts active site geometry 

resulting in loss of enzyme activity. Therefore, subsequent exogenous replacement of a 

complementary small molecule can then be utilised to restore enzyme structure, and hence 

activity. This method was successfully applied in in vivo to rescue the activity of W33G in a 

β-glycosidase enzyme and W492G in a β-glucosidase enzyme. [209] Indole was utilised to 

complement the removal of a buried tryptophan side chain that serves to reinforce, and hence 

rescue the activity of these mutants. 

4.1.1 Selecting small molecules for Ppm1 synthase mutant activity rescue  

There are some important considerations that must be made when choosing an exogenous 

ligand for chemical rescue. The obvious choice would be to select molecules that closely 

resemble the removed side chain, for example, carboxylates that can complement the removal 
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of glutamate and aspartate residues, and guanidines that can be utilised to surrogate the absence 

of an arginine side chain. It is highly unlikely that mutant rescue can be achieved by isosteric 

residues. However, sometimes exogenous molecules that share little similarity to the removed 

side chain can prove to be efficient. [204, 211] This is the case of imidazole and arginine, and this 

observation can be accounted for by steric factors, the nature of the active site as well as the 

chemical features of the exogenous ligand. On the basis of literature search reporting that 

arginine mutants have been successfully rescued by the use of imidazole (see below), the 

exogenous molecules selected for preliminary studies on the chemical rescue of our Ppm1 

R82A mutant were imidazole (32) and L-arginine (33), Figure 4.2. 

 

Figure 4.2: Chemical structure of imidazole and L-arginine. 

There are several reports in literature on the ability of imidazole to rescue arginine mutants, an 

example of these will be discussed in detail in section 4.4. [211b, 212]. In our case, L-arginine was 

selected to investigate whether it would be able to compensate for the absence of R82. Both 

these exogenous molecules are inexpensive and commercially available.  

4.2 Site-directed mutagenesis of the S. coelicolor Ppm1 to mimic defective human 

DPM1 synthase  

The objective of this part of my project was to utilise site-directed mutagenesis to generate two 

S. coelicolor Ppm1 single point mutants, R82A and G143V, to mimic corresponding mutants 

in the human DPM1 synthase, and hence determine the effect of these mutations on enzymatic 

activity, and possibly attempts to chemically revive abolished/diminished enzyme activity. The 

R82A mutant in particular would resembles the mutation in humans (R92G) that is associated 

to the most severe phenotype in CDG type I-e patients. 

To generate the Ppm1 R82A and G143V mutants, forward and reverse primers were designed 

utilising the Agilent Primer Design software. The primers sequence is shown in Table 4.2 

below: 
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Table 4.2: List of primers utilised for Ppm1 site-directed mutagenesis 

Primer Sequence Tm 

R82A Forward 5-TCATGCACGCCAAGGGCAAGG 79.9 ºC 

 

R82A Reverse 5-CCTTGCCCTTGGCGTGCATGA 79.9 ºC 

 

G143V 

Forward 

 

5-TGACCACCCGGACGCCGGGCACC 85.8 ºC 

 

G143V 

Reverse 

5-GGTGCCCGGCGTCCGGGTGGTCA 

 

85.8 ºC 

 

 

PCR reactions were carried out to generate the R82A and G143V mutants using Platinum Pfu-

DNA polymerase from Invitrogen as per manufacturer’s instructions, and the pET-28a(+) 

vector containing the SC6D7.16 gene as template. Successful gene amplification was verified 

by agarose gel electrophoresis analysis. The PCR products produced a bright band at 

approximately 6000 base pairs (gene + vector) as shown below, Figure 4.3. Sequencing results 

from GATC confirmed the presence of point mutations at the desired sites on the plasmids. 

 

Figure 4.3: Agarose gel analysis showed PCR products for both G143V and R82A at the correct size of 

approximately 6000 base pairs (gene + vector). 

The recombinant plasmids were subsequently transformed into E. coli BL21 (DE3) cells for 

protein expression (with IPTG induction). Protein purification was carried out using Ni2+ 

affinity chromatography on a gravity column. SDS-PAGE gel analysis was carried out to 

confirm the size, expression levels and the purity of the mutant proteins, Figure 4.4. Protein 
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concentration was determined using a Thermo Scientific Nanodrop Lite spectrophotometer, 

and approximately 4-5 mg of protein was produced from a litre of culture for both the R82A 

and G143V mutants. The protein yields obtained for the mutants were a bit lower but still 

comparable to the wild type protein. 

 

 

Figure 4.4: Representative 12% SDS-PAGE gels showing the size and yields of mutant proteins, G143V 

and R82A respectively, after overexpression in E. coli BL21 (DE3), extraction and purification by Ni2+ 

affinity chromatography. 

The mutants were further purified by FPLC on a Superdex 200 pg column under non-ionic 

detergent conditions (in 0.03% DDM). The SEC profiles for both the R82A and the G143V 

mutants were similar to those displayed by the wild type protein, Figure 2.9. At low protein 

concentration (between 2 mg/mL to 8 mg/mL loaded onto the gel filtration Superdex 200 pg 

column), the enzymes eluted as dimers at 70 mL, Figure 4.5. As mentioned in chapter 2, at 

concentrations higher than 10 mg/mL, the protein elutes from the gel filtration column as a 

trimer (65 mL). 

After Ni2+ affinity chromatography  
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Figure 4.5: SEC elution profiles for the wild type Ppm1 (top left), G143V mutant (top right) and R82A 

mutant under non-ionic detergent conditions, 0.03% DDM in a 50 mM Tris-HCl buffer, pH 7.5. At low 

concentration (between 2-8 mg/mL) the proteins assume a dimeric form, which elutes at 70 mL. 

4.3 Enzyme activity assays 

To investigate the effect of the R82 and G143 point mutations on enzyme catalysis, 

comparative activity assays with the wild type enzyme were carried out. The activity assay 

utilised was the same previously described (Chapter 3, section 3.6) employing a coupled-

phosphatase that removes inorganic phosphate (Pi) from GDP upon substrate turnover, and 

detection of Pi via the use of malachite green phosphate reagents. A standard curve for the 

release of Pi was initially generated as described in chapter 3. The R82A and G143V mutants 

were assayed in the presence of divalent metal ions (Mn2+), GDP-mannose and undecaprenyl 

phosphate. The results of the assays are displayed below in Figure 4.6. 
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Figure 4.6: Activity of the WT Ppm1 relative to disease-causing mutant mimics R82A and G143V. The 

enzymes were assayed in 25 mM Tris-HCl, 10 mM CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% 

Triton X and 10 mM MnCl2, pH 7.5 in the presence of 0.5 mM GDP-mannose and 0.5 mM undecaprenyl 

phosphate. The enzymes were assayed in triplicate and error bars depict S.E.M., n=3. 

The activity of the R82A and G143V mutants was found to be greatly reduced in comparison 

to that of the wild type protein. The R82A mutant displayed approximately 21% activity 

relative to that of the wild type enzyme, whereas the G143V mutant displayed about 35% of 

relative activity. In the Ppm1 homology model, R82 is in close proximity to the sugar-

nucleotide binding site. It is possible that this residue provides some electrostatic interaction 

with the substrate or stabilisation of the transition state during catalysis, and/or induces a 

favourable conformational change during catalysis. In chapter 1, it was mentioned that in the 

DPM1 synthase, the G152V mutation leads to decreased binding of DPM1 synthase to the 

accessory protein, DPM3 synthase. [133] DPM3 synthase regulates stable expression of the 

catalytic unit DPM1 synthase, and also tethers the catalytic unit to the cell membrane. 

However, in bacteria, the protein has only one domain and it is difficult to ascertain the role of 

the G143 residue. No issues with protein expression were observed for the G143V mutant, 

however, it should be noted that recombinant expression of mutant proteins is carried out in E. 

coli, which is an efficient expression host, under a T7 promoter and with IPTG induction. 

Therefore, it is still possible that in the native host, protein expression levels due to this 

mutation may be affected. In addition, the G143 residue might play an important structural 

role, and it is possible the mutation induces a conformational change that renders it less 

effective during catalysis. 

These mutants could potentially serve as useful models for human DPM1 synthase as they can 

be studied in vitro. To further investigate the mechanistic role of R82 in enzyme catalysis, a 
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chemical rescue methodology using exogenous molecules was employed. The experiments 

carried out and the results obtained are discussed in the following sub-section. 

4.3.1 In vitro chemical rescue of R82A mutant activity using imidazole and L-arginine 

In order to investigate whether it would be possible to chemically rescue or enhance the activity 

of the R82A mutant in vitro using exogenous molecules, enzyme activity assays were set up as 

usual using 0.5 mM GDP-mannose and 0.5 mM undecaprenyl phosphate, in assay buffer 

containing 25 mM Tris-Cl, 10 mM calcium chloride, 10 mM manganese chloride, 0.1% Triton 

X, pH 7.5, supplemented with varying concentrations of the exogenous molecule of interest, 

L-arginine or imidazole. 

Mutant enzyme rescue assays were initially carried using 10 mM, 50 mM and 100 mM L-

arginine. However, L-arginine precipitated out of the buffer, and after filtering the buffer (using 

a 0.2 µm filter), there was no notable or significant increase in enzyme activity. Lower 

concentrations of L-arginine (between 0.5 mM-5 mM) did not lead to any change in enzyme 

activity. 

The enzyme rescue assay was therefore carried out using varying concentrations of imidazole, 

from 10 mM to 100 mM. High concentration of imidazole enhanced the activity of the R82A 

mutant in a concentration-dependent manner, Figure 4.7. Lower concentrations of imidazole 

(between 0.5 mM-5 mM, not shown in the figure) did not give any change in enzyme activity. 
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Figure 4.7: Chemical rescue of Ppm1 R82A mutant activity using increasing concentrations of imidazole. 

The assay was carried out in 25 mM Tris-HCl, 10 mM CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% 

Triton X and 10 mM MnCl2, pH 7.5 in the presence of 0.5 mM GDP-mannose and 0.5 mM undecaprenyl 

phosphate. Imidazole increased the activity of the R82A mutant in a linear fashion (concentration- 

dependent). 

At 100 mM imidazole concentration, R82A activity found to be approximately 80% 

comparable to that of wild type Ppm1. The latter was tested in parallel in the presence of 

varying concentrations of imidazole, however, increasing concentrations of imidazole had an 

inhibitory effect, Figure 4.8. It is possible that the R82 residue is involved in hydrogen bonding 

to the donor substrate or the D57 residue (R82 is located very close to D57, and D57 

coordinates to the nucleotide moiety of the donor substrate, GDP-mannose). Therefore, the 

exogenous imidazole might mimic these interactions. Alternatively, it is possible that 

imidazole may structurally compensate for the mutation by inducing a favourable 

conformational change that facilitates catalysis but does not participate directly in substrate 

binding and/or catalysis.  
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Figure 4.8: Effect of imidazole on wild type Ppm1. The assay was carried out in 25 mM Tris-HCl, 10 mM 

CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5 in the presence of 

10 mM, 50 mM and 100 mM imidazole using 0.5 mM GDP-mannose and 0.5 mM undecaprenyl phosphates 

as substrates. Enzyme activity decreased with increasing imidazole concentration. 

To check whether the enzyme rescue by imidazole is specific for the 82 position and for 

arginine residues in Ppm1, two control experiments were performed. The first involved the use 

of the Ppm1 D111A, whose activity is reduced to less than 20% in comparison to the wild-type 

enzyme, Figure 4.9. 

 

Figure 4.9: Activity of the wild type Ppm1 compared to that of R82A and D111A mutants, in the absence 

(left) and in the presence of 100 mM imidazole (right). The assay was carried out in 25 mM Tris-HCl, 10 

mM CaCl2, 20ng/µL CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5. Enzyme 

chemical rescue using a 100 mM imidazole was successful only the R82A mutant. 

As shown in Figure 4.9b, the activity of the R82A mutant was successfully restored using 100 

mM imidazole, and to a level comparable to the WT enzyme. However, the imidazole 
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completely abolished any residual activity that was left for the D111A mutant. This suggests 

that the chemical rescue is either specific to arginine residues or to the 82 position of Ppm1. 

To investigate whether the chemical rescue by imidazole possibly affected other arginine 

residues in the enzyme, a control experiment using the R226A mutant (normally almost 

inactive) was setup. The R82A and R226A mutants were assayed in the presence of 100 mM 

imidazole, and their activity was compared to the activity of the WT enzyme. In the presence 

of 100 mM imidazole, the activity of R226A was not rescued, Figure 4.10. These results 

suggest that the addition of imidazole to the assay is effective on the R82A mutation 

selectively. 
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Figure 4.10: Activity of the wild type Ppm1 enzyme compared to that of R82A and R226A mutants in the 

presence of 100 mM imidazole. The assay was carried out in 25 mM Tris-HCl, 10 mM CaCl2, 20ng/µL 

CD39L3/ENTP3 phosphatase, 0.1% Triton X and 10 mM MnCl2, pH 7.5. The R82A mutant activity was 

chemically rescued by the presence of imidazole almost up to WT level. The presence of imidazole did not 

rescue the activity of the R226A mutant. 

 

4.4 Chemical rescue of mutated DPM1 synthase as a therapeutic approach for genetic 

diseases 

The chemical enzyme rescue of the R82A proved preliminarily successful in vitro. The next 

question to address would be whether this could be possible to achieve in vivo. In vivo systems 

are much more challenging to work with as the exogenous molecules employed must be both 

cell permeable and non-toxic at the levels required for the enzyme rescue. There are numerous 

examples in literature where in vivo chemical enzyme rescue has been successfully achieved 
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(see section 4.1), albeit at low concentrations of the exogenous molecules to circumvent 

toxicity. [212b, 213] The application of chemical rescue to in vivo systems means that this 

methodology could potentially be exploited to reactivate mutant enzymes in patients suffering 

from inherited genetic disorders. [213a] For example, based on the work by Cole et al. , it might 

be possible to treat genetic disorders like piebaldism in vivo using chemical rescue. [214]. 

Piebaldism is a rare genetic disorder that is characterised by congenital, leukoderma (patchy 

absence of skin pigmentation) and poliosis (overlaying hair). [214] This condition is due to a 

lack of melanocyte cells in the affected areas. In a case study conducted by Spritz et al., they 

investigated this genetic condition on a South African girl who suffered from piebaldism and 

discovered that she also suffered from severe sensorineutral deafness. [214] Upon further 

investigation, they found the patient to be heterozygous for a novel missense mutation in the 

KIT gene, R796G, located within the intracellular kinase domain. This arginine residue is 

highly conserved in tyrosine kinases. 

Interestingly, Cole et al. successfully managed to rescue the activity of this same conserved 

arginine residue in a tyrosine kinase Csk, both in vitro and in vivo in mouse embryonic 

fibroblasts. [215] Generally, protein tyrosine kinases play a crucial role in a variety of signal 

transduction pathways including regulation of cell growth, differentiation, activation as well as 

transformation. Cole et al. mutagenized an arginine residue (R318A) located very close to an 

aspartate residue that is in the active site. This R318 residue interacts with this aspartate via 

hydrogen bonding. The introduction of this mutation made the enzyme inactive in vitro, 

however, activity was activated up to a 100-fold after the addition of imidazole. Cole and co-

workers rationalised this result by reporting that the positively free (charged) imidazole 

coordinated to the catalytic carboxylate groups of the active site aspartate residue, hence 

compensating for the hydrogen bonding provided by the R318 residue. 

Furthermore, Cole et al. introduced the R318A Csk mutant to mouse embryonic fibroblasts to 

investigate if it was possible to translate chemical rescue to living systems. Generally, mouse 

embryonic fibroplasts which lack Csk are defective in actin stress fibre formation. [211b, 215] 

However, after exposing the fibroblasts with defective Csk, they discovered that actin stress 

fibre developed within 15 minutes after exposure to 50 mM imidazole. This was the first 

successful chemical rescue in living cells (in vivo) to be reported. [215-216] Therefore, this result 

suggests that it might be possible in the future to treat genetic conditions such as piebaldism 

using exogenous molecules. 
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If chemical rescue using exogenous molecules that have high affinity and high potency for the 

mutant enzyme could be applied in vivo to R92G in DPM1 synthase (which corresponds to 

R82A in bacteria), then it might be possible to treat patients that suffer CDG type I-e because 

of this mutation. This would be a significant breakthrough because, as previously mentioned, 

the R92G mutation causes the most severe congenital disorder phenotype for which currently 

there is no effective treatment. As mentioned in chapter 1 (section 1.4.4.1), there are reports of 

patients who showed some improvement on the congenital disorder, CDG-1b, after taking oral 

mannose. [143a] However, a high-mannose diet leads to osmotic diarrhoea and other health 

problems, hence ultimately this treatment is not very effective. Further work will have to be 

carried out to verify whether the use of exogenous molecules might be able to rescue defective 

glycosylation disorders in humans. Nevertheless, in vivo chemical rescue is a promising avenue 

for the future development of therapies for patients suffering from genetic diseases. 

4.5 Brief summary and relevance of results 

In this chapter, I presented how two mutants of S. coelicolor Ppm1, R82A and G143V, which 

mimic human DPM1 mutations found in congenital disorders of glycosylation, were prepared 

and their enzymatic activity was tested with GDP-mannose and undecaprenyl phosphate. It was 

found that these mutants presented greatly reduced enzyme activity, Table 3.1 and Table 3.3. 

This has been recently reported by in vivo studies on DPM1 in zebrafish carried out by 

Ardiccioni et al. [131]. Interestingly, the R82A mutation introduced in S. coelicolor (Chapter 3, 

section 3.7.6) does not give rise to a phenotype indicative of disrupted mannosylation (Table 

3.3 and in the Appendix 8.6). This is interesting as further investigation of the Ppm- Pmt 

glycosylation machinery in S. coelicolor might reveal how the bacterium is able to counteract 

a mutation which is very disrupting on recombinant Ppm1 catalysis and certainly detrimental 

for human DPM1. 

Following its activity evaluation, the chemical rescue of Ppm1 R82A activity was attempted 

utilising exogenous arginine and imidazole. Chemical rescue of Ppm1 R82A function was 

achieved by imidazole as a function of its concentration in the activity assays. In particular 

Ppm1 R82A showed to be 80% active in comparison to wild type Ppm1. This implies that the 

Ppm1 R82 residue is crucial for biocatalysis in vitro, and chemical rescue studies demonstrated 

that its rescue by imidazole is selective. However, further work is still required to clarify how 

the chemical rescue works and whether this is achievable in vivo. 
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As I have also shown that DPM1 can be expressed in a functional form in E. coli, although in 

small amounts (Chapter 2, section 2.5). A current PhD student in the Tosin group is continuing 

with this work and will attempt to introduce a point mutation (R92A) into the human DPM1 

gene itself, as well as generate corresponding in vivo mutations in Zebrafish.  

Overall, further studies will be required to investigate whether the chemical rescue of 

PPM/DPM enzymes can be improved and optimised, e.g. by identifying molecules that can 

exert a similar effect at much lower concentrations and possibly in vivo. Nonetheless, to the 

best of our knowledge, this would be the first successful example of chemical rescue of an 

inverting glycosyltransferase enzyme with possible implications for congenital disorder 

treatment. 

The next chapter will focus on establishing the basis for the structural investigation of Ppm1 

and similar enzymes. This should provide additional insights into the functional studies so far 

reported. 
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5  Ppm1 structural studies 

In the previous chapters, the extensive functional characterisation of the Ppm1 and its mutants 

was presented. This chapter will focus on our preliminary structural work carried out on these 

enzymes involving X-ray crystallography and solution NMR. 

Unfortunately, during the course of my PhD, two crystal structures on GT2 enzymes processing 

Und-P and Dol-P as acceptor substrates were published. [131] Nonetheless, we carried on with 

our crystallisation trials and solution NMR studies. 

As mentioned in chapter 2, membrane proteins and membrane-associated proteins continue to 

pose a significant challenge in structural biology. The difficulties encountered when studying 

such proteins are largely due to their hydrophobic surfaces, flexibility and lack of stability. [217] 

Membrane proteins constitute approximately 40% of drug targets, however, a limited number 

of them has been successfully characterised by biophysical techniques such as X-ray 

crystallography or solution NMR. [164] The majority of glycosyltransferases (GTs; EC 2.4) are 

either membrane-associated or have transmembrane (TM) components; hence, there has been 

very few GTs that have been structurally characterised over the years. [26] Challenges include 

low-expression levels, even with efficient recombinant protein expression systems such as E. 

coli, and purification to homogeneity as these proteins contain hydrophobic patches that lead 

to the formation of aggregates. [164] 

The human DPM synthase, extensively discussed in previous chapters, is a multicomponent 

enzyme composed of a catalytic unit (DPM1) and two membrane-bound accessory proteins, 

DPM2 and DPM3), Figure 5.1.  
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Figure 5.1: Homology model for DPM1 (in green) DPM2 (in blue), and DPM3 (in magenta) surface 

generated by RaptorX and modelled on PyMOL. DPM1 is associated to the membrane of the ER via DPM3, 

which is in turn bound to DPM2. 

Deletions and point mutations to the DPM1 gene lead to congenital disorders of glycosylation 

type Ie (CDG Ie). [129] Gaining structural insight into the catalytic subunit, DPM1 synthase, 

would be tremendously beneficial in the development of drug therapeutics for patients who 

suffer from CDGs. The enzyme three-dimentional (3-D) structure is paramount to the 

development of drug therapeutics. Currently, there is no crystal structure for DPM1, DPM2 

and DPM3. Bacterial homologues such as the Ppm1 synthase from S. coelicolor are less 

complex in structure and fully soluble in our case: hence their investigation is a starting point 

towards to understanding of human DPM synthase. 

5.1 Crystallisation studies of the PPM Synthase from S. coelicolor 

X-ray crystallography is a high resolution biophysical technique that is commonly used to 

determine the 3-D structure of proteins. It allows the visualisation of protein structures at the 

atomic level and, hence, increases our understanding of protein structure and function. 

In brief, protein X-ray crystallography works as follows: a purified and homogenous sample at 

a high concentration is crystallised under different buffer and salt conditions. [218] These 

crystals are subsequently exposed to an X-ray beam. The diffraction pattern (diffraction spots) 

that results is processed to yield crystal packing symmetry data as well as the size of the 

repeating unit that forms from the protein crystal. The intensities of these diffraction spots is 

utilised to generate an electron density map which is ultimately used to produce a molecular 

structure using the protein sequence. The molecular structures can be refined to fit electron 
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density maps more accurately and to adopt a thermodynamically favoured conformation.These 

electron density maps are thus translated into 3-D structures of proteins.  

As previously stated, the S. coelicolor Ppm1 is prone to aggregation during and after the 

enzyme purification process. However, after screening various buffers, additives and detergent 

conditions, an optimised purification protocol was established as thoroughly described in 

chapter 2. Samples for protein crystallisation were purified to homogeneity by SEC following 

Ni2+ affinity chromatography. At high protein concentrations (above 8 mg/mL), the protein 

elutes as a trimer, Figure 5.2. It is also worth mentioning that at high concentrations, the Ppm1 

truncated variant (∆42), also elutes as a trimer from the gel filtration column. 

 

Figure 5.2: Gel filtration profile of Ppm1 (25 mg/mL) purified in 0.03% DDM.  

The fractions constituting the trimer peak were pooled and concentrated, and then utilised to 

set up crystallisation plates. The protein concentrations that were utilised to set up 

crystallisation plates were 10 mg/mL and 15 mg/mL. Initial crystallization screens were 

performed using a MemGold-MD1-39 screen which encompasses 96 different conditions of 

various pH, PEG (polyethylene glycol) and salt additives. In addition to the MemGold-MD1-

39 screen, we also utilised the Hampton screen. The sitting drop method (Figure 5.3) was 

utilised using a Mosquito dispenser and the plates were left to incubate at 15 ˚C.  
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Figure 5.3: Overview of the sitting drop vapour diffusion technique which was utilised to set up 

crystallisation plates for Ppm1. 

In this vapour diffusion method, a protein droplet (approximately 2 µl-10 µl) consisting of 

purified protein, buffer and precipitant from the crystallisation screen is placed in a microwell 

with a reservoir of similar buffers and precipitants (as depicted by the black dot in Figure 5.3). 

The buffers and the precipitants in the reservoir are at a much higher concentration than in the 

protein droplet (state of undersaturation), the reservoir does not contain any protein. Therefore, 

to reach equilibrium, the water vapour leaves the drop and ends up in the reservoir. As water 

vapour leaves the droplet, the sample subsequently undergoes an increase in supersaturation: 

the result is that both the sample and the reagent increase in concentration. A state of 

equilibrium is achieved when the reagent concentration in the droplet is same as the 

concentration in the reservoir. The state of equilibrium facilitates the crystallisation of the 

protein in the sample droplet. The results of our crystallisation trials will be discussed in the 

next sections. 

5.1.1 Crystallisation trials of Ppm1 from S. coelicolor and homologues 

Crystallisation trials of Ppm1 from S. coelicolor and some homologues (∆42 from S. coelicolor 

and Ppm1 from S. thermolilacinus) were carried out at the School of Life Sciences in 

collaboration with Prof Alex Cameron. 

It has been previously mentioned (Chapter 2, section 2.2.3) that various detergents were 

screened to test which one would lead to the purest homogenous sample. As DDM provided 

the best results (in favoring either dimer or trimer formation) subsequent protein purification 

was carried out in buffers containing 0.05% DDM. 
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Initial crystallization trials indicated that there was too much detergent in the sample drop as 

detergent crystals were observed under the microscope after a few days of setting up the 

crystallisation plate. It was decided to reduce the detergent concentration to 0.03% (3 x critical 

micelle concentration, CMC) and increase the protein concentration. Crystallization plates of 

protein purified in 0.03% of DDM and a protein concentration of 15 mg/mL showed less 

detergent crystals and reduced protein precipitation, Figure 5.4. However, after a number of 

trials, the plates did not yield any better results. 

 

Figure 5.4: Image of sample droplet on a crystallisation plate for Ppm1 from S. coelicolor. The droplet 

shows salt crystals and the dark dots represent precipitated protein. 

As previously discussed, Ppm1 has flexible linkers or disordered regions; the flexible linkers 

can sometimes interfere with the stability of a protein and hence with crystal formation. In 

order to circumvent this problem, two approaches were undertaken. The first approach was to 

attempt co-crystallisation of the protein with cofactors (MgCl2 and MnCl2), as well as donor 

(GDP-mannose) and acceptor ligands (lipid phosphates, e.g. undecaprenyl phosphate). The 

second approach was to utilise a truncated construct (Δ42) which has the disordered region in 

the C-terminus removed, as discussed in chapters 2 and 3. 

Generally, proteins may be stabilised when they are complexed with cofactors or/and 

substrates. Ligands typically have the potential to induce significant conformation changes to 

the protein which might cause the protein to assume a more favourable conformation which is 

more amenable to crystallisation. [219] In addition, more structural and functional information 

can be deduced from a protein-ligand complex. Ligands can be introduced during purification, 
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especially, when dealing with challenging proteins that are unstable or prone to aggregation. 

Ligands are advantageous because they can improve properties like stability, solubility as well 

as reduce aggregation. In the case of Ppm1, introducing the ligands at the purification stage 

was not feasible, mainly because the substrates are very expensive. [219] 

The other option to explore was co-crystallisation of the ligands with the protein in order to 

form a protein-ligand complex. Co-crystallisation is a process whereby the ligand is added to 

the protein to form a complex that is subsequently utilised in crystallisation trials. In an effort 

to co-crystallise Ppm1 with different ligands, various crystallisation plates were set up using 

the co-factors and ligands below listed: 

Table 5.1: Overview of crystallisation trial plates set up for Ppm1 in various conditions 

Plate Number Conditions 

1 Wild type 10 mg/mL in 0.45 mM DDM 

2 Wild type 14 mg/mL in 0.45 mM DDM 

3 Wild type 18 mg/mL in 0.45 mM DDM 

4 Wild type 14 mg/mL in 0.45 mM DDM + 5 mM MnCl2 

5 Wild type 14 mg/mL in 0.45 mM DDM + 5 mM MgCl2 

6 Wild type 14 mg/mL in 0.45 mM DDM + 5 mM GDP-mannose 

7 Wild type 15 mg/mL in 0.45 mM DDM + 5 mM Undecaprenyl-phosphate 

8 Wild type 14 mg/mL in 0.45 mM DDM + 5 mM Phenyl phosphate 

9 Wild type 14 mg/mL in 0.45 mM DDM + 5 mM phytanyl Phytanyl phosphate 

 

Unfortunately, none of the above yielded any protein crystals. Several plates were also set up 

using Δ42 with the same cofactors and ligands, and again there were no protein crystals on any 

of the plates. 

Generally, the stability of an enzyme plays a significant role in its crystallisation. Thermostable 

enzymes are considerably stable under various conditions and are more amenable to 

crystallisation. In section 2.4, a thermostable orthologue of the Ppm1 synthase from S. 

thermolilacinus was discussed. This Ppm1 synthase shares approximately 85% identity 

(predicted by EMBOSS Needle) to Ppm1 from S. coelicolor. Crystallisation plates were set up 

using this thermostable protein. To date no protein crystals for Ppm1, its truncated version and 

its thermostable homologue have been obtained, however, a new PhD student in the group is 

still pursuing crystallisation trials on selected mutant constructs. In order to aid crystallisation, 
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I also prepared a putative enzymatic product for co-crystallisation with the enzyme (section 

5.1.2) and carried out thermal shift assays (section 5.2). 

5.1.2 Synthesis of -mannosylated phytanyl monophosphate 

A putative enzymatic product was synthesized for co-crystallization with the wild type enzyme 

and its mutants. The reaction scheme and the synthesis of this compound, phytanyl 

phosphomannose (40), is outlined below (Figure 5.5). 

 

Figure 5.5: Reaction scheme for the synthesis of phytanyl phosphomannose. [220] 

The synthesis of 40 began with the acetylation of D-mannose (34) with acetic anhydride. This 

reaction yielded 96% of protected mannose (35) and then its conversion to the corresponding 

hemiacetal (36) was carried out benzylamine (73% yield). Phosphorylation of the hemiacetal 

is done by using DMAP (4-dimethylaminopyridine) and this produced a β-linked product (37) 

in 54% yield. Hydrogenation using platinum oxide (PtO2) was carried out to deprotect the two 

phenyl groups of the phosphate moiety lo lead intermediate 38 in 70% yield. The alcohol lipid 

chain (phytanol, 22) was added to it together with TPSCl (chlorotriphenylsilane) and this 

reaction produced intermediate 39 68% yield. Sodium methoxide was utilized to perform the 

final deprotection to 40 (67% yield, Figure 5.5). 

5.2 Thermal shift assays 

In parallel to early crystallisation trials of Ppm1 we decided to explore a high-throughput 

method to screen various conditions or ligands that influence protein stability. The thermal 

shift assay (TSA) was chosen as a suitable technique to determine Ppm1 thermal stability under 

various conditions. This assay depends on the ThermoFluor dye SYPRO orange, which 

provides an easy and efficient way to measure the stability of proteins. The assay uses real-
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time PCR and 96-well plates; it involves heating a protein sample in increments of 1 ˚C from 

25 ˚C to 95 ˚C in the presence of a small amount of the SYPRO orange dye. This dye non-

specifically binds to hydrophobic protein residues and, upon binding, it generates fluorescence 

which is quenched by water. [221] The idea behind this assay is that when the protein sample is 

heated it will gradually begin to unfold; during this process, hydrophobic residues get exposed 

and they coordinate to the SYPRO orange dye, producing a sigmoidal stability curve. [221b] The 

midpoint of the stability curve provides the melting temperature, Tm, of the protein. Various 

conditions such as adding detergents, salts and additives can stabilise the protein resulting in a 

thermal shift (increased Tm) of that protein. 

Thermal shift assays for Ppm1 were carried out in 0.03% DDM, however they proved 

unsuccessful. The fluorescence of the protein was very high at the onset of the experiment and 

this indicates that the protein was possibly already in a denatured state. It has also been reported 

in literature, that detergent micelles can interact with SYPRO orange and as a consequence the 

background noise can increase dramatically. [222] Unfortunately there was not enough time and 

opportunity to investigate and determine conditions that would have allowed us to carry out 

the testing of different buffers, detergents and various crystallisation screens. Nonethless, this 

is still worth pursuing in order to pre-determine whether a particular protein might be 

amemable to crystallisation, and in what conditions. 

5.2.1 Recently published crystal structures for two PPM synthase homologues  

During the course of my structural studies, two crystal structure for GT2 enzymes were 

published and this will be further discussed in the following sections. The expression and 

purification conditions reported to obtain the published structures were similar to those that we 

developed for the Ppm1 synthase (0.03% DDM in 50 mM phosphate buffer, pH 7.5), with a 

difference in exchanging DDM for laurydimethylamine N-oxide (LDAO) detergent prior to the 

setting up of crystallisation plates. We attempted this additional buffer exchange step using 

LDAO prior to setting up our crystallisation plates, however, it proved unsuccessful. 

5.2.1.1 GtrB from Synechocystis 

In 2016 Ardiccioni et al. published the crystal structure of GtrB from the bacterium 

Synechocystis sp. PCC6803. [131] GtrB from Synechocystis sp. PCC6803 is glucose-specific 

PPM synthase that catalyses the transfer of glucose from UDP-glucose to undecaprenyl 

phosphate (Und-P); Und-P glucose is later utilised as a glucosyl donor during glucosylation of 
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the O-antigen of the cell wall. The crystal structure of GtrB, at 3.0 Å resolution, is depicted in 

Figure 5.6. [131] 

 

Figure 5.6: Crystal structure of GtrB from Synechocystis sp. PCC6803 as a tetramer (PDB 5EKP, Uniprot 

Q554487). (a) Top view of the fourfold symmetry axis of the tetramer; (b) side view of the tetramer, with 

TM helices at the top, and (c) GtrB monomer showing two TM helices, UDP in stick representation, Mg2+ 

as a purple sphere and the DXD motif, D94 and D96. Structures were modelled on PyMOL. 

Figure 5.6 shows GtrB as a tetramer composed of four protomers which contribute two 

transmembrane (TM) helices to a membrane spanning bundle. GtrB was first identified in 

bacteriophage-infected Shigella flexneri strains, specifically in a gene cluster that is involved 

in the mediation of serotype conversion by glycosylating- and acetylating-specific residues in 

the O-antigen of the cell wall. [223] [72b] Ardiccioni et al. utilised SDM to generate several 

mutants that were used to functionally characterise GtrB both in vivo and in vitro. The results 

from their functional and structural studies will be discussed in detail and compared to ours in 

chapter 6. 
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5.2.1.2 DPMS from Pyrococcus furiosus 

In 2017 Gandini et al. published the first crystal structure of a putative archaeal dolichyl 

phosphomannose synthase from Pyrococcus furiosus (PfDPMS). [196] PfDPMS catalyses the 

transfer of mannose from GDP-mannose to Dol55-P to generate a mannosyl donor for 

glycosylation of surface proteins of the paracrystalline glycoprotein cell envelope. PfDPMS 

was also crystallised in complex with donor and acceptor substrates, as well as with the 

enzymatic product Und-P-mannose, Figure 5.7. 

 

Figure 5.7: Cartoon representation of the structure of PfDPMS (PDB 5MM1, Uniprot Q8U4M3) in complex 

with GDP (yellow) and UndP-Man (orange and magenta, shown as a stick representation), modelled on 

PyMOL. The dashed lines represent the membrane. 

PfDPMS also belongs to the GT2 family of enzymes and has a canonical GT-A fold which is 

characterised by 7-stranded β-sheets flanked by α-helices on both sides. The juxtamembrane 

helices (IF helices) sit on the surface of the membrane, Figure 5.7. As previously mentioned in 

Chapter 1, the GT-A fold is further broken down to type-I, type-II and type-III. The type-I 

enzymes are represented by DPM1 from S. cerevisiae, which has a single catalytic domain that 

is covalently attached to a single hydrophobic C-terminal TM helice. An example of type-II 

enzymes is the DPMS from humans (DPM1/DPM2/DPM3 complex); this class of enzymes is 

characterised by a multicomplex system composed of a catalytic subunit attached to two 

integral membrane subunits. PfDPMS belongs to the type-III class, which is a new class of 
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DPM synthases. This class is similar to type-II enzymes; DPM2 and DPM3 in the human 

DPMS possibly correspond to the TM helices dimers in PfDPMS, Figure 5.7.  

The published enzyme-ligand complex structures of PfDPMS gave a snapshot of what happens 

during catalysis and the residues that are involved in substrate binding. The results from these 

studies will be further discussed in this chapter and compared to ours in chapter 6. 

5.2.1.3 Comparative structural analysis of Ppm1 from S. coelicolor and PfDPMS 

Despite not being able to obtain a crystal structure for Ppm1 ahead of those reported for GtrB 

and PfDPMS, we envisaged that a comparison of our Ppm1 sequence and homology models to 

the newly published GT2 structures would still be useful to corroborate and rationalise our 

functional studies, as well as our in silico structural predictions.  

A sequence alignment of Ppm1 from S. coelicolor, DPM1 synthase from H. sapiens, GtrB from 

Synechocystis and PfDPMS from P. furiosus was carried out using the bioinformatics software 

PRALINE (Appendix 8.10). The conserved residues are highlighted in red, including the DXD 

motif which is conserved throughout the aligned sequences. Percentages of similarity and 

identity were generated by EMBOSS NEEDLE and the results are summarised in Table 5.2 

below: 

Table 5.2: Identity and similarity of Ppm1 synthase from S. coelicolor, PfDPMS from P. furiosus and 

GtrB from Synechocystis 

 Ppm1 identity Ppm1 similarity 

PfDPMS 23.2% 34.6% 

GtrB 16.5% 28.8% 

 

Given that Ppm1 presented higher identity and similarity with PfDPMS, the Ppm1 homology 

model was superimposed to the PfDMS structure, as shown below in Figure 5.8: 



141 

 

 

Figure 5.8: Ribbon overlays of the homology model for Ppm1 generated by RaptorX (in blue) and PfDPMS 

(PDB 5MM1, in grey). [121] GDP and UndP-Man are in stick representations (in orange and magenta 

respectively). The dashed line represents the membrane. The structures were modelled on PyMOL. 

The PfDPMS template is the post catalysis snapshot, where mannose has been transferred to 

the acceptor substrate Dol55-P. The homology model of Ppm1 fits very well to the template. 

Both enzymes possess the Rossman-like fold of a β-α-β-α-β topology. There is still some 

obvious structural variation between these two: for example, PfDPMS possesses two IF helices 

that sit on or associate with the membrane, and two dimeric TM helices. Ppm1 has two 

predicted helices sitting close to the membrane, based on the superimposed structure in Figure 

5.8: these are close to and overlap with the IF region of PfDPMS. However, the possible 

association of Ppm1 with the plasma membrane has yet to be determined. Based on the 

superimposed structure in Figure 5.8, there is a possibility that these two Ppm1 helices close to 

the IF region of PfDPMS might be involved in membrane-association. In addition, another 

obvious structural variation is that PfDPMS has transmembrane helices which Ppm1 does not 

possess, Figure 5.8. 
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The structure of PfDPMS was removed from the superimposed structures in Figure 5.8 leaving 

the ligands (GDP and Und-P-mannose) in place. This allowed us to visualise the possible 

interaction of Ppm1 and with both the donor and the acceptor substrates, Figure 5.9. 

 

Figure 5.9: Homology model of Ppm1 from S. coelicolor generated by RaptorX and modelled on PyMOL 

with ligands, GDP and Dol55-P mannose (in orange and magenta respectively): (a) cartoon representation 

of the enzyme, and (b)surface representation of the enzyme. 

In Figure 5.9b, the active site seems to be in a shallow cleft in the enzyme, and part of the 

acceptor substrate lipid chain is left exposed. Additionally, from this diagram, it clear that the 

phosphate moiety and at least four isoprene units are required to interact with the acceptor 

substrate. 

These homology models in Figure 5.8 and Figure 5.9, have also been instrumental in aiding us 

to rationalise some of our functional studies discussed in Chapters 3, 4 and 6. Particularly the 

proximity of some of the residues that were selected for site directed mutagenesis to both the 

donor and acceptor substrates. A more in-depth discussion about this is outlined in 

conclusions/future work (Chapter 6). 

5.3 Solution nuclear magnetic resonance (NMR) spectroscopy studies PPM Synthase  

In parallel to crystallisation studies, we have investigated the possible use of solution NMR 

spectroscopy to investigate the dynamic structure of Ppm1. Currently, there are no GT2 

enzymes or any closely related enzymes that have been characterised by solution NMR. In fact, 

after searching the Biological Magnetic Resonance Data Bank (BMRB), there are only three 

GT structures that have been deposited and none of them belong to the GT2 family. [224] 
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As previously mentioned, there are some regions Ppm1 that display intrinsic disorder and these 

regions are also shown in Figure 5.10 and Figure 5.11 below: 

 

Figure 5.10: Amino acid sequence of the Ppm1 synthase from S. coelicolor. Residues in red are predicted 

by PrDOS (Protein DisOrder Prediction System) to be disordered and the residues in black are ordered. 

 

Figure 5.11: Intrinsic disorder prediction for the Ppm1 synthase from S. coelicolor. Disorder prediction 

was carried out by PrDOS. Residues above the red line at 0.5 are predicted to be disordered (residues 1-15 

at the N-terminus and 262-302 at the C-terminus). 

Recently, NMR has increasingly proven to be a powerful structural biology technique that 

offers an alternative and complementary method to study proteins, including those with 

intrinsically disordered regions. NMR is proficient at solving protein structures to atomic 

resolution, as well as accurately measuring protein dynamics and can also be utilised to probe 

protein folding properties. [225]  

Generally, for efficient structural characterisation using solution NMR there is a size limit at 

approximately 20 kDa. The reason behind this limitation is that protein size enormously affects 

relaxation properties. [225a] Indeed, this limitation on high molecular weight (HMW) molecules 

make it challenging to obtain well resolved NMR spectra. HMW macromolecules like proteins 

also possess slower tumbling rates and so shorter NMR relaxation times. This size limitation 

was a drawback of biomolecular NMR since it made it impossible to solve structure and 

characterise proteins of HMW. Recently, there has been impressive methodological 

advancements in this field that make it possible to study HMW proteins in solution (>20kDa 
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up to 1MDa). These technical advancements include: isotopic labelling (13C, 15N, 2H), selective 

labelling, segmental labelling, Transverse Relaxation-Optimised Spectroscopy (TROSY) and 

Cross-Correlated Relaxation Enhanced Polarisation Transfer (CRINEPT) methods, and the use 

of higher magnetic fields (1H frequency of 900 MHz and beyond). [226]  

In our case this limitation does apply (~35kDa) and since the molecular weight of our protein 

is high, peak linewidths in proton NMR spectra are broadened beyond detection. This is a 

limiting factor as poor resolved spectra prevent the extraction of useful information. However, 

this bottleneck can be mitigated by the use of methods such as TROSY. When TROSY is 

utilised in combination with the aforementioned isotopic-labelling techniques, it allows the 

characterisation of HMW (>20 kDa) proteins by solution NMR. Macromolecules of up to 1000 

MDa have been successfully studied in solution using this technique, including membrane 

proteins in detergent micelles. [225b] 

TROSY works by selecting the narrowest component of the signal and thus selecting the 

slowest component of transverse relaxation (T2); this subsequently produces narrower line 

widths and increased sensitivity. In other words, TROSY results in detection of a larger number 

of signals (otherwise broadened beyond detection) in the spectrum that then can be utilised to 

structurally and functionally characterise the protein of interest. 

Another widely used technique to study very large protein systems is CRINEPT. CRINEPT, 

similar to TROSY, also works by utilising interference effects between different relaxation 

mechanisms. CRINEPT is typically employed to supplement TROSY in order to produce 

increased sensitivity and better resolved spectra for extremely large proteins. [226] 

Our hexahistidine-tagged Ppm1is approximately 35 kDa in size and this can be considered a 

large protein as far as NMR is concerned. Hence, in collaboration with Dr Angelo Gallo 

(Lewandowski group, Warwick Chemistry), 1D, TROSY and CRIPNET NMR experiments 

were carried out to investigate the dynamic structure of the enzyme. Solution NMR 

experiments were carried out on unlabelled and 15N-labelled protein samples. Attempts were 

made to optimise protein concentration and buffer compostion in order to improve the NMR 

spectra. 

Generally, sample preparation for NMR experiements involved the expression of Ppm1 in E. 

coli BL21, grown in LB media, with 0.25 mM IPTG induction for unlabelled protein samples, 

and Minimal media (M9 medium) enriched with isotopically-labelled ammonium chloride 

(15N) for labelled protein samples (still with 0.25 mM IPTG utilised for induction). After 
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expression, the proteins were purified via Ni2+ affinity chromatography. NMR spectra were 

recorded on samples composed of 600 µL protein and 60 µL D2O at concentrations ranging 

between 0.5 mM – 1.0 mM, dissolved in a phosphate buffer with 0.03% DDM, pH 7. Our 

structural investigation of Ppm1 from S. coelicolor by solution NMR will be reported in the 

next sections. 

5.3.1.1 1D NMR and TROSY (2D) experiments of wild type Ppm1  

Initially, a one-dimensional (1D) 1H NMR spectrum at 700 MHz of an isotopically unlabelled 

sample of Ppm1 was taken (3 mM protein sample in a 50 mM NaH2PO4, 100 mM NaCl and 

0.03% DDM, pH 7, 298 K). This initial spectrum did not show a wide dispersion of peaks. In 

addition, the protein sample precipitated very quickly, likely due to high protein concentration 

(3 mM). Therefore, protein concentration was reduced to a range between 0.5 mM- 1.0 mM. 

These adjustments improved the quality of the spectra. Below is a 1D spectrum of Ppm1 

(Figure 5.12), characterised by peaks in the showing peaks in the HN, Hα, H aliphatic and methyl 

regions.  

 

Figure 5.12: 1D spectrum of the 0.5 mM Ppm1 in 0.03% DDM, 50 mM NaH2PO4, 100 mM NaCl, pH 7 

(shown as a multi-coloured stick representation modelled on PyMOL), showing peaks in the HN, Hα, H 

aliphatic and methyl regions. 

In order to better visualise the peaks in the methyl and HN region, a zoomed-in image of the 

spectrum is given in Figure 5.13. 
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Figure 5.13: 1D spectrum of the 0.5 mM Ppm1 (0.03% DDM, 50 mM NaH2PO4, 100 mM NaCl, pH 7) 

showing a close-up of the peaks in the HN and methyl regions (circled in blue). 

Generally, it is impossible to comprehensively interpret 1D NMR (1H NMR) spectra, and this 

largely due to signal crowding and peak overlap. [10] However, information such as protein 

folding, and protein sample stability can be deduced from 1D spectra. In Figure 5.13, the circled 

region HN and methyl shows small sharp peaks, and this is indicative of a folded protein in 

solution. When the protein is folded, there is a dispersion of peaks; the presence α-helices is 

denoted by peaks between 7 ppm - 9 ppm (parts per million), and β-sheets usually give more 

disperse peaks between the 9.5 ppm -10 ppm region.  

2-D NMR can also be utilised to determine whether a protein is folded or not. An initial TROSY 

spectrum of a 15N-labelled sample of wild type Ppm1 was acquired, Figure 5.14. This shows 

the correlation between 1H and 15N nuclei: dispersion of peaks was not observed and most of 

the detected peaks were present in the disordered/ unstructured region in the middle. The 

protein in Figure 5.14 clearly appears to be not well folded. 

After several adjustments in protein concentration from 3 mM to concentrations between 0.5 

mM-1 mM, it was possible to obtain the much better resolved spectrum of Figure 5.15. In this, 
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the peaks are more dispersed, indicating that the protein is well folded. There is still an 

unstructured region denoted by the black centre which is very typical of large proteins. 

However, this spectrum is a remarkable achievement for a protein of this size and good enough 

to initiate triple labelling experiments for structural assignments and/or ligand titration 

experiments. It is important to note that this experiment was repeated four times to ensure its 

reproducibility ahead of critical (and much more expensive) labelling experiments (with D2O, 

15N from labelled ammonium chloride and 13C from labelled glucose) that will allow peak 

assignments to amino acid residues. This is one of the near future objectives of this project. 

 

Figure 5.14: Initial TROSY spectrum of Ppm1 showing the correlation between 1H and 15N; there is no 

dispersion of peaks and all the peaks are group together in the middle. This spectrum indicates that the 

protein is unfolded (50 mM NaH2PO4, 100 mM NaCl, pH 7). 

In addition, an assigned protein structure will allow us to carry out ligand titration experiments 

and determine which amino acid residues are interacting with the ligand. This will complement 

our crystallography and biocatalysis studies (Chapter 3). 
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Figure 5.15: TROSY spectrum of wild type Ppm1 showing the correlation between 1H and 15N (50 mM 

NaH2PO4, 100 mM NaCl, pH 7). There is good dispersion of peaks indicating that that the protein is well 

folded. The disordered region remains poorly resolved in the middle of the spectrum. We expect this to be 

resolved upon triple-labelling.  

5.3.2 TROSY (2D) experiments on Ppm1 Δ42  

In order to obtain a further improved protein spectrum, Ppm1 Δ42 (C-terminal truncated) was 

also utilised for TROSY experiments. This truncated construct is a smaller protein of about 30 

kDa in size. Below is a TROSY spectrum of Ppm1 Δ42 superimposed with that of the 

corresponding wild type spectrum, Figure 5.16. 

 

 

Figure 5.16: TROSY spectrum of the wild type Ppm1 (in red) superimposed with Ppm1 Δ42 (in blue). There 

is good dispersion of peaks indicating that that both proteins are well folded and adopt a similar structure 

in solution. The disordered region stills remains poorly resolved in the middle of the spectrum. 
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It is clear that Ppm1 Δ42 is still well-folded and the similarity of spectrum with that of the wild 

type protein indicates a similar folding. The dispersion of signals seems slightly better, 

however, an unstructured region in the middle remains. Therefore, the Ppm1 Δ42 sample 

prepared as described is also good enough to initiate triple labelling and ligand titration 

experiments. 

5.3.3 TROSY (2D) experiments on the PPM synthase from S. thermolilacinus 

One of the merits of using solution NMR is that it can be utilised not only for structural 

determination but also for functional characterisation. [227] Solution NMR can provide useful 

information on protein-ligand interactions; this can be done by titrating different concentrations 

of the ligand to generate a binding curve, and hence determine binding affinities (Kd values). 

However, to carry out titration experiments, the protein sample has to be stable for the amount 

of time necessary to carry out data acquisition, which can be between a week to two weeks. 

The above spectra for Ppm1 wild type and Δ42 are good enough to initiate triple labelling 

experiments and titration experiments, however these proteins were not stable in aqueous 

buffer at room temperature for more than 24 hours and indeed precipitated. To circumvent this 

issue, the thermostable Ppm1 analogue from S. thermolilacinus was considered and its stability 

tested in the NMR analyses conditions over the course of a week. Below is the TROSY 

spectrum of the thermostable protein (Figure 5.17) showing that the protein is well folded; 

encouragingly, the middle region of the spectrum appears better resolved. In addition, and 

critically, Figure 5.17b shows that it is stable (no precipitate forms) for a week compared to the 

wild type protein. 
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Figure 5.17: TROSY (2D) spectrum of the Ppm1 synthase from S. thermolilacinus showing the correlation 

between 1H and 15N. (a) the spectrum shows good dispersion of peaks indicating that that both protein is 

well folded. There is better resolution of the disordered region in the middle of the spectrum; (b) shows that 

the wild type protein (Ppm1 from S. coelicolor) has precipitated after a week and the sample of Ppm1 

synthase from S. thermolilacinus is still clear (no precipitation). 

Given these promising results, we decided to generate a homology model of this protein using 

RaptorX (Figure 5.18) which was utilised to predict chemical shifts via SPARTA. [228] 

SPARTA is a bioinformatic tool capable of predicting protein backbone chemical shifts on the 

basis of known structures or reliable homology models. Our results from the 2D 15N TROSY 

experiment were superimposed on the spectrum predicted by SPARTA, Figure 5.19. 

 

Figure 5.18: Homology model for the thermostable PPM synthase from S. thermolilacinus generated by 

Raptor X and modelled on PyMOL. 
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As we can see in Figure 5.19, some of the peaks from our experiment overlap with the predicted 

residues, especially in the glycine region circled in black. Additionally, there is a good 

dispersion of peaks of peaks between 8.5 ppm and 10 ppm, indicative of the presence of β-

sheets. However, most of the acquired peaks could not be matched to the predicted ones. For 

our experiments we utilised 15N labelling, and generally the NH coupling is very sensitive to 

its environment. Factors such as pH, temperature and solvent greatly affect NH signals, hence 

with 15N-labelling alone we cannot expect a reliable much between chemical shift prediction 

and experimental outcome. [229] 

 

Figure 5.19: Experimental TROSY spectrum (in red) and chemical shifts predicted by SPARTA (in black) 

of the Ppm1 synthase from S. thermolilacinus. [228] Good overlap of signal was observed for the glycine 

region between 100 and 112 ppm in the 15N dimension (vertical).  

In our experiments, the backbone amide signal accounts for the chemical shifts observed in 

Figure 5.19. Therefore, to obtain more reliable backbone results, 13C labelling is required. 

Indeed, 13C is a strong reporter of secondary and tertiary structure; largely because Cα, Cβ, Cγ 

and Cδ are less solvent exposed and hence not as easily affected by their environment. [228] One 

of our future objectives is to carry out a triple labelled experiment and attempt this chemical 

shift prediction again to aid signal assignments prior to full experimental structural assignment. 
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5.4 Summary 

Attempts to crystallise the Ppm1 synthase, ∆42 and the thermostable homologue were 

unsuccessful, including efforts to co-crystallise the enzymes with both donor and acceptor 

ligands. In our pursuit to obtain the aforementioned crystal structures, the structures of the 

homologous proteins, GtrB and PfDPMS, were published in 2016 and 2017 respectively. 

However, these structures helped us to understand some structural aspects of the wild type 

enzyme and rationalise some of our functional structures (discussed in Chapter 6).  

The Ppm1 synthase and PfDPMS have approximately 45% and 35% similarity to the human 

DPM1 synthase respectively (predicted by EMBOSS Needle). Hence, it is still worth pursuing 

the structure of Ppm1 from S. coelicolor as it shares higher similarity with DPM1 synthase. In 

addition, as previously mentioned (Chapter 1, section 1.7) the N-terminus and the C-terminus 

of Ppm1 shares similarity with the human DPM2 and DPM3 respectively. Hence, a Ppm1 

crystal structure can provide further structural and functional insight into the human DPM 

synthase as a whole.  

It is also worth pursuing the solution NMR studies as they can provide some insight about the 

behaviour of the enzyme in solution. The 1-D and 2-D NMR spectra acquired for wild type S. 

coelicolor Ppm1, Ppm1 Δ42 and the homologue PPM synthase from S. thermolilacinus 

indicate that these proteins are well folded in solution. The PPM synthase from S. 

thermolilacinus is a better candidate to utilise for protein-ligand titration experiments as it 

displays stability for a period of more than one week. Future experiments will also include 

triple labelling (15N and 13C) in D2O of the protein sample and possibly the use of higher 

resolution instruments such as the 900 MHz NMR machine at the University of Birmingham. 

As previously mentioned, triple-labelling experiments will allow us to assign the structure of 

these proteins in solution, monitor possible conformational changes and investigate protein-

ligand interactions in solution (binding affinities, Kd) 
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6 Conclusions and future work 

In this research work, the main objective was to functionally and structurally characterise a 

crucial bacterial polyprenyl phosphate synthase involved in bacterial protein O-mannosylation, 

for which no detailed functional or structural characterisation was available. Ppm1 is a member 

of the GT2 subfamily and this enzyme catalyses the conversion of polyprenyl phosphate 

substrates to the corresponding β-mannosyl phospholipids from GDP-mannose in S. coelicolor. 

Key achievements and findings of my work are herein briefly summarised, and an outlook on 

future research directions is also provided.  

In this study, we managed to successfully overexpress in E. coli for the first time a putative 

Ppm1 from S. coelicolor in a good yield of about 6-8 mg from a litre of culture, and the 

recombinant protein is fully soluble. Ni2+ affinity and size-exclusion chromatography were 

utilised to purify this 6 x his-tagged protein; however, major problems were encountered during 

the protein purification process and these included denaturation or aggregation. A large number 

of buffers, salt and detergent conditions were screened in order to develop an optimised 

purification protocol that would make it possible to isolate the protein in a homogenous form. 

This optimised purification protocol included the use of detergents, particularly DDM at 

concentrations above the CMC and further purification of the protein SEC on the FPLC using 

a Superdex 200 pg column. Our results suggest that this enzyme is organised in a dimeric form 

at concentrations below 8 mg/mL, and this result was confirmed on a native gel (no data 

shown). At higher protein concentration the enzyme tends to form trimers. In addition, 

bioinformatic analysis predicts that the enzyme has flexible linkers or disordered regions in 

both the N- and C- terminus (Figure 2.11, section 2.3). In order to generate a shorter construct 

that is more amenable for biophysical characterisation by solution NMR and X-ray 

crystallography, the wild type enzyme was truncated at the C-terminus (∆42). The truncated 

gene was cloned into a TOPO pET151 vector and successfully expressed in E. coli at yields 

comparable to the wild type enzyme; and this enzyme also showed preference to the dimeric 

form at low concentrations. Moreover, we also managed to generate a number of mutants that 

we successfully expressed in E. coli BL21 (DE3). The Ppm1 mutants were also purified with 

the same conditions as the wild type enzyme and we obtained an average of 4-6 mg of protein 

from a litre of culture. All the mutants are dimeric at low concentrations just like the wild type 

enzyme, with the exception of H116D. The H116D mutant assumes mainly a monomeric form 

(Figure 3.11, section 3.4). This suggests that the H116 residue might be involved in dimer 

formation. 
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A synthetic gene of a thermostable homologue, Ppm1 from S. thermolilacinus was purchased 

from Genescript. This construct was successfully expressed in E. coli and the protein was 

utilised for structural studies. Furthermore, a synthetic gene of the human DPM1 catalytic 

domain was ordered from genomics-online.com. This enzyme was also expressed in E. coli, 

albeit a low yield of 1-2 mg from litre of culture was obtained. DPM1 seems mostly insoluble, 

however, optimisation protocols to improve solubility are currently ongoing in the Tosin group. 

Future work might include the possibility of cloning the two DPM synthase accessory proteins, 

DPM2 and DPM3 synthases, and co-expressing them with DPM1 synthase or expressing the 

enzymes separately and reconstituting them in vitro. Attempts to functionally and structurally 

characterise the human DPM synthase will be also carried out in the future.  

Crystallisation trials were initiated following optimisation of the purification protocol in order 

to obtain Ppm1, ∆42, Ppm1 mutants and other thermostable homologues in a homogenous 

form, however these were unsuccessful. Variable buffers, additives, salt and detergent 

conditions were screened in the effort to obtain protein crystals. During the course of my work, 

two crystal structures for GT2 enzymes, GtrB from Synechocystis and PfDPMS from P. 

furiosus, were published. The PfDPMS structure was published with both the donor and 

acceptor substrate in the active site. Both the GtrB and PfDPMS structures helped to rationalise 

some of our biocatalysis data which are further discussed below. It is still worth pursuing the 

structure of Ppm1 despite the publication of these two crystal structures (GtrB and PfDPMS). 

Ppm1 shares higher homology to DPM synthase (43.1%) compared to GtrB and PfDPMS, as 

mentioned in Chapter 5 and shown in Appendix 8.10. Hence, there is still some insight to be 

gained from structural characterisation of Ppm1. Additionally, future work might even involve 

structural determination of the human DPM synthase if the current issues with solubility are 

resolved. 

As detailed in chapter 3, we utilised SDM to aid the functional characterisation of Ppm1. 

Existing literature models generated for SpsA from B. subtilis and DPM1 synthesis from S. 

cerevisiae were utilised together with our homology modelling to select potential residues that 

might be involved in substrate binding or catalysis. In particular, residues that are putative 

binding sites for the donor substrate GDP-mannose, D57, D111 and D113, were selected for 

site-directed mutagenesis, as well as R138 and R226, which were identified as possible binding 

sites for the lipid phosphate acceptor substrates. Additional residues for mutagenesis, namely 

H116D, S163L and E218V, were selected because of their association to defective 

glycosylation and antibiotic hypersensitivity in S. coelicolor (collaborative work with the group 
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of Prof Smith, York). In addition to generating enzyme mutants, we also synthesised and 

purchased a variety of donor and acceptor substrates to probe Ppm substrate flexibility. 

To investigate enzyme activity, we utilised a coupled assay that utilised a specific phosphatase 

that cleaves inorganic phosphate from GDP after the GT reaction has occurred. This assay 

relies on malachite green reagents to detect the amount of inorganic phosphate produced at 630 

nm; the amount of inorganic phosphate produced corresponds to the amount of mannosylated 

product produced by the GT reaction. Using this assay, we were able to test the activity of the 

wild type enzyme and that of all the mutants utilising GDP-mannose and undecaprenyl 

phosphate as substrates. In addition, we probed enzyme substrate promiscuity utilising various 

donor and acceptor substrates. Our results show that the Ppm1 synthase requires divalent metal 

ions for activity, Mg2+ and Mn2+, with a preference for Mg2+. Enzyme activity is linear for 45 

minutes when using 0.05 mg (29 µM) of enzyme with 0.5 mM GDP-mannose and 0.5 mM 

undecaprenyl phosphate.  

Ppm1 displayed activity in vitro even after removal of 42 residues from the C-terminus region, 

Δ42. In addition, collaborative in vivo studies with the Smith Group, York, showed that Δ42 

successfully complemented the ppm1- strain (DT3017) and as a result this strain was not 

susceptible to antibiotic hypersensitivity. This result confirms that some of the residues in the 

C-terminus (Δ42) are not required for Ppm1 activity both in vivo and in vitro.  

Our biochemical assays confirmed that the nucleotide binding moiety of the enzyme is the 

DXD motif, together with D57. Enzyme activity was significantly reduced for the D111A and 

D113A mutants, indicating that these residues are essential for catalysis. This is consistent with 

the in vivo antibiotic hypersensitivity experiments carried out in S. coelicolor. The D57A 

mutant exhibited partial activity both in vitro and in vivo. Our in vitro results for these mutants 

were in agreements the in vivo results provided by N. Holman (Smith Group, York) and we 

were able to generate a substrate binding view based on our findings, Figure 6.1. The binding 

view shows that the D57 residues is within hydrogen bonding distance to the nucleotide moiety 

of the donor substrate GDP. D57 is predicted to interact with N1 and N2 atoms of the guanine 

base of GDP via hydrogen bonding to its carboxylate group. 
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Figure 6.1: Homology model of the ScPpm1synthase generated by Raptor X and modelled on PyMOL, with 

a superimposed stick representation of GDP in green and orange, Mg2+ depicted as a red sphere, and a 

stick representation of Dol55-P-mannose in cyan. Residues which interact with the ligands are positioned 

around the active site and are represented as blue stick. [121] 

According the published PfDPMS crystal structure in complex with GDP and Dol55-P-Man 

(Und-P-mannose), D39 (corresponding to D57 in Ppm1 from S. coelicolor) coordinates to the 

guanine N1 and N2 moiety. This is in agreement with what we had already predicted for Ppm1. 

Moreover, there are two other residues (Y30 and G87) that we predicted to be involved in 

substrate binding/catalysis from literature search and bioinformatic analysis, and the plan was 

to generate mutants for these residues in the near future. The PfDPMS crystal structure in 

complex with GDP and Und-P-Man confirmed that these residues are indeed involved in 

binding to the nucleotide and ribose moieties of GDP. In PfDPMS G68 (corresponding to G87 

in Ppm1) coordinates to the guanine via O6, and Y10 (corresponding to Y30 in Ppm1) 

coordinates to O2 of the ribose moiety. 

Additionally, according to our binding view in Figure 6.1, D113 is located very close to the 

Mg2+ ion (represented by a red sphere) and we believe interaction with the donor substrate, 

GDP-mannose, is via this Mg2+ ion. Our in vitro analysis of D113A shows that this mutation 

is lethal for Ppm1 activity, and this was further confirmed by in vivo antibiotic hypersensitivity 

assays in S. coelicolor. The same result was obtained for the D111A mutant both in vitro and 

in vivo; D111A significantly reduced enzymatic activity, hence, this residue is essential for 

catalysis. 
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In the crystal structure of PfDPMS, D89 and D91 (corresponding to D111 and D113 in Ppm1, 

respectively) are both involved in binding to the donor substrate, GDP-mannose. The 

equivalent of D113 in PfDPMS, as previously mentioned, interacts with the donor substrate via 

divalent metal ion. However, the interaction of D111 equivalent (in PfDPMS) with the donor 

substrate is not absolutely clear. According to Gandini et al. it is possible that even though 

D111 does not directly coordinate to the divalent metal ion, it might be involved in interacting 

with the C2 hydroxyl group of the mannosyl moiety. [196] Nonetheless, the results from the 

PfDPMS crystal structure are in agreement with what we had already predicted for Ppm1. The 

DXD motif also has an alanine residue, A112, as part of the ‘catalytic triad’, Figure 3.25. We 

did not generate a mutant for this residue, however this was on our list of mutants selected from 

homology modelling and literature search. We hypothesised that this residue might be involved 

in substrate binding as this residue is located in the nucleotide binding site. Indeed, according 

to the PfDPMS crystal structure, A90 (corresponding to A112 in Ppm1 from S. coelicolor) is 

involved in binding to the ribose moiety of the donor substrate at the O3 position, GDP-

mannose. [196] In addition, we were able to show through our in vitro enzyme assays that the 

activity of the putative lipid-phosphate binding sites, R138 and R226, is greatly reduced as a 

result of the point mutations at these residues. In our binding view, Figure 6.1, 138 coordinates 

to the phosphate group of the acceptor substrate, Und-P-mannose and R226 is located on a 

flexible loop. In vivo studies in S. coelicolor showed that the R138A and R226A mutants were 

not active and, as previously mentioned, this is in agreement with our in vitro results. 

Ardiccioni et al. proposes that in GtrB from Synechocystis sp. PCC6803, the arginine residues 

(R122 and R200) bind to the phosphate of the acceptor substrate. [203] The R122 and R200 in 

GtrB are conserved in the Ppm1 from S. coelicolor and correspond to the R138 and R226 

residues, respectively. Point mutations to the R122 and R200 residues in GtrB abolished 

enzyme activity and hence suggesting that these residues play an important in catalysis. 

In addition, in the crystal complex of PfDPMS with GDP-mannose and Mn2+ in the active site, 

R117 (corresponding to R138 in Ppm1) is located within hydrogen-bonding distance to the 

mannosyl O4 and O6 hydroxyl groups, Figure 3.34 and Figure 3.4. [173] Gandini et al. also 

reports that in the PfDPMS with GDP-mannose and Mn2+complex, the mannosyl C-1 atom is 

well positioned for an incoming attack by a nucleophilic lipid-phosphate group. [173] Indeed, in 

the crystal complex of PfDPMS with GDP and Und-P-Man, the R117 residue is coordinated to 

the phosphate group on the glycolipid product. This suggests that R117 is a key side for 

positioning Und-P for nucleophilic attack on the mannosyl group of GDP-mannose. Indeed, in 
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our in vitro analyses of the R138A mutant in Ppm1, we observed that this mutation abolished 

enzyme activity and hence proving our initial hypothesis correct and that this residue plays a 

critical role in catalysis.  

According to Gandini et al., R202 in PfDPMS (corresponding to R226 in Ppm1 from S. 

coelicolor) is located on disordered loop that acts an acceptor loop (A-loop). [173] In our 

homology model of the Ppm1 synthase generated by RaptorX, Figure 3.35, the R226 is also 

located on a disordered loop. In the PfDPMS crystal complex with GDP-Mannose and Mn2+, 

the A-loop is locked in a closed conformation by ionic interactions between R202 and E12 and 

K208. Interestingly, the residues E12 and K208 are also conserved in the Ppm1 from S. 

coelicolor. The PfDPMS K208 residue corresponds to the K212 in Ppm1 and the E12 residue 

corresponds to E32 in Ppm1. The E32 is on our list of residues that were predicted to be in the 

active site by homology modelling and literature search, Figure 3.6. In PfDPMS, when the A-

loop is a closed conformation, the R202 residue (R226 in Ppm1) is positioned very close to the 

GDP-α-phosphate moiety. According to Gandini et al. this closed conformation prevents the 

donor substrate, GDP-mannose, from leaving the active. [196] In order to accommodate the 

binding of the lipid phosphate (Und-P), PfDPMS undergoes a conformational change that pulls 

the A-loop out of the active site leading to an open conformation. This open conformation 

allows the divalent metal ion to depart from the active site and as a consequence R202 (R226 

in Ppm1) is expelled for the active site. Gandini et al. also reports that the role of R202 in 

PfDPMS (R226 in Ppm1) is not to directly interact with GDP-mannose or Und-P, but to couple 

divalent metal binding to conformational control of the A-loop.  

In Ppm1, the H116D residue is located very close to the DXD motif, however, in vitro testing 

(in a monomeric form) showed that this enzyme is still active. In vivo data suggests that this 

mutation, H116D, leads to defective glycosylation. It is possible that this mutation affects 

protein expression in vivo, and this should be explored in the future by attempting the 

expression of this mutant, alongside with others, in S. coelicolor itself. Additionally, in the 

PfDPMS crystal structure, H94 (corresponding to H116 in Ppm1 from S. coelicolor) is within 

hydrogen bonding distance to the mannosyl moiety of the sugar donor substrate. This can be 

clearly seen in Figure 6.1, however the direct role of H116 is still uncertain. The WT and all 

the Ppm1 mutants elute as mainly dimers when purified by SEC on a Superdex 200 pg column, 

however, the monomeric form of the H116D mutant displays enzyme activity comparable to 

that of the WT dimer. This indicates that H116 might be involved in dimer formation. 

Nonetheless, this still does not explain the discrepancy between the in vivo and in vitro results.  
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S163 (one of the mutations carried out on the basis of antibiotic hypersensitivity assays in S. 

coelicolor) is not conserved in PfDPMS, hence the PfDPMS crystal structure cannot add 

insights into its role. The S163L mutant was inactive in vivo and showed partial activity in 

vitro. It is possible that this residue might affect Ppm1 expression in vivo, and this will be 

explored further in the future alongside. There is only cysteine residue in Ppm1; mutation of 

this residue to alanine (C200A) did not affect enzyme activity significantly as this mutant 

displayed 80% activity relative to the wild type enzyme. This result is consistent with that was 

observed in literature for the corresponding residue (C93) in DPM1 from S. cerevisaie. 

Interestingly, this residue is located very close to the nucleotide binding site as confirmed by 

FRET studies conducted by Lamani et al. Hence, future work might involve attaching thiol 

specific inhibitors to this cysteine residue and investigating how Ppm activity is affected. No 

in vivo data was acquired for the C200A mutant.  

We were also interested in S156 in Ppm1 (S141 in DPM1 synthase from yeast) as a possible 

site for phosphorylation in vivo. This residue was mutated to S156D in the attempt to mimic 

serine phosphorylation. We expected enzyme activity to be somehow affected by this, however 

the S156D mutant displayed activity comparable to the wild type. Interestingly, Gandini et al. 

reports that S135A (corresponding residue in PfDPMS) displayed significantly decreased 

activity in vitro. According to the crystal structure of PfDPMS, this S135 residue together with 

R117 (corresponding to S156 and R138 in Ppm1 from S. coelicolor) are responsible for 

positioning the Dol-P phosphate group for nucleophilic attack on the donor substrate. [196] 

Future work in the group will involve the generation of S156E and S156A mutants and 

evaluation of their activity in vitro and in S. coelicolor. Besides, selective phosphorylation of 

S156 in vitro will be attempted to investigate any effects on biocatalysis.  

Regarding substrate specificity, the S. coelicolor Ppm1 synthase is able to process different 

sugar nucleotide donor substrates, including UDP-D-glucose and GDP-L-fucose (although to 

a small degree). Moreover, various acceptor substrates of different chain length and degrees of 

saturation were also tested. Our findings indicate that the Ppm1 synthase exhibits substrate 

promiscuity at the acceptor site and shows a preference for isoprenoid substrates featuring 4-

12 isoprene units. In Figure 5.9 (section 5.2.1.3), it can be clearly seen that the first 4 isoprene 

units of the acceptor substrate Und-P are in the active site. Farnesyl phosphate (bearing 3 

isoprene units) and dolichyl phosphate (featuring 21 isoprene units) were turned over by the 

enzyme at different (smaller) extents. It is important to note that dolichyl phosphate is a 

eukaryotic substrate; hence, since this bacterial Ppm1 synthase is able to process this substrate 
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it could serve as a useful model to gain some insight into the eukaryotic enzyme. In addition, 

in Dol-P the first isoprene unit is saturated; it is interesting that the bacterial enzyme is able to 

process both lipid phosphates with unsaturated and saturated isoprene units, whereas the 

eukaryotic enzyme can distinguish between the two. Future work will involve the comparative 

investigation of an eukaryotic DPM in order to establish the molecular basis for Dol-P/ Und-P 

discrimination. In addition, several questions regarding the sugar moieties and nucleotide 

discrimination remains, such as whether Ppm1 prefers mannose over glucose or guanine over 

uridine. 

Steady-state kinetic parameters for ScPpm1were determined, with KM and kcat found to be of 

29.88 ± 7.80 µM and 211.86 ± 15.26 s-1 for GDP-mannose respectively, and 54.63 ± 26.03 µM 

and 79 ± 15.20 s-1 for undecaprenyl phosphate respectively, (Figure 3.30 and Figure 3.31). 

GDP-mannose binds more tightly to the Ppm1 synthase based on the lower KM value relative 

to that estimated for undecaprenyl phosphate. Moreover, when comparing the substrate 

specificity (kcat/KM) of the two substrates, the enzyme exhibits higher substrate specificity for 

GDP-mannose compared to undecaprenyl phosphate (7.07 x 106 M-1s-1 for GDP-mannose and 

1.45 x 106 M-1s-1 for undecaprenyl phosphate). These results might explain why the Ppm1 

synthase is able to tolerate a wide range of phosphate lipid and lipid-like molecules, although 

further investigation into the molecular basis for substrate tolerance are necessary in order to 

possibly develop Ppm1 as a competent and versatile biocatalyst. 

Our investigation of how R82A and G143V mutations (corresponding to R92G and G143V in 

the human DPM1 synthase of congenital disorder patients) affect Ppm1 activity showed that 

enzyme activity was significantly reduced in vitro for R82A, whereas the G143V mutant 

remained partially active. Intriguingly, characterisation of these mutants’ behaviour in S. 

coelicolor showed that for R82A S. coelicolor remained unaffected, whereas for G143V S. 

coelicolor displayed the typical characteristics of defective glycosylation. We are currently 

unable to explain the discrepancy of behaviour of the R82 mutation in vitro and in S. coelicolor. 

Ardiccioni et al. reports that the corresponding mutant in DPM1 synthase carried out in 

zebrafish leads to enzyme inactivity in vivo. [131] Hence, even though we have a discrepancy 

with our in vivo data in this case, our in vitro results are in agreement with others. Furthermore, 

Gandini et al. reports that R63 (corresponding to R82 in Ppm1) is involved in securing the 

guanine binding loop in PfDPMS. In Figure 6.1 R82 is located very close to the D57 residue 

which has been already established to be the guanine binding site of the donor substrate. This 

explains why enzyme activity can be affected by mutations at the R82 residue, however, it is 
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intriguing to consider how S. coelicolor is capable of overcoming the effect of this mutation 

that proves so deleterious in humans. 

Still concerning the R82 residue, we critically managed to show that it is possible to rescue the 

activity of the Ppm1 R82A mutant in vitro using exogenous molecules such as imidazole. To 

the best of our knowledge, this is the first example of enzyme rescue for GT2 enzymes and for 

an inverting GT enzyme. Chemical rescue was only successful in the case of the R82A mutant. 

Control experiments using the wild type enzyme, as well as the D111A and R226A mutants, 

did not yield any positive results: the D111A and R226A mutants remained inactive and 

imidazole seemed to have an inhibitory effect on the wild type enzyme. The corresponding 

mutation in human, R92G, causes the most severe phenotype in patients suffering from 

congenital disorders of glycosylation. Hence, future work will involve efforts to try and rescue 

the activity of this enzyme in vivo for DPMs. As previously mentioned in chapter 2, attempts 

to improve solubility of the human DPM1 synthase are ongoing, and future work will also 

include attempted enzyme rescue assays for R92G and other disease-related mutations (such 

as G143V) in vitro and in vivo models. If chemical rescue is successful, it would constitute a 

significant finding in the area of congenital glycosylation disorders. Currently there is no 

effective treatment for patients suffering of CGD-Ie disorders. The use of exogenous molecules 

to ‘rectify’ the activity of key glycosylating enzymes might prove a powerful chemical biology 

approach for the development of novel viable therapeutics.  

Unfortunately, our efforts to crystallise Ppm1 and other homologues generated in the lab were 

unsuccessful. At this stage, preliminary results from solution NMR studies of Ppm1 are more 

promising. Although it has been very challenging to obtain a well dispersed spectrum (which 

is reproducible), we were able to find optimum conditions to carry out the 2-D NMR 

experiments, particularly for the thermostable construct. We managed to obtain spectra that 

showed good dispersion of signal and, with protein sample triple labelling, it should be possible 

to assign the structure of the protein and perform ligand-binding studies. These would provide 

us binding affinities (Kd) for various donor and acceptor substrates, as well as that of possible 

enzyme inhibitors. In addition, once the Ppm1 or thermostable construct structure is assigned, 

we will be able to determine which amino acid residues interact with the substrate and /or 

inhibitors in solution. This will allow us to gather more in-depth insights on the working of 

Ppm1 and other enzymes of the same class.  
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Overall, my work has generated important insights into the functioning of an important 

bacterial PPM synthase. More importantly, it has laid the foundations for several further lines 

of research aimed to answer several questions associated to this intriguing enzyme class and 

thereby exploit the enzyme potential for biotechnological and biopharmaceutical applications. 
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7 Experimental  

7.1 Molecular biology materials and equipment  

Champion™ pET Directional TOPO® Expression Kit with BL21 Star™ (DE3) One Shot™ 

chemically competent E. coli was purchased from Thermo Fisher Scientific (UK). GeneJET 

Gel Extraction Kit was purchased from Thermo Fisher Scientific. GeneJET Plasmid Miniprep 

Kit was purchased from Thermo Fisher Scientific. QuikChange Site-Directed Mutagenesis kit 

was purchased from Agilent Technologies (UK). Phusion High-Fidelity DNA polymerase was 

purchased from New England Biolabs (NEB). Restriction enzymes were purchased from 

Invitrogen and NEB. All were stored at -20 ºC and utilised in the supplied buffers and at 

suggested temperatures. All primers were purchased from Sigma-Aldrich.  

Electrophoresis-grade agarose was purchased from Invitrogen. GelRed for DNA detection on 

agarose gel under UV light was purchased from Thermo Fischer Scientific. Low range ladder 

(1kb) from Fermentas FastRuler was used to estimate DNA fragment sizes. 

Antibiotics were purchased from Sigma-Aldrich (UK) and stock solutions were sterilised 

through a 0.22 µm filter and stored at -20 ºC. All bacterial strains utilised in the reported studies 

are property of the Tosin Group unless stated otherwise. 

PCR was performed using an Eppendorf Mastercycler Personal. Agarose gel electrophoresis 

was performed using BioRad Mini-Sub Cell GT system and visualised at 260 nm by a UVP 

Ultraviolet (UV) transilluminator. NanoDrop Lite spectrophotometer (Thermo Scientific) was 

utilised to measure plasmid DNA concentration. 

7.1.1 Vectors 

Table 7.1: List of Vectors used for molecular cloning 

Vector 

 

Description Application Source 

pET-28a (+) 

 

KanR, PT7, oripBR322, lacl, N-

Term His6-tag 

 

cloning Novagen 

TOPO pET151 

 

AmpR, PT7, oripBR322, lacl, N-

Term His6-tag 

 

cloning Invitrogen 
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7.1.2 Primer sequences 

Table 7.2: Primer sequences written from 5’ to 3’ for Ppm1 ∆42 

Primer Sequence Tm 

Forward 5-CACCGTGAACGACGGCGACGGC 81.1 ºC 

Reverse 5-TCAGCGGCCGAGCACCTTGCC 79.4 ºC 

 

Table 7.3: Phosphorylated primers utilised for Ppm1 site-directed mutagenesis (from 5’ to 3’ end) 

Construct Primers Annealing Temperature 

 
D57A 

Forward: 

CGTGGCCGACGCCAACAGCCCC 
83.2 °C 

Reverse:  

GGGGCTGTTGGCGTCGGCCACG 

83.2 °C 

 

R82A Forward:  
TCATGCACGCCAAGGGCAAGG 

79.9 °C 

Reverse:   
CCTTGCCCTTGGCGTGCATGA 

79.9 °C 

 

D111A Forward: 

 TGATCGAGATGGCCGCCGACGGCT 
65.0 °C 

Reverse:  
AGCCGTCGGCGGCCATCTCGATCA 

65.0 °C 

 

D113A Forward: 

CGAGATGGACGCCGCCGCCTCCCACCAGC 
68.0 °C 

Reverse: 

GCTGGTGGGAGCCGGCGGCGTCCATCTCG 
68.0 °C 

 

R138A Forward:  
CCGGGCACCCAGGCCGAGCCGAGGCA 

87.8 °C 

Reverse: 

 GTCCTGGCTCGGCCTGGGTGCCCGG 

87.8 °C 

 

R226A Forward: 

GTCGCCGAGTTCCGCCTCCACGAACGTG 
84.6 °C 

Reverse: 

CACGTTCGTGGAGGCGGAACTCGGCGAC 
 

84.6 °C 

C200A Forward:  
GTACGCCTTCCAGGTGGACC 

73.6 °C 

Reverse:  
CCCTGGGAGGCGACCTCCTC 

 

73.6 °C 

S156D Forward: 

 AGATCATCGACCGTGGCGGCA 
76.2 °C 

Reverse: 

 TGCCGCCACGGTCGATGATCT 
 

76.2 °C 

G143V Forward:  
TGACCACCCGGACGCCGGGCACC 

85.8 °C  

Reverse:  
GGTGCCCGGCGTCCGGGTGGTCA 

 

85.8 °C 

S163L Forward: 

CGAGCGCGATTCTCAAGTACATGCTGCCG 
81.2 °C 

Reverse: 

CGGCAGCATGTACTTGAGAATCGCGCTCG 
 

81.2 °C 

H116D Forward:  
 CCGACGGCTCCGACCAGCCCGAG 

83.1 °C 

Reverse: 

CTCGGGCTGGTCGGAGCCGTCGG 
 

83.1 °C 

E218V Forward: 

ACGTGATCGGCACCACCACGACGTGATAG 
80.6 °C 

Reverse: 
CTATCACGTCGTGGTGGTGCCGATCACGT 
 

80.6 °C 
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7.1.3 List of Antibiotics 

Table 7.4: Concentrations of antibiotics required for the selection of plasmids 

Antibiotic Final Concentration (µg mL-1) Plasmid Used With 

 

Kanamycin 50 pET-28a(+) 

 

Kanamycin 50 pPB-N-His 

 

Ampicillin 100 TOPO pET-151 

 

 

7.2 Molecular biology methods 

7.2.1 Polymerase chain reaction (PCR) 

An Eppendorf Mastercycler gradient and an Eppendorf Mastercyler PCR machines were 

utilised for variable annealing temperatures and constant annealing temperature PCR reactions, 

respectively. Unless stated otherwise, the following quantities of each component were utilised 

per reaction. A master mix was prepared for PCR reactions and gradient temperatures ranging 

between 58 ºC and 65 ºC were utilised. The master mix was composed of 28 µL of 10X High 

Fidelity (HF) Phusion polymerase buffer, 14 µL dNTPs (2 mM), 2.8 µL forward primer (10 

µM), 2.8 µL reverse primer (10 µM), 2.8 µL template DNA (SC6D7.17 encoding for Ppm1, 

10-50 ng) and 138.6 µL of deionised water. 20 µL aliquots were prepared from the master mix, 

and gradient PCR reactions were carried out to choose the best annealing temperature. Once 

this was determined, PCR reactions were carried out at a single annealing temperature. DNA 

was denatured at 98 ºC and the annealing and extension of primers was carried out at 72 ºC. 

The typical program used for single annealing temperature PCR reactions using Phusion 

polymerase involved initial denaturation at 98 °C for 30 seconds, 25 cycles consisting of 

denaturation at 98 °C (10 seconds) and annealing at 68 °C (2.5 minutes). The elongation or 

extension step was carried out at 72 °C for 10 minutes. The reaction(s) were held at 4 °C. The 

annealing temperatures and length of time for elongation were determined based on the primers 

used. 

The PCR method described above using Phusion polymerase was utilised to generate the 

D111A and D113A mutants. The other mutants were generated using a different polymerase, 

PfuUltra polymerase (Agilent), and the method described as follows: 37 µL sterile water, 5 µL 

of 10X PfuUltra reaction buffer, 1.25 µL forward primer (10 µM), 1.25 µL reverse primer (10 

µM), 1 µL dNTPs (2 mM each), 1.5 µL template DNA (SC6D7.16),1 µL PfuUltra polymerase 

(2.5 Units, U) and 3 µL Quick solution. 
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The typical thermocycling program utilised for PCR reactions using Pfu Ultra polymerase 

involved initial denaturation at 95 °C for 2 minutes, 18 cycles consisting of denaturation at 95 

°C (20 seconds), annealing at 60 °C (10 seconds) and extension at 68 °C (2.45 minutes). The 

elongation or final extension step was carried out at 68 °C for 5 minutes. The reaction(s) were 

held at 4 °C.  

Following PCR, the products were subjected to DpnI digestion (to digest template DNA only) 

as follows: 2 µL DpnI enzyme was added to 10 µL PCR product, and the reaction was incubated 

in a 37 °C water bath for 5 minutes. Analysis of the products from DpnI digestion was carried 

out using a 0.8% agarose gel. 

7.2.2 Purification of DNA from agarose gels 

After gel electrophoresis, the desired DNA bands were excised from the agarose gel using a 

scapel/razor. The DNA fragments were subsequently placed in pre-weighed Eppendorf tube. 

DNA fragments were purified using a GeneJET Gel Extraction Kit following the 

manufacturer’s instructions: one volume of binding buffer to one volume of gel slice was 

added, and the mixture was incubated at 55 ºC until it was completely melted. The resulting 

gel solution (indicating DNA binding) was mixed by thoroughly by vortexing. The solubilised 

gel solution was transferred into a GeneJET purification column and centrifuged for 1 minute. 

The flow through was discarded and bound DNA was washed with the provided wash buffer 

prior to elution with 50 µL sterile water. The concentration of the purified DNA solution was 

determined using a Nanodrop Lite spectrophotometer (Thermo Scientific). 

7.2.3 Plasmid ligation experiments 

The ligation experiments were set up as follows: 17 µL of purified PCR product was added to 

2 µL of ligase buffer and 2 µL of ligase in an Eppendorf tube. The mixture was mixed by 

flicking and then spun down for a few seconds. Afterwards, the mixture was left to incubate at 

5 ºC overnight for the ligation reaction to occur. 

7.2.4 Cloning and transformation of amplified ∆42 gene into E. coli 

To generate a C-terminally truncated version of Ppm1, primers were manually designed, and 

their properties checked using the New England Biolabs (NEB) calculator website. PCR was 

carried out using Phusion polymerase following the protocol outlined in the above section using 

the wild type plasmid (SC6D7.16- pET-28a(+)) as template DNA. The desired PCR product 

was excised from the gel and purified following the procedure outlined in the GeneJET gel 
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extraction kit. The concentration of the purified DNA was measured using a Nanodrop Lite 

spectrophotometer (Thermo Scientific). 

Cloning of ∆42 was performed using the TOPO cloning strategy (Invitrogen Manual). The 

TOPO cloning method is a Ligation-independent cloning (LIC) method, that can be performed 

without use of restriction endonucleases and DNA ligase. A ChampionTM pET Directional 

TOPO® Expression Kit (Invitrogen) was utilised. The designed forward primers for ∆42 

incorporated a CACC overhang on the 5’ terminus for ligation into a TOPO vector. The TOPO 

cloning reaction was set up as follows: 4 µL fresh PCR product (∆42), 1 µL salt (sodium 

chloride) solution, 1 µL sterile water (added to a final volume of 5 µL) and 1 µL TOPO vector 

(pET151). The reaction was mixed gently and incubated at room temperature (22-2 3 ºC) for 

30 minutes. The reaction was then placed on ice and transformation into E. coli TOP10 cells 

was carried out. TOP10 cells were grown overnight at 37 ºC on LB agar plates supplemented 

with ampicillin; ten of the resulting colonies were grown in liquid culture to extract plasmid 

DNA for sequencing and used for transformation into BL21 (DE3) cells (expression under 

IPTG control). 

7.2.5 Restriction digests 

Unless recommended otherwise, manufacturer’s instructions (NEB) were followed: 0.5 µL 

restriction endonuclease enzyme was incubated with 2 µL restriction endonuclease buffer and 

15 µL plasmid DNA in an Eppendorf tube for 2 hours at 37 ºC. The reactants were mixed by 

gently flicking and spinning down for a few seconds prior to incubation in a 37 ºC water bath 

for 1 hour. Analysis of the digestion reaction was carried out on a 0.8% agarose gel following 

the addition of 4 µL of 6X DNA loading dye. 

7.2.6 Agarose gel electrophoresis 

Agarose (0.8 g) was dissolved in TBE (100 mL) via heating in a microwave for 2 minutes. 

Upon cooling, 3 µL GelRed (Cambridge Bioscience) was added and the melted agarose was 

added to an appropriate cast with a comb. Gels were run at 100 V for approximately 45-60 

minutes. DNA was visualised using a UVP Ultraviolet (UV) transilluminator at 260 nm. 

7.3 Microbiological materials and equipment 

Sterilisation of media and equipment for the growth of bacterial strains was performed in a 

Prioclave autoclave according to standard procedures (121 ºC, 1.06 Bar, 15 minutes, fan 

cooling under 100 ºC). Innova 44 and Innova 4300 shakers were utilised for the cultivation of 

overnight cultures. The optical density (OD) of bacterial cultures at 600 nm was measured on 
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a BioMate3 ultraviolet-visible (UV-Vis) spectrometer. Cell lysis was performed by a Constant 

Systems pneumatic cell disruptor at 20.3 kilo-pound per square inch (kpsi). Centrifugation was 

performed in a Sorval Rc 6 Plus centrifuge with an SLA-3000 or SS-34 rotor (for large 

volumes). An Eppendorf 5810R or 5804R was utilised to centrifuge smaller volumes of about 

15-50 mL. Samples less than 2 mL were centrifuged on an Eppendorf centrifuge 5415R. 

NanoDrop Lite spectrophotometer (Thermo Scientific) was utilised to measure protein 

concentration. Bradford reagent and bovine serum albumin (BSA) were purchased from 

Sigma-Aldrich (UK). The 4-16% Native PAGE Ovex Bis-Tris Gel was purchased from Life 

Technologies. All detergents utilised during protein purification were purchased from 

Carbosynth (UK). 

7.3.1 Bacterial strains 

All bacterial strains were the property of the Tosin Group unless stated otherwise. 

Table 7.5: List of bacterial strains 

Bacterial strain 

 

E. coli BL21 (DE3) 

E. coli DH5α 

E. coli Top10 cells purchased from Invitrogen 

 

7.3.2 Culture media 

All media was prepared in deionised water and either autoclaved or filter-sterilised prior to use. 

Table 7.6: Culture media recipes 

Media 

 

Components and preparation 

Luria Bertani (LB) 

 

0.5% yeast extract (w/v), 1% tryptone (w/v), 1% sodium chloride (w/v). An 

additional 2% agar (w/v) is added to make LB agar. 

Minimal Medium (M9)  

 

Na2HPO4.12H2O 0.85 g/L, KH2PO4 3 g/L and NaCl 0.5 g/L was added to 

deionised water and autoclaved. Following autoclaving 15NH4Cl 1 g/L 

(sterilised by filtering with 0.2 µM filter), 1 mL of filtered 1 M MgSO4 (final 

concentration 1 mM and sterilised by filtering with 0.2 µM filter), 20 mL of 

20% (w/v) glucose (final concentration 0.4% glucose, w/v and sterilised by 

filtering with 0.2 µM filter), 100 µL of filtered 1 M CaCl2 (final concentration 

0.1 mM and sterilised by filtering with 0.2 µM filter) and 20 mL of 100X BME 

Vitamins (Sigma-Aldrich). 
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7.3.3 General buffers and solutions 

Table 7.7: List of general buffers and solutions 

Buffer/solution Recipe 

SDS-PAGE Loading Dye 

 

60 mM Tris-HCl pH 6.8, 10% glycerol (v/v), 2% sodium dodecyl 

sulfate (w/v), 0.1% bromophenol blue (w/v), 1% 2-mercaptoethanol 

(v/v). 

SDS-PAGE Running Buffer 150 mM glycine, 20 mM Tris-base, 0.8% sodium dodecyl sulfate (w/v), 

pH 8.0. 

SDS-PAGE Staining Solution 50% distilled water (v/v), 40% methanol (v/v), 10% acetic acid (v/v), 

1% Coomassie R250 (w/v). 

SDS-PAGE Destaining Solution 70% distilled water (v/v), 20% methanol (v/v), 10% acetic acid (v/v). 

Tris-Borate EDTA (TBE) Buffer 

 

70 mM Tris-base, 90 mM boric acid, 8 mM ethylenediaminetetraacetic 

acid, pH 8.0. 

Tris Buffer pH 8.8 1.5 M Tris-HCl, pH 8.8. 

 

Tris Buffer pH 6.8 500 mM Tris-HCl, pH 6.8. 

 

Phosphate Buffered Saline (PBS) 

 

140 mM sodium chloride, 2.7 mM potassium chloride, 10 mM 

disodium hydrogen phosphate, 1.8 mM dihydrogen phosphate, pH 7.4. 
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7.3.4 Protein purification buffers 

Table 7.8: List of protein purification buffers 

Buffer Recipe 

Protein Solubilisation Buffer 

 

50 mM sodium hydrogen phosphate, 300 mM sodium chloride, 10 mM 

imidazole, 10% glycerol, 1% n-dodecyl-β-D-maltoside (DDM), pH 7.5. 

 

N-His6 Lysis Buffer 

 

50 mM sodium hydrogen phosphate, 300 mM sodium chloride, 0.3 mM 

magnesium chloride, 10 mM imidazole, 10% glycerol, 0.1% DDM, pH 

7.5. 

 

N-His6 Wash Buffer 
 

50 mM sodium hydrogen phosphate, 300 mM sodium chloride, 0.3 mM 

magnesium chloride, 20 mM imidazole, 10% glycerol, 0.1% DDM, pH 

7.5. 

 

N-His6 Elution Buffer 
 

50 mM sodium hydrogen phosphate, 300 mM sodium chloride, 0.3 mM 

magnesium chloride, 250 mM imidazole, 10% glycerol, 0.1% DDM, pH 

7.5. 

 

SEC Buffer 

 

50 mM Tris-HCl, 100 mM sodium chloride, 10 % glycerol, 0.03% DDM, 

1 mM EDTA, 1 mM DTT, (degassed and filtered), pH 7.5. 

 

Storage Buffer 

 

100 mM Tris-HCl, 100 mM sodium chloride, 0.3 mM magnesium 

chloride and 10% glycerol, pH 7.5. 

 

Biocatalysis Assay Buffer 

 

 

25 mM Tris-HCl, 10 mM calcium chloride, 10 mM manganese chloride, 

0.1% Triton X, pH 7.5. 

 

NMR Sample Buffer 

 

50 mM sodium phosphate, 100 mM sodium chloride, 10% deuterium 

oxide, 0.03% DDM, pH 7. 
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7.4 Microbiology methods 

7.4.1 Procedure for making competent cells 

E. coli BL21 (DE3) and E. coli DH5α were plated onto Luria Broth (LB) agar and left to 

incubate overnight at 37 ˚C. A single colony was picked from each plate and utilised to 

inoculate 200 mL of LB media. The cultures were grown at 37 ˚C until they reached an optical 

density (OD600) of between 0.35 to 0.4 AU. Cells were subsequently harvested at 4000 x g at 

4 ˚C for 15 minutes, then washed with ice cold 100 mM calcium chloride (2 x 10 mL) with 

gentle pipetting, and then left to incubate on ice for 20 minutes. Cells were pelleted again by 

centrifugation as described above and resuspended in ice cold calcium chloride (1 mL) and left 

to incubate on ice for 30 minutes. Glycerol (50% v/v) was added to a final concentration of 

15% (v/v) and cell aliquots (100 µl) were snap frozen in liquid nitrogen prior to being stored 

at -80 ˚C. 

7.4.2 Transformation of chemically competent E. coli BL21 and E. coli DH5α 

A single aliquot (100 µL) of chemically competent E. coli BL21 or E. coli DH5α was defrosted 

on ice. Plasmid DNA (3 µL-5 µL, approximately 50-100 ng) was added and mixed by gentle 

flicking or pipetting the Eppendorf tube. Cells were kept on ice for 60 minutes prior to heat 

shock in a 42 ˚C water bath for 60 seconds. Following this, the cells were cooled on ice for 1-

2 minutes. 1 mL of LB media was added to the cells and they were subsequently left to incubate 

at 37 ˚C, then centrifuged at 180 rpm for 30-60 minutes. 100 µL of the cells was plated onto 

an LB agar containing appropriate antibiotic before being incubated overnight at 37 ˚C. 

7.4.3 Plasmid DNA preparation (Plasmid Miniprep) 

1-5 µL of glycerol stock/plasmid solution, or a colony from a transformation plate of E. coli 

BL21 or E. coli DH5α cells carrying the gene of interest, was utilised to inoculate 10 mL LB 

medium supplemented with appropriate antibiotic. The liquid culture was shaken for 16 hours 

at 37 ˚C, 180 rpm. The culture was centrifuged at 2000 x g for 10 minutes and the supernatant 

discarded. GeneJET plasmid miniprep kit (Thermo Fischer Scientific) was utilised for the 

isolation of the plasmid DNA as prescribed by the manufacturer’s instructions. The pelleted 

cells were resuspended in 250 µL of resuspension solution (25 mM Tris, pH 8, 10 mM EDTA 

and 50 mM glucose) by vortexing. The cells were lysed by adding 250 µL of lysis solution (0.2 

mM sodium hydroxide and 1% SDS) and mixed by inversion. 350 µL of the neutralisation 

solution (3 M sodium acetate, pH 4.8, with acetic acid) was then added before centrifugation 

for 5 minutes to remove cell debris and chromosomal DNA. The supernatant was loaded onto 

a GeneJET spin column and centrifuged before the adsorbed plasmid DNA was washed with 
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500 µL of was solution (70% ethanol or 100% isopropanol) twice. The plasmid DNA was 

eluted by the addition of 50 µL elution buffer (10 mM Tris-HCl, pH 8.5) or 50 µL sterile water 

on the purification column membrane and centrifuged after incubation at room temperature for 

2 minutes. The concentration of purified plasmid DNA solution was determined using a 

NanoDrop Lite spectrophotometer (Thermo Scientific). The plasmid DNA was stored at -20 

ºC. 

7.4.4 Overproduction of proteins in E. coli BL21 (DE3) 

Bacteria were grown in a New Brunswick Scientific Innova shaker. LB media, 10 mL 

containing appropriate antibiotic was inoculated with a single colony of E. coli BL21 and 

grown overnight at 37 ˚C, 180 rpm. LB (1000 mL) containing appropriate antibiotics was 

inoculated with the overnight culture and grown at 37 ˚C, 180 rpm, until OD600 reached 0.4-

0.6 AU (determined using a Thermo Biomate 3 spectrophotometer). Isopropyl β-D-1-

thiogalactopyranoside (IPTG) was added to a final concentration of 0.5 mM. Cultures were 

incubated overnight 15 ˚C, 180 rpm. Cells were harvested at 4000 x g at 4 ˚C for 15 minutes. 

7.4.5 Overproduction of 15N labelled protein in E. coli BL21 (DE3) 

LB media (2 x 10 mL) containing appropriate antibiotic was inoculated with a single colony of 

E. coli BL21 and grown overnight at 37 ˚C, 180 rpm. LB (2000 mL) containing appropriate 

antibiotics was inoculated with the overnight culture and grown at 37 ˚C, 180 rpm, until OD600 

reached 0.6-0.8 AU (determined using a Thermo Biomate 3 spectrophotometer). Cells were 

harvested by centrifugation (5, 000 x g, 15 minutes, 4 °C), washed once with 200 mL of 1X 

M9 sterile salt solution and again centrifuged (5,000 x g, 15 minutes, 4 °C). The pellet was 

then resuspended in 1000 mL M9 minimal medium with 15N labelled NH4Cl as a nitrogen 

source supplemented with appropriate antibiotic and IPTG to a final concentration of 0.25 mM. 

The culture was then incubated overnight (~18 hours) at 180 rpm at 15 ̊ C. Cells were harvested 

at 4000 x g at 4 ˚C for 15 minutes. 

7.4.6 Protein purification (no detergents) 

The cells were harvested by centrifugation at 4000 x g for 15 minutes at 4 ºC. The supernatant 

was discarded, and the remaining pellet was resuspended in lysis buffer (50 mM sodium 

hydrogen phosphate, 300 mM sodium chloride, 0.3 mM magnesium chloride, 10 mM 

imidazole, 10% glycerol, pH 7.5). The resuspended pellet was homogenised using a cell 

disruptor at a pressure of 20.1 psi. The cell lysate was subsequently incubated on ice for 30 

minutes following the addition of 20 µL DNase 1 (5 µg/mL) and 12 µL MgCl2 (10 mM). The 
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cells were then centrifuged using an SS 34 rotor at a speed of 10 000 x g for 15 minutes at 4 

ºC. The protein (contained in the supernatant) was purified using agarose Ni2+ affinity 

chromatography on a gravity column previously calibrated with 25 mL of lysis buffer. The 

supernatant was loaded on the Ni2+ affinity gravity column and all the unbound proteins were 

washed out of the nickel resin with 2 x 25 mL wash buffer (50 mM sodium hydrogen phosphate, 

300 mM sodium chloride, 0.3 mM magnesium chloride, 20 mM imidazole, 10% glycerol, pH 

7.5). The protein was eluted from the nickel column with elution buffer (50 mM sodium 

hydrogen phosphate, 300 mM sodium chloride, 0.3 mM magnesium chloride, 10 mM 

imidazole, 10% glycerol, pH 7.5) in 1 mL fractions. Fractions that contained the desired 

proteins were checked using a Bradford reagent (10 µL protein + 90 µL Bradford reagent). A 

blue colour indicated the presence of protein. All the fractions that contained the protein were 

combined and subsequently desalted on a PD10 column calibrated with storage buffer. The 

protein was checked for purity on a 12% SDS polyacrylamide gel. Protein concentration was 

determined using a Braford assay or Nanodrop Lite spectrophotometer (Thermo Scientific). 

7.4.7 Protein purification (detergents) 

The cells were harvested by centrifugation at 4000 rpm for 15 minutes at 4 ºC. The supernatant 

was discarded, and the remaining pellet was resuspended in lysis buffer (50 mM sodium 

hydrogen phosphate, 300 mM sodium chloride, 0.3 mM magnesium chloride, 10 mM 

imidazole, 10% glycerol, pH 7.5). The resuspended cells were passed through a cell disruptor 

at a pressure of 20.1 psi. Afterwards, the supernatant was incubated at 5 ºC for 1 hour after the 

addition of 1% DDM, 10 mM DNase 1 and 10mM MgCl2. After incubation the cells were 

subsequently centrifuged at 10 000 rpm for 20 minutes at 4 ºC. The protein (contained in the 

supernatant) was purified using nickel chromatography on a gravity nickel column previously 

calibrated with 20 mL lysis buffer (50 mM sodium hydrogen phosphate, 300 mM sodium 

chloride, 0.3 mM magnesium chloride, 10 mM imidazole, 10% glycerol, pH 7.5). The 

supernatant was loaded on the gravity column and then allowed to bind to the nickel resin for 

1 hour at 5 ºC. After 1 hour the protein bound to the nickel resin was washed with wash buffer 

(50 mM sodium hydrogen phosphate, 300 mM sodium chloride, 0.3 mM magnesium chloride, 

20 mM imidazole, 0.1% DDM, 10% glycerol, pH 7.5). Elution buffer (50 mM sodium 

hydrogen phosphate, 300 mM sodium chloride, 0.3 mM magnesium chloride, 250 mM 

imidazole, 0.1% DDM, 10% glycerol, pH 7.5) containing detergent was used to elute the 

protein from the nickel resin in 1 mL fractions. Fractions that contained the desired proteins 

were checked using a Bradford reagent (10 µL protein + 90 µL Bradford reagent). A blue 
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colour indicated the presence of protein. The protein was then purified on a Superdex 200 pg 

gel filtration column previously calibrated with gel filtration buffer (50 mM Tris-HCl, 100 mM 

sodium chloride, 10% glycerol, 0.03% DDM, 1 mM EDTA, 1 mM DTT, (degassed and 

filtered), pH 7.5). Fractions under the desired peaks were tested for purity on a 12% SDS 

polyacrylamide gel. Protein concentration was checked using a Bradford assay and/or 

nanodrop. 

7.4.8 Sodium dodecyl sulfate polyacrylamide gel electrophoresis 

Protein samples were analysed using a 12% SDS-PAGE gel. To protein samples (20 µL) was 

added loading dye (5 µL). Samples were boiled for 10 minutes at 85 ˚C before centrifugation 

at 10 000 x g for 1 minute. Gels were made using the recipe detailed below in Table 7-2 and 

run at 200 volts (V) for 60 minutes at room temperature. Gels were either stained with 

InstantBlueTM Ultrafast Protein Stain (Sigma-Aldrich) or SDS-PAGE staining solution, or 

destained for 30 minutes with SDS-PAGE destaining solution. 

Table 7.9: Recipes for 12% SDS-PAGE (5 mL) and Stacking gel (1 mL) 

Ingredient 12% SDS-PAGE Stacking Gel 

 

Water (mL) 1.60 0.68 

30% Polyacrylamide (mL) 2.00 0.17 

1.5 M Tris-Cl Buffer pH 8.8 (mL) 1.30 N/A 

1 M Tris Buffer pH 6.4 (mL) N/A 0.13 

10% (w/v) Sodium dodecyl sulfate (SDS) (mL) 0.05 0.01 

10% (w/v) Ammonium persulfate (APS) (mL) 0.05 0.01 

Tetramethylenediamine (TEMED) (mL) 0.002 0.001 

 

7.4.9 Protein assays under different conditions 

Protein assays were carried out under various conditions in an effort to optimise the enzyme 

purification protocol. Different conditions were investigated, for example, various pH, various 

additives such as EDTA, DTT and NaCl at different concentration, as well as different 

detergent such as octyl glucoside and DDM (section 2.2.4). 

100 µL of protein sample was added to 400 µL of buffer containing test conditions. The control 

experiment contained 100 µL of protein in 400 µL storage buffer. The control experiment and 

the protein in test conditions were incubated in a 37 ºC water bath for 1 hour. Afterwards, the 

protein samples were loaded 100 kDa microcentrifuge membrane filter and allowed to 



177 

 

centrifuge at 4000 rpm for 10 minutes at 4 ºC. The flow through which contained the desired 

protein was collected; then the microcentrifuge membrane filter was inverted and centrifuged 

at 4000 rpm for 10 minutes at 4 ºC to collect the protein aggregates that did not pass through 

the filter. 20 µL of the protein in test conditions and 20 µL of the corresponding aggregate were 

tested on a 12% SDS polyacrylamide gel to analyse the degree of aggregation under each test 

condition (section 2.2.4). 

7.4.10 Bradford Assay 

Protein concentrations were determined by the method of Bradford with bovine serum albumin 

(BSA) as a standard. Purified protein solutions were made at 0 x, 2 x, 5 x and 10 x dilutions. A 

5 mg/mL of BSA stock solution was further diluted with water to obtain the following standards 

for the assay: 1.40 mg/mL, 1.00 mg/mL, 0.50 mg/mL and 0.25 mg/mL. The Bradford reagent 

was brought to room temperature and 50 µL of each standard dilution was pipetted into a 

disposable 2 mL polypropylene microtube (Eppendorf, Germany), to which 1.5 mL of Bradford 

reagent was added. Each sample was incubated at room temperature for approximately 5 

minutes and briefly centrifuged (30 seconds, 5000 x g) prior to measuring. A cuvette of 1.5 mL 

Bradford reagent was used to blank the spectrophotometer. The absorbance of each sample was 

measured at 595 nm to obtain the data needed to plot a standard curve. This was repeated twice 

for each dilution and the protein concentration of each sample was calculated considering the 

dilution factor. 

7.5 Enzyme activity assays materials and equipment 

Lipid phosphate substrates were purchased from Larodan Fine Chemicals (Sweden). The 

glycosyltransferase kit was purchased from R&D Systems, Bio-techne (UK). Plate reader 

assays were performed with either a Tecan (Männedorf, Switzerland) GENios Microplate 

reader (Tecan) using Grenier or NUNC transparent polystyrene 96 well plates (for UV). 

7.6 Enzyme activity assays methods 

7.6.1 Ppm1 wild-type and mutant activity evaluation 

7.6.1.1 Phosphate standard curve 

The phosphate standard curve is generated prior to the activity assay as follows: 40 µL of 1 

mM phosphate standard was added to 360 µL of 1X Assay buffer in an Eppendorf tube and 

mixed well. 200 µL of the dilution was transferred into 200 µL of 1X assay buffer in a second 

tube. The process was repeated to prepare a 2-fold serial dilution. The eighth tube contains only 

1X assay buffer and serves as a zero standard (blank). 50 µL of each dilution was transferred 
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into a well of a microplate (in duplicate). The amount of phosphate in each well was determined 

using 30 µL malachite reagent A (Bio-techne), 100 µL water and 30 µL malachite green 

reagent B (Bio-techne). The plates were left to incubate for 20 minutes at room temperature 

(22-23 ℃) for 20 minutes prior to taking the reading at 630 nm on a plate reader. The duplicate 

readings for each standard were averaged and subtracted from the zero-standard optical density. 

The phosphate standard curve was subsequently generated by plotting phosphate input 

(pmol/well) versus corrected optical density. 

7.6.1.2 Enzyme assays 

A typical 50 µL Ppm1-catalysed reaction was set up as follows: 10 µL of 1 mM GDP-mannose, 

10 µL of 1 mM undecaprenyl phosphate (solubilised in 50 mM Tris-HCl pH 7.5, 2 mM - 

mercaptoethanol, 1 mM magnesium chloride, 20% glycerol and 0.5% TritonX-100), 5 µL of 

20 ng/µL CD39L3/ENTP3 (ectonucleoside triphosphate diphosphohydrolase) phosphatase 

from R&D systems and 25 µL of 100 ng/µL of the glycosyltransferase solution in 1X assay 

buffer (25 mM Tris-HCl, 10 mM calcium chloride, 0.1% Triton X-100, 10 mM manganese 

chloride, pH 7.5). Calf-intestine phosphatase (CIP) purchased from (Promega) was also utilised 

for some of the assays at a concentration of 10 U per reaction. The assay was then left to 

incubate for 20 minutes at room temperature. A blank sample (consisting of 1X assay buffer) 

was set up to ensure that there is no phosphatase contamination. A negative control consisting 

of all the assay components, except for the glycosyltransferase enzyme, was also set up. All 

assays were carried out in duplicate, and three independent experiments were carried out. 

To terminate the reaction 30 µL of malachite green reagent A (Bio-techne) was added to the 

well, followed by 100 µL of distilled water; lastly 30 µL of malachite green reagent B (Bio-

techne) was added. The plates were then incubated for an additional 20 minutes to allow the 

colour to develop. A plate reader was used to measure the absorbance at 630 nm. Enzyme 

activity was determined by subtracting the absorbance of the negative control from the 

absorbance of the glycosyltransferase reaction. 

Product formation was quantitatively determined by interpolating in µM or picomole/well the 

amount of inorganic phosphate generated from a phosphate standard curve as initially 

described. The phosphate standard curve was generated prior to the activity assay as follows: 

40 µL of 1 mM phosphate standard was added to 360 µL of 1X Assay buffer in an Eppendorf 

tube and mixed well. 200 µL of the dilution was transferred into 200 µL of 1X assay buffer in 

a second tube. The process was repeated to prepare a 2-fold serial dilution. The eighth tube 
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contains only 1X assay buffer and serves as a zero standard (blank). 50 µL of each dilution 

were transferred into a well of a microplate (in duplicate). The amount of phosphate in each 

well was determined using 30 µL malachite reagent A (Bio-techne), 100 µL water and 30 µL 

malachite green reagent B (Bio-techne). The plates were left to incubate for 20 minutes at room 

temperature (22-23 ℃) for 20 minutes prior to taking the reading at 630 nm on a plate reader. 

The duplicate readings for each standard were averaged and subtracted from the zero-standard 

optical density. The phosphate standard curve was subsequently generated by plotting 

phosphate input (pmol/well) versus corrected optical density. 

7.6.2 Enzyme kinetic assays 

All assays were performed at room temperature (22-23 ℃) as described above (section 7.6.1). 

The concentration of one substrate was kept constant (200 µM) and in excess and the other 

substrate was assayed at different concentration from 0.5 – 200 µM. Kinetic parameters (kcat 

and KM) were determined by nonlinear regression method using Graphpad prism 5 software. 

The Michaelis-Menten equation utilised is as follows: v0 = vmax ([S]/KM + [S]), where [S] is the 

substrate concentration. All assays were performed in triplicate, and the standard error for each 

parameter was determined by statistical methods and reported along with the data. 

7.7 Protein biophysical characterisation materials and equipment 

Protein solution NMR experiments were carried out on a Bruker Avance III-700 MHz. Protein 

low resolution ESI mass spectra were recorded using Agilent 6130B single quad spectrometer. 

7.8 Protein biophysical characterisation methods 

7.8.1 Thermostability Assays (TSA) 

TSA experiments were carried in the School of Life Sciences to investigate the stability of 

proteins in various detergent and buffer conditions. 20 µL assays were set up in PCR tubes 

consisting of assay buffer (20 mM Tris-HCl, 100 mM sodium chloride, 1 mM EDTA, 1 mM 

DTT and 10% glycerol, pH 7.5) and different concentrations of salts or other additives (e.g. 

detergents). Varying protein concentrations (from 2 µM to 10 µM) were utilised to determine 

the optimum protein working concentration. SYPRO Orange dye (fluorescence dye, 2 µL) was 

used at dilutions of 1:500, 1:1000 and 1:5000. 

When all the components of the assay were combined, RT-PCR machine was utilised to carry 

out the experiments. The samples were heated from 18 ℃ to 100 ℃. As the protein gradually 

gets heated, it starts to denature exposing hydrophobic residues that are imbedded on the inside 

of the protein. The hydrophobic residues bind to the SYPRO dye and upon binding, there is an 
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increase in fluorescence. A dissociation/melting curve is obtained from this assay and the point 

of inflexion indicates the point at which the protein starts to melt or denature.  

7.8.2 Protein crystallisation 

Purified recombinant protein (Ppm1 wild type and other constructs) in gel filtration buffer (50 

mM Tris, 100 mM sodium chloride, 10% glycerol, 1 mM DTT, 1 mM EDTA and 0.03% DDM) 

was subjected to crystallisation screening. The initial crystallization screens were performed 

using a MemGold-MD1-39 screen containing 96 different conditions of various pH, PEG and 

salt additives. MemGold crystallisation screens are typically used in the crystallisation of 

membrane proteins. Different concentrations of the protein, along with different cofactors and 

substrates, were used to set up crystallization plates. The sitting drop method was utilized using 

a Mosquito dispenser. Plates were incubated between 15-18 ℃ and checked regularly for 

crystal formation. 

7.8.3 Solution NMR 

7.8.3.1 1D 1H NMR spectroscopy 

Protein NMR samples (0.5-1.0 mM) were prepared in 50 mM sodium phosphate, 100 mM 

sodium chloride, 10% deuterium oxide and 0.03% DDM, pH 7. 1H NMR spectra were recorded 

at 298 K using a Bruker Avance III-700 MHz. A presaturation pulse sequence was employed 

to suppress the water signal. Spectra were collected using 4k complex data points over 128 

scans. FIDS were processed using gaussian multiplication (GM with a linewidth 40 Hz). 

Spectra were processed using TOPSPIN 3.2 (Bruker).  

7.8.3.2 2D 1H NMR spectroscopy 

15N labelled NMR samples (0.5- 1.0 mM) were prepared in 50 mM sodium phosphate, 100 mM 

sodium chloride, 10% deuterium oxide and 0.03% DDM, pH 7. TROSY spectra were recorded 

at 298 K using a Bruker Avance III-700 MHz (2D datasets were acquired). A presaturation 

pulse sequence was employed to suppress the water signal. Spectra were collected using 4k 

complex data points in F1 and 256 complex data point in F2 over 128 scans. FIDS were 

processed using gaussian multiplication (GM with a linewidth 40 Hz). Spectra were processed 

using TOPSPIN 3.2 (Bruker). 

7.9 Synthetic chemistry reagents and equipment 

Unless specified otherwise, chemicals were purchased from Fisher Scientific, Sigma Aldrich, 

Carbosynth and Larodan. Anhydrous dichloromethane and tetrahydrofuran were purchased 

from VWR International (AR grade) and dried using solvent towers. Anhydrous ethyl acetate 
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and methanol were purchased from Fisher Scientific or Sigma Aldrich. Reagent grade 

dichloromethane, ethyl acetate, methanol, acetonitrile, cyclohexane and chloroform were 

purchased from Fisher Scientific. 

7.9.1 Chromatography 

Analytical thin-layer chromatography (TLC) was performed on aluminium sheets precoated 

with silica gel 60 (F254, Merck) and visualised using potassium permanganate (KMnO4), 

Orcinol stain and Molybdenum blue. 

7.9.2 NMR spectroscopy 

1H- and 13C-NMR spectra were acquired on a Bruker AV- 300 MHz and Avance III HD 400 

MHz spectrometer. Deuterated solvents (MeOD, CDCl3 or D2O) were purchased from Sigma-

Aldrich and used as supplied. All chemical shifts are given as δ values in ppm with reference 

to residual HDO (δH 4.69), CHCl3 (δH 7.26) or TMS (δH 0.00). J coupling constants were 

reported in Hertz (Hz). 

7.9.3 Mass spectrometry 

Low resolution ESI mass spectra were recorded using Agilent 6130B single quad spectrometer. 

7.10 Synthetic chemistry methods 

The syntheses of phytanyl phosphate 24 and geranyl geranylgeranyl phosphate 27 were 

outlined in chapter 3 and are detailed below. 

7.10.1 Chemical synthesis of phytanyl phosphate (24) [188] 

Phytol (21) [230] 

 

Phytol (21, 0.59 mL, 1.69 mmol), sodium hydrogen carbonate (500 mg, 5.95 mmol) and 

platinum dioxide (25 mg, 0.11 mmol) were dissolved in dry THF (6 mL) under argon. The 

argon atmosphere was replaced with hydrogen gas and the reaction mixture was left to stir 

overnight. The crude mixture was filtered over Celite and washed with solvent. This was then 

removed in vacuo, yielding a clear oil. Flash column chromatography of this crude product was 

performed using ethyl acetate and petroleum ether (1:10) to obtain pure phytanol 22 (476 mg, 

94%). The NMR and MS data were consisted with those previously reported. [230] 1H-NMR 

(400 MHz, CDCl3): δppm 4.98 (1H, s, OH), 3.69 (2H, t, J= 7.1 Hz, CH2O), 2.50-2.00 (20H, m, 
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CH2), 1.57-1.41 (4H, m, CH) and 0.87 (15H, d, J= 1.4 Hz, CH3). 
13C-NMR (300 MHz, CDCl3): 

δppm 61.20, 39.90, 39.35, 37.47, 37.42, 37.37, 37.30 (CH2), 33.25, 32.65, 32.20, 29.5 (CH), 

24.85, 24.79, 24.45, 24.45 (CH2), 22.71, 22.62, 19.74, 19.66, 19.60 (CH3); LR-ESI-MS: 

[M+Na],+ calculated: 321.2, found: 321.2. 

Di-tert-butyl phytanyl phosphate (23) [188] 

 

Di-tert-butyl diisopropylphosphoramidite (212 µL, 0.74 mmol) and phytanol (22, 148 mg, 0.50 

mmol) were dissolved in dry THF (2 mL) under an argon atmosphere. 0.45 M 1H-tetrazole in 

acetonitrile (3.3 mL, 149 mmol) was added dropwise to the solution. The reaction mixture was 

stirred for 16 hours and then cooled to -40 ℃ before slowly adding a solution of m-CPBA (205 

mg, 1.19 mmol) in dry THF. The reaction mixture was allowed to warm to room temperature 

and it was quenched with 10% sodium sulphite solution (12 mL). The mixture was extracted 

with dichloromethane, and the organic layer was washed with saturated aqueous sodium 

hydrogen carbonate. The saturated aqueous sodium hydrogen carbonate layer was washed with 

dichloromethane, and the organic layers were combined and dried over magnesium sulphate. 

The solvent was removed in vacuo to afford a white crude product. Flash column 

chromatography was carried out using ethyl acetate and dichloromethane (3:97) to obtain the 

purified product (116 mg, 82%). The NMR data were consistent with those literature.1H-NMR 

(400MHz, CDCl3): δppm 3.68 (2H, t, J= 7.1 Hz, CH2O), 2.50-1.98 (22H, m, CH2), 1.57-1.41 

(4H, m, CH), 1.35 (18H, q, J= 7.4 Hz, CH3), and 0.87 (15H, d, J= 1.4 Hz, CH3); 
13C-NMR 

(300MHz, CDCl3) δppm 81.82 (C, tBu), 65.19, 39.33, 37.45, 37.41, 37.34, 37.29, 37.25 (CH2), 

32.74 (CH), 29.83, 29.78(CH3, 
tBu), 29.22, 27.94 (CH), 28.80, 24.77, 24.64, 24.42, (CH2), 

22.69, 22.59, 19.72, 19.65, 19.58, (CH3); LR-ESI-MS: [M+Na],+ calculated: 513.1, found: 

513.2. 

Phytanyl phosphate (24) [188] 
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Di-tert-butyl phytanyl phosphate (23, 100 mg, 0.20 mmol) was dissolved in dry 

dichloromethane (1.2 mL) under argon atmosphere. TFA (77 µL, 1.00 mmol) was added drop 

wise to the stirred solution and it was left stirring at room temperature for 3 hours. The solvent 

was removed in vacuo to afford the desired product (70 mg, 70%). The NMR data were 

consistent with those literature. [188] 1H-NMR (400 MHz, CDCl3) δppm 4.40 (1H, s, OH), 3.70 

(2H, t, J= 7.1 Hz, CH2O), 2.51-2.00 (22H, m, CH2), 1.57-1.41 (4H, m, CH), and 0.86 (15H, d, 

J= 1.4 Hz, CH3). 
13C-NMR (300 MHz, CDCl3) δppm 66.55, 39.36, 37.45, 37.41, 37.29, 37.14, 

37.03 (CH2), 32.79, 29.22, 27.97, 27.38 (CH), 24.80, 24.64, 24.49, 24.32 (CH2), 22.72, 22.63, 

19.66, 19.59, 19.46 (CH3); LR-ESI [M-H]- = calculated 377.3, found: 377.1. 

 

7.10.2 Chemical synthesis of geranyl geranyl phosphate (27)[231] 

Di-tert-butyl geranyl geranyl phosphate (26) [188] 

 

Di-tert-butyl diisopropylphosphoramidite (212 µL, 0.74 mmol) and geranylgeraniol (25, 140 

mg, 0.50 mmol) were dissolved in dry THF (2 mL) under an argon atmosphere. 0.45M 1H-

tetrazole in acetonitrile (3.3 mL, 149 mmol) was added drop wise to the solution and the 

reaction mixture. The reaction mixture was stirred for 16 hours. After 16 hours, the reaction 

mixture was cooled to -40 ℃ and a solution of m-CPBA (205 mg, 1.19 mmol) in dry THF was 

slowly added. The reaction mixture was allowed to warm to room temperature and it was then 

quenched with 10% sodium sulphite solution (12 mL). The mixture was extracted with 

dichloromethane, and the organic layer was washed with saturated aqueous sodium hydrogen 

carbonate. The saturated aqueous sodium hydrogen carbonate layer was washed with 

dichloromethane, and the organic layers were combined and dried over magnesium sulphate. 

The solvent was removed in vacuo to afford a white crude product. Flash column 

chromatography purification was carried out using ethyl acetate and dichloromethane (3:97) to 

obtain the purified product (100 mg, 72%). The NMR data were consistent with those literature. 

1H-NMR (400 MHz, CDCl3) δppm 5.25 (4H, t, J= 7.2 Hz, CH), 4.53 (2H, d, J= 8.0, 6.2 Hz, 

CH2O), 1.99 (12H, t, J= 7.3 Hz, CH2), 1.77-1.70 (15H, m, CH3), 1.20 (18H, s, CH3). 
13C-NMR 

(300 MHz, CDCl3) δppm 139.4, 135.7, 135.6, 132.1 (4C),124.4, 124.3, 123.5, 123.0 (CH), 83.2 
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(C, tBu), 83.1 (C, tBu), 55.2, 39.8, 39.7, 39.3, 26.7, 26.6, 26.4 (CH2), 29.5 (CH3, 
tBu), 24.56, 

18.7, 16.4, 16.3, 16.0 (CH3); LR-ESI-MS: [M+Na]+ = calculated 505.35, found: 505.35. 

Geranylgeranyl phosphate (27) [231] 

 

Di-tert-butyl geranylgeranyl phosphate (26, 100 mg, 0.20 mmol) was dissolved in dry 

dichloromethane (1.2 mL) under argon atmosphere. TFA (77 µL, 1.00 mmol) was added drop 

wise to the stirred solution and it was left stirring at room temperature for 3 hours. The solvent 

was removed in vacuo to afford the desired product (70 mg, 70%). The NMR data were 

consistent with those literature. [231] 1H-NMR (400 MHz, CDCl3) δppm 5.25 (4H, t, J= 7.2 Hz, 

CH), 4.51 (2H, d, J= 8.1 Hz, CH2O), 4.23 (2H, bs, OH), 1.97 (12H, t, J= 7.3 Hz, CH2), 1.83-

1.79 (15H, m, CH3). 
13C-NMR (300MHz, CDCl3) δppm 139.8, 135.7, 135.6, 132.0 (4C), 124.4, 

124.3, 123.4, 123.0 (CH), 54.7, 39.7, 39.6, 39.4, 26.7, 26.6, 26.3 (CH2), 23.6, 18.5, 16.4, 16.3, 

16.1 (CH3); LR-ESI [M-H]- calculated: 369.20, found: 369.23. 

7.10.3 Chemical synthesis of 3, 7, 11, 15 tetramethyldecylphosphoryl-β-D-

mannopyranoside (40) [220] 

1, 2, 3, 4, 6-penta-O-acetyl-D-mannopyranose (35) [232] 

 

D-mannose 34 (3.60 g, 19.98 mmol) and acetic anhydride (11.4 mL) in pyridine (120 mL) were 

stirred at room temperature overnight. The reaction was concentrated in vacuo and the residue 

was dissolved in dichloromethane (100 mL). The organic layer was dried over magnesium 

sulphate, filtered and concentrated in vacuo. The resultant residue was purified by flash column 

chromatography (gradient of 1:4 ethyl acetate: cyclohexane to 1:3 ethyl acetate: cyclohexane) 

to give the product as white crystals (3.45 g, 96%). The NMR data were consistent with those 

literature. [220] 1H-NMR (400 MHz, CDCl3) δppm 5.85 (s, 1H, CH-1), 5.49 (d, J=3.3 Hz ,1H, 

CH-2), 5.27 (t, J= 9.8, 1H, CH-4), 5.14 (dd, J=10.2, 3.2 Hz, 1H, CH-3), 4.36 (dd, J= 5.1 Hz, 

12.0 Hz, 1H, CH-6), 4.18 (dd, J= 2.2 Hz, 12.3 Hz, 1H, CH-6), 3.80 (m, 1H, CH-5), 2.22-2.02 

(m, 15H, COCH3); LR-ESI [M+Na] += calculated 413.10, found: 413.10. 
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2, 3, 4, 6-tetra-O-acetyl-D-mannopyranose (36) [233] 

 

1, 2, 3, 4, 6-penta-O-acetyl-D-mannopyranose (35, 3.1 g, 7.95 mmol) was dissolved in THF 

(50 mL) and stirred in a 250 mL round bottom flask under argon atmosphere. Benzylamine 

(1.55 mL), was added to the reaction mixture and left overnight. THF was then removed in 

vacuo and the resulting crude oil was dissolved in dichloromethane (50 mL). The mixture was 

then washed with 1M HCl solution (20 mL x 2). The resulting dichloromethane solution was 

neutralized with saturated sodium hydrogen carbonate solution (20 mL). The dichloromethane 

solution was washed again with distilled water (20 mL) and then dried with anhydrous 

magnesium sulphate. After filtering, the solvent was removed in vacuo to yield a yellow oil 

(2.263 g, 73%). The NMR data were consistent with those literature. [233] 1H-NMR (400 MHz, 

CDCl3) δppm 5.41 (s, 1H, CH-1), 5.33 – 5.21 (m, 3H, CH-2,3,4), 4.27 – 4.19 (m, 2H, CH-5,6), 

4.17 – 4.10 (m, 1H, CH-6), 3.59 (bs, 1H, OH), 2.16 (s, 3H, CH3), 2.10 (s, 3H, CH3), 2.04 (s, 

3H, CH3), 1.99 (s, 3H, CH3); LR-ESI [M+Na] += calculated: 371.10, found: 371.00. 

Diphenyl- (2, 3, 4, 6-tetra-O-acetyl-β-D-mannopyranosyl)-phosphate 37 [220] 

 

2, 3, 4, 6-tetra-O-acetyl-D-mannopyranose (36, 1.90 g, 5.46 mmol) and DMAP (1.52 g, 12.4 

mmol) in dichloromethane (32 mL) at room temperature were added to a solution of diphenyl- 

chlorophosphate (2.66 mL, 12.8 mmol) in dichloromethane (13 mL) by syringe pump over an 

hour. After stirring the resulting solution under argon for 2 hours, the reaction mixture was 

diluted with dichloromethane and washed with cold water; cold aqueous HCl (0.5M) and cold 

saturated aqueous NaHCO3. The organic layer was dried over MgSO4, filtered and the 

concentrated to give the product as a mixture of anomers (α: β, 1:4). The pure β anomer was 

obtained after purification by column chromatography (n-pentane: ethyl acetate, 8:3 to 3:2) 

together with a mixture of anomers. The product was dried and stored at -80 ˚C (1.02 g, 53%). 

The NMR data were consistent with those literature. [220] 1H-NMR (400 MHz, CDCl3) δppm= 

7.30-7.10 (m, 10H. Ar CH), 5.62 (d, J= 2.8 Hz, H, CH-1), 5.45 (m, 1H, CH-2), 5.21 (t, J= 9.5 
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Hz, 1H, CH-4), 5.05 (dd, J= 3.5, 9.4 Hz, 1H, CH-3), 4.23 (dd, J = 5.5, 12.2 Hz, 1H, CH-6), 

4.06 (dd, J= 2.4, 12.3 Hz, 1H, CH-6), 3.76 (m, 1H, CH-5), 2.04 (s, 3H, CH3), 2.02 (s, 6H, CH3), 

1.93 (s, 3H, CH3); LR-ESI [M+Na] += calculated: 603.10, found: 603.00. 

Pyridinium (2, 3, 4, 6-tetra-O-acetyl-β-D-mannopyranosyl)-phosphate 38 [220] 

 

Diphenyl- (2, 3, 4, 6-tetra-O-acetyl-β-D-mannopyranosyl)-phosphate (37, 667 mg, 1.15 mmol) 

was dissolved in ethanol-ethyl acetate (14, 4 mL, 1:1 v/v) and platinum oxide (29 mg, 0.13 

mmol)) was added as a catalyst. The resulting suspension was degassed with 3 vacuum-argon 

cycles and then saturated with H2 by six vacuum–H2 cycles. After stirring for 60 hours under 

hydrogen atmosphere, the reaction was tested for product using TLC (chloroform: MeOH: 

water 60:35:6 v/v/v). The catalyst was removing by filtering over Celite and then pyridine was 

added to neutralize the solution. After concentration, the product was isolated as a white form 

(467 mg, 70%). The NMR data were consistent with those literature. [220] 1H-NMR (D2O, 400 

MHz) δppm 8.64 (d, J= 5.2 Hz, 2H, Ar CH), 8.52 (m, 1H, Ar CH), 7.90 (t, J=7.0 Hz, 2H, Ar 

CH), 5.43 (d, J= 1.9 Hz, 1H, CH-1), 5.22 (dd, J= 3.2, 10.4 Hz, 1H, CH-3), 5.08 (t, J= 10.0 Hz, 

1H, CH-4), 4.32 (ddd, J= 2.4, 3.5, 12.8 Hz, 1H, CH-6), 4.08 (dd, J= 2.0, 12.7 Hz, 1H, CH-6), 

3.90 (ddd, J= 2.0, 3.5, 10.0 Hz, 1H, CH-4), 2.10 (s, 3H, CH3), 1.98 (s, 3H, CH3), 1.89 (s, 3H, 

CH3); LR-ESI [M+Na] += calculated 530.20, found: 530.10. 

3, 7, 11, 15 tetramethyldecylphosphoryl-2, 3, 4, 6-tetra-O-acetyl-β-D-mannopyranoside 

(39) [220] 

 

Pyridinium (2,3,4,6-tetra-O-acetyl-β-D-mannopyranosyl)-phosphate (38, 80 mg, 0.16 mmol) 

was added to a dry 50 mL two-neck flask and co-evaporated twice with freshly distilled dry 

toluene (pressure elevated with nitrogen). Subsequently a solution of phytanol (22, 40 mg, 0.13 

mmol) in dry toluene was added and the reaction mixture was co-evaporated with dry toluene 
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twice. Finally, TPSCl (66 mg, 0.22 mmol) was added and after two more additions and 

evaporations of dry toluene, the residue was dissolved in dry pyridine (2.7 mL) and stirred 

under argon for approximately 4 days. The reaction was then quenched with methanol (2.5 mL) 

and stirred for 2 more hours before concentration (co-evaporation with toluene). The residue 

was dissolved in chloroform and washed with water (3x) and saturated brine, dried over 

magnesium sulphate, filtered and then concentrated in vacuo to give crude product 39. This 

was purified by column chromatography (chloroform: MeOH 95:5 to 85:15; 54 mg, 68%). The 

NMR data were consistent with those literature. [220] 1H-NMR (CDCl3: MeOD: D2O, 0.45: 

0.45: 0.05, v/v/v, 400 MHz) δppm 5.46 (d, J= 1.8 Hz, H, CH-1), 5.36-5.29 (m, 3H, CH-2, CH-

3, CH-4), 4.27 (dd, J= 4.1, 12. 2 Hz, 1H, CH-6), 4.23 (m, 1H, CH-5), 4.09 (dd, J= 2.3, 12.0 

Hz, 1H, CH-6), 3.85 (m, 2H, CH2OP), 2.14 (s, 3H, CH3), 2.06 (s, 3H, CH3), 2.04 (s, 3H, CH3), 

1.91 (s, 3H, CH3), 1.59 (m, 2H), 1.40-1.01 (m, 20H, CH2), 0.87-0.83 (m, 15H, CH3); LR-ESI 

[M-H]-= calculated: 708.38, found: 708.36.  

Sodium 3, 7, 11, 15 tetramethyldecylphosphoryl-β-D-mannopyranoside (40) [220] 

 

(3S, 7S, 11S, 15S)-3, 7, 11, 15 tetramethyldecylphosphoryl-2, 3, 4, 6-tetra-O-acetyl-β-D-

mannopyranoside (39, 54 mg, 0.08 mmol) was dissolved in chloroform-MeOH (3.5 mL, 1:2.5 

v/v) and sodium methoxide (5.82 mg, 0.12 mmol) was added and quenched with saturated 

aqueous ammonium chloride (20 mL). The organic layer was washed with water (3 x 20 mL) 

and the co-evaporated with toluene. The resulting solid was placed on a pad of Celite and 

washed with acetone (50 mL) and then chloroform/MeOH (70 mL, 1:1 in v/v). The chloroform-

MeOH extract was concentrated to give the product (37.8 mg, 70%). The NMR data were 

consistent with those literature. [220] 1H-NMR (CDCl3: MeOD: D2O, 0.45: 0.45: 0.05, v/v/v, 

400 MHz) δppm = 5.06 (d, J= 1.6 Hz, H, CH-1), 3.90 (t, J= 2.3 Hz, 1H, CH-2), 3.87-3.82 (m, 

3H, CH-6 and CH2-OP), 3.73 (dd, J= 5.6, 12.0 Hz, 1H, CH-6), 3.52-5.37 (m, 2H, CH-3 and 

CH-4), 1.39-1.00 (m, 20H, CH2), 0.85-0.81 (m, 15H, CH3); 
31P-NMR (CDCl3: MeOD: D2O, 

0.45: 0.45: 0.05, v/v/v, 400 MHz) δppm = 2.66; LR-ESI [M-H]= calculated: 539.30, found: 

539.10. 
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8 Appendix 

8.1 Plasmid Maps 

 

 

Appendix 8.1: Map of a pET-28a (+) vector with the SC6D7.16 gene inserted between BamHI and NdeI 

restriction sites (approximately 6240 base pairs). The vector has kanamycin resistance, a T7 promoter, a 

thrombin cleavage site and an N-terminal 6x histidine tag. 
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Appendix 8.2: Map and features of a TOPO-pET151 vector (taken from Invitrogen user manual). The 

vector bears ampicillin resistance, a T7 promoter and an N-terminal 6x histidine tag. 
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Appendix 8.3: Map of a pPB-N-His vector (genomics-online) with the human DPM1 gene inserted between 

NHel and Xhol restriction. The vector features kanamycin resistance, a T7 promoter and an N-terminal 6x 

histidine tag. 
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8.2 Mass determination of hexahistidine-tagged Ppm1 from S. coelicolor 

 

Appendix 8.4: His6-tagged protein mass determination (via MALDI-TOF, after IMAC purification), 

calculated mass: 34540.6 Da; mass found: 34535.1 Da. 

8.3 Functional characterisation of recombinant Ppm1 from S. coelicolor 

 

The effect of incubation time on enzyme activity
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Appendix 8.5: Recombinant Ppm1 activity over time using 0.5 mM GDP-mannose and 0.5 mM 

undecaprenyl phosphate (25 mM Tris, 10 mM CaCl2, 0.1% Triton X and 10 mM MnCl2, pH 7.5). The 

enzyme reaction is linear for about 45 minutes, after which a plateau is reached. The enzyme was assayed 

in triplicate and error bars depict S.E.M., n=3. 
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8.4 In vivo functional characterisation of Ppm1 mutants in S. coelicolor 

 

Appendix 8.6: S. coelicolor antibiotic hypersensitivity assays related to ppm1 mutants generated within my 

work. From left to right: WT ppm1 (control), no gene (no ppm1gene control), ppm1 mutants and J1929 

(parent strain). The antibiotics used and their concentrations in μg are shown in brackets in the legend. 

Error bars depict S.E.M., n=4. These data have been kindly provided by Nathaniel Homan (PhD student 

in the group of Prof Maggie Smith, Biology, York). 
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8.5 Summary/ overview of functional studies carried out using various mutants, donor 

and acceptor ligands 

 

Construct Activity Comments 

WT 100% Active in vivo 

Truncated construct, ∆42 80% Active in vivo 

D111A 19% Binds to GDP-mannose, inactive in vivo 

D113A 5.0% Binds to GDP-mannose, inactive in vivo 

R138A 6.5% Binds to lipid-phosphate, inactive in vivo 

R226A 8.0% Binds to lipid-phosphate, inactive in vivo  

R82A 29% Active in vivo, corresponding mutation in the 

human DPM1 synthase causes disease 

C200A 94% Positioned close to active site 

D57A 42% Binds to GDP-mannose, partially active in vivo 

H116D 90% Inactive in vivo 

S163L 60% Inactive in vivo 

G143V 35% Inactive in vivo, corresponding mutation in the 

human DPM1 synthase causes disease 

S156D 92% Possible site for phosphorylation in vivo 

E218V 7.5% Inactive in vivo 

Appendix 8.7: Table showing summary of in vitro and in vivo enzyme activity results for wild type Ppm1 

and mutants.  

 

Donor substrate Enzyme activity 

GDP-mannose 100% 

GDP-fucose 19% 

UDP-glucose 56% 

Appendix 8.8: Table showing summary of the PPM synthase activity using various donor substrates; GDP-

mannose, GDP-fucose and UDP-glucose. 
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Acceptor substrate Enzyme activity 

Undecaprenyl phosphate 100% 

Dolichyl phosphate 47% 

Heptaprenyl phosphate 112% 

Phytanyl phosphate 62% 

Geranyl geranyl phosphate 66% 

Farnesyl phosphate 12% 

Phenyl phosphate 62% 

Appendix 8.9: Table showing summary of the PPM synthase activity using various acceptor ligands. 



195 

 

8.6 Sequence alignments 

 

Appendix 8.10: PRALINE-generated sequence alignment of Ppm1 from Streptomyces coelicolor with DPM1 

from Homo sapiens, GtrB from Synechocystis sp. PCC6803 and PfDPMS from Pyrococcus furiosus.  
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