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ABSTRACT 

Boron doped diamond (BDD), given the robustness of the material, is becoming an electrode 

of choice for applications which require long term electrochemical monitoring of analytes in 

aqueous environments. However, despite the extensive work in this area there are no studies 

which directly assess the biofilm formation (biofouling) capabilities of the material, which is 

an essential consideration since biofouling often causes deterioration in sensor performance. 

Pseudomonas aeruginosa is one of the most prevalent bacterial pathogens linked to water-

related diseases, with a strong capacity for forming biofilms on surfaces that are exposed to 
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aquatic environments. In this study we comparatively evaluate the biofouling capabilities of 

oxygen-terminated (O-)BDD against materials commonly employed as either the packaging or 

sensing element in water quality sensors, with an aim to identify factors which control biofilm 

formation on BDD. We assess biofilm formation of P. aeruginosa monospecies in two different 

growth media, Luria-Bertani, a high nutrient source and drinking water, a low nutrient source, 

at two different temperatures (20 °C and 37 °C). Biofilm formation from multispecies bacteria 

is also investigated. The performance of O-BDD, when tested against all other materials, 

promotes the lowest extent of P. aeruginosa monospecies biofilm formation, even with 

corrections made for total surface area (roughness). Importantly, O-BDD shows the lowest 

water contact angle of all materials tested, i.e. greatest hydrophilicity, strongly suggesting that 

for these bacterial species, the factors controlling the hydrophilicity of the surface are important 

in reducing bacterial adhesion. This was further proven by keeping surface topography fixed 

and changing surface termination to hydrogen (H-), to produce a strongly hydrophobic surface. 

A noticeable increase in biofilm formation was found. Doping with boron also results in 

changes in hydrophobicity/hydrophilicity compared to the un-doped counterpart, which in turn 

affects bacterial growth. For practical electrochemical sensing applications in aquatic 

environments, this study highlights the extremely beneficial effects of employing smooth, O-

terminated (hydrophilic) BDD electrodes. 
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INTRODUCTION 

In aquatic environments there is a critical need to monitor water quality, analyzing 

parameters such as pH, dissolved gases, organic content, and heavy metals in order to fulfil 

quality control, environmental management, or regulatory compliance.1 Monitoring typically 

involves the collection of discrete samples, followed by analysis in a laboratory or on-site if 

instrumentation permits.2 The use of continuous in situ (or on-line) monitoring is considered 

most beneficial as it allows automatic, real-time measurements directly at the water source of 

interest.1,2 However, one of the biggest challenges with in situ monitoring is deterioration of 

sensor performance over time due to biofouling, which provides a significant obstacle to 

obtaining reliable long-term measurements.3–5 Biofouling is the accumulation of unwanted 

biological matter, and in aquatic environments this is often due to the formation of microbial 

biofilms.6–8 Biofilms are complex and dynamic communities of microorganisms attached to a 

surface.9 Once adhered, the bacteria proliferate, produce an extracellular polymeric matrix, and 

form a matured biofilm.10,11 Biofilms are not only a problem for in situ sensing and analysis, 

but also for a wide variety of medical, environmental and industrial contexts.6,7,10,12–16 

Given the negative implications of biofilm formation, there is a vast amount of research into 

strategies for the prevention of surface biofouling. These surface modifications range from the 

development of surface coatings and anti-bacterial adhesion agents, to the incorporation of 

silver or copper nanoparticles and antimicrobial agents, to engineering nanostructured 

materials.17–22 However, for sensing applications, it is not always possible to modify the sensor 

surface without adversely affecting the performance properties. This is especially true of 

devices where the sensing element, e.g. an electrode, is directly exposed to the solution.  

As a sensor material, in particular for in situ and on-line applications, boron doped diamond 

(BDD) is being actively explored as a result of the superior properties of the material, such as 

hardness, chemical inertness, and corrosion resistance.23 BDD is typically operated as an 
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electrochemical sensor, packaged in either insulating undoped diamond24 or a non-diamond 

material.25 Undoped diamond is often claimed to be a low biofouling material,26,27 however, 

the term biofouling is used loosely in the sensor literature and most biofouling studies 

investigate proteins26 or neuronal cells.28 However, these are not representative of a biofilm 

model of fouling, which is applicable under aquatic environmental conditions. Indeed, their 

mechanism of interaction is likely to be very different to that of a bacterial cell.29 To date, there 

is no information on the interaction of bacterial cells with BDD, or indeed how doping may 

modify this interaction. Previous work focused only on the anti-adhesive properties of 

nanocrystalline diamond, which itself contains significant non-diamond sp2 carbon 

impurities.30–32  

In this study, we investigate for the first time the bacterial biofilm formation capabilities of 

both oxygen terminated (O-) and hydrogen terminated (H-) BDD, and identify the possible 

factors33–38 which play a role in adherence of bacteria to these surfaces. Biofilm formation is 

examined in relation to other electrode or packaging materials, including undoped diamond, 

stainless steel, screen printed carbon (SPC), alumina, copper, and polyvinyl chloride (PVC). 

We focus on Pseudomonas aeruginosa (five bacterial strains) as it is regarded as one of the 

most prevalent opportunistic bacterial pathogens linked to water-related diseases,16 is a strong 

biofilm producer, and is commonly detected in both natural and man-made water ecosystems.11 

As this species is often part of a multispecies bacterial biofilm community,39 we also combine 

P. aeruginosa with other relevant biofilm-producing bacterial species widely present in water 

systems (Acinetobacter baumannii, Aeromonas hydrophila, Klebsiella pneumoniae, and 

Staphylococcus aureus).40–42 The biofilm-forming properties of the materials are directly 

compared using a range of complementary techniques, including crystal violet (CV) dye 

staining, scanning electron microscopy (SEM), and confocal laser scanning microscopy 

(CLSM).8,43 
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EXPERIMENTAL SECTION 

Substrates. Substrate materials employed for biofilm growth were: unplasticized PVC 

(Goodfellow Cambridge, Huntingdon, UK), AISI 304 stainless steel (Goodfellow Cambridge, 

Huntingdon, UK), copper (Goodfellow Cambridge, Huntingdon, UK), electrochemical 

processing grade BDD (polycrystalline and freestanding; Element Six, Didcot, UK), thermal 

grade intrinsic diamond (polycrystalline and freestanding; Element Six, Didcot, UK), alumina 

(CoorsTek, Fife, UK), and SPC (Gwent Electronic Materials, Pontypool, UK). The BDD is 

doped > 1020 B atoms cm−3, which is above the metallic threshold.23 All materials were cut to 

4 mm diameter round discs using laser micromachining (E-355H-3-ATHI-O, Oxford Lasers, 

Didcot, UK), with the exception of copper and SPC, which were supplied pre-cut by the 

manufacturer. Diamond and BDD substrates were acid cleaned by exposure to a solution of 

96% sulfuric acid (reagent grade; Sigma Aldrich, St. Louis, USA) saturated with potassium 

nitrate (reagent grade; Sigma Aldrich, St. Louis, USA) which was heated to a temperature of 

ca. 200 °C for 30 min; this process ensures that the surfaces were fully O-terminated prior to 

use, unless otherwise stated. All substrates were cleaned by sonication in acetone (≥99%; 

Sigma Aldrich, St Louis, USA) (except for PVC and SPC), followed by isopropanol (≥99.5%; 

Sigma Aldrich, St Louis, USA) (except for SPC), and Milli-Q ultrapure water (Merck 

Millipore, Watford, UK). All cleaning steps had a duration of 10 min. Substrates were wiped 

with lint-free cloth between solvents and stored in 70% ethanol until further use. 

Diamond substrate modification. Diamond and BDD substrates were H-terminated in a 

Seki Diamond 6500 series microwave plasma chemical vapor deposition system (Cornes 

Technologies, San Jose, USA). The substrates were evacuated to a base pressure of >1×10−6 

mbar. Plasma hydrogenation was carried out at 500 sccm hydrogen flow, 1500 W microwave 

power, and 50 Torr pressure. Diamond and BDD substrates were surface roughened using a 
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laser micromachining approach (E-355H-3-ATHI-O, Oxford Lasers, Didcot, UK). Briefly, the 

laser was rastered over the surface of the substrates using a pulse density of 2×106 cm−2 and a 

fluence of 14 J cm−2. Substrates were subsequently subjected to the acid cleaning procedure 

described above and then thermally oxidized in air at 600 °C for 5 h to remove any surface sp2 

carbon introduced from the laser micromachining process.  

Substrate characterization. Contact angle values were measured by the static sessile drop 

method, using a KRÜSS DSA100 drop shape analysis system (KRÜSS GmbH, Hamburg, 

Germany) at 20 °C with 3 µL droplets (contact area 1-3 mm) of Milli-Q ultrapure water (Merck 

Millipore, Watford, UK). Surface roughness measurements were made using atomic force 

microscopy (AFM; Bruker Innova, Coventry, UK) operating in tapping mode using an 

antimony doped silicon probe with a spring constant of 3 N m−1. Images were obtained at a line 

scan rate of 0.3 Hz with a resolution of 512 lines and 512 points per line. For each substrate, 

three 5×5 µm areas were scanned (n = 3) and images analyzed using Scanning Probe Image 

Processor (SPIP) software (v. 6.0.14, Image Metrology, Hørsholm, Denmark). 

Bacterial strains, media and growth conditions. Ten waterborne or water-based biofilm-

producing bacterial strains were included in this study: P. aeruginosa MPAO1, P. aeruginosa 

NPAO1, P. aeruginosa PA14, P. aeruginosa LESB58, P. aeruginosa ∆wspF 

(hyperaggregative phenotype), P. aeruginosa ∆Psl ∆Pel (non-biofilm producer phenotype), 

Acinetobacter baumannii DSM 30008, Aeromonas hydrophila DSM 30187, Klebsiella 

pneumoniae DSM 30104, and Staphylococcus aureus ATCC 29213. All of these strains have 

been widely used for biofilm studies, are known to be moderate to strong biofilm producers, 

and are well characterized for genotype and phenotype.44–47 All strains were stored as frozen 

stocks (−80 °C freezer) in Luria-Bertani (LB) broth (containing 10 g L−1 sodium chloride) with 

20% glycerol until future use. 
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Inocula preparation and biofilm formation. Substrates were removed from 70% ethanol 

immersion and placed individually into the bottom of the wells of a polystyrene microtiter plate 

(Corning, Durham, USA). Three discs of each substrate were used per strain, in order to obtain 

triplicate measurements (n = 3). To confirm assay sterility, i.e. substrates are completely sterile, 

200 µL of LB medium were added to each well and the microtiter plate incubated under static 

conditions at 37 °C for 24 h. Bacterial strains were transferred from the stock cultures to LB 

agar plates and incubated aerobically at 37 °C for 18 to 24 h. All strains were subcultured to 

LB broth and incubated at 37 °C, 120 rpm. The optical density of the bacterial cultures was 

monitored at 600 nm (OD600) using a Jenway 7200 spectrophotometer (Cole-Parmer, 

Staffordshire, UK) to ensure that all cultures reached a mid-exponential growth phase, with an 

OD600 corresponding to approximately 108 cells mL−1 (strain-dependent OD600 range: 0.15–

0.2). The strain P. aeruginosa ∆Psl ∆Pel was used solely for validation of the microtiter plate 

biofilm assay, as this strain should not produce biofilm and therefore acts as a negative control. 

All other Pseudomonas strains were studied as monospecies biofilm producers. P. aeruginosa 

MPAO1 and the four non-Pseudomonas strains were used to generate multispecies biofilms. 

Bacterial strains were tested for their ability to form biofilm on the substrates in the presence 

of two different media: LB broth (pH = 6.9 ± 0.1) and filtered tap drinking water (pH = 6.8 ± 

0.1). The tap drinking water was collected from University of Warwick, Coventry, UK and 

filtered using a 0.2 µm pore-size membrane filter (Sartorius Stedim Biotech, Göttingen, 

Germany). Free chlorine test strips (Fisher Scientific, Loughborough, UK) showed no free 

chlorine present in the drinking water (<0.05 ppm limit of detection). For the assay with LB 

growth medium, a 200 µL bacterial inoculum was added to each well (2×107 cells well−1) after 

aspiration of LB previously added for sterility testing. For the assay with drinking water as the 

growth medium, the inoculum was centrifuged at 7,500 rpm for 10 min, the supernatant was 
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removed and the bacterial pellet resuspended in the filtered tap water. The inoculum with a 

volume of 200 µL was then added to each well (2×107 cells well−1). 

For multispecies biofilms, a similar procedure was followed with equal cell concentrations 

of each strain being mixed together to attain the final inoculum of approximately 2×107 cells 

well−1. For every assay, the microtiter plate was incubated under static conditions at either 37 

°C or 20 °C for 2 days. For each substrate, negative controls (n = 3, medium only) were 

included. For each strain, positive growth controls (n = 3, absence of substrate) were also 

present in the analysis. 

Microtiter plate biofilm formation quantitative assay. The assay was adapted from 

previously described protocols.45,48,49 Briefly, after the 2 day-incubation, 150 µL of the liquid 

culture comprising planktonic cells were carefully aspirated from each well. Next, wells 

containing the substrate were washed once with sterile water, then the biofilm was fixed by 

incubation at 70 °C for 1 h. Substrates were transferred using sterile tweezers to a new 96-well 

plate, before being stained with 200 µL of 0.1% crystal violet aqueous solution (1% in H2O; 

Sigma Aldrich, St Louis, USA) for 15 min. The stain was removed from the wells and washed 

three times with sterile water to remove excess. Stained biofilm was solubilized in 200 µL of 

30% acetic acid (≥99.7%; Fisher Scientific, Loughborough, UK) for 15 min. The solubilized 

stain was transferred to a new 96-well plate and the absorbance at 595 nm (A595) measured 

using a Multiskan FC Microplate Photometer (Fisher Scientific, Loughborough, UK). 

Confocal laser scanning and scanning electron microscopy. For all microscopy analysis, 

only MPAO1 monospecies and multispecies biofilms were investigated as MPAO1 is the most 

frequently studied P. aeruginosa strain. Processing of the substrates for microscopy analysis 

comprised different fixation and staining steps. The washing step was followed by chemical 

fixation with 200 µL of 1% glutaraldehyde (Grade I, 50% in H2O; Sigma Aldrich, St Louis, 

USA) for 1 h. To remove excess glutaraldehyde, a three-step washing with 200 µL of sterile 
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water was additionally performed. These sample pre-treatment steps were common to both 

microscopy techniques.  

For CLSM, biofilm cells were stained by the addition of 150 µL of 0.1 mg mL−1 propidium 

iodide (≥94%; Sigma Aldrich, St Louis, USA) for 15 min at room temperature. A washing step 

with sterile water followed. Substrates were transferred using sterile tweezers onto a 

microscope slide. The dead stained biofilm cells were visualized on a Zeiss LSM710 

microscope (Carl Zeiss Ltd., Cambridge, UK). A diode-pumped solid-state laser with 

maximum emission at 561 nm was used as the excitation source, whilst the detection range was 

566–718 nm. Triplicate images were obtained across two independent samples. Images were 

analyzed using ImageJ software (v. 1.51n, National Institutes of Health, USA) by individually 

thresholding each image slice of the z stack, summing the slices, and calculating the mean 

fluorescence intensity across the resultant image. 

For SEM, biofilms were dehydrated by a graded series of ethanol (50, 75, 90, 95, and 100%) 

for 10 min each. PVC substrates were carbon coated prior to imaging (Emitech K950X sputter 

coater, Quorum Technologies, Kent, UK). Images were obtained using the secondary electron 

detector on a Zeiss Gemini field emission (FE) instrument (Carl Zeiss Ltd., Cambridge, UK) 

operating at 1 kV. A minimum of 10 images were obtained per  sample. 

Statistical analysis. Statistical analysis was performed using Past3 (v. 3.16, Oslo, Norway). 

To evaluate statistical correlations and identify trends in biofilm formation across substrates, 

Spearman’s rank correlation (rs) test was performed. To evaluate statistical differences in 

biofilm formation between substrates, either the paired t test was performed (for comparisons 

between two sets of observations), or the Kruskal-Wallis test with Dunn’s post hoc adjusted 

for Bonferroni correction (for comparisons across all substrates). Data sets underwent the 

Shapiro-Wilk test for normal distribution prior to the aforementioned statistical tests. 

Differences were considered statistically significant at a probability p < 0.05. 
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RESULTS and DISCUSSION 

P. aeruginosa monospecies biofilm formation on substrates. The ability of five different P. 

aeruginosa strains to form biofilms on the substrates under study was assessed. All 

measurements were carried out at one fixed growth time (48 h), thereby focusing 

predominantly on initial bacterial adhesion and the early stages of biofilm development. After 

incubation, similar growth of free-floating bacteria in the medium (planktonic bacterial growth) 

was overall observed in the presence of all substrates, with the exception of copper where a 

comparatively lower planktonic bacterial growth was mostly detected (data not shown).  

To quantify the extent of biofilm formation on each substrate, a microtiter CV assay was 

used, whereby the absorbance of the solubilized CV stain (A595) is considered proportional to 

the amount of biofilm biomass on the surface. CV absorbance data for these monospecies 

biofilms are summarized in box plot form in Figure 1, and the individual CV absorbance data 

of each strain used is detailed in Figure S1, SI1. The absorbance data has been normalized 

with respect to geometric surface area. All substrates, except for SPC, had the same geometric 

surface area. The approach was employed in two different growth media, nutrient rich LB 

medium (high ionic strength) and low-nutrient drinking water (low ionic strength) to mimic 

environmental conditions, under two different temperature conditions, 37 °C (optimum 

bacterial growth temperature) and 20 °C (closer to environmental water temperature).  
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Figure 1. Extent of P. aeruginosa monospecies biofilm formation on different substrates. Data 

expressed as the absorbance of solubilized CV stain at 595 nm. Biofilm formation was assessed 

after 48 h under the following growth conditions: (a) 37 °C and (b) 20 °C, in (i) LB medium 

and (ii) drinking water. Data from five individual strains (MPAO1, NPAO1, PA14, LESB58, 

∆wspF) is presented as a boxplot where crosses and bars indicate mean and median absorbance 

values respectively (n = 3 for each strain), and whiskers extend to minimum and maximum 

data points. 

Comparison of the extent of P. aeruginosa monospecies biofilm formation at both 37 °C and 

20 °C revealed no significant differences in the quantity of biofilm formed on each substrate 

in LB medium (paired t test, p = 0.1). A rank-order analysis of biofilm formation across all 

substrates showed a strong correlation (rs = 0.89, p < 0.05), indicating a similar trend in biofilm 

formation across substrates independent of temperature. In drinking water, significantly higher 

biofilm biomass was observed at 20 °C compared to 37 °C (paired t test, p < 0.05) for each 
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substrate. Since biofilm formation is often a response to unfavorable environmental conditions 

or stresses,11,50 it appears that the restricted nutrient content of drinking water in combination 

with a sub-optimal growth temperature has actively promoted biofilm formation under these 

more hostile conditions. Also, the same trend in biofilm formation across substrates at 37 °C 

and 20 °C was not observed (rs = 0.46, p = 0.3). This is mostly explained by a comparatively 

higher biofilm formation on the copper substrate at 37 °C, where a similar planktonic bacterial 

growth was observed in the presence of all substrates (measured by OD600). 

When comparing if nutrient content could have an impact on the results obtained, we 

observed that the amount of biofilm formed on substrates in drinking water was significantly 

lower than in LB medium, regardless of temperature (paired t test, p < 0.05). This data confirms 

that for P. aeruginosa biofilm formation, nutrient content is important.11,50 Comparing data for 

biofilm formation across all substrates, the trends between the substrates in the two different 

growth media were more similar at 37 °C (rs = 0.75, p = 0.07) than at 20 °C (rs = 0.67, p = 

0.07). The substrate that showed the biggest difference in biofilm formation was alumina, 

showing a comparatively higher biofilm formation on its surface in LB medium than in 

drinking water (for both growth temperatures). 

Examining individual substrates, the amount of biofilm formed on SPC was the highest in 

all conditions tested, reported as a mean A595 throughout, (= 0.65 ± 0.26). Conversely, the 

lowest amount of biofilm formed was observed on O-BDD (A595 = 0.14 ± 0.08). Between these 

extremes, steel was the substrate on which the second highest amount of biofilm was quantified 

(A595 = 0.39 ± 0.11), followed by alumina (A595 = 0.26 ± 0.15), PVC (A595 = 0.22 ± 0.10), 

copper (A595 = 0.20 ± 0.08), and O-diamond (A595 = 0.17 ± 0.08). Statistical analysis also 

highlighted significant differences across the substrates studied (Kruskal-Wallis, p < 0.05), 

with significantly lower biofilm formation on (1) both O-BDD and O-diamond compared to 

SPC and steel in LB medium at 20 °C and 37 °C; (2) O-BDD compared to SPC and steel in 
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drinking water at 37 °C, and (3) copper against SPC in drinking water at 20 °C (post-hoc 

Dunn’s test, p < 0.05). Regarding individual P. aeruginosa strain biofilm formation, the 

measured range was substrate-specific and showed intra-species variability, with the highest 

overall variation in biofilm formation among strains being observed on SPC. Nonetheless, in 

three out of the four growth conditions employed, the highest amount of biofilm across all five 

strains was observed on SPC (Figure S1, SI1). 

In addition to the quantitative CV analysis, FE-SEM was used as a complementary technique 

to image the biofilms formed on the substrates (Figure 2). FE-SEM investigation of the P. 

aeruginosa monospecies biofilms formed on all the substrates at 37 °C in LB medium 

qualitatively corroborated the findings of the CV assay, i.e. the lowest levels of biofilm 

formation were observed on O-BDD. On SPC a dense, uniform coating of biofilm over the 

entire substrate results, while for alumina the majority of the substrate is coated. On the other 

hand, whilst formation of biofilm on copper and steel is prevalent, it is heterogeneously 

distributed across the surface. When using drinking water as the growth medium (Figure S2, 

SI2), biofilm formation on all substrates was visibly lower than in LB medium, in agreement 

with the CV data. The most visually noticeable difference was observed with alumina (compare 

Figure 2f with Figure S2f, SI2), corroborating the observations from the CV assay. On PVC 

and both O-BDD and O-diamond substrates, in both LB medium (Figure 2) and drinking water 

(Figure S2, SI2), biofilm formation is sparse with only individual bacteria, with typical 

dimensions of ca. 1 µm length, visible. Whilst biofilm formation on PVC appeared 

heterogeneous in distribution (Figure 3, SI3), interestingly on both O-diamond and O-BDD, 

no preferential growth behavior was observed across the two surfaces, which are 

polycrystalline in nature. 
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Figure 2. FE-SEM images of P. aeruginosa MPAO1 monospecies biofilms formed on (a) 

PVC, (b) steel, (c) copper, (d) O-BDD, (e) O-diamond, (f) alumina, and (g) SPC after 48 h 

bacterial growth in LB medium. 
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Surface roughness is often considered an important factor in biofilm formation, though the 

extent to which this property influences the process is dependent on the material, type of 

roughness, environmental conditions and bacterial species.33,35–38 Substrate surface roughness 

(arithmetical mean roughness, Ra) was determined by AFM image analysis (Figure S4a, SI4). 

O-BDD (and O-diamond) substrates presented the smoothest surfaces, having a sub-nanometer 

level roughness, whilst alumina and SPC were more than two orders of magnitude rougher 

(Table 1). FE-SEM images of the bare surfaces are presented in Figure S4b, SI4. 

Table 1. Surface roughness measurements of the substrates used.  

Substrate Surface roughness, Ra / nm 

PVC 4.76 ± 0.78 

Steel 23.7 ± 3.0 

Copper 23.0 ± 5.0 

O-BDD 0.49 ± 0.04 

O-Diamond 0.72 ± 0.16 

Alumina 208 ± 50 

SPC 204 ± 35 

Values listed as mean ± SD (n = 3). 

 

The extent of P. aeruginosa monospecies biofilm formation was highest on SPC, which has 

the highest surface roughness (comparable with alumina), most likely due to the increased 

number of attachment sites.33,36,37,51,52 In contrast, the lowest biofilm formation observed, under 

almost all conditions, was with O-BDD which exhibited the lowest surface roughness. In this 

case the smooth surfaces are likely to be presenting lower obstacle densities, enabling the 

bacteria to spread more53,54 and making it more difficult for the bacteria to find each other to 

begin building a community (biofilm),11,55–57 as observed in the FE-SEM images (Figures 2d 

and e).  
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To better account for surface roughness, the CV absorbance data was normalized against 

total surface area, as determined from the AFM image analysis (Table S1, SI4), and shown in 

Figure S5, SI5. Even after total surface area normalization, similar trends are still revealed. 

SPC (A595 = 0.037  0.015 mm−2) consistently shows the highest amount of biofilm, whilst O-

BDD showed the lowest amount of biofilm (A595 = 0.011  0.006 mm−2). Thus, surface 

roughness alone cannot be responsible for the differences observed as even when correcting 

for total surface area, O-BDD outperforms SPC in terms of minimizing biofilm formation on 

the surface. 

Multispecies biofilm formation on substrates. In order to ensure a greater ecological 

relevance, the extent of multispecies biofilm formation on the seven substrates was 

investigated. Four different bacterial species (A. baumannii, A. hydrophila, K. pneumoniae and 

S. aureus) along with P. aeruginosa MPAO1 were co-cultured. Incubation in the presence of 

all substrates under study was conducted at 37 °C in both LB medium and drinking water. The 

microtiter assay absorbance values of the solubilized CV of destained biofilms were 

determined as a quantitative measurement (five technical replicates) of the multispecies biofilm 

formed (Figure 3). Accordingly, the absorbance values represent total biofilm biomass formed 

and no information can be extracted regarding the species dependence (the proportion of each 

bacterial species that make up the total multispecies biofilm) of each substrate. 
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Figure 3. Extent of multispecies biofilm formation on different substrates. Data expressed as 

the absorbance of solubilized CV stain at 595 nm. Biofilm formation was assessed after 48 h 

at 37 °C in (a) LB medium and (b) drinking water. Data from five replicates is presented as a 

boxplot, where crosses and bars indicate mean and median absorbance values respectively, 

whiskers extend to values within 1.5 times the interquartile range, and circles specify outliers. 

Comparison of the overall amount of multispecies biofilm formed with the overall amount 

of P. aeruginosa MPAO1 monospecies biofilm revealed that there was no significant 

difference in the quantity (biomass) of biofilm formed in either LB medium or drinking water 

(paired t test, p = 0.2 and 0.1, respectively). These findings suggest that interspecific 

interactions of cooperative or competitive nature between bacterial species did not substantially 

impact biofilm formation over the duration of the experiment.58,59 Similar to the P. aeruginosa 

monospecies biofilm data, the amount of multispecies biofilm formed in the presence of 

drinking water was significantly lower than in LB medium (paired t test, p < 0.05). A rank-
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order comparative analysis of the multispecies biofilm formation across substrates also 

revealed a statistical dependence on the growth media (rs = 0.11, p = 0.78). When performing 

the experiments in LB, the lowest amount of multispecies biofilm was detected on O-BDD 

(A595 = 0.24 ± 0.21) while the highest biofilm biomass was detected on SPC (A595 = 1.21 ± 

0.54), corroborating the results of P. aeruginosa MPAO1 monospecies biofilm (Figure S1, 

SI1). The amount of biofilm on SPC was approximately three times higher than most other 

substrates, but was only statistically significantly higher than BDD (Kruskal-Wallis, p < 0.05; 

post-hoc Dunn’s test, p < 0.05). The experiments in drinking water similarly showed the highest 

amount of multispecies biofilm biomass on SPC (A595 = 0.72 ± 0.41). The substrate with the 

second highest multispecies biomass was steel (A595 = 0.28 ± 0.13), with all other substrates 

showing comparable values (A595 = 0.10 ± 0.02). 

P. aeruginosa biofilm formation on modified diamond substrates. To understand the 

origins of the low biofouling characteristics of O-BDD, further studies were carried out to 

assess the impact of both boron doping and surface termination on biofilm formation at 37 °C 

in LB medium on modified BDD substrates. The surface roughness of the BDD/diamond 

substrates employed for these studies was kept very similar, in order to exclude roughness 

effects (Table 2). Undoped and metal-like doped BDD substrates were employed along with 

O- and H-terminated BDD/diamond. After chemical vapor deposition growth in the hydrogen 

environment, the BDD/diamond leaves the growth chamber terminated with C–H groups.23  

The O-terminated polycrystalline surface presents a variety of different oxygen functional 

groups including C=O, C–O–C and C–OH.23 Experiments also explored the effect of 

deliberately increasing the surface roughness of O-terminated BDD/diamond, using a laser 

roughening approach. FE-SEM images of the bare substrates are found in Figure S6, SI6. 
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Table 2. Physical properties of the diamond and BDD substrates. 

Substrate Contact angle / ° Surface roughness, Ra / nm 

O-BDD (smooth) 25.5 ± 1.7 0.49 ± 0.04 

O-BDD (rough) 22.6 ± 4.9 118 ± 11 

H-BDD (smooth) 117.5 ± 6.5 0.18 ± 0.01 

O-Diamond (smooth) 34.2 ± 0.3 0.72 ± 0.16 

O-Diamond (rough) 26.7 ± 7.0 100 ± 30 

H-Diamond (smooth) 96.3 ± 5.3 0.63 ± 0.21 

Contact angle and surface roughness values listed as mean ± SD (n = 3).  

 

Water contact angle measurements, which represent the interplay between polar and 

dispersion substrate-water interactions,60 were recorded on all the BDD and diamond substrates 

to provide information on the hydrophobicity/hydrophilicity of the surface (Table 2). 

Interestingly, O-BDD shows the lowest contact angle of all surfaces examined, including those 

of the other materials investigated (Table S1, SI3), indicating that it is the most hydrophilic.  

In contrast, the H-BDD surface presents the most hydrophobic surface, demonstrating the huge 

changes in wettability possible on a BDD/diamond surface simply by changing the surface 

termination. Importantly, this can take place under conditions which leave the substrate 

topography23 and mechanical properties (stiffness)36 unchanged.  

To determine the quantity of biofilm formed on the surface of the modified diamond and 

BDD substrates, CLSM was applied.8,43 Whilst CV assays are useful, the values obtained for 

the destained P. aeruginosa monospecies and multispecies biofilm on BDD (and diamond) 

were close to the detection limit of the technique. Thus, to more precisely assess the impact of 

the surface roughness and hydrophobicity on biofilm formation, quantitative analysis of the 

fluorescence intensity from the CLSM images was undertaken for the modified diamond 

substrates (Figure 4) in addition to the original substrates (Figure S7, SI7). A strong positive 
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correlation was observed between CLSM and CV assay results for both P. aeruginosa 

monospecies and multispecies biofilm formation on all substrates (rs = 0.8, p < 0.1), largely 

supporting the use of either of the quantitative methods for comparative studies.  

 

Figure 4. Fluorescence intensity of propidium iodide stained (a) P. aeruginosa monospecies 

and (b) multispecies biofilms formed on modified diamond substrates. BDD and diamond 

substrates were modified to have three different surface characteristics: O-terminated 

(hydrophilic) and smooth, O-terminated and rough, and H-terminated (hydrophobic) and 

smooth. Biofilm formation determined after 48 h bacterial growth at 37 °C in LB medium. 

CLSM images of the biofilms were obtained, and each image was analyzed to record the mean 

fluorescence intensity of propidium iodide at 566–718 nm.  Bars represent mean ± SD (n = 3). 

For O-termination, when evaluating the rough O-BDD and rough O-diamond with their 

smooth analogues, the extent of P. aeruginosa monospecies biofilm formation was 

significantly greater (t test, p < 0.05) on the rough compared to smooth surfaces. The mean 

fluorescence intensity was approximately 2.2 and 2.4 times higher, for O-BDD and O-diamond, 

respectively, compared to the smooth O-surfaces. Previous P. aeruginosa SEM studies with 

nanocrystalline and microcrystalline diamond (same surface termination) found the numbers 

of adhering bacteria were greater for microcrystalline diamond than nanodiamond (rms 

roughness 88.9 nm and 49.9 nm, respectively).30 Based on our studies, we speculate that this 
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is most likely due to surface roughness increasing attachment sites on the surface. Although 

we note, there may also be changes in the chemical functionality of the surface occurring during 

the roughening process, which can also influence bacterial adhesion.36,61This could account for 

the slightly increased hydrophilicity of the rough O-BDD and O-diamond compared to their 

smooth counterparts. 

When comparing the smooth H-terminated BDD and smooth H-diamond with their O-

terminated smooth equivalents, the amount of biofilm formed was noticeably higher (t test, p 

< 0.05) on H-terminated substrates, clearly showing the role that this factor plays under 

conditions independent of surface roughness. The average fluorescence intensity was 1.8 times 

and 1.3 higher on H-terminated smooth BDD and H-diamond, respectively, compared to their 

O-terminated counterparts. Note that the hydrophobicity of H-BDD was greater than H-

diamond (Table 2). The extent of multispecies biofilm formation on the modified diamond 

substrates was also significantly greater on the rough O-BDD and rough O-diamond substrates 

than on the smooth O-BDD and O-diamond surfaces (t test, p < 0.05), with the mean 

fluorescence intensity 1.4 times higher for both rougher substrates. The extent of multispecies 

biofilm formation on the H-BDD and H-diamond smooth substrates was marginally greater 

than the O-terminated smooth BDD and diamond surfaces (t test, p = 0.08 for BDD, p = 0.2 

for diamond).  

FE-SEM performed on all BDD and diamond substrates largely support the CLSM data, and 

representative images are shown in Figure 5 for P. aeruginosa monospecies. Further FE-SEM 

imaging of multispecies biofilm formation on all the substrates used in this study are shown in 

Figure S8, SI8. As shown by Figure 5, biofilm formation on the rough O-BDD and rough O-

diamond substrates resulted in a thicker, uniform biofilm structure. Conversely, the O-

terminated smooth substrates showed adhesion of individual bacteria but little evidence of 

biofilm formation and colonization. Biofilms on the smooth H-BDD and H-diamond were 
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heterogeneous across the substrates, but have noticeably increased bacterial cell density 

compared to their O-smooth counterparts though are not as dense as the O-rough diamond and 

BDD surfaces.  

 

Figure 5. FE-SEM images of P. aeruginosa monospecies biofilms formed on BDD and 

diamond, with three different surface characteristics: O-terminated (hydrophilic) and smooth, 

H-terminated (hydrophobic) and smooth, and O-terminated and rough. 

It is clear from the results presented that surface termination on BDD and diamond plays a 

significant role in influencing bacteria attachment and biofilm formation capabilities, with H-

termination strongly favoring biofilm formation. This suggests that P. aeruginosa and the 

multispecies bacteria are presenting a more hydrophobic outer cell wall to the surface, resulting 

in favorable hydrophobic and non-polar interactions, along with weak van der Waals 

interactions.33,34,38,56,62–64 For water on H-diamond, simulations65 have shown that although the 

C–H bond on diamond is polarized (Cδ−—Hδ+), it only acts as a weak hydrogen bond donor 
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with water. It is the dispersion forces that dominate significantly over any electrostatic 

contribution, leading to low adsorption energies for water and a high contact angle. In contrast, 

for O-diamond the bond polarity is reversed (Cδ+—Oδ−)23,66 and strong electrostatic hydrogen 

bonding effects are now significant, leading to much greater water adsorption energies and a 

lower contact angle. It is these extreme properties that are likely to be disfavoring adhesion of 

the hydrophobic bacteria to the O-terminated surface.67 Additionally, since bacterial cell walls 

are mostly negatively charged,51 we also believe that bond polarity (dipole) of the Cδ+—Oδ− 

bond plays a role in reducing adhesion of the bacteria on O-BDD (and O-diamond). This 

repulsive effect is likely to be affected by the ionic strength of the growth medium.38,51 

Considering the application of BDD to electrochemical sensing in aquatic environments,6,68 in 

future work we aim to investigate extensively the roles that electrostatics and surface potential 

have on bacterial adherence and biofilm formation on BDD, especially as a route to minimize 

biofouling even further. 

Importantly, we also show that doping diamond with boron affects bacterial attachment. For 

example, comparing O-BDD with O-diamond, qualitative FE-SEM investigation (Figure 5) 

and quantitative CLSM analysis (Figure 4) both indicate a lower bacterial cell density on the 

boron doped surface, whilst the opposite is true for the H-terminated BDD surface. We find 

doping with BDD renders the O-terminated surface more hydrophilic (lower contact angle, 

Table 2), and the H-terminated more hydrophobic (higher contact angle, Table 2), highlighting 

again the role hydrophilicity/hydrophobicity (and associated factors) play for diamond/BDD 

substrates. Although we cannot be sure of the exact origin of the changes in wettability due to 

boron doping, there are a variety of possible influences which affect the way water interacts 

with the BDD surface, which in turn affects bacterial adhesion. These include the role of boron 

in withdrawing electron density between surface C and –O or –H bonds, as well as surface 

electrolyte potential and electron charge distribution (density of states) differences.69 Future 
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studies will look to model the BDD-water interface to determine the exact origin of this 

phenomenon.     

 

CONCLUSIONS 

A comprehensive, systematic study of bacterial biofilm formation has been carried out using 

five different strains of P. aeruginosa, in order to compare monospecies biofilm formation on 

O-BDD with PVC, stainless steel, copper, O-diamond, alumina, and SPC as a function of 

growth medium (LB vs. drinking water) and temperature (37 °C vs. 20 °C). Further studies also 

investigated A. baumannii, A. hydrophila, K. pneumoniae and S. aureus bacterial multispecies 

biofilm formation. SPC was consistently found to have the highest amount of biofilm 

formation, whereas O-BDD was found to have the relatively lowest levels. Similar trends were 

observed even after correcting for total surface area, indicating surface roughness is not the 

only factor controlling bacterial adhesion and biofilm formation.  

Analysis of surface hydrophobicity revealed that O-BDD was the most hydrophilic surface, 

due to strong electrostatic interactions with water, providing evidence for hydrophilicity (and 

associated factors) being very important in reducing biofilm growth for these bacteria on this 

surface. This was further confirmed by keeping surface topography fixed and switching surface 

termination to H-, which is strongly hydrophobic, and observing increased biofouling. 

Importantly, boron doping was also found to play a role with boron presence resulting in either 

increased or decreased hydrophilicity (compared to un-doped diamond), dependent on whether 

the surface was O- or H- terminated, respectively.    

This study highlights the importance of O-BDD as a low biofouling electrode for long-term 

electrochemical monitoring in aquatic environments. Whilst the high hydrophilic properties are 

clearly advantageous, to fully realize O-BDD’s low biofouling capabilities the surface should 

also be prepared as smooth as possible, conclusions that can also be extended to other materials 
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used as electrodes or electrode packaging, for this bacterial system. We anticipate that further 

reductions in the low biofouling attributes of O-BDD will be possible by exploiting biasing at 

an electrochemical potential during rest periods in the electrochemical sensing procedure, to 

prevent bacterial adhesion via electrostatic repulsion. 
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