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ABSTRACT 

 

The above-ground parts of plants, termed the phyllosphere, is a largely 

unexplored microbial habitat that impacts both host plants and global biogeochemical 

cycles.  Previous work established that the phyllosphere is host to an abundance of 

microbiota, some of which utilise atmospherically derived organic compounds such 

as phenol and 4-chlorophenol as carbon and energy sources. Many organic compounds 

in the atmosphere are of anthropogenic origin and considered air pollutants, reducing 

air quality and increasing human morbidity and mortality rates. This thesis explored 

the taxonomic and functional diversity of tree phyllospheres, with a focus on the 

impacts of air pollution on the phyllosphere and the capabilities of tree phyllosphere 

microbiota to degrade two common atmospheric pollutants: para-nitrophenol (PNP) 

and carbon monoxide (CO).  

 

 The phyllosphere of two common British trees, hawthorn (Crataegus 

monogyna) and holly (Ilex aquifolium), was characterised by high-throughput 

sequencing of the 16S rRNA and ITS amplicons to determine how tree species, 

location and season affect microbial community composition. All variables had a 

significant impact on the microbial community and preliminary investigations into the 

impacts of air quality on the phyllosphere population indicated that hawthorn trees 

sampled by the roadside were enriched with some species from genera known to 

degrade aromatic compounds such as Variovorax and Aureobasidium.  

 

 Culture-dependent and culture-independent techniques were used to determine 

the potential of hawthorn and holly tree microbiota to degrade PNP and CO. PNP was 

fully degraded by phyllosphere samples from all tree species, sampling locations and 

sampling events (n=40). Phyllosphere communities from holly consistently degraded 

PNP faster than those from hawthorn whereas there was no significant difference in 

PNP degradation rates between phyllosphere communities of hawthorn trees sampled 

from woodland or roadside. Four PNP-degrading isolates were identified as species of 

Pseudomonas, Cabelleronia and Rhodococcus. MiSeq sequencing of 16S rRNA genes 

and metagenomics of PNP enrichment culture samples provided evidence for 
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additional candidate PNP-degrading bacteria, indicating that species of 

Actinomycetospora and Rhizobiales are also likely capable of PNP degradation. 

  

CO was degraded beyond the detectable limit (<50 ppm) by all phyllosphere 

samples from one timepoint (n=12). As with PNP, CO was degraded significantly 

faster by holly phyllosphere samples than hawthorn. One CO-degrading strain was 

isolated and identified as a Mesorhizobium species. Analysis of 16S rRNA genes in 

samples from CO enrichment cultures with or without an additional carbon source 

identified a variety of further candidate CO-oxidisers from the Proteobacteria and 

Actinobacteria phyla. Construction of coxL gene clone libraries from CO enrichment 

culture samples indicated that a diverse range of coxL genes were present, with nine 

clades of genes taxonomically similar to species of Rhizobiales, Burkholderiales and 

Actinomycetales.  

 

 Using fine particulate matter (PM2.5) concentration models, hawthorn trees 

were sampled from areas of high and low pollutant exposure. 16S rRNA and ITS 

amplicon sequencing data indicated that the composition of both the bacterial and 

fungal communities were significantly impacted by predicted pollutant exposure. 

However, the diversity of the bacterial community was not significantly impacted by 

air quality whereas fungal diversity was impacted. A number of operational taxonomic 

units (OTUs) from genera known to contain pollutant-degrading species were 

enriched in the urban phyllosphere, although PNP and CO enrichment culture 

experiments indicated that phyllosphere samples from more polluted areas degraded 

these compounds more slowly than less polluted phyllosphere samples. 

 

 Overall, this work indicates that PNP and CO degradation are previously 

unknown potential functions of the phyllosphere of trees.  In addition, it is shown that 

air quality significantly impacts the community composition of bacteria and fungi in 

the phyllosphere, which in turn is likely to impact the function of phyllosphere 

microbiota in urban and rural landscapes.     
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CHAPTER 1 - INTRODUCTION 

 

1.1 The phyllosphere 

 

The phyllosphere is defined as a microbial habitat that constitutes the above 

ground part of plants, mainly the leaves (Lindow and Brandl, 2003). Microorganisms 

colonise both the surface of the leaf as well as the internal tissue of the leaf and are 

referred to as epiphytes or endophytes, accordingly. The combination of both the upper 

and lower surface of leaves comprises a vast environment for microbes, with a global 

surface area estimated to exceed 1 billion km2 (Woodward and Lomas, 2004, Vorholt, 

2012). This is approximately double the entire surface area of the Earth, making the 

phyllosphere a globally important microbial habitat.  

 

The phyllosphere is colonised by a range of microorganisms including fungi, 

archaea, protists, viruses and bacteria. Of these, bacteria are by far the most abundant, 

with an estimated 106 – 107 bacterial cells per cm2 of leaf (Lindow and Brandl, 2003). 

Given their abundance, it is possible that these microorganisms may not only have an 

impact on individual host plants, but could also be of importance to a variety of global 

processes such as the biogeochemical cycling of carbon and nitrogen (Delmotte et al., 

2009). Despite its potential importance, knowledge about microbial diversity, 

mechanisms of community assembly and microbially driven processes in the 

phyllosphere and how they impact the Earth system is lacking, making it a poorly 

understood microbial habitat. 

 

Phyllosphere microorganisms may have detrimental, neutral or beneficial 

interactions with host plants. Plant pathogens have been widely investigated in the 

phyllosphere, mainly due to their negative impacts on crop plant productivity. Many 

of these pathogens, such as Pseudomonas syringae, infiltrate the interior of the leaf 

and cause disease by the production of plant hormones (e.g. auxin) and phytotoxic 

compounds (e.g. syringomycin) which induce loosening of the plant cell walls, 

increasing the availability of water and nutrients to the pathogen (Lindow and Brandl, 

2003, Beattie and Lindow, 1995). In addition, some phyllosphere colonists may also 

have an indirectly detrimental impact on the host plant. For example, many 
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Pseudomonas and Bacillus species produce biosurfactants, significantly increasing 

leaf wettability which is beneficial to leaf surface colonists but increases the plants’ 

susceptibility to pathogenic infections, especially from fungi (D'aes et al., 2010, 

Bradley et al., 2003).  However, in a similar way to human gut microbiota, the majority 

of phyllosphere-colonising bacteria are non-pathogenic commensals and some 

bacterial species may even have beneficial impacts on the host plant. Bacterial 

phyllosphere colonists such as Methylobacterium and Azospirillum species promote 

germination success and host plant growth by the production of phytohormones 

(Bashan and de-Bashan, 2002, Madhaiyan et al., 2006). Phyllosphere commensals are 

also thought to induce host immune responses and protect against pathogenic 

infection, with the phyllosphere colonisation of species such as Pantoea and 

Sphingomonas demonstrating protective effects against infection of bacterial 

pathogens such as Xanthomonas capestris and Pseudomonas syringae, respectively 

(Rastogi et al., 2012, Vogel et al., 2012).  

 

1.2 Microbial life in the phyllosphere 

 

1.2.1 The community composition of phyllosphere microbiota 

 
The advancement in PCR-based culture-independent techniques for analysis 

of microbial community composition in the past 20 years, such as the amplification of 

16S rRNA genes followed by construction of clone libraries or high-throughput 

sequencing, has allowed a more in-depth analysis of the diversity of microorganisms 

in a range of environments, including the phyllosphere. Such research has since shown 

that the composition of the phyllosphere is not random and that, at least to some extent, 

the phyllosphere environment is selecting for specific taxa. In particular, it has been 

found that the Proteobacteria phylum dominates the phyllosphere, followed by 

Bacteroidetes, Firmicutes and Actinobacteria (Whipps et al., 2008, Lambais et al., 

2006). As can be seen in Figure 1.1, some bacterial genera such as Pseudomonas, 

Sphingomonas and Methylobacterium appear to be ubiquitous in plant leaf samples 

and may be specifically adapted to the phyllosphere environment within a variety of 

plant species. However, Figure 1.1 also clearly shows how the community 

composition of bacteria can differ between phyllosphere samples. In fact, a range of 

factors have been shown to significantly impact the composition and diversity of both 
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the fungal and bacterial communities. For example, time (Copeland et al., 2015), 

geographical location (Stone and Jackson, 2016), plant species (Knief et al., 2010)  

and even plant genotype (Sapkota et al., 2015) have been shown to have an effect on 

the phyllosphere community, highlighting the dynamic nature of this microbial 

habitat. However, it is still unclear which of these factors has the greatest impact on 

the microbial community composition of the phyllosphere, which will be discussed 

further in Chapter 2. While the majority of research into the taxonomic diversity of 

the phyllosphere has been focussed on crop plants due to the possibility of beneficial 

plant-microbe interactions that may impact plant health and growth, interest in the 

phyllosphere of trees has been increasing due to their potential role in biogeochemical 

cycling and degradation abilities. Research showing the impacts of time, host species 

and geographical location on the microbial community of trees is described further in 

Chapter 2, Section 1. 

 

 

 

 

1.2.2 Energy sources in the phyllosphere 

 

Knowledge of functionality of phyllosphere microorganisms greatly lags 

behind that of taxonomy. The phyllosphere is a harsh environment for microbes, with 

large fluxes in temperature, moisture, UV and a limited range of substrates available 

Figure 1.1: Abundant bacterial genera in the phyllosphere. Image credit: Figure 3 (Vorholt et al. 

2012) 
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as carbon and energy sources.  Substrates available to phyllosphere microbiota can be 

derived from either the host plant or the external environment, such as compounds 

available from the atmosphere. An overview of possible substrates available to 

phyllosphere microorganisms is displayed in Figure 1.2. Because of the scarcity of 

substrates in the phyllosphere, it is believed that many microorganisms found on the 

leaf surface have evolved to have the ability to utilise a wide range of substrates in 

order to gain sufficient energy. For example, a species of Sphingomonas, which is 

common coloniser of the phyllosphere, displayed a surprisingly high expression of a 

variety of TonB-dependent receptors (outer membrane proteins). This indicated that a 

range of substrates were likely being scavenged at low amounts on the leaf surface by 

this species and that this could partially explain its success as a coloniser of the nutrient 

limited phyllosphere habitat (Delmotte et al., 2009).    

 

 

 

Carbon and energy sources from the host plant such as free amino acids from 

phloem sap (Weibull et al., 1990), organic acids, sugar alcohols and soluble 

carbohydrates on the leaf surface (Lombarkia and Derridj, 2002), leaf waxes (Samanta 

et al., 1986, Reisberg et al., 2013) and hemicelluloses (Rivas et al., 2005) can be 

utilised by phyllosphere microbiota. In addition, plants are capable of producing a 

Figure 1.2: Overview of substrates which can be utilised by phyllosphere microbiota. 
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wide range of volatile organic compounds (VOCs), resulting in an estimated 500-800 

Tg of carbon being released into the atmosphere per year (Fehsenfeld et al., 1992). 

Plants can also transport VOCs produced in the rhizosphere, which can also be 

subsequently released by the leaf tissues, as is the case with methane (Nisbet et al., 

2009). Upon release of these VOCs into the immediate atmosphere of the leaf surface 

via the stomata, they are available to phyllosphere microbiota for use as substrates. So 

far, phyllosphere microbiota have been shown to be able to degrade a range of VOCs 

released by plant tissues, such as methyl chloride (Nadalig et al., 2011), methane 

(Iguchi et al., 2012), methanol (Knief et al., 2010) and isoprene (Crombie et al., 2018). 

Due to the high abundance of microorganisms in the phyllosphere and the capabilities 

for some to utilise plant-produced VOCs, it is thought that they are likely to have an 

impact on the net flux of these VOCs into the atmosphere and therefore effect the 

biogeochemical cycling of carbon (Vorholt et al. 2012).  

 

There are also influxes of substrates to the leaf surface from the external 

environment. Organic particles and gases dissolved in rain water may provide 

additional substrates for phyllosphere microbiota (Ligocki et al., 1985). There is also 

evidence to suggest that some bacteria in the phyllosphere may be able to gain 

additional energy from sunlight, with a diverse range of bacterial rhodopsins detected 

in the phyllosphere of multiple host plant species (Atamna-Ismaeel et al., 2012). In 

addition, a diverse range of cyanobacterial genera have been observed in the 

phyllosphere (Rigonato et al., 2012, Rigonato et al., 2016), which also use UV light 

for autotrophic growth and are likely to facilitate growth of heterotrophic bacteria on 

the leaf surface due to their nitrogen-fixing capabilities (Fürnkranz et al., 2008).  A 

variety of microorganisms are also able to degrade atmospheric VOCs, which will be 

discussed further in Section 1.4. Many atmospheric VOCs are considered air 

pollutants, reducing the quality of air.  

 

 

 

 

 

 

 



 6 

1.3 Atmospheric pollutants and their impacts 

 

Air pollution is a growing problem across the globe and is having a major 

impact on human health, the environment and climate change. A number of different 

compounds and substances are responsible for air pollution, some of which are 

displayed in Table 1.1. With the majority of emissions originating from industry, 

transport and other human activity, urban areas are at especially high risk of poor air 

quality. In fact, reports from the World Health Organisation estimate that 49% of cities 

in high-income countries do not meet the air quality guidelines for safe air and this 

figure increases to 98% within middle and low-income countries (WHO, 2018). This 

is a matter of great concern, especially as 55% of the world’s population currently 

lives in urban areas, which is predicted to rise to 68% by 2050 (Ritchie and Roser, 

2018).  

 

 

Pollutant UK concentration Reference 

Sulphur oxides (SOx) ~5μg/m
3
 (DEFRA, 2014) 

Nitrogen oxides (NOx) ~40 μg/m
3
 (DEFRA, 2014) 

Carbon monoxide (CO) 1.1-2.5 μg/m
3
 (DEFRA, 2014) 

Ozone (O3) 30-80 μg/m
3
 (DEFRA, 2014) 

Particulate matter   

       PM10 10-30 μg/m
3
 (DEFRA, 2014) 

       PM2.5 10->20 μg/m
3
 (DEFRA, 2014) 

Volatile organic compounds (VOCs)   

      1,3 butadiene ~0.1μg/m
3
 (DEFRA, 2014) 

      Polycyclic aromatic hydrocarbons (PAHs) <1ng/m
3
 (DEFRA, 2014) 

     Benzene 1-3 μg/m
3
 (DEFRA, 2014) 

     Nitrophenols 1-98ng/m
3
 (Mohr et al., 2013) 

           Para-nitrophenol (PNP) 1-32ng/m
3
 (Harrison et al., 2005) 

 

Many atmospheric pollutants, such as those listed in Table 1.1, are associated 

with a range of human health impacts such as acute lower respiratory illness (ALRI), 

chronic obstructive pulmonary disease (COPD), cerebrovascular disease (CEV), 

ischaemic heart disease (IHD), lung cancer, asthma and stroke (Cohen et al., 2005, 

Table 1.1: Compounds which contribute to atmospheric pollution. 
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Lelieveld et al., 2015, Guarnieri and Balmes, 2014, Lee et al., 2018). In addition, 

recent research suggests that poor air quality may not only negatively impact the 

cardiovascular and pulmonary systems, as links between increased exposure to air 

pollution and increase in teenage psychotic episodes (Newbury et al., 2018), decreased 

female fertility (Conforti et al., 2018), increased incidence of diabetes (Bowe et al., 

2018) and decreased cognitive ability in aging brains (Zhang et al., 2018) have also 

been shown. In the UK, the concentrations of atmospheric pollutants have reduced 

over the years and are relatively low compared to some more industrial countries. For 

example, in large cities such as Beijing, China, toxic smog is a constant problem with 

some pollutants such as PM2.5 reaching record-breaking concentrations of 1,000 

μg/m3 in 2012 (Wong, 2013) and in 2015, it was estimated that around 4,000 deaths 

per day were due to poor air quality in China (Rohde and Muller, 2015). However, it 

is estimated that air pollution in the UK is still responsible for 40,000 early deaths per 

year, which is having an additional economic burden, costing businesses and the NHS 

an estimated £20 billion as a result (Holgate, 2017).  Globally, the number of deaths 

attributable to air pollution is around 5.5 million per year, a figure which is expected 

to double by 2050 (Lelieveld et al. 2015).   

 

 Air pollution not only has a burden on human health, but also impacts the 

environment and climate change. A number of atmospheric pollutants have negative 

impacts on plant health, for example, ground-level ozone (O3), NO2 and a variety of 

nitrophenols have phytotoxic effects, leading to reductions in plant photosynthesis and 

growth as well as an increase in the risk of disease and foliar necrosis (Sandermann 

Jr, 1996, Bennet and Hill, 1974, Natangelo et al., 1999). Deposition of PM onto the 

leaf surface can also intercept the photon flux to chloroplasts, reducing photosynthesis 

(Grantz et al., 2003). Poor air quality is also having an impact on agriculture, with 

reduced yields of crop plants exposed to high levels of pollutants being observed 

(Agrawal et al., 2003). Crop damage due to ozone alone is estimated to result in a 

global relative yield loss of around 10%, which is expected to double by 2050 if air 

quality is not improved (Chuwah et al., 2015). The economic impacts of such crop 

loss is significant, with costs ranging in the tens of billions of USD globally per year 

(Avnery et al., 2011). SO2 and NOx in the atmosphere dissolve into water, acidifying 

rain which can damage trees and impact the pH of soils and aquatic systems. Acid rain 

also results in an increase of aluminium levels in water systems, leading to a toxic 
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environment which poses a threat to all aquatic life, which in turn can have 

implications on the entire ecosystem of an area (Cronan and Schofield, 1979, Haines, 

1981). As well as negatively impacting the natural environment, acid rain and PM are 

damaging to cultural heritage. Many monuments are made of materials which are 

vulnerable to corrosion or soiling from pollution or pollution-driven processes such as 

acid rain. The costs of maintaining buildings from the damages of pollution is not 

negligible, with cleaning and repairs estimated to cost billions of pounds per year 

throughout the EU (Watkiss et al., 2001).  

 

 It is well known that there is a tight link between air pollution and climate 

change, with many sources of air pollution also emitting important greenhouse gasses 

such as CO2 which are driving climate change. Some atmospheric pollutants also have 

in impact on climate change, either by acting as greenhouse gases themselves or by 

secondary reactions which impact atmospheric chemistry. For example, ozone and 

black and brown carbon (components of particulate matter) absorb solar radiation and 

emit infrared radiation, leading to the greenhouse effect (Ainsworth et al., 2012, 

Ramanathan and Carmichael, 2008, Feng et al., 2013). Nitrophenols have also been 

shown to absorb light in the near-UV range, making them potential components of 

climate-changing brown carbon (Mohr et al., 2013).  Alternatively, atmospheric 

pollutants such as CO and NOx indirectly drive climate change by increasing levels of 

tropospheric ozone (Fishman et al., 1979) and removing hydroxyl radicals which are 

important in the breakdown of greenhouse gasses such as methane and ozone (Daniel 

and Solomon, 1998).  

 

1.4 Degradation of atmospheric pollutants by phyllosphere microbiota 

 

It is well known that trees provide ecosystems services: they remove CO2 and 

release oxygen, regulate micro-climates, improve human wellbeing and act as a 

physical barrier to intercept pollutants and particulates in the air (Escobedo et al., 

2011, Salmond et al., 2016).  However, the role microorganisms play in the removal 

of pollutants via degradation or detoxification of these compounds is less well known, 

especially in the phyllosphere. Research into the range of atmospheric pollutants that 

can potentially be degraded by phyllosphere microorganisms and the extent to which 
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they are degrading them is crucial to our understanding of how plants can be used for 

the mitigation of atmospheric pollutants.  

 

One possible way in which atmospheric pollutants may be mitigated from the 

atmosphere is by phytoremediation: using living plants to remove, degrade or contain 

contaminants. The leaves and stems of plants are known to trap significant amounts 

of pollution which may then either be degraded in the phyllosphere photochemically 

or by microorganisms. In addition, pollutants trapped on or within the leaves can be 

transported to the earth via rainfall runoff or leaf fall. Any pollutants transported to 

the soil may then be degraded and detoxified by microorganisms in the soil or the 

rhizosphere (Fowler, 2002, Weyens et al., 2015). A summary of the principle of 

phytoremediation is displayed in Figure 1.3. While the pollutant-degrading 

capabilities of the rhizosphere compartment of plants have been extensively studied 

(Wenzel, 2009, Olson et al., 2003), relatively little research has been conducted to 

determine the potential for leaf-associated microbiota to detoxify such pollutants.  

 

 

Figure 1.3: Overview of the principle of phytoremediation. Image credit: Figure 1, Weyens et al. 

(2015). 
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 Cuticular and stomatal uptake of atmospheric pollutants results in the sorption 

of these compounds onto the surface of the cuticle or movement into the intracellular 

spaces within the leaf, which promotes their availability to phyllosphere microbiota as 

substrates for carbon and energy utilisation (Slovik et al., 1996, Schmitz et al., 2000). 

Phyllosphere microorganisms may then detoxify these compounds either by 

metabolism of the compound as a sole carbon and/or energy source, co-metabolism 

whereby more than one compound is degraded but not all are used for carbon and 

energy, or by detoxifying the compound without using it as a carbon or energy source 

(Undugoda et al., 2016, Chen et al., 2016). Direct evidence of the potential for 

microorganisms in the phyllosphere to be able to acquire and degrade atmospheric 

pollutants was first presented in 2007 when a Pseudomonas fluorescens bioreporter 

strain was used to show that airborne phenol accumulated on leaves at sites accessible 

to epiphytic bacteria at concentrations 10-fold higher than the air (Sandhu et al., 2007). 

Since then, the potential for phyllosphere microbiota to degrade a range of alkanes, 

mono-aromatic hydrocarbons and polycyclic aromatic hydrocarbons (PAHs) have 

been investigated, with a summary of current research displayed in Table 1.2.  

 

As displayed in Table 1.2, the majority of research investigating pollutant-

degrading capabilities in the phyllosphere have so far focussed on either ornamental 

plants or crops, with relatively few studies using trees as the host species. As trees are 

abundant plants in urban areas, further research into the pollutant-degrading potential 

of tree phyllosphere microbiota would be of particular value. Some bacterial genera 

appear to be consistently identified as having the ability to degrade airborne pollutants 

in the phyllosphere habitat such as species of Pseudomonas, Acinetobacter, Bacillus, 

Arthrobacter and Rhodococcus being detected in multiple studies in Table 1.2. 

Knowledge of phyllosphere bacterial taxa able to degrade pollutants greatly exceeds 

that of other kingdoms such as fungi, with 12/13 studies displayed in Table 1.2 

investigating bacteria only, whereas 1/13 studies investigated pollutant-degrading 

species of fungi.  
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Host plant(s) Pollutant(s) Phyllosphere microorganism(s) capable of degradation Reference 

10 tropical plants Diesel and kerosene • Acinetobacter, Alcaligenes, Bacillus and Micrococcus spp.  (Ilori et al., 2006) 

6 Ornamental plants Phenanthrene • Pseudomonas, Microbacterium, Rhizobium and 

Deinococcus spp.  

(Waight et al., 2007) 

Green ash trees (Fraxiunus 

pennsylvanica) 

Phenol • Acinetobacter, Alcaligenes and Rhodococcus spp.  (Sandhu et al., 

2009) 

10 Evergreen ornamental plants  PAHs (phenanthrene, 
acenaphthylene, 
acenaphthene, and 
fluorene) 

• Acinetobacter, Pseudomonas, Pseudoxanthomonas and 

Mycobacterium spp.  

(Yutthammo et al., 

2010) 

American grass (Cynodon sp.) 

and broad beans (Vicia faba) 

Aromatic and aliphatic 

hydrocarbons 

• Rhodococcus and Pseudomonas spp.  (Sorkhoh et al., 

2011) 

13 cultivated (crop) and 4 wild 

plant species 

Aromatic and aliphatic 

hydrocarbons 

• 27 genera 

• Most abundant: Micobacterium, Kocuria, Arthrobacter, 

Agrococcus, Bacillus, Klebsiella, Planomicrobium and 

Rhodococcus spp.  

(Al-Awadhi et al., 

2012) 

Peas (Pisum sativum), beans 

(Phaseolus vulgaris), tomato 

Crude oil • Microbacterium and Rhodococcus spp., Citrobacter 

freundii.  

(Ali et al., 2012) 

Table 1.2: Overview of research highlighting the potential for phyllosphere microorganisms to degrade a range of atmospheric pollutants. 



 12 

(Lycopersicum esculentum) and 

sunflower (Helianthus sp.) 

Apple trees 4-chlorophenol • Arthrobacter spp.  (Scheublin and 

Leveau, 2013) 

6 Ornamental plants  

 

Aromatic hydrocarbons 

(phenanthrene, 

naphthalene, toluene and 

xylene) 

• 19 fungal isolates capable of degradation. 

• Best degraders included Penicillium oxalicum, Aspergillus 

aculeatus, Aspergillus oryzea and Colletrotrichum 

siamense. 

(Undugoda et al., 

2016) 

Evergreen perennial 
(Bougainvillea buttiana) 

Xylene • Enterobacter, Staphylococcus and Pseudomonas sp.  (Sangthong et al., 

2016) 

3 urban trees (Tilia sp., Acer 
sp., and Fraxinus sp.) 

 

Aromatic hydrocarbons 

(phenanthrene, 

naphthalene and 

salicylate) 

• Actinobacteria and Gammaproteobacteria (Microbacterium, 

Rhodococcus, Pseudomonas and Stenotrophomonas spp.) 

most dominant. 

(Sazonova et al., 

2017) 

6 ornamental plants Pyrene • Bacillus, Janibacter, Kocuria, Methylobacterium, 

Microbacterium and Staphylococcus sp.  

(Siriratruengsuk et 

al., 2017) 

Perennial herb (Dracaena 
sanderiana) 

Benzene • Staphylococcus and Pantoea sp.  (Jindachot et al., 

2018) 
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Some studies have indicated that the populations of microorganisms able to 

degrade atmospheric compounds in the phyllosphere are quite high, with 1-10% of the 

total phyllosphere population consisting of bacteria able to degrade PAHs 

(Yutthammo et al., 2010). Similarly, an estimated 7% of the total bacterial population 

of the phyllosphere of roadside ornamental plants were species which had pyrene-

degrading capabilities (Siriratruengsuk et al., 2017). In addition, some fungal strains 

which are highly capable of degrading aromatic hydrocarbons were shown to be 

dominant amongst phyllosphere samples (occurring in 80-100% of samples) 

(Undugoda et al., 2016). 

 

Differences in the pollutant-degrading potential of the phyllosphere based on 

tree species have also been observed. For example, numbers of hydrocarbon-utilising 

bacteria have been found to differ in the phyllosphere of different tropical plant species 

(Ilori et al., 2006). Similarly, the number of phenanthrene-degrading bacteria present 

on the leaves differed with plant species and this also correlated with the efficiency of 

phenanthrene removal by the host plant samples (Yutthammo et al., 2010). Ali et al. 

(2012) also found that the leaves of legumes harboured greater numbers of oil-utilising 

bacteria than non-legume crops. Other factors having an impact on the number of oil-

utilising bacteria in the phyllosphere included leaf age (higher counts on older plants) 

and plant location (higher counts in oily environments than pristine environments). 

Collectively, these studies highlight the possibility that plant species, age and location 

may impact the ability of the phyllosphere to degrade atmospheric pollutants, although 

evidence for this phenomenon within a wide range of host plants and pollutant 

compounds is lacking. 

 

There is also evidence to suggest that the phyllosphere environment may 

enhance the pollutant-degrading capabilities of the microbial community on the leaf 

surface. Trees naturally produce a variety of VOCs such as terpenes, alkanes, carbonyl 

compounds and aromatic compounds (Isebrands et al., 1999). These plant-produced 

VOCs may select for phyllosphere communities which can utilise these compounds 

as well as stimulating the degradation of compounds with similar structures, such as 

some atmospheric pollutants. Scheublin et al. (2014) provided important evidence for 

this theory by demonstrating that the cph gene cluster (involved in the degradation of 

4-chlorophenol, an airborne pollutant) was induced when Arthrobacter 
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chlorophenolicus A6 was grown in the phyllosphere compared to agar surfaces. They 

speculated that plant-produced hydroquinone induced this pathway and therefore the 

phyllosphere environment may stimulate the degradation of a variety of pollutants in 

similar ways. Similarly, Kang and Doty (2014) extracted phenolic compounds from 

poplar leaf homogenate and were able to use these compounds to induce a gene (tom) 

involved in the degradation of trichloroethylene, an industrial solvent, in Burkholderia 

cepacia G4, providing further evidence for the phyllosphere-primed degradation of 

pollutants.  

 

Once pollutant-degrading microbial species from the phyllosphere have been 

isolated and identified, they could potentially be used as seeds for bioaugmentation of 

plants for bioremediation of polluted areas. Although, there has so far been little 

research showing the efficacy of bioaugmentation of plants by such methods. Azalea 

indica plants were augmented with a toluene-degrading Pseudomonas species to 

determine their efficacy of removing toluene from indoor air. Ninety-five percent of 

the toluene (90 ppmv) was removed within 75 hours for un-augmented plants whereas 

the augmented plants removed 95% of toluene within 27 hours (De Kempeneer et al., 

2004). Also, a recent study showed how Dracaena sanderiana plants which were 

augmented with two benzene-tolerant phyllosphere isolates, Pantoea sp. B11 and 

Staphylococcus sp. B12 had a higher benzene removal efficiency than uninoculated 

plants (Jindachot et al., 2018). It was also indicated that Staphylococcus sp. B12 in 

particular could be used to enhance the bioremediation ability of Dracaena sanderiana 

plants and protect them from the toxicity of benzene.  
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1.5 Aims and Objectives  

 

The phyllosphere may play an important role in plant-atmosphere chemical 

exchanges and yet relatively little is known about this microbial habitat in terms of its 

microbial diversity, structure and function. The overall aim of the research presented 

in this thesis is to further this knowledge, with particular focus on the pollutant-

degrading potential of the phyllosphere of trees. This was investigated using both 

culture-dependent and culture-independent techniques to achieve the following 

objectives: 

1) To characterise the phyllosphere of hawthorn and holly trees and assess the 

impacts of tree species, location and sampling season on the microbial 

community composition.  

2) To investigate the potential for hawthorn and holly tree phyllosphere 

microbiota to degrade two atmospheric pollutants: 

a. para-nitrophenol (PNP) 

b. carbon monoxide (CO) 

3) To assess how differing levels of exposure to roadside emissions impact 

the structure, diversity and pollutant-degrading potential of the 

phyllosphere microbial community of hawthorn trees.  
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CHAPTER 2 - MICROBIAL COMMUNITY DYNAMICS 

IN THE PHYLLOSPHERE 

 

2.1 INTRODUCTION 

 

2.1.1 Microbial community structure in the phyllosphere  

 

 As discussed in Chapter 1, the phyllosphere is a harsh microbial habitat which 

has led to a structured community of microbial species. Since the development of high-

throughput sequencing technologies, many studies have been conducted to help 

elucidate the dominant taxa present in the phyllosphere, with a focus on bacterial 

communities.  

 

 Culture-independent community profiling has shown in various studies that 

the bacterial community composition is dominated by select phyla. Proteobacteria 

have consistently been found to be the most abundant phylum in phyllosphere 

samples, with Bacteroidetes, Actinobacteria, Firmicutes, Acidobacteria and 

Cyanobacteria also being present in significant numbers (Whipps et al., 2008, Vorholt, 

2012). Research into the phyllosphere communities of plants such as A. thaliana, 

soybean, clover and rice (Delmotte et al., 2009, Knief et al., 2012) have also identified 

bacterial genera which are ubiquitous in phyllosphere samples, such as 

Methylobacterium, Sphingomonas, Pseudomonas and Rhizobium species being 

amongst the most abundant.   

 

 The majority of research conducted into microbial community structure in the 

phyllosphere has been focussed on crop plants due to the potential of beneficial 

microbial communities on plant growth and disease resistance. However, the 

microbial community composition in the phyllosphere has been investigated in trees 

from a range of environments including temperate forests, tropical forests, 

Mediterranean forests and deserts. These studies have shown that the core microbiome 

of tree leaves contains the same dominant taxa found in well-studied crop and plant 

species. In addition, they also highlight the impact that geographical location, tree 
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species and time can have on the community composition of both bacteria and fungi, 

which will be discussed further in the following sections.  

 

2.1.2 Impact of tree species and location on bacterial community composition in 

the phyllosphere 

 

 Various studies have been conducted in order to determine what factors drive 

the bacterial community composition in the phyllosphere of trees, the majority of 

which have been focused on geographical location and tree species. 

 

 Qvit-Raz et al. (2012) used DGGE analysis to compare the phyllosphere 

bacterial communities of Tamarix trees in various locations around the Dead Sea. It 

was found that the bacterial communities of trees in closer proximity to one another 

had a higher degree of similarity than those that were geographically further away and 

that the geographical location had a higher impact on the community composition than 

leaf pH or salinity. Stone and Jackson (2016) found a similar result when the diversity 

of 16S rRNA genes from leaves of 91 Magnolia grandiflora trees 1-452m apart were 

assessed, using high-throughput sequencing. Samples with greater geographical 

distances from one another had a significantly higher dissimilarity than those which 

were closer together. It was also suggested that variation in geographical location was 

likely due to both dispersal limitations and environmental heterogeneity.  

 

Research has also shown that tree species has an impact on the community 

composition of bacteria in the phyllosphere. Kim et al. (2012) investigated how the 

structure of bacterial communities differed between six species of tropical trees in 

Malaysia using 16S rRNA high-throughput sequencing. Results showed that each tree 

species had a significantly different bacterial community. There was also a weak 

association between the genetic relatedness of the host plant and the phyllosphere 

community structure, which suggests that different tree species may select for specific 

bacterial taxa and that phyllosphere communities may have co-evolved with their host 

plant.  While the exact mechanisms behind the relationship between community 

structure of the phyllosphere and host plant species is unknown, it is thought that the 

texture and topography of the leaf, compounds emitted by the leaves and other biotic 
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factors such as animals specific to the host species, likely play a role in shaping these 

distinct communities (Yadav et al., 2005).   

 

Attempts to determine to what extent geographical location and host tree 

species play a role in shaping the bacterial community of the phyllosphere have been 

made in the past decade. Redford et al. (2010)  characterised the bacterial communities 

of the phyllosphere of 56 different tree species in the USA using high-throughput 

sequencing techniques. For comparison, they then determined the bacterial 

community composition of one of these tree species, Pinus ponderosa, over pairwise 

distances of 10 m > 10,000 km around the globe. Results showed that there was high 

variability of the bacterial community profile between individual tree species and even 

found a correlation between the phylogeny of the host tree species and the bacterial 

community composition. In comparison, the bacterial community composition of the 

P. ponderosa phyllosphere had relatively little variability between geographical 

locations, even between continents. Therefore, the conclusion of this study was that 

tree species had a much higher impact on shaping the bacterial community of the 

phyllosphere than geographical location.   

 

Finkel et al. (2011) conducted a similar study in which the phyllosphere 

community composition of different Tamarix tree species were assessed between 

several locations within the Mediterranean and Dead Sea regions in Israel. Results 

showed that the phyllosphere communities of different Tamarix species were highly 

similar within the same geographical location. However, Tamarix trees were found to 

be highly variable depending on whether they were in the Mediterranean or Dead Sea 

regions with contrasting dominant bacterial genera being present in the different 

regions. It was therefore concluded that, in contrast to the study by Redford et al., 

geographical location, not tree species, was the main driver of community structure of 

the phyllosphere.  

 

More recently, research by Laforest-Lapointe et al. (2016) investigated how 

tree species, sampling site and time impact the community structure of the 

phyllosphere. They sampled five different temperate tree species at four different 

forest sites over three consecutive months and analysed the bacterial community 

composition by high-throughput sequencing of the 16S rRNA genes. They found that 
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27% of the variation between the phyllosphere bacterial communities was due to tree 

species whereas 11% was due to sampling site and only 1% was due to time. It was 

therefore concluded that, in agreement with Redford et al., host tree species was the 

main driver of community composition in the phyllosphere of temperate forests. In 

addition, strong correlations were found between some host functional traits such as 

leaf nitrogen content, specific leaf area, wood density and community composition. 

This confirmed the theory that to some extent specific host species characteristics are 

responsible for shaping the phyllosphere community composition.  

  

While it is clear that both geographical location and host tree species impact 

the bacterial structure of phyllosphere, research into which factor has the highest 

influence is both limited and has produced contrasting conclusions. It is therefore still 

unclear whether host tree species or geographical location plays the dominant role in 

shaping the bacterial community of the phyllosphere and it is possible that the main 

driver of community composition may differ between different ecosystems and host 

species. 

 

2.1.3 Temporal variation in phyllosphere community composition 

 

Research has also shown a temporal impact on the structure of tree 

phyllosphere communities. Redford and Fierer (2009) constructed 16S rRNA clone 

libraries to assess the changes in bacterial community composition of Populus 

deltoides (cottonwood) trees over an entire growing season (from leaf emergence to 

leaf fall). They found that the bacterial community structure was highly variable, with 

samples taken just weeks apart showing distinct differences. Clusters were identified 

between early, mid and late-season samples and early and late-season groups were 

found to be more similar to one another than mid-season communities. Proteobacteria 

species dominated both the early (May, June and July) and late (September and 

October) season samples whereas mid-season (August) samples were characterised by 

a decrease in Proteobacteria and an increase in Acidobacteria. Therefore, the bacterial 

phyllosphere of P. deltoides displayed rapid turnover rates but also demonstrated 

successional patterns between seasons. 
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 Similarly, Jackson and Denney (2011) investigated the seasonal and annual 

(winter over 3 years) variation in the evergreen tree Magnolia grandiflora using 

DGGE analysis. Results showed that temporal variation was much greater than leaf to 

leaf variation, with summer (August) samples being the most distinct due to a decrease 

of certain Beijerinckiaceae and increase in Methylobacteriaceae, which had the 

highest impact on the significant change in the samples from this season. Winter 

samples taken from 3 consecutive years also displayed distinct bacterial communities 

showing that seasonal patterns may not be consistent year to year.  

 

 However, as discussed previously, research by Laforest-Lapointe et al. (2016) 

demonstrated that time had the least impact on bacterial structure, only accounting for 

1% of the variation between phyllosphere samples. However, temporal effects were 

only assessed over 3 months in the growing season (June, July and August) and so had 

the sampling times included spring and autumn seasons, there may have been more 

distinct impacts on the bacterial community due to time. Also, while time in general 

was found to have the least impact on community structure, there were strong 

correlations between community structure and climate variables such as temperature 

and precipitation, indicating that changes in climate variables during different seasons 

may be impacting the community structure in addition to the impacts of leaf age.  

 

2.1.4 Fungi in the phyllosphere and the impact of tree species and location on 

community composition  

 

 While bacteria have often been considered the most abundant kingdom of 

microorganisms in the phyllosphere, some studies have also been conducted into the 

composition of the fungal community present in the phyllosphere of trees. Various 

studies have shown that although the fungal community is dominated by the 

Ascomycota phylum, at higher taxonomic levels it is very diverse and highly variable. 

Table 2.1 shows a summary of dominant fugal taxa found in six studies of fungi in the 

phyllosphere of trees with high-throughput sequencing techniques.  
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Table 2.1: Dominant fungal taxa in the phyllosphere of trees. All studies used high-throughput sequencing to profile the community of fungi in the phyllosphere. Percentages, 

when available, indicate the percentage of reads derived from the taxon. Where no percentages are available, taxa are listed from most abundant to least abundant. 

Biome Tree species Most abundant taxa Reference 

Temperate 

forest 

Quercus 

macrocarpa 

(Oak) 

Order: Pleosporales (26.7%), Capnodiales (12.8%), Erysiphales (7.9%), Tremellales (2.2%) and 

Taphrinales (4.2%)  

Family: Pleosporaceae (17.5%), Leptosphaeriaceae (9.0%), Erysiphaceae (7.9%), Davidiellaceae 

(6.9%), Taphrinaceae (4.2%) and Mycosphaerellaceae (5.8%)  

Genus: Microspaeropsis (23.6%), Alternaria (16.1%), Epioccum (6%), Erysiphe (5.9%), Cladosporium 

(4.5%), Mycospaerella (4.4%), Taphrina (3.4%) 

Jumpponen and 

Jones (2009) 

Temperate 

forest 

Fagus sylvatica 

(Beech) 

Order: Taphrinales (42 %) Capnodiales (13 %), Dothideales (12 %)  

Genus: Lalaria (32.7%), Woollsia (11%), Taphrina (10%), Cryptococcus (9.2%), Aureaobasidium 

(5.7%) 

Cordier et al. 

(2012) 

Temperate 

forest 

Fagus sylvatica 

(Beech) 
Order: Capnodiales (48.3%), Helotiales (36.1%) Eurotiales (5.7%)  

Unterseher  

(2016)  

Tropical 

forest 
27 tree species 

Order: Capnodiales, Pleosporales, Xylariales, Hypocreales, Tremellales 

Family: Cladosporiaceae, Mycosphaerellaceae, Phaeosphaeriaceae, Pleosporaceae, Amphisphaeriaceae, 

Trichosphaeriaceae, Aspergillaceae, Erythrobasidiaceae  

Izuno et al.  

(2016) 

Tropical 

forest 
51 tree species 

Order: Sordariomycetes (28%), Dothideomycetes (27%), Eurotiomycetes (14%), Agaricomycetes (9%) 

Genus: Pestalotiopsis, Pyrenochaeta, Lasiodiplodia 

Kembel and 

Mueller (2014) 

Tropical 

forest 

6 mangrove tree 

species 
Class: Dothideomycetes, Tremellomycetes, Microbotryomycetes, Exobasidiomycetes  Yao et al. (2019) 
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 As with bacterial communities, the fungal community structure is shaped by 

both host tree species and location. Jumpponen and Jones (2009) compared the fungal 

community composition of phyllosphere samples from oak trees from two land uses: 

one within an urban centre and one outside of the centre. They found that the 

communities differed in both richness and diversity and that more than 10% of the 

OTUs differed in frequency between the two sampling sites, indicating that land use 

had an impact on the community composition of fungi in the phyllosphere. Further 

work by this group again showed that trees sampled in the urban environment hosted 

a distinct fungal community, with decreased diversity and richness than samples taken 

from outside of the urban environment (Jumpponen and Jones, 2010). Furthermore, 

they found that urban tree leaves were highly enriched with macronutrients (N, S and 

K), micronutrients (B, Mn and Se) and toxic trace elements (Cd, Pb and Zn) and 

although it could not be tested empirically, it was speculated that the difference in 

biochemistry between the urban and non-urban leaves could be a driving force in 

shaping the fungal communities.   

 

 Unterseher et al. (2016) also found that fungal communities in the 

phyllosphere differed with geographical location. Both naturally growing and 

phytometer-grown Fagus sylvatica (beech) trees were sampled from one of two 

different altitudes in the German Alps. A significant correlation was found between 

the mycobiome diversity of the leaves and the location in which they were sampled, 

showing that the altitude in which the leaves were sampled had an impact on 

community structure. There were also significant differences between leaves sampled 

from naturally growing trees and trees grown in the artificial tree nursery at each 

altitude, showing that the host tree environment plays a key role in the shaping of the 

fungal community in the phyllosphere of trees.  

 

 Cordier et al. (2012) analysed the difference in fungal community composition 

between different species of Fagus sylvatica (beech) trees on a variety of special scales 

(individual trees 1-300m apart, branches, group of leaves and individual leaves). 

Spatially, it was found that the highest levels of dissimilarity were between individual 

leaves but there was also a significant difference between the communities found on 

different individual trees. However, from analysis of correlations between the fungal 
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community and special/genetic distances, it was concluded that variation observed 

between individual trees was more likely due to genetic variation between beech tree 

species rather than geographic variation. Similarly, Balint et al. (2013) found that the 

genotype of Populus balsamifera (balsam poplar) trees was having a structuring effect 

on the fungal phyllosphere and that different genotypes of trees may be selecting for 

specific fungal strains in the environment. The impact of host tree species on the 

fungal community of the tree phyllosphere was also investigated by Kembel and 

Mueller (2014) who characterised the leaf-surface community of fungi of 51 different 

tree species in a tropical rainforest in Panama. They found that more than half of the 

diversity between the fungal communities could be attributed to host tree species and 

that leaf biochemistry, leaf morphology, plant growth and plant mortality had a strong 

correlation with fungal community structure. However, recent research by Yao et al. 

(2019) indicated that while the community composition of endophytic fungi 

significantly differed between tree species, only 1/6 of the tree species had a 

significantly different fungal epiphyte population with 5/6 tree species not having 

significantly distinguishable epiphyte communities.  

 

It is also of note that the majority of studies mentioned above (other than 

Kembel and Mueller. (2014) and Yao et al. (2019)) have been largely focussed on 

endophytes, with whole leaves, washed leaves or surface-sterilised leaves being used 

for analysis. Therefore, the community composition of fungal epiphytes in the 

phyllosphere of trees and how it is impacted by tree species and sampling location 

remains largely unexplored.  

 

2.1.5 Abundance of microorganisms in the phyllosphere 

 

 Little research has been conducted into the abundance of microorganisms in 

the phyllosphere of trees and what impacts these numbers. Attempts have been made 

to estimate the abundance of bacteria in the phyllosphere, with numbers averaging 106 

to 107 cells/cm3 or up to 108 cells/g of leaf being found (Lindow and Brandl, 2003). 

One study by Yadav et al. (2005) aimed to determine how the number of epiphytes 

differed with leaf structural and chemical features. Eight perennial species of trees in 

the Mediterranean environment of Halkidiki (Greece) in summer and the bacterial 

population size was estimated using dilution plating methods. Tree species were 
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assessed for different anatomical, morphological and biochemical features and 

correlations between leaf features and bacterial colony counts were investigated. 

Results showed that aromatic plants, non-woody plant species and leaves with higher 

water contents were highly colonised by bacteria whereas total phenolic content and 

thickness of the leaf was negatively correlated with population size. Therefore, leaf 

features are likely to impact the overall microbial population size of the phyllosphere.  

However, this study used culture-dependent techniques and as only around 10% of 

bacteria can be cultured, results may have a culture bias. To my knowledge, there have 

been no culture-independent studies into the abundance of phyllosphere 

microorganisms of trees and how tree species, sampling location, sampling time and 

presence of particulate matter might be having an impact on abundance.   

 

2.1.6 Experimental overview 

 

 High-throughput sequencing of 16S rRNA genes was used to characterise the 

bacterial communities in the phyllosphere of two common British trees, hawthorn and 

holly, at two different locations in Coventry, UK. Samples were taken from both holly 

and hawthorn trees at a woodland site and hawthorn trees at a site by the roadside to 

determine if tree species or sampling location were having an impact on the bacterial 

community composition. Samples were taken from these sites once per season and 

compared to assess any variation in the community structure on a temporal scale. For 

one sampling point, Autumn, ITS genes were also sequenced by high-throughput 

sequencing to provide an initial insight into the structure of the fungal community 

present in the phyllosphere of the chosen sites. Flow cytometry was also used to assess 

how the abundance of microbial cell counts and PM counts differs between tree 

species, tree sampling site and time sampled.     
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2.1.7 Aims and objectives 

 

The aims and objectives of this experiment were to:  

1) Characterise the phyllosphere bacterial community of hawthorn and holly trees 

and assess the impact of tree species, sampling location and time on 

community structure.   

2) Characterise the phyllosphere fungal community of hawthorn and holly trees 

from one sampling point and assess the impact of tree species and location on 

community structure.  

3) Determine if microbial cell counts or PM counts differ between tree species, 

sampling location or sampling time.  
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2.2 MATERIALS AND METHODS 

 

2.2.1 Sample collection 

 

Two species of common British trees, hawthorn (Crataegus monogyna) and 

holly (Ilex aquifolium) were investigated, providing samples from both a deciduous 

and evergreen tree species. Tree branches were harvested locally either from a 

woodland or roadside environment in Coventry, United Kingdom, as indicated in 

Table 2.2 and Figures 2.1-2.3 (A).  

 
Table 2.2: Overview of sampling locations, environment type and tree species. 

Site 

number 
Location Environment type 

Tree species 

sampled 
Co-ordinates 

1 Tocil wood Woodland Holly 52.376248, -1.556771 

2 Tocil wood Woodland Hawthorn 52.377159, -1.551322 

3 A45 Roadside Hawthorn 52.394371, -1.554182 

 

 

 

 

 

 

 

 

 

 
Figure 2.1: Location of trees sampled from Site 1. (A) Location of Site 1 within the greater 

environment. (B) Location of the 4 trees sampled at Site 1. Images: Google (2019). 

 

 

 

 

 

 

(A) (B) 
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Figure 2.2: Location of trees sampled from Site 2. (A) Location of Site 2 within the greater 

environment. (B) Location of the 4 trees sampled at Site 2. Images: Google (2019). 

 

 

 

 

 

 

 

 

 
Figure 2.3: Location of trees sampled from Site 3. (A) Location of Site 3 within the greater 

environment. (B) Location of the 4 trees sampled at Site 3. Images: Google (2019). 

 

From each site, four healthy trees were selected, as shown in Figures 2.1-2.3 (B). 

These same trees were repeatedly sampled throughout the study. Whole branches were 

removed at random and were placed into sterile, polyethylene zip-lock bags to be 

transported to the lab where they were processed within 24 hours. Samples which were 

not processed immediately were stored at 4°C overnight. Tree leaf samples were 

collected once per season, in the following months: April (spring), July (summer), 

October (autumn) and January (winter). Date of sampling within each month varied 

as trees were sampled after a minimum of 5 days without a precipitation event in an 

attempt to allow for a build-up of the microbial community for harvesting. Seasonal 

sampling ran from spring 2016 to summer 2018 during the following dates: 09/04/16, 

10/07/16, 06/10/16, 23/01/17, 19/04/17, 19/07/17, 06/10/17, 16/01/18, 20/04/18 and 

12/07/18.        

(A) (B) 

(B) (A) 
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2.2.2 Microbial harvesting of leaf samples   

Phyllosphere communities were collected adapting a leaf washing method by 

Atamna-Ismaeel et al. (2011). In summary, 5 g of leaves per sample were weighed 

into sterile 250ml Erlenmeyer flasks, to which 150 ml sterile phosphate-buffered 

saline (PBS) buffer (137 mM NaCl, 2.7 mM KCl, 10 mM Na2HPO4, 1.8 mM KH2PO4) 

was added. Microorganisms and other particulates were then dislodged from the leaf 

surface by sonication of the flasks containing leaves and buffer for 2 minutes in a 

water bath, followed by 10 seconds of vortexing and a 5-minute resting period. The 

vortex and resting stages were then repeated 6 times to thoroughly dislodge leaf 

surface material into the buffer. When needed, 2 ml or 100 μl of leaf wash was 

extracted and set aside for further filtration and fixation for flow cytometry as 

described in Section 2.2.6. Remaining leaf wash was poured into filtration equipment 

and filtered through 0.22 μm pore size membrane filters (Durapore). Leaf wash filters 

were cut in half and either immediately used as an inoculum for enrichment cultures 

(Chapter 3 and Chapter 4) or stored at -80°C for future DNA extraction.   

2.2.3 DNA extraction and quantification 

 

DNA from unenriched leaf wash filters was extracted using the FastDNATM 

Spin Kit for Soil (MP Bio Science Ltd., Derby, UK). Halved leaf wash filters were 

inserted into the Lysing Matrix E tubes provided and the subsequent steps were 

followed as per the manufacturer’s instructions. 

 

Aliquots of extracts were assessed for quantity and quality by gel 

electrophoresis using 0.8% (w/v) agarose gels and a QubitÒ 2.0 Fluorometer 

(Invitrogen, USA). High-sensitivity reagents were used to quantify samples from 

unenriched leaf-wash samples.     

 

2.2.4 High-throughput sequencing of 16S rRNA and ITS genes 

High-throughput sequencing was used to investigate the diversity of 16S 

rRNA and ITS genes in both unenriched leaf wash samples and enrichment culture 

samples with controls. Samples which were sequenced include those from this 
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experiment and those in Chapters 3, 4 and 5. In total, 411 16S rRNA and 54 ITS 

samples were submitted to the Genomics Facility at the University of Warwick, 

Coventry, United Kingdom for sequencing on the Illumina Miseq platform.  

2.2.5 Library preparation for 16S rRNA gene and ITS amplicons 

An overview of the library preparation for high-throughput sequencing is 

shown in Figure 2.4, followed by detailed descriptions of each step. (Illumina, 2013). 

 

 

 

 

 

Figure 2.4: Overview of the library preparation process for high-throughput sequencing. 
Image credit: Illumina (2013) 
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2.2.5.1 Amplicon PCR and purification   

16S rRNA gene or ITS PCRs were set up using the primers in Table 2.3 and PCR 

conditions in Table 2.4. Both primer pairs contained an Illumina Nextera Transposase 

Adapter (Illumina, USA) at the 5´ end of the primer sequence. PCR mixtures contained 

13μl Q5® Hot Start High-Fidelity 2× Master Mix, 1.3 μl each of the forward and 

reverse primer (10 μM), 0.4 μl of BSA (25 mg/ml), 10 μl of DNA template (2 μg/ml) 

and sterile nuclease-free dH2O to a total volume of 25 μl. 

 

 

 

 

 

 

 

 

 

 

 

 

 

Target Primer 

name 

Primer Sequence 

(5´® 3´) 

Reference 

16S 

rRNA 

(Bacteria) 

515f 

806r 

GTGCCAGCMGCCGCGGTAA 

GGACTACHVGGGTWTCTAAT 

 

(Caporaso 

et al., 2012) 

ITS 

(Fungi) 

fITS7 

ITS4 

GTGARTCATCGAATCTTTG 

TCCTCCGCTTATTGATATGC 

 

(Ihrmark et 

al., 2012) 

Adapter 

sequences 

f 

r 

TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG 

GTCTCGTGGGCTCGGAGATGTGTATAAGAGACAG 

Illumina 

Table 2.3: Primers and adapter sequences used for high-throughput sequencing 
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Target Primer pair Reaction condition 

 

16S rRNA 

(Bacteria) 

 

515f 

806r 

 

98°C– 30 sec 

98°C – 10 sec  

50°C – 15 sec  

72°C – 20 sec  

72°C – 10 min 

4°C - ∞  

 ITS 

 (Fungi) 

fITS7 

ITS4 

98°C– 30 sec 

98°C – 10 sec  

57°C – 15 sec  

72°C – 20 sec  

72°C – 10 min 

4°C - ∞  

 

 

PCR products were then purified using the AmpliCleanTM Magnetic Bead PCR 

Clean-Up Kit (NIMAGEN, Nijmegen, Netherlands), which was carried out as per the 

manufacturer’s instructions. The 96S Super Magnet Plate (Alpaqua, USA) was used 

for this process and the purified PCR product was eluted with Buffer EB (QIAGEN, 

Hilden, Germany).  

 

Successful amplification of all samples was then assessed by running on a 1% 

agarose gel at 90V for 10 minutes. PCR amplification and purification processes were 

repeated for any samples which did not successfully produce a product.  

  

 

25x cycles 

30x cycles 

Table 2.4: Reaction conditions for 16S rRNA/ITS PCR for high-throughput sequencing.  
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2.2.5.2 Index PCR 

 

Purified PCR products were given unique dual indexes at the 5’ end using the 

Nextera XT Index Kit v2 index primers (Illumina, USA). To attach the index primers, 

a PCR mixture was made consisting of 13 μl Q5® Hot Start High-Fidelity 2× Master 

Mix, 4 μl sterile nuclease-free dH2O, 2.5 μl Index Primer 1, 2.5 μl Index Primer 2 and 

4 μl of purified PCR product to give a final reaction volume of 26 μl per sample.   

The unique indexes were added by amplifying PCR products with the 

following reaction conditions: 95°C for 3 minutes, followed by 8 cycles of 98°C for 

20 seconds, 55°C for 15 seconds, and 72°C for 15 seconds, then a final elongation step 

of 72°C for 5 minutes before cooling at 4°C. A sub-sample of resulting product was 

run on a 1% (w/v) agarose gel alongside pre-indexed PCR product to determine if the 

index PCR had been successful, indicated by a shift in product size.   

2.2.5.3 Normalisation and pooling of samples 

 

Samples were normalised using the SequalPrepTM Normalisation Plate Kit 

(Invitrogen, USA) as per the manufacturer’s instructions. All samples were pooled 

and the concentration of the pooled samples was determined using the QubitÒ 2.0 

Fluorometer (Invitrogen, USA) with the high-sensitivity assay kit. Pooled samples 

were then either diluted or concentrated with a SpeedVacTM (Thermo Fisher 

Scientific) concentrator to a concentration of 4 nM. Fifty microlitres of pooled sample 

was then submitted to the Genomics Facility at the University of Warwick, Coventry, 

United Kingdom for sequencing on the Illumina Miseq platform. 

 

2.2.5.4 16S rRNA gene and ITS amplicon bioinformatic analyses 

 

 Low-quality sequence was removed from the ends of the pre-demultiplexed 

reads using Trimmomatic version 0.36 (Bolger et al., 2014). USEARCH (Edgar, 2010) 

was then used for the majority of downstream analyses. Paired ends were joined, 

quality filtering was applied to a 280 bp minimum, primers were removed, and 

samples were dereplicated to remove any singletons. OTUs were clustered to a 97% 

identity threshold which also removed the majority of chimeras. Remaining chimeras 
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were removed using the GOLD database (Edgar et al., 2011) for 16S rRNA amplicons 

and X UNITE (Tedersoo et al., 2018) for ITS amplicons. Reads were then mapped 

back to the OTU database for future generation of OTU tables.  

 

QIIME (Caporaso et al., 2010) was used along with the Greengenes 

(McDonald et al., 2012) reference database to assign taxonomy to 16S rRNA gene 

amplicons or the X UNITE database (Tedersoo et al., 2018) to assign taxonomy to ITS 

amplicons. OTU tables were generated and any OTUs identified as mitochondria or 

chloroplasts were removed. Samples were then rarefied to an even sampling depth 

depending on the sample with the lowest number of reads. In this study, rarefaction 

was applied to 9000 reads per sample for 16S rRNA and 61000 for ITS. 

 

2.2.6 Microbial abundance measurements by flow cytometry  

 

 Prior to applying leaf wash liquid to filters (Section 2.2.2), 1ml of leaf wash 

was syringe filtered through 11μm filters (Whatman, UK) in order to remove large 

particles for flow cytometry. Glutaraldehyde (Fisher Scientific, USA) was used to fix 

samples at a final concentration of 0.5% (w/v) per sample before being flash frozen in 

liquid nitrogen and stored at -80°C until further analysis.  

  

 Pre-filtered, fixed cells were defrosted at room temperature. SYBRTM Gold 

(Invitrogen, USA) was added to samples (10μl of 100× stock in 990 μl sample for 1× 

concentration) which were incubated in the dark at 80°C for 10 minutes to stain nucleic 

acids within the fixed cells. Controls were also stained simultaneously to samples 

including a background control (0.22 μm filtered leaf wash sample), a positive control 

(fresh bacterial culture) and a negative control (autoclaved leaf wash).  

 

 Parameters for defining microbial cells and particulate matter (PM) were 

established using a CytoFLEX (Beckman Coulter, USA) bench cytometer. The 

CytoFLEX flow cytometer was calibrated daily using CytoFLEX Daily QC 

Fluorospheres (Beckman Coulter, USA) before running samples. Samples were run at 

a medium flow rate (30 μl/min) and data were collected at time intervals of 60 seconds 

and for 10,000 events. By comparison of the positive and negative control, bacterial 
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and PM counts were characterised by assigning any event with a fluorescence intensity 

reading (FITC-A) of between 0 and 105 as PM and between 105 and 107 as microbial 

cells, as shown in Figure 2.5 as an example.  

 

 
 

 

 

 

All leaf wash samples were then run using the settings and parameters 

described above and counts of both PM and microbial cells per μl were obtained and 

used for comparative analyses between samples.  

 

2.2.7 Statistical analyses 

 

 Non-parametric multi-dimensional scaling (MDS) analyses of bacterial and 

fungal community structure were conducted using the VEGAN package in R (Dixon, 

2003). Further statistical tests such as analysis of similarity (ANOSIM) and similarity 

percentage analysis (SIMPER) were performed using PRIMER v6 (Clarke and 

Gorley, 2005) in order to determine how dissimilar microbial communities were 

between groups and what OTUs are the main drivers of dissimilarity.   

Figure 2.5: Setting parameters for assignment of events to 
either microbial or PM groups. Events fluorescing in the 
range of the first peak (grey) were assigned PM, events 
fluorescing in the range of the second peak (yellow) were 
assigned as microbial.  

PM 

Microbial 
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 Significant differences in the abundance of microbial cells and particulate 

matter counts between sample types were determined using Mann-Whitney U tests in 

R studio (version 1.1.447, RStudio Inc., US) to calculate P values.  
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2.3 RESULTS 

 

2.3.1 Community composition of bacteria in the phyllosphere of trees 

 

The composition of bacterial communities in tree phyllosphere samples was 

investigated using high-throughput sequencing of 16S rRNA genes as described in 

Section 2.2.5. Once chloroplast and mitochondrial reads had been removed, the 

average number of reads per sample was 40,480. The minimum number of reads per 

sample was 9017 and so samples were rarefied to 9000 reads prior to further analysis.  

 

Replicates were merged per sample type (4 replicates each) as shown in Figure 

2.6 to assess the dominant genera in tree phyllosphere samples and to gain a primary 

analysis of any differentiation between the bacterial communities found between tree 

species, geographical location and season sampled in.  

 
 

Figure 2.6: Relative abundance of dominant bacterial genera in hawthorn and holly leaf wash samples. 
Any reads from genera which contributed to <2% of total reads on average were placed in the ‘Low 
abundance’ category. HtW = hawthorn sampled in the woodland, HtR = hawthorn sampled by the roadside, 
HlW = holly sampled in the woodland. ‘f__’ indicates the family assigned whereas ‘g__’ indicates the genus. 
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All phyllosphere samples had a high abundance of Proteobacteria, with an 

average of 44%, followed by Actinobacteria (30%) and Bacteroidetes (20%). As 

shown in Figure 2.6, the phyllosphere of holly and hawthorn trees was dominated by 

the top 15 most abundant genera which comprised 57- 77% of total reads. Seven of 

the taxonomic groups displayed in Figure 2.6 are from a currently undefined genera 

whereas eight could be assigned a genus. Of the identifiable genera, the most abundant 

amongst all samples were Hymenobacter (13%), Sphingomonas (10%), 

Methylobacterium (6%), Friedmanniella (5%) and Actinomycetospora (4%). Initial 

observations indicate only subtle differences in community composition between 

sample types at the genus level. For example, the hawthorn sampled in the woodland 

appears to have an increased abundance of Methylobacterium compared to that of 

hawthorn sampled at the roadside. Spring samples of all tree species differentiate from 

the other seasons with an increased abundance of Actinomycetospora. Holly samples 

appear to have a higher consistency in their community compositions between seasons 

than hawthorn samples and have a higher abundance of an undefined genus of 

Methylocystaceae. Differences in bacterial community composition between tree 

species, sampling location and sampling season were then further investigated and are 

analysed in the following sections.  

 

2.3.1.1 Impact of tree species and location on the bacterial community 

composition of the phyllosphere    

 

The diversity of 16S rRNA genes in hawthorn sampled in the woodland (HtW), 

hawthorn sampled by the roadside (HtR) and holly sampled in the woodland (HlW) 

was assessed and compared using multidimensional scaling (MDS) plots (Figure 2.7) 

to determine whether the bacterial community composition of phyllosphere samples 

differed between tree species or the environment in which the trees were sampled.  

 

When all seasonal samples are considered (Figure 2.7A), the bacterial 

community composition is significantly different between all groups. HtW and HtR 

had the least dissimilarity (P = 0.003, R statistic = 0.33) followed by HtW and HlW 

(P = 0.001, R statistic = 0.58), with HtR and HlW having the most dissimilarity 

between groups (P = 0.001, R statistic = 0.76). However, as seen in Figure 2.7A, the 

presence of samples sampled in the spring season for the hawthorn trees (HtW and 
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HtR) impacts the within-group variation, skewing the data. In order to better determine 

between-group differences within the samples which were not impacted by seasonal 

variation, only the established phyllosphere community samples (summer and 

autumn) were used for further nMDS analysis (Figure 2.7B) and subsequent SIMPER 

tests. The impact of sampling season on bacterial community composition is 

investigated in Section 2.3.1.2.  

 

Established phyllosphere community samples also show significant 

differences in community composition between sample groups and dissimilarity 

values were ranked the same between groups as when spring and winter samples were 

included (HtW and HtR: P = 0.001, R statistic = 0.74, HtW and HlW: P = 0.001, R 

statistic = 0.95, HtR and HlW: P = 0.99, R statistic = 0.99). When spring and winter 

samples are excluded, the dissimilarity between groups increases, as indicated with 

the higher R statistics found between groups than those stated above. 

 

SIMPER analysis between groups found that the HtW and HtR groups had a 

43% dissimilarity value. The top 10 bacterial OTUs impacting the dissimilarity 

between these groups is shown in Table 2.5A. HtW and HlW had a dissimilarity value 

of 52.5% and the OTUs having the most impact on this dissimilarity are shown in 

Table 2.5B.  
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Figure 2.7: NMDS ordination of variation between bacterial OTUs of phyllosphere samples from different tree species and location. MDS analyses were 
derived from Bray-Curtis similarity matrices constructed with relative read abundance data of OTUs present in each sample. HtW = hawthorn sampled in the 
woodland, HtR = hawthorn sampled by the roadside, HlW = holly sampled in the woodland. A) All seasonal samples included. B) Only established phyllosphere 
samples included (summer and autumn). 

A) B) 

Spring 
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2.3.1.2 Temporal variation in bacterial community composition  

 

The composition of 16S rRNA genes from trees sampled throughout one year 

at each season was assessed and compared using multidimensional scaling (MDS) 

plots (Figure 2.8) to determine whether the bacterial community composition of 

phyllosphere samples differed between trees sampled in different seasons.  

 

Table 2.5: SIMPER analysis of bacterial community dissimilarity between established 

(summer/autumn) phyllosphere samples from trees of different species and sampling location. A) 

Woodland hawthorn (HtW) and roadside hawthorn (HlW) trees, B) Woodland hawthorn (HtW) and 

woodland holly (HlW) trees. ‘Greengenes assignment’ refers to the highest taxonomic level assigned 

using the Greengenes reference database as described in Section 2.2.5 in which ‘f_’ is at the family level, 

‘g_’ is at the genus level and ‘s_’ is at the species level. Each OTU was also assigned taxonomy using 

the 16S ribosomal RNA sequences database on the NCBI BLASTÒ website (Johnson et al. 2008) in 

which the top hits are displayed in the ‘BLAST Hit’ column. Abundance value comparisons are relative 

abundance. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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When all sample types are grouped together by seasonal sample time, there is 

a significant difference between the bacterial communities found in spring and 

summer (P value = 0.001, R statistic = 0.69), and spring and autumn (P value = 0.001, 

R statistic = 0.52) but not summer and autumn (P value = 0.172, R statistic = 0.06).  

 

When ANOSIM test statistics were performed individually, the previous result 

was found with both hawthorn trees (HtW and HtR), with spring being significantly 

different to summer (HtW: P value = 0.034, R statistic = 1, HtR: P value = 0.024, R 

statistic = 1) and autumn (HtW: P value = 0.033, R statistic = 1, HtR: P value = 0.029, 

R statistic = 1) samples and no significant difference between summer and autumn 

(HtW: P value = 0.092, R statistic = 0.56, HtR: P value = 0.095, R statistic = 0.29) 

samples.  

Figure 2.8: NMDS ordination of variation between bacterial OTUs of phyllosphere samples 
from different seasonal sampling times. MDS analyses were derived from Bray-Curtis similarity 
matrices constructed with relative read abundance data of OTUs present in each sample. HtW = 
hawthorn sampled in the woodland, HtR = hawthorn sampled by the roadside, HlW = holly 
sampled in the woodland.  
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While there was a significant difference between holly spring and autumn 

samples (P value = 0.026, R statistic = 0.59) as with hawthorn, there was no significant 

difference between spring and summer samples (P value = 0.134, R statistic = 0.32). 

There was also no significant difference between summer and autumn samples (P 

value = 0.317, R statistic = 0.15), as with the hawthorn samples. Winter holly samples 

were significantly different from spring (P value = 0.028, R statistic = 0.5) and summer 

(P value = 0.03, R = 0.61) samples, but not autumn (P value = 0.1, R statistic = 0.32). 

By comparison of the R values gained from differences between the seasons for holly 

trees and hawthorn trees, as well as the visual clustering observed in Figure 2.8, it is 

clear that there is more dissimilarity between the seasons with hawthorn samples than 

with holly samples, even though both sample types show significant differences.  

 

As summer and autumn samples were not significantly different, they were 

combined into an ‘established phyllosphere community’ group and compared with the 

spring samples via SIMPER analysis to determine which bacterial OTUs drive the 

dissimilarity between the bacterial communities in spring and the established bacterial 

communities in summer/autumn. The bacterial OTUs which had the most impact on 

the dissimilarity between these groups are shown in Table 2.6.  
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From Figure 2.8, the pioneering communities of the spring samples are 

noticeably different between sample types. Spring sample communities were found to 

be significantly different between HtW and HtR groups (P value = 0.033, R statistic = 

1), HtW and HlW groups (P value = 0.033, R statistic = 0.96), and HtR and HlW 

groups (P value = 0.033, R statistic = 1). Spring samples show the most dissimilarity 

between the HtR and HtW groups (59.3%%), then the HtW and HtR groups (55.95%) 

and the least dissimilarity was between the HtW and HlW groups (46.05%). SIMPER 

analysis was used to determine the bacterial OTUs which were contributing most 

significantly to the dissimilarity between the groups, the results of which are displayed 

in Table 2.7. 

 

 

 

 

 

 

 

 

Table 2.6: SIMPER analysis of bacterial community dissimilarity between established (summer 

and autumn) and pioneer (spring) phyllosphere samples. ‘Greengenes assignment’ refers to the 

highest taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 

in which ‘f_’ is at the family level and ‘g_’ is at the genus level. Each OTU was also assigned taxonomy 

using the 16S ribosomal RNA sequences database on the NCBI BLASTÒ website (Johnson et al. 2008) 

in which the top hits are displayed in the ‘BLAST Hit’ column. Abundance value comparisons are relative 

abundance. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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2.3.2 Community composition of fungi in the phyllosphere of trees 

 

As an initial investigation into whether the diversity of fungal communities 

differs between tree species and tree locations, high-throughput sequencing of ITS 

genes was carried at as described in Section 2.2.5 for samples from a single timepoint 

in Autumn 2016.  The average number of reads per sample was 88743 and the 

minimum number of reads per sample was 61129 and so samples were rarefied to 

61000 reads prior to further analysis.  

 

Table 2.7: SIMPER analysis of bacterial community dissimilarity between pioneer (spring) 

phyllosphere samples from trees of different species and sampling location. A) Woodland hawthorn 

(HtW) and roadside hawthorn (HlW) trees, B) Woodland hawthorn (HtW) and woodland holly (HlW) 

trees. ‘Greengenes assignment’ refers to the highest taxonomic level assigned using the Greengenes 

reference database as described in Section 2.2.5 in which ‘f_’ is at the family level, ‘g_’ is at the genus 

level and ‘s_’ is at the species level. Each OTU was also assigned taxonomy using the 16S ribosomal RNA 

sequences database on the NCBI BLASTÒ website (Johnson et al. 2008) in which the top hits are displayed 

in the ‘BLAST Hit’ column. Abundance value comparisons are relative abundance. ‘Contribution’ refers 

to the percentage in which the OTU is impacting the dissimilarity between the two groups.  
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 Overall, the fungal phyllosphere was dominated by the Ascomycota (78%) and 

the Basidiomycota (19%) phyla. At the level of order (Figure 2.9), the dominating taxa 

were Capnodiales (30%), Tremellales (14%), Pleosporales (12%) and Diaporthales 

(6%). At the genus level, the most abundant taxa on average were Cladosporium 

(19%), Vishniacozyma (13%), Didymella (4%) and Venturia (4%). At the OTU level 

(Figure 2.10), two dominating species, Cladosporium flabelliforme (OTU1) and 

Vishniacozyma victoriae (OTU3) are ubiquitous amongst all sample types, making up 

19-32% of each sample. 

 

 
 

 

 

 

 

 

 

 

Figure 2.9: Relative abundance of dominant fungal orders in autumn hawthorn and holly 
leaf wash samples. Any orders which made up less than 2% of the relative abundance were placed 
in the ‘Low Abundance’ category. HtW = hawthorn sampled in the woodland, HtR = hawthorn 
sampled by the roadside, HlW = holly sampled in the woodland.  



 46 

 
 

 

 

  

Noticeable differences can be seen between the sample types at both high 

taxonomic levels such as order and at the OTU level. For example, at the order level 

(Figure 2.9), roadside samples (HtR) have a greater abundance of both Dothideales 

and Ceraceosorales than woodland samples (HtW and HlW). Holly samples (HlW) 

appear to have greater numbers of Chaetothyriales than hawthorn (HtW and HtR) 

samples whereas hawthorn samples have a greater abundance of pleosporales.  

 

There are also noticeable differences in the community composition between 

sample types at the OTU level (Figure 2.10), such as the higher abundance of 

Didymella heteroderae in hawthorn (HtW and HtR) than holly (HlW) samples and the 

high abundance of Venturia populina and Microcyclospora tardicrescens species 

present in woodland hawthorn samples (HtW) compared to roadside hawthorn (HtR) 

and holly (HlW) samples. Roadside hawthorn (HtR) samples are also distinguishable 

Figure 2.10: Relative abundance of dominant fungal OTUs in autumn hawthorn and holly leaf 
wash samples. Any reads which made up less than 1% of the relative abundance were placed in the 
‘Low Abundance’ category. HtW = hawthorn sampled in the woodland, HtR = hawthorn sampled by 
the roadside, HlW = holly sampled in the woodland. OTUs were given taxonomy according to the 
highest level it could be identified to (s = genus and species, g = genus, f = family, o = order).  
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from woodland hawthorn (HtW) and holly (HlW) samples by the increased abundance 

of Aureobasidium pullulans compared to the other sample types.  Differences in fungal 

community composition between the sample types (HtW, HtR and HlW) was further 

investigated by NMDS analysis, the results of which are displayed in Figure 2.11.  

 
 

 

 

 

ANOSIM analysis found that all groups had significantly different fungal 

communities (for all pairwise comparisons between groups P value = 0.029, R statistic 

= 1). SIMPER analysis was used to identify the top 10 OTUs which were having the 

greatest impact on the dissimilarities between the groups. The results are shown in 

Table 2.8. Within- group similarity percentages also differed between groups, with the 

hawthorn groups having the higher and more similar percentages between replicates 

at 68.9% and 67.6% for HtW and HtR, respectively, whereas HlW samples had less 

similarity between replicates at 64.1%. 

 

Figure 2.11: NMDS ordination of variation between fungal OTUs of phyllosphere samples 
from different tree species and location. MDS analyses were derived from Bray-Curtis 
similarity matrices constructed with relative read abundance data of OTUs present in each sample. 
HtW = hawthorn sampled in the woodland, HtR = hawthorn sampled by the roadside, HlW = holly 
sampled in the woodland.  
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2.3.3 Changes in microbial and PM counts in tree phyllosphere samples over time 

 

 During the leaf washing process, initial observations were made which 

indicated that the different sample types harboured different quantities of particulate 

matter on the leaf surface, as shown in Figure 2.12. The images show an accumulation 

of dark coloured particles on the filters from the roadside hawthorn (HtR) leaf wash 

samples. Hawthorn and holly trees sampled in the woodland appeared to have less 

Table 2.8: SIMPER analysis of fungal community dissimilarity between phyllosphere samples from 

trees of different species and sampling location. A) Woodland hawthorn (HtW) and roadside hawthorn 

(HlW) trees, B) Woodland hawthorn (HtW) and woodland holly (HlW) trees. ‘UNITE assignment’ refers 

to the highest taxonomic level assigned using the UNITE reference database as described in Section 2.2.5 

in which ‘o_’ is at the order level, ‘f_’ is the family level, ‘g_’ is at the genus level and ‘s_’ is at the species 

level. Each OTU was also assigned taxonomy using the Nucleotide collection database on the NCBI 

BLASTÒ website (Johnson et al. (2008) in which the top hits are displayed in the ‘BLAST Hit’ column. 

Abundance value comparisons are relative abundance. ‘Contribution’ refers to the percentage in which the 

OTU is impacting the dissimilarity between the two groups.  
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particulates washed from the leaf surface, giving the filters a lighter brown 

colouration.  

 
 

 

 

 

Leaf-wash suspension was collected at three different timepoints (autumn 

2017 – summer 2018) and analysed by flow cytometry, as described in Section 2.2.6 

to determine if microbial cell counts or particulate matter (PM) counts significantly 

varied between tree species or tree sampling location. Count data is displayed in Figure 

2.13.  

 

 

Figure 2.12: Appearance of leaf wash filters from trees sampled by the roadside compared 
to those sampled in the woodland. A) Roadside hawthorn (HtR), B) Woodland hawthorn (HtW), 
C) Woodland holly. Filters shown are the result of 5 g of leaves having undergone the washing 
process. The leaf wash filters displayed were sampled in autumn 2016 but are representative of 
the appearance of the filters throughout the study.  
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On average, there were 391 microbial counts and 1456 PM counts per μL of 

leaf wash from phyllosphere samples. Significant differences in counts were found 

between different trees and between seasons in which the trees were sampled. P values 

for comparisons are shown in Table 2.9.    

 

 

 

 

 

Figure 2.13: Abundance of microbial cell and PM counts from phyllosphere leaf wash samples. 
Error bars represent standard deviation, shaded areas indicate the interquartile range and the median 
is indicated by bold lines within the interquartile range.       
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From Figure 2.13 and Table 2.9, it can be seen that apart from in autumn where 

HtR samples had a higher abundance of microbial cells than HlW samples, there was 

no significant difference in microbial cell count between tree sample types. Microbial 

cell counts were also not significantly different between most sample times, apart from 

higher counts in autumn than summer for HtR samples and higher summer counts than 

spring in HlW samples.  

 

In contrast to microbial cell counts, PM counts were more often significantly 

different between sample trees and sampling time than not. Samples from autumn and 

summer showed significantly higher PM counts in HtR samples than HtW and HlW 

samples and HtW had significantly higher counts than HlW. There were no 

Table 2.9: P values for differences in microbial and PM counts between tree sampled 
and season sampled. Samples indicated by codes in which HtW = hawthorn sampled in the 
woodland, HtR = hawthorn sampled by the roadside, HlW = holly sampled in the woodland. 
Comparisons which resulted in significant differences are indicated with an *, with the 
underlined sample indicating the group with significantly higher counts. 
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significantly different counts between sample tree groups in spring. For woodland 

samples (HtW and HlW), there were significantly higher PM counts in summer than 

autumn and spring and higher counts in autumn than spring. For the roadside samples 

(HtR), autumn samples had significantly higher PM counts than summer and spring 

samples and summer had higher counts than spring.    
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2.4 DISCUSSION 

 

2.4.1 Phyllosphere bacterial community composition of hawthorn and holly 

trees  

 

Phyllosphere samples from hawthorn and holly leaves were typical of other 

phyllosphere communities (Vorholt, 2012, Leveau and Tech, 2010), with 

Proteobacteria, Actinobacteria and Bacteroidetes being the most dominant phyla and 

common genera such as Hymenobacter, Sphingomonas and Methylobacterium being 

the most abundant genera present. Sphingomonas species are believed to have 

beneficial impacts on the host plant, promoting plant growth and protecting leaves 

from pathogens (Enya et al., 2007, Innerebner et al., 2011). Methylobacterium are 

presumed to be ubiquitous in the phyllosphere as they are able to utilise plant-

produced methanol as a substrate. Proteomics studies have shown that 

Methylobacterium enzymes involved in methanol utilisation dominated the protein 

repertoire of the leaf surface, indicating that methanol utilisation by Methylobacterium 

is a major function of the phyllosphere (Delmotte et al., 2009, Knief et al., 2012).  

Despite a number of studies describing Hymenobacter as a dominant coloniser of the 

phyllosphere (Aydogan et al., 2018, Ottesen et al., 2009, Leveau and Tech, 2010), the 

functional impact this genus has in the phyllosphere is currently unknown.  

 

High levels of both Friedmanniella and Actinomycetospora were also found in 

this study, which are not well documented as being common taxa in the phyllosphere. 

Friedmanniella species have been identified in the phyllosphere of Tsuga canadensis 

(hemlock) trees (Rogers et al., 2018) and Magnoilia grandiflora trees (Jackson and 

Denney 2011), although not in as high abundances as found in this study. 

Actinomycetospora species were originally isolated from soil (Jiang et al., 2008) and 

have been identified as endophytes in some Australian trees (Kaewkla and Franco, 

2013), indicating that it is possible that Actinomycetospora reads found in this study 

may be due to soil contamination or by contamination from leaf damage. However, 

this is doubtful as care was taken to select undamaged leaves in the washing process 

and contamination from either source is unlikely due to the high abundance of reads. 

Therefore, species in the Actinomycetospora genus may be a previously unrecognised 

abundant epiphyte present in the phyllosphere of trees.  
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2.4.1.1 Impact of tree species and sampling location on bacterial community 

composition  

 

When all seasonal samples were considered, all three sample types were 

significantly distinct from one another, meaning that phyllosphere samples from 

different tree species and sampling location had significantly different bacterial 

communities at all sampling times.  However, as shown in Figure 2.7, the samples 

taken in spring for both hawthorn sample groups were distinctly different from the rest 

of the samples. They were therefore excluded from further analysis so that differences 

in community composition between tree species and tree sampling location could be 

targeted without sampling season having a significant impact. This highlights the 

difficulties in controlling other variables in the dynamic phyllosphere environment.  

Samples taken in summer and autumn were therefore used for analysis of how 

dissimilar bacterial communities were between tree species and sampling location as 

these were deemed the ‘established’ phyllosphere community. Results showed that 

again, all groups were significantly dissimilar and that the woodland hawthorn (HtW) 

and woodland holly (HlW) bacterial communities were more dissimilar (R= 0.95) than 

the woodland hawthorn (HtW) and roadside hawthorn (HtR) bacterial communities 

(R=0.74). These results are therefore in support of findings by Redford et al. (2010) 

and Laforest-Lapointe et al. (2016), which suggest that tree species have a greater 

impact on the bacterial community than sampling location. However, this study was 

conducted on a relatively small scale and while such a result is indicated, greater 

numbers of tree species and sampling locations would need to be included in future 

experiments before it can be confirmed that tree species is a greater driver of bacterial 

community composition than geographical location in this experiment.   

 

 SIMPER analyses showed that a high percentage of the dissimilarity between 

the hawthorn woodland and roadside samples, and the holly and hawthorn samples, 

was due to changes in abundance between common phyllosphere genera such as 

Hymenobacter and Sphingomonas. This indicates that both tree species and sampling 

location significantly impacts the relative abundances of common colonisers of the 

phyllosphere, while they are present in all samples.  
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 On further analysis of SIMPER results between the roadside and woodland 

hawthorn samples, other than common bacterial genera, there were several OTUs 

which impacted the dissimilarity between the groups. Two of these were OTUs of the 

Variovorax and Massilia genera, both of which were present in higher abundances in 

the roadside samples than the woodland samples. Some Variovorax species have been 

shown to be able to degrade benzene (Posman et al., 2017), phenol and 

trichloroethylene (Futamata et al., 2005) and have been enriched in the presence of 

toluene (Fries et al., 1997). Likewise, some Massilia species are able to degrade the  

pollutant phenanthrene (Wang et al., 2016) and have recently been shown to 

significantly increase in abundance in aerosols along with increased  levels of PM 2.5 

(Zhang et al., 2019). The increased abundance of bacterial genera known to degrade 

such pollutants in HtR samples compared to HtW samples indicates the potential for 

enrichment of bacteria able to degrade or tolerate pollutants in locations in closer 

proximity to the roadside, possibly due to the higher concentration of vehicle exhaust 

fumes present. However, as only two sample sites were used in this study to detect 

changes in community composition between roadside and woodland samples and the 

pollutant-degrading potential of those specific OTUs are not known, this is only 

speculative. In addition, roadside hawthorn samples contained more than double the 

number of reads (2%), on average, of OTU31 than woodland hawthorn samples (1%). 

OTU31 is an Enterobacteriaceae species most related to either Klebsiella or 

Enterobacter, both of which are genera which contain many opportunistic pathogens. 

Although it cannot be certain from this experiment that this OTU is pathogenic, it can 

be speculated that the urban phyllosphere may have a higher pathogen load than the 

rural phyllosphere. Similar observations are further discussed in Chapter 5.  

 

 While OTUs which confer the most dissimilarity between the two types of 

hawthorn samples were due to differences in the ratio of the OTU (i.e, they were still 

present in both sample types), there are some abundant OTUs such as those belonging 

to the Nissabacter/Serratia, Siccationidurans and Camelimonas genera which are 

present in holly samples but not detected at all in the woodland hawthorn samples. 

This indicates that holly trees may be host to some bacterial species which are unique 

to the tree species and therefore while sampling location may significantly change the 

abundance of OTUs present, tree species may have a stronger selective force which 

generates more of a presence/absence pattern in the data. These observed differences 
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in bacterial community composition may be largely driven by host biochemistry and 

the physical properties of the leaf surface. As host plant properties such as essential 

oil concentrations, leaf cuticle thickness and amount of phenolic compounds released 

has shown to significantly impact the abundance of bacteria in the phyllosphere 

(Yadav et al., 2005), it is also likely that these properties impact the community 

composition. For example, differences in nitrogen and phosphorus concentrations 

within the leaves of host plants have been shown to correlate with specific 

compositional changes within bacterial communities (Kembel et al., 2014). The leaves 

of different host plants may also have varying cuticle permeability, a factor which has 

been shown to be one of the strongest drivers of selection for bacterial communities 

in the phyllosphere, likely due to impacts on bacterial adhesion to the leaf surface and 

affecting the availability of water and nutrients to phyllosphere colonists 

(Bodenhausen et al., 2014). In order to gain a more mechanistic understanding of how 

host plants select for specific bacterial communities, meta-omics techniques could be 

applied in order to investigate possible adaptations some of the OTUs observed in this 

study may have acquired for successful growth on their host tree species.   

 

2.4.1.2 Impact of sampling time on bacterial community composition  

 

From Figure 2.8 and comparison of the R statistics, it is clear that bacterial 

communities on holly leaves change the least between seasons. Although holly 

bacterial communities were found to be significantly different when spring and 

autumn, and winter and spring/summer were compared, the R values were much lower 

than the seasonal differences found between hawthorn samples. This indicates that the 

bacterial community on the holly leaves is more consistent throughout the year 

whereas the hawthorn community is more variable. This is unsurprising as holly is an 

evergreen tree whereas hawthorn is a deciduous tree and therefore, as the holly leaves 

do not senesce in autumn/winter, they will maintain their microbial community and it 

will be more established than trees which annually shed their leaves. The difference 

in the holly leaf bacterial communities between spring and summer/winter samples 

could be due to the fact that a mix of newly emerging and older leaves were sampled 

in spring. Therefore, a mixture of leaf ages would have been sampled and it is likely 

that older leaves would have a community more similar to other samples from other 

seasons than fresh leaves. To determine more accurately how the bacterial community 
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structure of evergreen trees differs between seasons, future experiments should 

separate newly emerging leaves to older, more established leaves. 

 

For all sample groups, the bacterial communities were not significantly 

different when sampled in summer to when they are sampled in autumn. This suggests 

that once the phyllosphere microbial community is established, the community 

structure may remain fairly stable until the emergence of new leaves. This is unlike 

the findings by Redford and Frier (2009) who found that bacterial populations on 

poplar trees were significantly different throughout the growing season (August – 

October), even when samples were taken only weeks apart. However, in the present 

study, a greater shift in bacterial community composition may have been observed had 

leaves been sampled further into leaf senescence than in the middle of autumn when 

they were sampled (mid October).  

 

Overall, the ‘pioneering’ spring phyllosphere samples were significantly 

different to the ‘established’ communities of summer and autumn. SIMPER analysis 

showed that the main drivers of this dissimilarity were due to much lower abundances 

in OTUs in the Hymenobacter, Sphingomonas genera, which are well-known 

phyllosphere colonisers and higher abundances of Actinomycetospora, Methylosinus 

and Friedmanniella OTUs. This supports the idea that the phyllosphere environment 

selects for specific bacterial species, with initial colonisers of the phyllosphere in 

spring possibly being outcompeted in summer/autumn by species which have been 

consistently found in the phyllosphere and are adapted to the leaf surface habitat. 

However, it could also be the case that many of the abundant species observed in 

spring may be endophytic bacteria and persist within the leaf in later seasons rather 

than the leaf surface. Alternatively, these genera may be common leaf endophytes and 

may be released from more delicate spring leaves during the washing process. This 

could be further investigated by characterisation and comparison of the bacterial 

community within surface sterilised leaves as well as leaf wash samples over a period 

of time.  

 

Each of the three pioneer samples were significantly different from each other, 

suggesting that the initial colonisers of the phyllosphere in spring may differ between 

sampling location and tree species. SIMPER analysis showed that woodland hawthorn 
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leaves had a higher abundance of OTUs related to Methylosinus, Branchiibius and 

specific Pseudomonas OTUs than the other two sample types. Spring woodland holly 

samples were characterised by a higher abundance of Hymenobacter, Amnibacterium 

and Camelimonas OTUs. Roadside hawthorn bacterial communities had a higher 

abundance of Klebsiella/Enterobacter, Chryseobacterium and Variovorax OTUs. R 

statistics between the groups suggested that the spring woodland hawthorn samples 

were more similar to the spring woodland holly samples than the spring roadside 

hawthorn samples. This indicates that the hawthorn trees were seeded from very 

dissimilar communities based on their location and that pioneering bacterial 

communities are more similar between trees in the same location than between tree 

species. Interestingly, when the community becomes more established, the woodland 

hawthorn samples are more similar to the roadside hawthorn indicating that while 

sampling location has a greater impact on the pioneer communities of the leaf surface, 

once established, the tree species has the greater impact on community composition. 

However, as phyllosphere bacterial communities have been shown to be highly 

variable between years (Jackson and Denney, 2011), a seasonal pattern cannot be 

established without further analysis of samples for multiple years, not just one.  

 

2.4.2 Phyllosphere fungal community composition of hawthorn and holly trees  

 

 At the phylum level, the fungal communities found in this study were typical 

of other phyllosphere investigations, with Ascomycota being the most highly 

abundant, followed by Basidiomycota. At the order level, similar dominant orders 

were found to other phyllosphere studies such as Capnodiales Tremellaes, and 

Pleosporales. However, the percentages at which they were found were quite different 

to previous studies of fungal communities in the phyllosphere. In this study, the most 

dominant order was Capnodiales, accounting for 30% of the total reads compared with 

studies by Jumpponen and Jones (2009) and Cordier et al. (2012) where it accounted 

for only 12.8% and 13% of the reads, respectively. Similarly, Tremellales reads were 

much higher in this study, comprising 14% of the total abundance, compared with < 

3% of total reads in other phyllosphere studies. Diaporthales were also highly 

abundant in this study (6%), an order which has not been identified as a common order 

of fungi to inhabit the phyllosphere in other research. At the genus level, 

Cladysporium was the only genus which was identified in abundance (19%) that has 
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been found previously to be abundant in the phyllosphere of Oak trees (Jumpponen 

and Jones, 2009). Other genera such as Vishniacozyma, Didymella and Venturia were 

identified as being the most abundant colonisers of the phyllosphere in this study, but 

have not been found in abundance in previous phyllosphere research. This further 

highlights the hypervariable nature of the fungal community of the phyllosphere, with 

all but one of the most abundant genera of fungi being unique to this study and were 

not found to be abundant in previous fungal profiling experiments of the phyllosphere 

of temperate forest trees. However, the majority of the differences shown could be due 

to the fact that previous fungal community profiling of temperate trees has been aimed 

at the endophyte community whereas this study focusses on the epiphyte community. 

Additional differences may be due to primer bias as, although in all cases the ITS 

amplicon was amplified, different primer pairs were used.  

 

 Despite findings by Cordier et al., (2012) that showed how individual trees of 

the same species and location had significantly different and distinct fungal 

communities, trees of the same sample type in this study were highly similar with 

groups of biological replicates (HtW, HtR or HlW) showing 64-68% similarity, as can 

be seen in Figure 2.10. 

 

  As a variety of previous research has indicated that the fungal phyllosphere is 

highly dynamic (Cordier et al., 2012, Jumpponen and Jones, 2009, Kembel and 

Mueller, 2014), it is unsurprising that the different sample types in the present study 

were also extremely dissimilar (R statistic = 1) between all groups, as can be seen in 

Figure 2.10 and Figure 2.11. Due to small sample sizes and such a high dissimilarity 

value between both sample comparisons, it cannot be estimated which factor, tree 

species or sampling location, is having a larger impact on the fungal community 

composition. However, results show that both are likely affecting the community 

structure, which agrees with previous research.  

 

SIMPER analysis shows that between woodland hawthorn and roadside 

hawthorn samples, the OTU which drives the most dissimilarity between the groups 

is that of Aureobasidium pullulans which accounted for 13 times more reads in the 

roadside samples than the woodland samples, accounting for >10% of the dissimilarity 

between the groups. Aureobasidium pullulans is black yeast and a known coloniser of 
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the phyllosphere and has been found on grapevine (Grube et al., 2011) and apple 

(Andrews et al., 2002) leaves. Black yeasts, including Aureobasidium pullulans, are 

also known for their ability to degrade aromatic pollutants such as toluene (Isola et al., 

2013), ethylbenzene and p-xylene (Prenafeta-Boldu et al., 2012) and phenol (dos 

Santos et al., 2009),  as well as some plastics (Webb et al., 2000). A review of the 

genomes of Aureobasidium pullulans strains also found multiple genes encoding 2-

monooxygenases and catechol dioxygenases, which are involved in aromatic 

compound degradation, and depolymerases, which are involved in plastic degradation, 

showing the biodegradation potential for this species. The presence of this species in 

high abundance in the phyllosphere community of roadside hawthorn trees further 

indicates the possibility of the roadside environment enriching fungal species able to 

degrade compounds present in car exhaust fumes, in addition to bacteria identified in 

Section 2.4.1.1. OTUs from the roadside samples which were more abundant than 

those in the woodland area also included those from the Cladosporium and Didymella 

genera, both of which were previously identified to be significantly more abundant in 

urban environments than rural environments (Jumpponen and Jones, 2010), 

strengthening the indication that urban landscapes may select for a specific community 

of fungi in the phyllosphere of trees. This hypothesis is further investigated in Chapter 

5.   

 

2.4.3 Abundance of microbial cells and PM in the phyllosphere and the impact of 

tree species, sampling location and sampling time  

 

 From flow cytometry results, it is estimated that there were around 1.9x107 

microbial cells per gram of washed leaf material. This estimate is almost 5-fold lower 

than the estimates of 108 bacterial cells alone per gram of leaf from other research 

(Lindow, 2003). However, the figure estimated by Lindow et al., (2003) was the 

maximum likely abundance of bacteria, not an average, and endophytes were also 

included whereas in the present study, only epiphytes were targeted. However, this 

could indicate that a large proportion of the microbial cells may still be adhered to the 

leaf surface after the leaf washing process, especially if microbes are in biofilms. 

While the leaf-washing process used in the present study was adapted from a 

previously established method used in a number of phyllosphere experiments (Knief 

et al., 2012, Qvit-Raz et al., 2012, Finkel et al., 2011, Kim et al., 2012), the efficacy 



 61 

of the leaf-washing process should be assessed in future with a variety of leaf surfaces 

to determine if a significant number of cells remain on the leaves and if there is a bias 

between different leaf morphologies.  

 

  As can be seen from Figure 2.13 and subsequent P values in Table 2.9, the 

microbial cell counts did not significantly differ between sample types, apart from in 

autumn, when the roadside hawthorn leaves had a significantly higher number of 

microbial cells than the woodland holly. Therefore, as a whole, tree species and sample 

location are not having a significant impact on the abundance of microbial cells on 

holly and hawthorn tree leaves.  Although not significant, a trend can be seen by which 

the roadside hawthorn leaves usually contain the most microbial cells, followed by the 

woodland hawthorn, followed by woodland holly leaves. It would be expected that 

holly leaves would have the least number of microbial colonisers as it was found by 

Yadav et al., 2005 that leaves high in phenolic compounds (which are higher in 

evergreen trees) and thicker leaves resulted in significantly fewer colony forming 

units. Bacteria are known to colonise urban air particulate matter (Franzetti et al., 

2011), meaning that the increase in microbial counts on roadside hawthorn leaves 

could be due to an influx of microbes present in PM. However, the abundance of 

bacteria in PM is unknown so it cannot be estimated how much an increase in PM on 

the leaf surface may be impacting total counts.  

 

 Results also indicated that overall, there was not a significant change in 

microbial abundance between sampling times, other than two exceptions.  

Interestingly, while the average microbial counts in hawthorn (roadside and 

woodland) samples dropped during the summer timepoint (significantly between HtR 

summer and autumn), counts significantly increased in holly samples. The summer 

samples were taken in the middle of a drought period in 2018, which was the UK’s 

joint hottest summer on record (Met Office, 2018), indicating that host tree species 

may have an impact on the health of a microbial population during extreme weather 

events such as drought.   

 

 In summer and autumn, there were significantly different PM counts between 

sample types, with roadside hawthorn having significantly more PM on the leaf 

surface than both woodland hawthorn and woodland holly samples. It is unsurprising 
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that roadside leaf samples contained more PM as they are in close proximity to urban 

traffic which is a large source of PM. However, results also indicate that hawthorn 

leaves in the woodland environment harboured higher counts of PM than holly leaves. 

As has been found in previous research, surface morphology of tree leaves is a 

dominating factor in the deposition of PM onto the leaf surface with hairy leaves 

having the most deposition and smooth, waxy leaves having the least (Mitchell et al., 

2010). Therefore, the waxy leaf surface of holly leaves may mean it is less efficient in 

trapping PM than hawthorn leaves.  

 

 A temporal pattern was seen with all sample types, with summer having 

significantly higher PM counts on the leaf surface than autumn and spring, and autumn 

samples having significantly higher counts than spring. This is unsurprising and is 

most likely due to the amount of rainfall present in each of the seasons, with the most 

occurring in the spring and autumn seasons, meaning that more PM is being washed 

off than in the summer period.  

 

2.4.4 Conclusions 

 

 Results from this chapter show that tree species and sampling location have a 

significant impact on the bacterial community of the trees sampled, with indications 

that tree species may have more of an impact on community composition than 

sampling location. The season in which leaves were sampled also had an impact on 

the community structure of bacteria, with spring samples being distinct from other 

seasons and hawthorn trees displaying a more season-based community profile than 

holly trees. To determine what impact the changing community dynamics might have 

on the functional capabilities of tree phyllosphere microbiota, the PNP- and CO-

degrading potential of these bacterial communities will be further investigated in 

Chapter 3 and 4.  

 

 The fungal community present in holly and hawthorn tree phyllosphere 

samples was found to be highly variable, with distinct community structures between 

sample types. Results indicated that both tree species and sampling location might 

have an impact on the community profile, although the experiment was carried out at 
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only one time-point and thus on a small scale. The ability of the fungal communities 

to degrade PNP in the phyllosphere is also investigated in Chapter 3. 

 

 Flow cytometry data suggests that the abundance of microorganisms does not 

significantly differ with tree species, sampling location or seasonal sampling time for 

the majority of samples. However, PM counts were significantly different between 

sample types, with roadside hawthorn leaves having the highest counts, followed by 

woodland hawthorn leaves and holly leaves having the fewest. The season in which 

leaves were sampled also had a significant impact on PM counts for all sample types, 

with the highest counts recorded in summer, followed by autumn and then spring. The 

impact of both microbial cell and PM counts on the ability of the tree phyllosphere 

communities to degrade PNP are further investigated in Chapter 3.   

 

 Comparisons between roadside and woodland hawthorn samples indicated that 

both the bacterial and fungal community compositions were significantly different 

between these two environments. Furthermore, some species with pollutant-degrading 

potential were enriched in the roadside environments, indicating the possibility that 

roadside environments may enrich microorganisms able to degrade or better tolerate 

atmospheric pollutants. This hypothesis is further investigated in Chapter 5. 
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CHAPTER 3 - DEGRADATION OF PNP BY 

PHYLLOSPHERE MICROBIOTA 
 

3.1 INTRODUCTION 

 

3.1.1 Properties of para-nitrophenol 

 

 Nitrophenols are aromatic compounds which contain 1-3 nitro (NO2) groups 

and a hydroxy (OH) group. They have been detected in a range of samples including 

rain water (Levsen et al., 1991), snow (Kawamura and Kaplan, 1986), aquatic water 

systems (Geissler and Scholer, 1994), soils (Voznakova et al., 1996) and the 

atmosphere (Harrison et al., 2005). 

 

 The most abundant nitrophenol in the atmosphere is para-nitrophenol (PNP), 

also known as 4-nitrophenol (4NP), which possesses a single nitro group on the 

benzene ring, opposite the hydroxyl group, as is shown in Figure 3.1, A. PNP also has 

a yellow colouration in both its solid state and when dissolved in liquid, as shown in 

Figure 3.1, B.  

 

 
 Figure 3.1: Properties of para-nitrophenol (PNP). A) Chemical structure of 

PNP. B) Yellow colouration of PNP in solution.  
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3.1.2 PNP as an environmental pollutant and its impact on human health and the 

environment  

 

 Due to its toxicity, PNP is listed as a priority pollutant by the US 

Environmental Protection Agency (EPA, 2014). PNP has been shown to pollute a 

range of environmental compartments, being present in rain water (400-1900 µg/m3), 

cloud water (3400-71000 µg/m3), dew water (0-629 mg/m3), particulate matter (2.12-

17.8ng/m3) and air (Zhang et al., 2010, Hofmann et al., 2008, Rubio et al., 2012). The 

concentration of PNP present in the atmosphere is dynamic, varying locally and 

temporally, with studies reporting concentrations in cities such as Rome and Santiago 

having a range of 18-1400 ng/m3 (Cecinato et al., 2005, Rubio et al., 2012), whereas 

rural air samples in England have shown PNP concentrations ranging from 0.02-35 

ng/m3 (Mohr et al., 2013, Luttke et al., 1997). Research has shown that exposure to 

PNP can have a negative impact both on human health and the environment, which is 

outlined below.  

 

 Nitrophenols (including PNP) have been detected in diesel exhaust particles, 

all of which were shown to possess vasodilatory activity as well as oestrogenic and 

anti-androgenic activity (Taneda et al., 2004). Similar findings by Li et al. (2006) 

showed that rats exposed to PNP at concentrations as low as 0.01 mg/kg for 5 days 

showed significant weight changes in reproductive organs, confirming that PNP is an 

endocrine-disrupting compound.  It has also been indicated that particulate matter 

(PM)-bound nitro-aromatic compounds have mutagenic potential (Wise et al., 1985). 

Collectively, these results indicate that the accumulation of PNP in the environment 

poses a threat to human health and could result in the disturbance of cardiovascular 

and endocrine functions in both wildlife and humans.     

 

 Research has shown that PNP is absorbed by diffusion through leaf cuticles 

and is detected within plant leaf tissues (Shafer and Schonherr, 1985). PNP acts as an 

uncoupling agent for oxidative phosphorylation and so, along with other nitrophenols, 

has been shown to be highly phytotoxic, with leaves of damaged trees containing 

higher nitrophenol concentrations than undamaged trees (Natangelo et al., 1999). As 

atmospheric PNP concentrations are considerably higher in winter months, it was 
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suggested that the higher PNP concentrations during this time may hinder plant 

development during the following spring and that the phytotoxic effects of PNP are 

likely responsible for forest decline in central Europe and North America (Rippen et 

al., 1987). PNP also has an indirect impact on air quality by providing a source of 

nitrous acid (Bejan et al., 2006) which has a potential role in the chain reactions of 

photochemical smog (Atkinson, 2000). Research suggests that the majority of PNP in 

the atmosphere (approximately 82%) is particle-bound, and therefore PNP is a 

component of particulate matter which may contribute to its toxicity and its ability to 

negatively impact air quality (Cecinato et al., 2005). As PNP is highly soluble, it is 

also rapidly dissolved into precipitation from the atmosphere which is then deposited 

into water systems where its toxicity poses a threat to aquatic life (TenBrook et al., 

2003, Vione et al., 2009). More recently, PNP and other nitrophenols have also been 

identified as components of ‘brown carbon’, compounds that can absorb light in the 

near-UV range, and can therefore affect atmospheric radiative transfer and 

photochemistry (Mohr et al., 2013). Therefore, nitrated phenols such as PNP have the 

potential to negatively impact the environment by contributing to climate change as 

well as being a toxic pollutant.   

 

3.1.3 Sources and sinks of atmospheric PNP 

 

 The majority of PNP is emitted into the atmosphere via anthropogenic activity. 

The largest source of PNP, especially in urban areas, is thought to be via combustion 

processes such as vehicular combustion and combustion of biomass and coal. The 

amount of PNP being emitted from vehicle exhausts has been dramatically reduced 

since the improvement of vehicle emission controls, with catalytic converters reducing 

phenolic compound emissions by 93% (Tremp et al., 1993). However, Perrone et al. 

(2014) found that PNP was the most PM-based phenolic compound tested and that 

when both gas and PM-phase PNP concentrations were accounted for, the emission 

factor for PNP was still roughly 0.5-5 µg/km for diesel engines and 0.4-1.3 µg/km for 

gasoline engines. Similarly, Inomata et al. (2015) tested various diesel engines which 

had PNP emission factors of ~0.8-21 µg/km, depending on the type of after treatment 

system. The burning of biomass such as wood has been shown to emit PNP in the 

range of 0.4-1.7 mg/kg of biomass (Hoffmann et al., 2007) and the combustion of fuels 
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such as coal has been shown to contribute significantly to the total burden of 

nitrophenols in the atmosphere, with estimates that up to 50% of nitrophenols 

originated from coal combustion in regions of China where combustion of fossil fuels 

is largely depended upon for energy generation (Wang et al., 2018). As well as 

combustion processes, PNP can also be introduced into the atmosphere by the use of 

pesticides such as methyl parathion, which is susceptible to photochemical 

degradation and hydrolysis which results in the release of PNP (Shafer and Schonherr 

1985), although this is unlikely to be a major source of atmospheric PNP (Harrison 

2005). In more remote areas, it is thought that roughly 1/3 of all nitrophenols originate 

from secondary gas-phase processes (Harrison 2005). Daytime reactions between 

phenol and hydroxyl radicals have been shown to yield aromatic compounds such as 

catechol and o-nitrophenol (2-nitrophenol), but do not yield PNP (Olariu et al., 2002). 

PNP may be produced by the night-time mediated nitration of phenol by nitrate 

radicals, although the yield of PNP by these processes vary between experiments, with 

yields of 50% PNP (Olariu, 2001) and 27% PNP (Bolzacchini et al., 2001) being found 

and both experiments, suggesting that this process may only occur when high 

concentrations of O3 are present. It has also been proposed that PNP may be produced 

in the atmosphere by either a reaction between phenoxyl and nitrogen dioxide radicals 

(Carter, 1990) or by a reaction between phenol and nitrate radicals (Bolzacchini et al. 

2001). 

 

 The removal of nitrophenols via the following sinks restricts PNP to relatively 

low concentrations in the atmosphere. As with the majority of organic compounds in 

the atmosphere, removal of PNP via hydroxyl and nitrate radicals is probable, but it is 

suggested that gas-phase reactions are not the main sink of PNP (Harrison 2005). Due 

to its solubility and affinity to sorb to particles, much of the PNP in the atmosphere is 

scavenged by cloud water and particulate matter, which is then removed from the 

atmosphere by precipitation events. This is evidenced by the comparatively high 

concentrations of PNP in rain/cloud water (Hofmann et al. 2008, Rubio et al. 2012) 

and PNP in the particle-phase (Cecinato et al. 2005) compared to atmospheric 

concentrations. Tree leaves also act as natural filters for particulate matter, with reports 

of up to 50% of urban particulate matter being trapped by tree leaves (Maher et al., 

2013) and so the leaf surface may also indirectly remove particle-phase PNP by 

trapping PM before it is removed by precipitation. When in water droplets, in the 
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atmosphere or within water systems, PNP is degraded by hydroxylation by hydroxyl 

radicals and direct UV photolysis (Alif and Boule, 1991). As will be discussed further 

in Section 3.1.4, microorganisms in the soil and aquatic habitats such as rivers are also 

known to degrade PNP and therefore play a role in the degradation of PNP exposed to 

these environments. The known and speculated sources and sinks of atmospheric PNP 

are summarised in Figure 3.2. 

 

 As tree leaves are exposed to the atmosphere, precipitation and particulate 

matter, they will therefore be exposed to varying concentrations of PNP. It is known 

that microorganisms in the soil and aquatic systems are able to degrade PNP and 

therefore it is possible that phyllosphere microbiota able to degrade PNP are also 

present on the leaf surface and may be providing an additional sink of atmospheric 

PNP in various phases.   

 

 

 



 69 

 

 
Figure 3.2: Sources and sinks of PNP in the atmosphere. The chemical production of nitrate-mediated PNP in the atmosphere indicated in the figure is speculated 
to occur during the night only. During the degradation of PNP by UV photolysis and hydroxylation in water systems, the compounds produced are hydroquinone 
(HQ), benzoquinone (BQ) and para-nitrosophenol (P-NOP) (Olariu, 2001). As indicated in the figure, microorganisms able to degrade PNP in the soil, rhizosphere 
and water systems have been identified (see Table 3.1 and 3.2) but it is currently unknown whether phyllosphere microbiota have this ability.   
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3.1.4 Bacterial degradation of PNP 

 

 A range of PNP-degrading bacteria from the Proteobacteria, Actinobacteria 

and Firmicutes phyla have been isolated from a variety of sources such as soils, the 

rhizosphere, sediment, wastewater, sludge and river water (Table 3.1).  

 

 

PNP-degrading bacteria Isolation Source Reference 

Alphaproteobacteria   

Methylobacterium sp. C1 Wastewater (Yue et al., 2018) 

Ochrobactrum sp. B2 Soil (Qiu et al., 2007) 

Rhodobacter capsulatus Unknown (Roldan et al., 1998) 

Sphingomonas sp. UG30 Soil (Cassidy et al., 1999) 

Betaproteobacteria   

Achromobacter xylosoxidans sp. Ns Sediment (Wan et al., 2007) 

Burkholderia zhejiangensis Agricultural soil (Popoca-Ursino et al., 2017) 

Burkholderia sp. S5-2 Agricultural soil (Fernandez-Lopez et al., 2017) 

Burkholderia/Ralstonia sp. SJ98 Agricultural soil (Samanta et al., 2000) 

Ralstonia sp.  Wastewater (Tomei et al., 2006) 

Gammaproteobacteria   

Acinetobacter sp. Activated sludge (Suarez-Ojeda et al., 2011) 

Moraxella sp. Activated sludge (Spain and Gibson, 1991) 

Pseudomonas spp.  River water (Kowalczyk et al., 2015) 

Pseudomonas aeruginosa HS-D38 Agricultural soil (Zheng et al., 2009) 

Pseudomonas pseudomallei sp. 

EBN-10 

Wastewater (Rehman et al., 2007) 

Table 3.1: Bacterial species able to degrade PNP. 
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Pseudomonas putida Sediment (Kulkarni and Chaudhari, 2006) 

Pseudomonas cepacian RKJ200 Soil (Prakash et al., 1996) 

Pseudomonas sp. 1-7 Activated sludge (Zhang et al., 2012) 

Pseudomonas sp. WBC-3 Soil (Chen et al., 2002) 

Pseudomonas sp. NyZ402 Activated sludge (Wei et al., 2010) 

Serratia sp. DS001 Agricultural soil (Pakala et al., 2007) 

Stenotrophomonas sp. LZ-1 Activated sludge (Liu et al., 2007) 

Xanthomonas sp.  Activated sludge (Tchelet et al., 1993) 

Actinobacteria   

Arthrobacter sp. JS443 Unknown (Jain et al., 1994) 

Arthrobacter chlorophenolicus sp. 

A6 

Soil (Unell et al., 2008) 

Arthrobacter sp. Y1 Activated sludge (Li et al., 2008) 

Arthrobacter sp. HY2 Soil (Qiu et al., 2009) 

Arthrobacter protophormiae sp. 

RKJ100 

Soil (Chauhan et al., 2000) 

Arthrobacter sp. NyZ415 Unknown (Liu et al., 2010) 

Brevibacerium linens Soil (Ningthoujam, 2005) 

Citricoccus nitrophenolicus Wastewater (Nielsen and Ingvorsen, 2013) 

Nocardia sp. TW2 Soil (Hanne et al., 1993) 

Nocardiodes sp. NSP41 Wastewater (Cho et al., 2000) 

Nocardioides nitrophenolicus  Wastewater (Yoon et al., 1999) 

Rhodococcus wratislaviensis Groundwater (Subashchandrabose et al., 

2018) 
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Rhodococcus sp. CN6 Sediment (Zhang et al., 2009b) 

Rhodococcus sp. Y-1 Activated sludge (Leilei et al., 2012) 

Rhodococcus opacus SAO 101 Soil (Kimura and Urushigawa, 

2001) 

Rhodococcus sp. PN1 Activated sludge (Takeo et al., 2003) 

Rhodococcus imtechensis RKJ300 Soil (Ghosh et al., 2010) 

Firmicutes   

Bacillus sp. BUPNP2 Rhizosphere (Sengupta et al., 2015) 

Bacillus spp.  Soil (Sreenivasulu et al., 2012) 

Bacillus pumilus T1 Soil (Ali et al., 2011) 

Bacillus sphaericus sp. JS905 Agricultural soil (Kadiyala et al., 1998) 

 

 Of the known PNP-degrading bacteria, the pathways in which PNP is degraded 

has only been investigated in a limited number and so far two main pathways for the 

degradation of PNP have been characterised, which are displayed in Figure 3.3. The 

first pathway, termed the ‘HQ’ pathway, oxidises PNP to benzoquinone which is then 

reduced to hydroquinone (hence, HQ). This pathway has been characterised in Gram-

negative bacteria such as Pseudomonas spp. (Nishino and Spain, 1993, Zhang et al., 

2009a, Shen et al., 2010) and Moraxella sp. (Spain and Gibson, 1991).   

 

In the second pathway, the ‘NC’ pathway, degradation of PNP occurs via the 

oxidation of 4-nitrocatechol (hence, NC). This pathway has been characterised mostly 

in Gram-positive species such as Rhodococcus spp. (Yamamoto et al., 2011, Kitagawa 

et al., 2004), Arthrobacter spp. (Jain et al. 1994, Chauhan et al. 2000) and Bacillus sp. 

(Kadiyala and Spain, 1998). However, the Gram-negative bacterium Serratia sp. 

DS001 has also been found to degrade PNP via the NC pathway, indicating that this 

pathway can be utilised by both Gram-positive and Gram-negative species (Pakala et 

al. 2007). The two pathways of PNP degradation in bacteria are displayed in Figure 

3.3. Both pathways converge at the production of maleylacetate, which is then reduced 
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to 3-oxoadipate by maleylacetate reductase. 3-oxoadipate is then further converted 

into intermediates used by the tricarboxylic acid cycle.  

 
 

 

There are, however, deviations from the above PNP-degradation pathway 

schemes. For example, Arthrobacter protophormiae RKJ100 has been shown to 

degrade PNP by the NC pathway until the production of hydroxyquinol, which is then 

converted to 2-hydroxy-1,4-benzoquinone, instead of maleylacetate, which is then 

further converted into benzoquinone and hydroquinone (Chauhan et al., 2000).  

Similarly, it was proven that Arthrobacter sp. JS443 also follows an alternative 

degradation route described for Arthrobacter protophormiae, indicating that multiple 

bacterial species may be able to degrade PNP via pathways which do not fit the model 

in Figure 3.3 (Perry and Zylstra, 2007). Also, whilst it was previously thought that the 

HQ and NC pathways of PNP degradation were independent and exclusive, both 

Burkholderia sp. SJ98 (Chauhan et al., 2010) and Burkholderia zhejiangensis CEIB 

S4-3 (Popoca-Ursino et al. 2017) are able to degrade PNP via both pathways.  

 

 

Figure 3.3: PNP degradation pathways. Gene names for selected genes are indicated in red. Adapted 
from Chauhan et al. (2010).  
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Kowalczyk et al. (2015) designed functional primers for the amplification of 

npdA2, pnpA and mar genes in order to investigate the diversity of PNP-degrading 

organisms in river water. Results indicated that the degradation of PNP in this system 

was largely driven by Pseudomonas spp., which were the only pnpA gene sequences 

amplified, and amplification of npdA2 genes was not successful. The diversity of mar 

genes was found to be higher than that of pnpA, however, as concluded by Kowalczyk 

et al., the maleylacetate reductase enzyme is involved in a range of aromatic 

degradation pathways (Seibert et al., 1993) and therefore has limited use as a 

functional marker specifically for PNP degradation. Nonetheless, this study was 

important in demonstrating how functional gene primers can be used to determine 

which species are likely degrading PNP in certain systems. However, it also 

highlighted possible limitations of using functional gene PCR-based techniques in 

such research. As with the mar gene, other PNP-degradation genes may encode 

enzymes whose sole function is not PNP degradation. For example, the p-nitrophenol 

2-monooxygenase enzyme (encoded by the npdA2 gene) has high sequence 

morphology to genes encoding the 4-hydroxyphenylacetate 3-hydroxylase (4-

hydroxyphenylacetate 3-monooxygenase) enzyme (Zhang et al. 2009), which is 

known to have a broad range of phenolic substrates (Prieto et al., 1993). The NpdA2 

enzyme can also efficiently degrade p-chlorophenol and 2,4-dichlorophenol (Perry 

and Zylstra 2007).  Min et al. (2014) also demonstrated that the PNP degradation gene 

cluster in Burkholderia sp. SJ98 was utilised in the degradation of 2-chloro-4-

nitrophenol, with enzymes such as p-nitrophenol 4-monooxygenase (encoded by 

pnpA) Therefore, the function of enzymes involved in the degradation of PNP may not 

be solely associated with this purpose.  
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3.1.5 Degradation of PNP by fungi 

 

 The taxonomic diversity of fungi able to degrade PNP, as well as the 

mechanisms by which they do so is largely unknown. So far, only species belonging 

to the Agaricomycetes and Eurotiomycetes classes have been identified as being able 

to degrade PNP. A summary of these fungal species is displayed in Table 3.2.   

 

 

PNP-degrading bacteria Isolation Source Reference 

Agaricomycetes   

Trametes versicolor sp. BAFC2234 Dead wood (Levin et al., 2016) 

Phanerochaete chrysosporium sp.  Dead wood (Teramoto et al., 2004) 

Bjerkandera adusta sp. Dead wood (Tripathi et al., 2011) 

Lentinus squarrosulus sp. Dead wood (Tripathi et al. 2011) 

Auricularia auricula-judae sp. Dead wood (Buttner et al., 2015) 

Eurotiomycetes   

Aspergillus sydowii sp. Sea water (Alvarenga et al., 2014) 

Penicillium raisrickii sp. Sea water (Alvarenga et al., 2014) 

 

In all of the studies indicated in Table 3.2, pre-isolated strains were screened 

for PNP-degradation capability. So far, no culture-dependent or independent 

techniques have been applied in an attempt to characterise the PNP-degrading 

potential of fungi from environmental samples.  

 

3.1.6 Potential for PNP degradation in the phyllosphere    

 

 While PNP degradation by microorganisms from a variety of environmental 

sources has been discovered, it is unknown whether phyllosphere microbiota possess 

this ability. In addition to the various routes of PNP exposure to phyllosphere 

microbiota discussed previously, there is additional research which indicates that the 

leaf surface environment may provide ideal conditions for the degradation of PNP.  

 

Table 3.2: Fungal species able to degrade PNP. 
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 The leaf surface may provide a platform for cells to adhere to and thus improve 

both their resistance to toxic compounds as well as their catalytic activity. Fernandez-

Lopez et al. (2017) found that when Burkholderia sp. were immobilised onto plant 

fibres (Optunia and Agave sp. fibres), PNP degradation, resistance to high 

concentrations of PNP and cell survivability were increased in comparison to cells in 

suspension. The leaf surface also has very limited amounts of carbon and energy 

available to microorganisms. This nutrient-poor environment may increase the 

number of aromatic compounds such as PNP being degraded in the phyllosphere as 

some bacteria, such as Moraxella sp., have been shown to upregulate their PNP 

degradation genes upon carbon starvation and thus degrade PNP more rapidly when 

alternative carbon sources are in limited supply (Leung et al., 2005, Herman and 

Costerton, 1993). Finally, Scheublin and Leveau (2013) found that species of 

Arthrobacter, known to degrade a wide variety of aromatic compounds, had a high 

level of epiphytic fitness. Furthermore, Arthrobacter chlorophenolicus A6 showed 

similarities in gene expression when grown on both agar with 4-chlorophenol and on 

common bean leaves, with 91% of the genes being similarly induced or repressed 

when compared with bacteria grown on agar without 4-chlorophenol. Genes involved 

in 4-chlorophenol degradation, including some genes encoding enzymes involved in 

the PNP-degradation pathway (e.g. hydroxyquinol 1,2-dioxygenase and maleylacetate 

reductase), were also induced when Arthrobacter was grown in the phyllosphere but 

not during growth on agar in the absence of 4-chlorophenol (Scheublin et al., 2014). 

Together, these results indicate that the plant-produced phenolic compounds in the 

phyllosphere environment may have a priming effect, pre-adapting bacteria by the 

induction of genes involved in the degradation of organic pollutants such as 4-

chlorophenol and therefore possibly also PNP.  

 

 Initial research by Palmer (2015) found that inoculation of PNP with tree leaf 

samples resulted in the presumed degradation of PNP (as determined by visual 

observations of  PNP discolouration from yellow to colourless), and that 

Pseudomonas, Burkholderia and Acinetobacter species may be responsible for the 

degradation. However, the full diversity of potential PNP-degrading microbiota in the 

phyllosphere remains undetermined. While these experiments indicated the possibility 

that the degradation of PNP by phyllosphere samples may be widespread, this study 

was only conducted for one timepoint and therefore it remains unclear whether the 
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observed results would occur consistently throughout the year. Additionally, the 

impact of tree species and sampling location on PNP degradation potential in the 

phyllosphere were not investigated and the pathways by which phyllosphere 

microbiota may degrade PNP were not confirmed. 

 

3.1.7 Experimental overview  

 

 Holly and hawthorn trees in the University of Warwick campus woodland and 

hawthorn trees by the roadside were sampled, and the microbial community was 

extracted and used as an inoculum for PNP enrichment cultures. PNP degradation was 

monitored by liquid chromatography-mass spectrometry (LCMS) and degradation 

rates were compared between the sample types to determine if tree species or sampling 

location had an impact on degradation rates. Enrichment culture samples were plated 

onto agar plates containing PNP as a sole carbon source in order to isolate, identify 

and characterise cultivable PNP-degrading bacteria. MiSeq high-throughput 

sequencing of 16S rRNA and ITS genes was used to determine the community 

composition of PNP culture samples and control samples and to identify OTUs 

enriched in the presence of PNP and therefore which OTUs may have been degrading 

the PNP. PCR amplification of PNP degradation genes was used to determine the 

presence of specific PNP degradation pathways in both leaf wash samples and PNP 

enrichment samples. The diversity of PNP-degradation genes was assessed by 

metagenome sequencing of PNP-enrichment samples and mining of the data for pnpA 

and npdA2 genes using hidden Markov models.  

 

3.1.8 Aims and objectives 

 

The aims and objectives of this experiment were to: 

1) Determine the potential for phyllosphere microbiota to degrade PNP and 

whether the PNP-degrading abilities of samples vary with tree species, location 

or sampling time. 

2) Identify microbial species which have the potential to degrade PNP in the 

phyllosphere. 

3) Assess the diversity of PNP-degradation genes in phyllosphere samples.  
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3.2 METHODS 

 

3.2.1 Sample collection and processing 

 

 Holly and hawthorn leaves from the woodland and hawthorn leaves from the 

roadside were collected once per season from July 2016 to July 2018, as described in 

Section 2.2.1. Microbial communities were extracted from the leaf surface as 

described in Section 2.2.2.  

 

3.2.2 Preparation of PNP enrichment cultures 

 

Sterile mineral salts medium (see Table 3.3) was used as a minimal media for 

PNP enrichment cultures and controls. Analytical grade chemicals (purchased from 

Sigma-Aldrich) were dissolved in Milli-Q water before sterilisation by autoclaving at 

121°C for 15 minutes. The pH was then adjusted to 7.4 using 1 M HCl or 1 M NaOH 

solutions. 
 

Table 3.3: Preparation of mineral salts medium for PNP enrichment cultures. Prepared as 

described by (Kelly and Wood, 1998). Part I and Part II were prepared and sterilised separately 

before being re-combined once the solutions had cooled to room temperature.  

 
Compound Amount per Litre 

Part I (800ml) 

NH4Cl 0.2 g 

MgSO4•7H2O 0.1 g 

Solution T (Table 3.4) 10 ml 

Part II (200ml) 
KH2PO4 1.5 g 

Na2HPO4 6.2 g 
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Table 3.4: Preparation of trace metals solution (Solution T) for mineral salts medium (PNP). 

Adapted from Tuovinen and Kelly (1973). 

Compound Amount per Litre 

Na2EDTA 50 g 

NaOH 11 g 

ZnSO4�7H2O 11 g 

CaCl�2H2O 7.34 g 

MnCl2�4H2O 2.5 g 

CoCl2�6H2O 0.5 g 

FeSO4�7H2O 7.5 g 

CuSO4�5H2O 0.2 g 

(NH4)6Mo7O24�4H2O 0.5 g 

NH4VO3 0.01 g 

BH3O3 5 g 

12 g/L (84 mM) PNP stock solution (0.24 g of PNP dissolved into 20 ml sterile 

mineral salts medium) was added to sterilised mineral salts medium for a final 

concentration of either 20 mg/L (140 μM), which was considered the high 

concentration of PNP, or 2 mg/L (14 μM), which was considered the low 

concentration of PNP. For agar plates enriched with PNP, 500 ml of mineral salts 

media was prepared with 7.5 g of BactoAgar (Becton Dickson, USA) added to part I 

prior to autoclave sterilisation. Once cooled to 55°C, PNP was added to the molten 

agar to a final concentration of 56 mg/L (391 μM) before being poured.   

For enrichment cultures, 25 ml of either 20 mg/L or 2 mg/L PNP medium was 

added to 125 ml serum vials which had been pre-sterilised by autoclaving at 121°C. 

Half of a leaf wash filter was added as the microbial inoculum per vial and the 

enrichment culture was then sealed with a butyl plug and crimped. Sterile controls 

were prepared containing 25 ml PNP media without inoculum and substrate controls 

were prepared containing the microbial inoculum plus 25 ml of mineral salts media 

without PNP. Enrichment cultures and controls were incubated in the dark, at 22°C 

and shaking at 100 rpm.   
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3.2.3 Monitoring of PNP degradation by liquid chromatography – mass 

spectrometry (LCMS) 

 

 Every two days, 200μl of PNP-enrichment culture was removed from each 

culture for LCMS analysis of PNP concentrations. Cultures were checked visually 

every day and if there was noticeable discolouration (from yellow to colourless), 

samples would be taken in addition to routine sampling.  

 

 Analysis was carried out using an UltiMate 3000 HPLC system (Thermo 

Fisher Scientific, USA) with a LiChrosphere RP18-5 column (5μm particle size, 25cm 

length) (Sigma-Aldrich, USA) and an amaZon SL mass spectrometer (Bruker, USA). 

An injection volume of 20μl was used, with a mobile phase of water (40%) and 

methanol (60%) at a flow rate of 0.5ml/min. PNP concentrations were determined 

using a set of known standards, as shown in Figure 3.4. 

 

 

 
 

 

 

Figure 3.4: PNP standard curve. PNP concentrations used were: 0 mg/L, 0.1 mg/L, 0.2 mg/L, 
0.3 mg/L, 0.4 mg/L, 0.5 mg/L, 1 mg/L, 1.5 mg/L, 2 mg/L and 4 mg/L.  
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3.2.4 Taxonomic profiling of bacterial communities in PNP-enriched and 

unenriched phyllosphere samples  

 

For 4 sampling timepoints (spring 2017 – winter 2017), DNA was extracted 

from PNP-enriched cultures which had fully degraded the final re-spike of PNP, their 

corresponding controls (no substrate) and unenriched leaf wash samples as described 

in Section 2.2.3. For enrichment culture samples, the required amount of sodium 

phosphate buffer and MT buffer was added to the pellet in order to resuspend the pellet 

before being transferred to the Lysing Matrix E tube and proceeding with the protocol. 

For leaf wash filters, 30μl of DES (DNase/Pyrogen Free Water) was used to elute 

DNA whereas 50μl was used to elute DNA from enrichment culture samples. The 

taxonomic diversity of bacteria in these samples was then assessed using high-

throughput MiSeq sequencing of 16S rRNA genes as described in Section 2.2.5. For 

one sampling timepoint (autumn 2017), the diversity of fungi in the samples was also 

assessed using MiSeq sequencing of ITS genes as described in Section 2.2.5. 

 

3.2.5 Design of pnpA gene primers 

 

 Use of the published pnpA primer pair (pnp349f and pnp635r, see Section 

3.2.7) was unable to amplify a pnpA gene product from an isolated PNP-degrading 

bacterium (Cabelloronia sp.) and so new primer pairs for this gene were designed.  

 

pnpA sequences were collected from the NCBI database using the BLASTp 

function (Johnson et al., 2008) to select sequences which shared >50% similarity with 

a confirmed pnpA gene sequence (JX854037.1). In addition, pnpA genes were 

extracted from the genomes of PNP-degrading isolates (see Section 3.2.10), which 

were also used for primer design. A phylogenetic tree of the sequences used for primer 

design are displayed in Appendix Figure A.1. Sequences were aligned using ARB 

software (Ludwig et al., 2004) and constructed into a neighbour-joining tree. 

Observation of conserved regions within the sequences were then used to design the 

10 primers displayed in Table 3.5.   
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Primer name Primer sequence (5′® 3′) 

pnpa187f GAMKASRTTCGMMARCGYGC 

pnpa250f CTSATCRCGAWRATGRASTGS 

pnpa610f GCCAAYTTCRTBCACGAYCCG 

pnpa610r CGGRTCGTGVAYGAARTTGGC 

pnpa1054_1r TCYTTCATCCAVGTGAARTT 

pnpa1054_2r TCYTTCATCCAVGTGAACCA 

pnpa889f ATGGGBGGBCTKGGVYTGTC 

pnpa889r GACARBCCMAGVCCVCCCAT 

pnpa982f GTGCTSGAYGARTAYKC 

pnpa982r GMRTAYTCRTCSAGCAC 

 

3.2.6 Optimisation of PCR conditions for newly designed pnpA gene primers 

 

Optimisation of the newly modified pnpA primer pairs were performed using 

a gradient PCR reaction using DNA from an isolated Pseudomonas species (PNP1) 

known to contain a pnpA gene. Annealing temperatures ranged from 55-68°C. Only 

the pnpa250f/ pnpa610r primer pair amplified a product. As shown in Figure 3.5, there 

was high specificity at all temperatures with this primer pair, with a single product at 

~400bp being produced. This product was purified and sent for sequencing as 

described in Section 3.2.9 and it was confirmed to be a partial pnpA gene amplicon. 

 
 

Table 3.5: pnpA gene primers designed in this study. 

Figure 3.5: pnpA gradient PCR optimisation with primers pnpa250f/pnpa610r. 
Annealing temperatures ranged from 55-68°C, as indicated at the top of the image. ‘L’ 
indicates the DNA ladder and the fragment sizes are indicated to the left of the ladder 
(bp). Expected product size: 400bp. 
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3.2.7 PCR amplification of PNP degradation genes 

 

 Primers for three functional genes (pnpA, npdA2 and mar) involved in the 

degradation of PNP were used to amplify functional markers from DNA extracted 

from leaf wash, PNP enrichment culture pellets and isolated bacterial strains. The 

primers used are displayed in Table 3.6. 

 

 

Target 

enzyme/gene 

Primer 

name 

Primer Sequence 

(5′® 3′) 

Reference 

4-nitrophenol 4-

monooxygenase/ 

pnpA 

 

pnp349f 

pnp635r 

AACGGYGARCTGATCGCGAAGAT 

GTGCTGCGRGCRCCGTCGGT 

 

 

(Kowalczyk 

et al., 2015) 

4-nitrophenol 2-

monooxygenase/ 

npdA2 

 

npd276f 

npd865r 

 

 

CTTCCAGGGMGGYATCTTCAC 

TCTCRAKGTGBACCCAGTCGAA 

 

(Kowalczyk 

et al. 2015) 

Maleylacetate 

reductase/ mar 

 

marB349f 

marA715r 

 

 

CCNACSACSTAYGCVGGNTC 

RTGRCAVAGYTTGTGRTG 

 

(Kowalczyk 

et al. 2015) 

4-nitrophenol 4-

monooxygenase/ 

pnpA 

pnp250f 

pnp610r 

CTSATCRCGAWRATGRASTGS 

CGGRTCGTGVAYGAARTTGGC 

 

 

This study 

  

PCRs were prepared containing 1x KAPA Taq Buffer A (includes 1.5mM 

MgCl2) (KAPABIOSYSTEMS), dNTP nucleotide mix (0.8mM), DMSO (2% v/v), 

BSA (0.05% w/v), required forward and reverse primer (0.4μM of each), KAPA taq 

DNA polymerase (2 U) (KAPABIOSYSTEMS) and DNA template (2-20ng). The 

reaction was made up to a 50μl reaction volume with sterile nuclease-free dH2O. A 

negative control was set up with each PCR which did not contain any DNA template 

Table 3.6: Primers used to amplify PNP degradation genes.  
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for the detection of contamination. Reaction conditions are listed in Table 3.7. When 

the DNA template originated from either enrichment culture pellet, control or bacterial 

isolate samples, 35 cycles of the PCR reaction were used. If unenriched leaf samples 

were used as the DNA template, the number of cycles was increased to 40. 
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Primer pair Reaction condition 

pnp349f 

pnp635r 

94°C – 5 min 

94°C – 1 min 

60°C – 1 min 

72°C – 1 min 

72°C – 10 min 

4°C - ∞ 

 

npd276f 

npd865r 

94°C – 5 min 

94°C – 1 min 

60°C – 1 min 

72°C – 1 min 

72°C – 10 min 

4°C - ∞ 

 
marB349f 

marA715r 

 

 

 

 

94°C – 5 min 

94°C – 1 min 

60°C – 1 min 

72°C – 1 min 

72°C – 10 min 

4°C - ∞ 

 

pnp250f  

pnp610r 

94°C – 5 min 

94°C – 1 min 

61°C – 1 min 

72°C – 1 min 

72°C – 10 min 

4°C - ∞ 

  

 

Table 3.7: PCR conditions for primer pairs. *35x cycles used with DNA 

from isolates or enrichment cultures, 40x cycles used with leaf wash DNA.  

 

35/40x 
cycles* 

35/40x 
cycles* 

35/40x 
cycles* 

35/40x 
cycles* 
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3.2.8 Isolation of PNP-degrading bacteria  

 

 Sterile needles and syringes were used to withdraw 100μl from PNP 

enrichment culture vials which showed complete degradation of PNP. The microbial 

culture was then serially diluted with mineral salts media (Table 3.3) and 100μl of 10-

fold serial dilutions was spread plated onto PNP plates and incubated at 22°C in the 

dark. 

 

 Colonies which grew on PNP plates with zones of clearance (from yellow to 

colourless) were selected and re-streaked onto PNP plates to obtain pure cultures. 

PNP-degrading abilities were also confirmed by re-suspending of isolated colonies 

into 2mg/l PNP media and monitoring of degradation by LCMS as described in 

Section 3.2.3.  

 

3.2.9 Identification of PNP-degrading bacteria 

 

 Single colonies from isolates able to degrade PNP degradation were picked 

and re-suspended in 5μl of sterile, nuclease free dH2O. This bacterial suspension was 

heated at 100°C for 5 minutes before using 1μl as the template for PCR reactions using 

the 16S rRNA gene primers indicated in Table 3.8.  

 

 

Target gene Primer 

name 

Primer Sequence 

(5′® 3′) 

Reference 

16S rRNA 

 

27f 

1492r 

AGAGTTTGATCMTGGCTCAG 

TACGGYTACCTTGTTACGACTT 

(Weisburg 

et al., 1991) 

 

PCR reactions were prepared containing 1x KAPA Taq Buffer A (includes 

1.5mM MgCl2) (KAPABIOSYSTEMS), dNTP nucleotide mix (0.8mM (0.2mM of 

each)), DMSO (2% v/v), BSA (0.05% w/v), required forward and reverse primer 

(0.4μM final concentration of each), KAPA taq DNA polymerase (2 U) 

(KAPABIOSYSTEMS) and DNA template (2-20ng). The reaction was made up to a 

50μl reaction volume with sterile nuclease-free dH2O. A negative control was set up 

Table 3.8: 16S rRNA gene primers used in this study.  
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with each PCR reaction which did not contain any DNA template for the detection of 

contamination. Reaction conditions are listed in Table 3.9. 

 

 

Primer pair Reaction condition 

27f 

1492r 

94°C – 5 min 

94°C – 30 sec 

55.5°C – 30 sec 

72°C – 1:15 min 

72°C – 7 min 

4°C - ∞ 

 

 

To determine whether the isolates contained any PNP-degradation genes, 

functional gene PCR was also performed on the isolates as described in Section 3.2.7. 

16S rRNA and functional gene PCRs were carried out in conjunction with one another 

to ensure any functional gene amplicon could be attributed to the bacterial species 

identified from the 16S rRNA amplicon.   

 

PCR products were purified and sent to either GATC Biotech GmbH 

(Konstanz, Germany) or Eurofins Genomics (Ebersberg, Germany) for Sanger 

sequencing, with PCR product and the appropriate primer diluted according to the 

service providers’ guidelines for sample submission. Sequence traces were checked 

for quality using 4Peaks (Nucleobytes.com, Aalsmeer, The Netherlands) and high-

quality sequence was used as a query for BLASTn (nucleotide BLAST for 16S rRNA 

sequences) or BLASTx (translated nucleotides protein BLAST for functional genes) 

searches (Johnson et al., 2008). Sequences were aligned with their top hits from the 

BLAST database using MUSCLE (Edgar, 2004) in MEGA7 (Kumar et al., 2016). 

Phylogenetic trees were constructed using the neighbour-joining algorithm (Saitou 

and Nei, 1987) with a bootstrap test applied (Felsenstein, 1985) with 500 replicates  in 

MEGA7.      

 

 

35x cycles 

Table 3.9: 16S rRNA PCR reaction conditions.  
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3.2.10 Whole genome sequencing of PNP-degrading bacterial isolates 

 

 For each PNP-degrading isolate, a lawn of cells was grown on a LB plate 

before harvesting of the cells which were sent to MicrobesNG (Birmingham, UK) 

where DNA was extracted and sequenced using the Illumina HiSeq platform (250bp 

paired-end protocol). Adapters were trimmed and assembled by MicrobesNG using 

Trimmomatic (Bolger et al., 2014) and SPAdes version 3.7 (Bankevich et al., 2012), 

respectively. Contigs were then submitted to RAST for annotation (Aziz et al., 2008) 

and analysis of PNP degradation gene clusters. Isolates were compared to strains with 

highest similarity within the RAST database according to the average nucleotide 

identity (ANI) values using the Kostas lab ANI Calculator (Goris et al., 2007).   

 

3.2.11 Metagenomics of PNP enrichment culture samples 

 

 Three PNP enrichment culture samples which contained OTUs of interest, as 

determined by MiSeq data analysis, were selected for metagenome sequencing. 

Samples were sent to Novogene (Beijing, China) for library preparation and 

sequencing on the Illumina platform. The sequencing run yielded 30.4-31.8 gigabase 

pairs (Gbp) per sample for a total of 95.8 Gbp. Metagenomes were trimmed using 

Trimmomatic (Bolger et al., 2014) and concatenated before being co-assembled using 

Megahit (Li et al., 2015). After assembly, the final number of contigs was 2904609. 

The minimum contig length was 200bp, the maximum was 1257366 and the mean 

contig length was 950bp. Open reading frames (ORFs) were then predicted using 

Prodigal (Hyatt et al., 2010).  

 

 HMMER (Finn et al., 2011) was then used to build a Hidden Markov Model 

(HMM) profile of PNP degradation genes. Amino acid (AA) sequence alignments of 

characterised PnpA and NpdA2 enzymes (displayed in bold in Figure 3.22 and 3.23) 

were constructed and used to build HMM profiles using the Hmmbuild command. 

Hmmsearch was then used to search for PnpA and NpdA2 homologues within the AA 

fasta file of ORFs from the PNP metagenome co-assembly (Prodigal output), using 

the HMM profiles previously built. Hits which were of the correct size for PnpA or 

NpdA2 and displayed low E-values were used as a query sequence in BLASTp 
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searches on the NCBI website (Johnson et al., 2008) to further investigate the 

functional identity and taxonomy of the hits.      

 

3.2.12 Statistical analyses 

 

P values to determine significant differences in PNP degradation times 

between sample types were calculated using Mann-Whitney U tests, which were 

performed in R studio (version 1.1.447, RStudio Inc., US).  

 

Non-parametric MDS, ANOSIM and SIMPER analyses of bacteria and fungi 

present in PNP enrichment cultures and no-substrate controls were conducted as 

described in Section 2.2.7. ‘Candidate’ PNP degrading bacteria and fungi were 

identified in SIMPER analyses as OTUs which showed a relative abundance ³2% 

higher in PNP enrichment cultures than controls. Wilcoxon tests (performed in R 

studio (version 1.1.447, RStudio Inc., US)) were used to determine whether the 

relative abundance of reads from candidate PNP-degrading OTUs were significantly 

higher in PNP enrichments than controls.  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 90 

3.3 RESULTS 

 

3.3.1 Degradation of PNP by tree phyllosphere samples 

 

 Leaf wash samples from hawthorn and holly trees sampled in the woodland 

(HtW and HlW, respectively) and hawthorn trees sampled by the roadside (HtR) were 

used as an inoculum for enrichment cultures containing 2mg/L PNP in minimal media. 

PNP degradation was monitored by LCMS and the time taken for complete PNP 

degradation per sample was recorded. This was repeated once per season from summer 

2016 to summer 2018.  The time taken for complete PNP degradation in enrichment 

culture for all sample types within this time period are shown in Figure 3.6. Significant 

differences between degradation times between sample types and sampling season 

were calculated and displayed in Table 3.10 and 3.11. 

  

 
 

 

 

Figure 3.6: Variation in time taken for complete PNP (2 mg/L) degradation by phyllosphere 
samples between tree species, sampling location and sampling time. Error bars indicate 
standard deviation (n=4). As hawthorn tree leaves were not present during winter timepoints, 
there are no hawthorn degradation results for winter 2016 and winter 2017.  
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 Every sample from every tree species, location and sampling time resulted in 

the complete degradation of PNP. The time taken for complete degradation of PNP 

ranged from 3-17 days, with an average of 8.2 days. With all sampling times 

considered, HtR samples degraded PNP the slowest, in an average of 10 days. HtW 

samples fully degraded the PNP in an average of 8.5 days and HlW samples degraded 

PNP the quickest, in an average of 5 days. With all sample times considered, there 

was no significant difference between the time taken for complete PNP degradation 

between HtW and HtR samples (P = 0.19). HlW samples degraded the PNP 

significantly faster than both HtW and HtR samples (P = <0.0001).  

 

 For each individual sampling event, HlW degraded PNP the quickest, on 

average. In the majority of sampling events, HtW samples degraded the PNP the 

second quickest, apart from sampling events in spring, or in summer 2018, where PNP 

degradation by HtR samples was more rapid than HtW. Despite there being no overall 

significant difference between the PNP degradation rates by HtW and HtR samples, 

there were two sampling events, in summer 2016 and autumn 2016, where HtW 

samples degraded the PNP significantly faster than HtR samples. P values for 

comparisons in PNP degradation rates between sample types per sampling event are 

displayed in Table 3.10. 

 

 

 
  

Table 3.10: P values for seasonal comparisons in PNP 
degradation rates between sample types.  
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PNP degradation times were compared within sample types, to assess any 

significant changes in the time taken for complete PNP degradation between sampling 

timepoints. P values for temporal comparisons are shown in Table 3.11.  

 

 

 
 

For HtW samples, all but one of the significant differences between PNP 

degradation rates were due to Spring 2017 and Spring 2018 samples being lower than 

sampling times in either summer or autumn. There were no significant differences 

between HtR samples collected at any timepoints. Within HlW samples, there were 

few significant differences in PNP degradation rates between sampling times, with 

significantly fewer days until complete degradation in some winter samples than 

spring, summer and autumn.  

 

Microbial and particulate matter counts from Chapter 2 were used to determine 

whether either of these factors had an impact on degradation rates. There was a weak 

positive to no correlation between microbial abundance and time taken for PNP to be 

Table 3.11: P values for seasonal comparisons between PNP degradation rates within sample types.  
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fully degraded (ρ = 0.157). There was also a weak positive to no correlation between 

PNP degradation rates and abundance of particulate matter per sample (ρ = 0.165).  

 

3.3.2 Isolation and identification of PNP-degrading bacteria from enrichment 

culture samples 

 

 Once PNP had been degraded in enrichment cultures, samples from the 

enrichment culture were plated onto PNP plates and colonies inside zones of 

decolouration, where PNP had presumably been degraded, were selected and isolated. 

Colonies were re-suspended in 2 mg/L PNP media and monitored for PNP degradation 

by LCMS (Figure 3.7). 

 

 
 

 

 

The taxonomy of PNP-degrading isolates was established by PCR of the 16S 

rRNA gene and subsequent Sanger sequencing. The phylogeny of the isolates is 

displayed in Figure 3.8.  

 

 

Figure 3.7: Degradation of PNP by isolates from PNP enrichment cultures. Negative sample 
contained 2 mg/L PNP without an inoculum.   

Strains: 
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Two of the isolates, PNP1 and PNP2, are Pseudomonas species, having the 

most similarity to Pseudomonas corrugata (PNP2) and Pseudomonas abietaniphila 

(PNP1). PNP3 was most closely related to Cabelleronia humi and Cabelleronia 

terrestris. Isolate, PNP4 is a Rhodococcus species and is most similar to Rhodococcus 

imtechensis.  

 

 Newly designed pnpA primers (pnp250f and pnp610r) were used to amplify 

pnpA genes from DNA from PNP-degrading isolates. A PCR product was obtained 

from 3 of 4 isolates, including PNP3 for which no product was amplified using primers 

designed by Kowalczyk et al. (2015) (pnp349f and pnp635r). pnpA PCR products were 

sequenced and the phylogeny of the sequences are displayed in Figure 3.9.  

Figure 3.8:  Phylogenetic tree of 16S rRNA genes from bacterial isolates able to degrade PNP. 
The class level of clades indicated on the right. Phylogeny of OTUs and BLAST hits was inferred 
using the Neighbour-Joining method (Saitou and Nei, 1987) of nucleotide sequences in MEGA7 
(Kumar et al. 2016). The percentage of replicate trees in which the associated taxa clustered together 
in the bootstrap (Felsenstein, 1985) test (500 replicates) is shown next to the branches. The scale bar 
denotes the number of nucleotide differences per site.   



 95 

 
 

 

 

  

npdA2 primers were used to amplify npdA2 genes from PNP isolate DNA. 

PCR products were only obtained from one isolate, PNP4. The PCR product was 

sequenced and the phylogeny of the sequence was determined (Figure 3.10).  

 

 

Figure 3.9:  Phylogenetic tree of pnpA PCR product sequences from colonies isolated from PNP-
enrichment cultures. Phylogeny of isolates and BLAST hits was inferred using the Neighbour-
Joining method (Saitou and Nei, 1987) of amino acid sequences in MEGA7 (Kumar et al. 2016). The 
percentage of replicate trees in which the associated taxa clustered together in the bootstrap 
(Felsenstein, 1985) test (500 replicates) are shown next to the branches. Accession numbers are 
indicated before sequence names. The scale bar denotes the number of amino acid differences per site.   
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 The PNP4 PCR product shared a high percentage sequence identity with 

sequences identified as 4-hydoxyphenylacetate 3-hydroxylase (97% amino acid 

sequence similarity with sequence WP_06593825.1) as well as proven 4-nitrophenol 

2-monooxygenase genes (93% amino acid sequence similarity BAD30042.1). As can 

be seen in the top branch of Figure 3.10, there is a high similarity (99%) between 

sequences assigned as 4-nitrophenol 2-monooxygenase and 4-hydroxyphenylacetate 

3-hydroxylase.  

 

Three PNP-degrading isolates (PNP1-3) were submitted for whole genome 

sequencing. Biomass from these isolates originated from previously isolated PNP-

degrading phyllosphere isolates (Palmer, 2015). These were confirmed to be identical 

to isolates PNP1-3 from this study, as determined by sequencing of 16S rRNA genes 

(100% similarity). The genomes were uploaded to RAST (Aziz et al., 2008) for 

alignment and annotation. The general features of isolates PNP1-3 are presented in 

Table 3.12.  

Figure 3.10:  Phylogenetic tree of npdA2 PCR product sequences from colonies isolated from 
PNP-enrichment cultures. Phylogeny of isolates and BLAST hits was inferred using the Neighbour-
Joining method (Saitou and Nei, 1987) of amino acid sequences in MEGA7 (Kumar et al. 2016). The 
percentage of replicate trees in which the associated taxa clustered together in the bootstrap 
(Felsenstein, 1985) test (500 replicates) are shown next to the branches. Accession numbers are 
indicated before sequence names. The scale bar denotes the number of amino acid differences per site.    
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Isolate 
ID 

Mean 
coverage 
(x) 

Number 
of 
contigs 

Assembly 
size (bp) 

GC 
content 
(%) 

N50 L50 Closest Neighbour 
(RAST) 

ANI 
% 

PNP1 44.8 294 6,538,732 60.7 102,789 21 Pseudomonas syringae 
B728a 

81.0 

PNP2 57.3 257 6,578,652 59.7 205,655 8 Pseudomonas syringae 
B728a 

81.1 

PNP3 46.3 207 7,937,104 62.7 116,710 21 Burkholderia xenovorans 
LB400 

81.3 

 

PNP degradation genes were identified within the genomes using a BLASTx 

search and the arrangement of these genes found within the isolates is shown in Figure 

3.11.  

 

 
 

 

All isolates contained a full set of genes required for the degradation of PNP 

via the HQ pathway. Isolate PNP2 also contained two genes which encode enzymes 

in the NC pathway including npcC (hydroxyquinol 1,2-dioxygenase) and npcA (4-

nitrocatechol 4-monooxygenase). PNP2 contained all the genes for PNP catabolism in 

one cluster, as indicated in Figure 3.11, whereas the PNP1 and PNP3 genomes 

Figure 3.11: Organisation of PNP-degradation genes in isolates PNP1, PNP2 and PNP3. Arrows 
are used to indicate the direction of transcription of the ORFs.  

Table 3.12:  Genomic features of PNP-degrading isolates PNP1-3. ANI % indicates the average nucleotide 
identity values, calculated using the Kostas lab-ANI calculator (Goris et al. 2007), when compared with the 
closest neighbour on the RAST database.  
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contained all genes needed for HQ-pathway (Figure 3.3) PNP degradation in two gene 

clusters.  

 

3.3.3 Impact of PNP on phyllosphere bacterial communities and the identification 

of potential PNP-degrading bacterial species 

 

3.3.3.1 Overall impact of PNP on the bacterial community composition  

 

For one year of sampling points (spring 2016 – winter 2016, n = 40), once PNP 

had been degraded in the enrichment cultures after three consecutive re-spikes, DNA 

was extracted from the samples and 16S rRNA genes were amplified by PCR and 

sequenced using Illumina high-throughput sequencing. The bacterial community 

composition of the unenriched leaf wash, the PNP cultures and no-substrate control 

cultures was assessed and compared for dissimilarity between the groups, as shown in 

Figure 3.12. The unenriched leaf wash community was highly dissimilar to both the 

PNP enrichment culture samples (P = 0.001, R statistic = 0.96), and control culture 

samples (P = 0.001, R statistic = 0.98). However, dissimilarity between PNP 

enrichment culture samples and control culture samples was only very weakly 

dissimilar (P = 0.001, R statistic = 0.10).  

 

 
Figure 3.12: NMDS ordination of variation between bacterial OTUs of unenriched 
phyllosphere samples and PNP enrichment culture samples and no-substrate controls.  
MDS analyses were derived from Bray-Curtis similarity matrices constructed with relative read 
abundance data of OTUs present in each sample.  
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 To better determine dissimilarity between PNP enrichment culture bacterial 

communities and control communities, samples were split into both sample type and 

season in which they were sampled, as displayed in Figure 3.13.  

 

3.3.3.2 Differential impacts of PNP on the bacterial community composition 

with seasonal sampling events and host trees 

 

 In spring (Figure 3.13, A), collectively there was no significant dissimilarity 

between PNP enrichment culture samples and controls (P = 0.19, R statistic = 0.04). 

When split between sample types, there were also no significant differences between 

PNP enrichment culture communities or controls (HtW: P = 0.63, R statistic = -0.1, 

HtR: P = 0.43, R statistic = 0.021, HlW: P = 0.37, R statistic = 0.083).  

 

 For summer samples (Figure 3.13, B), again, there was no significant 

dissimilarity between all summer PNP enrichment culture and control samples (P = 

0.07, R statistic = 0.09). Both hawthorn tree samples also did not show significant 

differences between enrichment culture and control samples (HtW: P = 0.37, R 

statistic = 0.04, HtR: P = 0.49, R statistic = -0.04). However, the HlW PNP sample 

communities were significantly and highly dissimilar to controls (P = 0.03, R statistic 

= 1).   

 

 Collectively, unlike spring and summer samples, autumn samples (Figure 3.13, 

C) were significantly different between PNP enrichment culture and control culture 

groups (P = 0.002, R statistic = 0.21). Individual sample type groups were also 

significantly dissimilar between PNP and control groups (HtW: P = 0.03, R statistic = 

0.25, HtR: P = 0.03, R statistic = 0.44, HlW: P = 0.03, R statistic = 0.37).  

 

 Winter holly PNP samples (Figure 3.13, D) were not significantly dissimilar 

to control samples (P = 0.31, R statistic = 0.09). However, as displayed in the Figure 

3.13, aside from one sample, there is a clear separation between the two groups.  
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Figure 3.13: NMDS ordination of variation between bacterial OTUs of PNP enrichment culture samples and control samples between sample 
types and sampling time.  MDS analyses were derived from Bray-Curtis similarity matrices constructed with relative read abundance data of OTUs 
present in each sample. (HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly).   
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3.3.3.3 Identification of candidate PNP-degrading species in the phyllosphere 

 

 SIMPER analyses between PNP enrichment bacterial communities and control 

communities were used to determine which OTUs were enriched in the presence of 

PNP and so were the likely degraders of PNP. A summary of these analyses can be 

found in Appendix Tables A.1- A.10. ‘Candidate’ PNP degraders were operationally 

defined as OTUs which were driving the most dissimilarity between the PNP-

enrichment and control groups and had more than or equal to 2% more relative 

abundance in the PNP enrichment culture samples than the control cultures. The 

abundance of all candidate PNP-degrading OTUs was significantly higher in the PNP 

enrichment group than the control group (P = <0.00001). Tests for significance 

between the abundance of individual candidate PNP degrading OTUs in enrichment 

cultures versus controls were also conducted between all samples, within seasonal 

samples and within sample types. The phylogeny of potential PNP degrading OTUs 

and whether they were significantly more abundant in PNP enrichment cultures than 

controls is displayed in Figure 3.14. P values for these group comparisons are 

displayed in Appendix Table A.11. 
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Figure 3.14.1: Phylogenetic tree of 16S rRNA genes from OTUs which were enriched in PNP enrichment 
cultures and proven PNP-degrading isolates. Candidate PNP-degrading OTUs are indicated in orange 
whereas PNP-degrading isolates are indicated in green. The class level of clades is indicated on the right. 
Phylogeny of OTUs and BLAST hits was inferred using the Neighbour-Joining method (Saitou and Nei, 1987) 
of nucleotide sequences in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the 
associated taxa clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown next to 
the branches. OTUs significantly more abundant in the entire PNP enriched group than the entire control group 
are indicated with an asterisk (*). OTUs which were only significantly more abundant in some within-group 
comparisons (where sample type and season are split) are indicated with a dagger (†). The scale bar denotes the 
number of nucleotide differences per site.     

† 

* 

† 

* 
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Flavobacteriia 

Figure 3.14.2:  Phylogenetic tree of 16S rRNA genes from OTUs which were enriched in PNP 
enrichment cultures and proven PNP-degrading isolates (continued). Candidate PNP-degrading 
OTUs are indicated in orange whereas PNP-degrading isolates are indicated in green. The class level 
of clades is indicated on the right. Phylogeny of OTUs and BLAST hits was inferred using the 
Neighbour-Joining method (Saitou and Nei, 1987) of nucleotide sequences in MEGA7 (Kumar et al. 
2016). The percentage of replicate trees in which the associated taxa clustered together in the bootstrap 
(Felsenstein, 1985) test (500 replicates) are shown next to the branches. OTUs significantly more 
abundant in the entire PNP enriched group than the entire control group are indicated with an asterisk 
(*). OTUs which were only significantly more abundant in some within-group comparisons (where 
sample type and season are split) are indicated with a dagger (†). The scale bar denotes the number of 
nucleotide differences per site.    

* 

* 

† 

† 

† 

† 

* 

† 
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 In total, 26 OTUs satisfied the criteria set out above, these are referred to as 

candidate PNP-degrading OTUs below. The majority of candidate PNP-degrading 

OTUs are of the Proteobacteria phylum, with 10/26 belonging to 

Gammaproteobacteria, 6/26 Alphaproteobacteria and 3/26 Betaproteobacteria. The 

remaining OTUs belonged to the Actinobacteria, Sphingobacteria and Flavobacteria 

classes, with two candidate PNP degraders within each class.   

 

 Only five candidate OTUs were significantly more abundant in the enrichment 

cultures amongst all samples than the controls. One such OTU was OTU7 

(Burkholderia/ Cabelleronia), which was identical (100% similarity) to PNP-

degrading isolate PNP3. The further four were OTU12 (Rhizobium sp.), OTU13 

(Actinomycetospora sp.), OTU70 (Bradyrhizobiaceae sp.) and OTU215 (Cabelleronia 

sp.).  

 

 A further seven OTUs were significantly more abundant in PNP enrichment 

communities than control communities. One such OTU is OTU4, which shared 100% 

identity to the PNP-degrading isolate PNP2. The remaining 6 were OTU5 (Luteimonas 

sp.), OTU19 (Phyllobacterium sp.), OTU41 (Nocardia/ Rhodococcus sp.), OTU44 

(Neorhizobium/ Agrobacterium sp.), OTU49 (Chryseobacterium sp.) and OTU571 

(Phyllobacteriaceae sp.). The remaining 14 candidate PNP-degrading OTUs were not 

significantly more abundant in the PNP-enrichment culture samples than the control 

samples. One of which is OTU9, which was identical to isolate PNP1, which has 

proven PNP-degrading abilities.  
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3.3.3.4 Impact of host tree on the composition of the candidate PNP-degrading 

bacterial community 

 

 The communities of candidate PNP-degrading OTUs were compared between 

sample type (tree species and location) and sampling times to determine if any of these 

factors had an impact on the OTUs which were enriched in the presence of PNP. 

NMDS analyses were conducted between sample types and displayed in Figure 3.15.  

 

 

 

 

 Taking all sampling times into account, the community of candidate PNP-

degrading OTUs from HlW samples was significantly dissimilar to HtW (P = 0.003, 

R statistic = 0.263) and HtR (P = 0.001, R statistic = 0.384) samples. There was no 

significant difference between the hawthorn samples (P = 0.14, R statistic = 0.059). 

The community of candidate PNP-degraders also remained the most similar within 

HlW samples (49.8% similarity), whereas HtW and HtR samples showed less within-

group similarity (36.53% and 37.42%, respectively).  

 

Figure 3.15: NMDS ordination of variation between the community composition of candidate 
PNP-degrading OTUs between sample types. MDS analyses were derived from Bray-Curtis 
similarity matrices constructed with relative read abundance data of OTUs present in each sample. 
(HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly).   
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 SIMPER analysis was used to determine which OTUs were driving the 

dissimilarity between the holly and hawthorn groups. The OTU driving the most 

dissimilarity between the groups was OTU4 (Pseudomonas sp.) which made up 19% 

of the candidate PNP-degrader group in HlW samples compared to 9% of HtW 

samples and 2% of HtR samples. Further drivers of dissimilarity between the groups 

are listed in Appendix Tables A.12 – A.14. 

 

3.3.3.5 Impact of seasonal sampling event on the composition of the candidate 

PNP-degrading bacterial community 

 

 NMDS analyses were also used to determine whether sampling season had an 

impact on the candidate PNP-degrading OTUs which were being enriched. Results are 

displayed in Figure 3.16.  

 

 Overall, with all sample types considered, time in which trees were sampled 

had a weak impact on the community composition of the candidate PNP-degrading 

OTUs (P = 0.00, R statistic = 0.197). The most dissimilarity was between spring and 

autumn sampling times (P = 0.001, R statistic = 0.314), followed by summer and 

autumn (P = 0.01, R statistic = 0.2) with the least dissimilarity between the spring and 

summer PNP-enriched OTUs (P = 0.016, R statistic = 0.146).  

 

 Global ANOSIM tests were performed to determine which community of 

candidate PNP-degrading OTUs varied most with sampling season. HtW samples 

(Figure 3.16, B) varied the most with sampling time (P = 0.002, R statistic = 0.407), 

followed by HtR samples (Figure 3.16, C) (P = 0.037, R statistic = 0.3773), with HlW 

(Figure 3.16, D) samples having the least variation (P = 0.016, R statistic = 0.281) 

between the candidate PNP-degraders which were enriched between sampling times.   

 

 Within HtW samples (Figure 3.16, B), the community of candidate PNP 

degraders were significantly different in spring compared to both summer (P = 0.029, 

R statistic = 0.417) and autumn (P = 0.029, R statistic = 0.469) whereas summer and 

autumn communities were not significantly dissimilar to one another (P = 0.09). 

SIMPER analysis determined that the main drivers of dissimilarity between the 

communities in spring and those of summer and autumn were the enrichments of 
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OTU39 (Acinteobacter/ Prolinoborus sp.) and OTU19 (Phyllobacterium sp.) which 

made up 22% and 12%, respectively, of the spring group compared to 0% for each 

OTU in both summer and autumn. Further SIMPER analyses are displayed in 

Appendix Tables A.15 and A.16. 

 

 Within HtR samples (Figure 3.16, C), the community of candidate PNP-

degrading OTUs in the enrichment culture were only significantly dissimilar between 

spring and autumn sampling times (P = 0.029, R statistic = 0.813). There was no 

significant difference between the spring and summer groups (P = 0.086) and the 

summer and autumn groups (P = 0.66). SIMPER analyses revealed that, as with HTW 

samples, the enrichment of OTU39 (making up 16% of the group in spring compared 

with 1% in autumn) was driving the most similarity between the groups. OTU9 

(Pseudomonas sp.) was also highly enriched in the spring samples (8% of the spring 

group) compared to autumn samples (1%). Further SIMPER analyses are displayed in 

Appendix Table A.17 

 

 As can be seen from Figure 3.16, D, the composition of the candidate PNP-

degrading OTU community differed the least between sampling times within the HlW 

samples. The only significant dissimilarity was between the spring and summer groups 

(P = 0.029, R statistic = 0.469), whereas all other sampling season comparisons were 

not significantly dissimilar (P = >0.089). SIMPER analyses determined that the 

majority of the dissimilarity between the spring and summer groups was due to a 

higher enrichment of OTU4 (Pseudomonas sp.) in the summer enrichment cultures 

(32%) compared with the spring cultures (12%) and a higher abundance of OTU12 

(Rhizobium sp.) in the spring enrichment cultures (8%) than in the summer (0%). 

Further SIMPER analyses are displayed in Appendix Table A.18.   
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Figure 3.16: NMDS ordination of variation between the community composition of candidate PNP-degrading OTUs between 
sampling season and sample type and season. A) All sample types. B) HtW samples only. C) HtR samples only. D) HlW samples only. 
MDS analyses were derived from Bray-Curtis similarity matrices constructed with relative read abundance data of OTUs present in each 
sample. (HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly).   
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 3.3.3.6 Identification of candidate PNP-degrading bacteria which may be 
abundant colonisers of the phyllosphere 

 

 To determine whether the candidate PNP-degrading OTUs were abundant 

colonisers of natural phyllosphere samples, the relative abundance of the 26 candidate 

OTUs was determined within the unenriched leaf wash samples, characterised in 

Chapter 2. A summary of the findings is displayed in Figure 3.17.  

 

The percentage of the total abundance of OTUs in the unenriched leaf wash 

samples made up by the candidate PNP-degrading OTUs ranged from 5.2% to 27.5%. 

The most abundant of these OTUs are displayed in Figure 3.17 as ‘dominant OTUs’, 

which make up >2% of reads at any given timepoint in the leaf wash samples. These 

are OTU49, OTU13, OTU10, OTU9 and OTU4. 

 

The proportions of the candidate PNP-degrading OTUs appears to differ more 

between sampling season than between sample type. For example, OTU49 

(Chryseobacterium sp.) is detected in high abundance (an average of >2.5%) in HtR 

and HlW samples in spring, but is hardly detectable at any other timepoint. OTU13 

(Actinomycetospora sp.) comprises, on average, 4-7% of total reads in spring which 

then drops to 0.8-1.2% in summer before rising to 3-4% in autumn and winter. OTU10 

(Variovorax sp.) gradually increases from 1-2.2% in spring, to 3-5% in summer and 

then 4-7.5% in autumn before dropping back to 2.2% in winter. OTU9, a 

Pseudomonas sp. identical to PNP-degrading isolate PNP1, was present at average 

levels of 0.7-2.2% in spring and 1.2-2% in summer before dropping to <0.5% in 

autumn and winter. OTU4, which shares 100% sequence identity with isolate PNP2, 

was most abundant in spring (0.25-3%) and winter samples (1.3%) but was not 

abundant in summer or autumn samples (<0.5%).   
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Figure 3.17: Relative abundance of candidate PNP-degrading OTUs in unenriched leaf wash samples. Bar chart values indicate the average relative 

abundance values within sample types. Sampling season is indicated at the top of the chart. Dominant OTUs were determined as those which make up 

>2% of the total community at any given timepoint. (HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly).  
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3.3.4 Impact of PNP on phyllosphere fungal communities and the identification 

of potential PNP-degrading fungal species 

 

For one sampling event (Autumn 2016), once PNP had been degraded in the 

enrichment cultures after three consecutive re-spikes, DNA was extracted from the 

samples and ITS were amplified by PCR and sequenced using Illumina high-

throughput sequencing. The fungal community composition of the unenriched leaf 

wash samples, the PNP cultures and control cultures was assessed and compared for 

dissimilarity between the groups, as shown in Figure 3.18.  

 

  

 

 

 

As can be seen from Figure 3.18, in comparison to the bacterial community 

(Figure 3.12), the samples do not cluster according to treatment (unenriched leaf wash 

or culture) but rather according to sample type, with the PNP and control groups being 

more similar to their corresponding leaf wash samples than with PNP/control samples 

of other sample types.  

 

Figure 3.18: NMDS ordination of variation between the fungal community of unenriched leaf 
wash samples, PNP-enrichments and controls in autumn 2016. MDS analyses were derived 
from Bray-Curtis similarity matrices constructed with relative read abundance data of OTUs present 
in each sample. Unenriched leaf wash samples (LW) are shown in green, PNP enriched samples in 
orange and no-substrate controls in blue. (HtW = woodland hawthorn, HtR = roadside hawthorn, 
HlW = woodland holly).  
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For all sample types, the unenriched leaf wash community was significantly 

dissimilar to both the PNP enrichment culture samples and the controls (HtW: P value 

= 0.029, R statistic = 0.823(PNP) and 0.813(control), HtR: P value = 0.029, R statistic 

= 0.552 (PNP) and 0.563(control), HlW: P value = 0.029, R statistic = 0.889 (PNP) 

and 0.741(control). However, the PNP enriched fungal communities were not 

significantly dissimilar to control communities (HtW: P value = 0.45, R statistic = 

0.052, HtR: P value = 0.71, R statistic = -0.094, HlW: P value = 0.6, R statistic = -

0.148).  

 

Despite the overall PNP enrichment culture community not being significantly 

dissimilar to control communities, SIMPER analyses were used to determine which 

OTUs were causing the most dissimilarity between the groups and whether any fungal 

OTUs were enriched in the presence of PNP. Several OTUs were present in higher 

relative numbers in the PNP enrichment culture than the controls and full SIMPER 

results are displayed in Appendix Tables A.19 -A.21. OTUs which were >2% higher 

on average in the PNP-enriched samples than their respective control cultures were 

identified as potential PNP-degrading fungal OTUs. Wilcoxon tests were then 

performed to determine if the OTUs identified were significantly more abundant in 

the PNP cultures than the controls. A summary of the candidate PNP-degrading OTUs, 

their relative abundance in PNP culture samples versus control samples, and P values 

are displayed in Table 3.13. 
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 Of all the OTUs which were identified by SIMPER analysis as being more 

abundant in the PNP enrichment culture than the controls, only OTU23 and OTU25 

were significantly enriched and both were enriched in hawthorn samples (HtW and 

HtR but not HlW). To more accurately determine the phylogeny of the candidate PNP-

degrading fungi, the ITS sequences were searched within the BLAST database and a 

phylogenetic tree was constructed with the top hits, as shown in Figure 3.19.  

 

Table 3.13:  Comparative abundance of OTUs in PNP enrichment cultures and controls. 
Values represent relative abundance (% of total reads). Where UNITE assignments are indicated, 
o_ = order, f_ = family, g_ = genus and s_ = species. HtW = Woodland hawthorn woodland, HtR 
= Roadside hawthorn, HlW = Woodland holly.  
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 The abundance of the candidate PNP-degrading fungal OTUs in unenriched 

phyllosphere samples, which were characterised in Chapter 2, is displayed in Figure 

3.19. In total, the candidate OTUs made up 15.9% of total ITS reads. Three out of 

seven of the candidate PNP-degrading OTUs were abundant (>2% for any sample) 

colonisers of the leaf surface samples. These were OTU3 (Tremalles sp.) which 

comprised 10% of total reads for these samples, on average, OTU7 (Venturia sp.), 

accounting for 4% of reads and an average of 1.7% of ITS reads were OTU27 

(Undefined Basidiomycota).  

 

 As can be seen from Figure 3.20, all sample types contained a high abundance 

of OTU3 but OTU7 was only noticeably present in hawthorn samples (HtW and HtR). 

OUT27, however, was abundant in holly samples but barely detected in hawthorn 

Figure 3.19:  Phylogenetic tree of ITS genes from OTUs which were enriched in PNP enrichment 
cultures. Candidate PNP-degrading OTUs are indicated in. Phylogeny of OTUs and BLAST hits was 
inferred using the Neighbour-Joining method (Saitou and Nei, 1987) of nucleotide sequences in 
MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the associated taxa clustered 
together in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown next to the branches. 
OTUs significantly more abundant in the entire PNP enriched group than the entire control group are 
indicated with an asterisk (*). The scale bar denotes the number of nucleotide differences per site.    

* 
* 
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samples. The two OTUs which were found to be significantly more abundant in PNP-

enrichment cultures than controls (OTU23 and OTU25) were only detected in 

extremely low abundance in the unenriched leaf wash samples (<0.003%).  

 

 

 

 

 

 

3.3.5 Use of PNP degradation gene primers to detect pnpA, npdA2 and mar genes 

in phyllosphere samples 

 

 Primer pairs pnp250f/pnp610r, npd276f/npd865r and marB349f/marA715r 

were used in an attempt to amplify pnpA, npdA2 and mar genes, respectively. Autumn 

2017 samples were used from both PNP enrichment cultures and leaf wash as template 

DNA. Results are shown in Figure 3.21.  

 

Figure 3.20: Relative abundance of candidate PNP-degrading fungal OTUs in unenriched 
leaf wash samples. Bar chart values indicate the average relative abundance values within sample 
types (HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly). Taxonomy 
of OTUs are indicated in the key whereby _p_ = phylum, _o_ = order, _f_ = family and _g_ = 
genus. 
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 Within PNP enriched samples, a clear product of roughly the correct size was 

obtained for pnpA, npdA2 and mar genes for most samples. For pnpA (Figure 3.21A), 

PCR products with incorrect sizes were also produced for 5/12 samples. From Figure 

3.21C, it is also possible that multiple bands are present within some npdA2 products. 

The mar gene PCR (Figure 3.21E) resulted in a single, clear PCR product for all but 

one sample, where an additional, larger product was also amplified.  

 

 From Figure 3.21B, D and F, it appears that pnpA, npdA2 and mar products 

were amplified from unenriched leaf wash DNA for some samples. For all PNP 

degradation gene primers used, the bands produced appear less intense when leaf wash 

DNA is used as a template than when PNP enriched DNA is used, despite the number 

of cycles being increased from 35 to 40. There are also more non-target products being 

amplified within leaf wash samples when pnpA and npdA2 primer pairs are used 

(Figure 3.21 B and D), especially amongst woodland holly (HlW) samples. Use of 

mar gene primers was most successful in producing a single product from leaf wash 

DNA, with an amplification of the correct size being produced from all samples. It 

also appears as though more product is produced when holly samples (HlW) are used 

as the template DNA as opposed to hawthorn samples (HtW and HtR).    
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Figure 3.21: PCR amplification of PNP degradation genes from enrichment culture and leaf wash DNA. A) pnpA gene PCR with template DNA from PNP 
enrichment cultures. 35x cycles used. B) pnpA gene PCR with template DNA from unenriched leaf wash. 40x cycles used. C) npdA2 gene PCR with template DNA 
from PNP enrichment cultures. 35x cycles used. D) npdA2 gene PCR with template DNA from unenriched leaf wash. 40x cycles used. E) mar gene PCR with template 
DNA from PNP enrichment cultures. 40x cycles used. F) mar gene PCR with template DNA from unenriched leaf wash. 40x cycles used. L = 100bp ladder. -ve = 
negative control (no DNA template). +ve = positive control (isolate PNP3 DNA in 1A, 1B, 3A and 3B, isolate PNP4 DNA in 2A and 2B). HtW = woodland hawthorn 
samples, HtR = roadside hawthorn samples, HlW = woodland holly samples.  
 
 
(HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly).  
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3.3.6 Diversity of PnpA and NpdA2 sequences in PNP enrichment culture 

metagenomes 

 

 Three PNP enrichment culture samples were selected which contained a high 

relative abundance of candidate PNP-degrading OTUs. These samples were all from 

woodland hawthorn (HtW) and were targeted due to the abundance of reads from 

Rhizobiaceae, Phyllobacterium and Actinomycetospora species within the samples. 

Metagenomes were produced by Novogene (Beijing, China) and were processed as 

described in Section 3.2.11.   

 

 Confirmed PnpA and NpdA2 amino acid sequences (sequences indicated in 

bold in Figure 3.22 and 3.23, as well as sequences from PNP-degrading isolates 

(indicated in green in Figure 3.22 and 3.23), were used to create a Hidden Markov 

Model (HMM) profile. These profiles were then used to search for sequence 

homologues in the co-assembly of the three PNP-enrichment culture metagenomes 

available using HMMER (Finn et al., 2011), as described in Section 3.2.11.  

 

 Information on the ORFs which were most similar to PnpA sequences used in 

the HMM profile is displayed in Table 3.14 whereas their phylogenetic relatedness to 

other sequences from the NCBI BLAST database or PNP-degrading isolates is 

displayed in Figure 3.21. Fifteen ORFs were identified in which the amino acid 

sequence was >25% similar to a confirmed PnpA sequence. Of these, seven (pnpa1-

7) have a high homology to PnpA, being >40% similar. As shown in Figure 3.21, 4/7 

of the highly similar (>40%) hits are likely PnpA sequences from species of 

Pseudomonas spp. whereas 2/6 are likely Burkholderia/Cabelleronia spp. Hit ‘pnpa7’ 

clustered with uncharacterised protein sequences from species Sphingomonadales.  
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ORF ID Hit name E value 
Hit size 

(AA) 

Sequence similarity of hits to 

characterised PnpA (%) 

k141_696471_10 pnpa1 1.90E-206 403 93.55 

k141_890294_153 pnpa2 2.90E-204 410 87.63 

k141_696471_4 pnpa3 1.70E-173 446 69.29 

k141_247522_1   pnpa4 3.00E-171 348 77.01 

k141_247548_1     pnpa5 6.50E-170 349 76.72 

k141_890294_155 pnpa6 5.20E-164 446 56.35 

k141_2009517_1 pnpa7 1.40E-120 334 47.97 

k141_2602803_1 pnpa8 3.00E-113 337 38.89 

k141_1873510_2 pnpa9 7.90E-113 401 34.85 

k141_2419590_5 pnpa10 4.20E-111 407 35.19 

k141_2184073_2 pnpa11 7.50E-105 404 33.95 

k141_904658_2 pnpa12 1.10E-104 354 35.28 

k141_2557074_53 pnpa13 8.70E-102 408 36.34 

k141_1960371_2 pnpa14 7.10E-101 398 34.2 

k141_2614499_2 pnpa15 9.00E-101 401 33.4 

 

Table 3.14: Bioinformatics of PnpA hits from PNP-enrichment metagenomes. Hit sizes are the 
number of amino acids (AA) in each hit.  The amino acid sequence used to determine the percentage 
similarity of hits to a characterised PnpA sequence is the PnpA sequence of Pseudomonas sp. WBC-3 
(C1I201.1).  
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Figure 3.22:  Phylogenetic tree of candidate PnpA amino acid sequences from PNP-enrichment 
metagenomes. PnpA sequences from PNP-degrading isolates are indicated in green. PnpA hits from 
metagenomes are indicated in blue. Confirmed PnpA sequences are indicated in bold. Phylogeny of OTUs and 
BLAST hits was inferred using the Neighbour-Joining method (Saitou and Nei, 1987) of amino acid sequences 
in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the associated taxa clustered together 
in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown next to the branches. The scale bar denotes 
the number of amino acid differences per site.    
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Information on the ORFs which were most similar to NpdA2 sequences used 

in the HMM profile is displayed in Table 3.15 whereas their phylogenetic relatedness 

to other sequences from the NCBI BLAST database or PNP-degrading isolates is 

displayed in Figure 3.23. Fourteen ORFs were identified which had an amino acid 

sequence that was >25% similar to a confirmed NpdA2 sequence. Ten out of fourteen 

sequences had a very high sequence similarity (>70%) to NpdA2. There were 

therefore more diverse sequences highly similar to NpdA2 than PnpA (4/15 at >70% 

similarity to PnpA) in the PNP enrichment culture metagenomes. However, 3/10 of 

the high-similarity candidate NpdA2 sequences were shorter than expected, with <205 

AA in the hits. The remaining 4/14 candidate NpdA2 sequences had a low (<30%) 

similarity to NpdA2. As shown in Figure 3.22, the majority (6/7) of the sequences 

which show the highest similarity to NpdA2 are phylogenetically related to species of 

Rhizobiales. Four hits, npdA2_5, npdA2_3, npdA2_4 and npdA2_6, are most similar 

to sequences from Rhizobium spp. The three-remaining high-similarity sequences 

(npdA2_2, npdA2_1 and npdA2_7) are most similar to a Phyllobacterium sp., 

Bradyrhizobium sp. and Pseudonocardia sp., respectively.   
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ORF ID Hit name E value 
Hit size 

(AA) 

Sequence similarity of hits to 

characterised NpdA2 (%) 

k141_46587_72 npda2_1 0 527 83.88 

k141_2062160_118  npda2_2 0 528 83.11 

k141_525783_71  npda2_3 0 534 83.18 

k141_1910750_16   npda2_4 0 534 82.89 

k141_1361416_52 npda2_5 0 534 82.23 

k141_1835064_4  npda2_6 0 534 81.75 

k141_1839534_28 npda2_7 0 529 74.66 

k141_2409140_1 npda2_8 4.10E-115 200 80.5 

k141_1983877_1 npda2_9 1.90E-107 204 82.91 

k141_2016040_1 npda2_10 2.20E-85 139 84.17 

k141_966086_5 npda2_11 1.60E-59 504 28.3 

k141_1862317_3 npda2_12 2.20E-56 500 26.34 

k141_1571717_3 npda2_13 1.00E-54 491 27 

k141_2074632_18 npda2_14 4.20E-54 494 25.91 

Table 3.15: Bioinformatics of NpdA2 hits from PNP-enrichment metagenomes. Hit sizes are the 
number of amino acids (AA) in each hit.  The amino acid sequence used to determine the percentage 
similarity of hits to a characterised NpdA2 sequence is the NpdA2 sequence of Arthrobacter sp. JS443 
(ABL75143.1).  
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Figure 3.23:  Phylogenetic tree of candidate NpdA2 amino acid sequences from PNP-enrichment 
metagenomes. NpdA2 sequences from PNP-degrading isolates are indicated in green. NpdA2 hits from 
metagenomes are indicated in blue. Confirmed NpdA2 sequences are indicated in bold. Phylogeny of 
OTUs and BLAST hits was inferred using the Neighbour-Joining method (Saitou and Nei, 1987) of amino 
sequences in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the associated taxa 
clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown next to the branches. 
The scale bar denotes the number of amino acid differences per site.    
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3.4 DISCUSSION 

 

3.4.1 Degradation of PNP by tree phyllosphere samples  

 

 Leaf wash samples from all tree species, locations and timepoints (n=92) were 

able to fully degrade PNP within 17 days. This indicates that the ability of 

microorganisms from the leaf surface to degrade PNP is widespread and that PNP 

degrading microorganisms are present throughout the year. The average time taken to 

degrade 2mg/l of PNP was 8.2 days, with woodland hawthorn samples taking an 

average of 8.5 days to degrade PNP, roadside hawthorn samples 10 days and woodland 

holly samples 5 days. Kowalczyk et al. (2015) showed that the same concentration of 

PNP was degraded by, on average, 6 days when 300ml of river water was used as an 

inoculum. Therefore, hawthorn samples degraded PNP more slowly than river water 

samples and holly samples degraded PNP more rapidly than river water samples. 

However, as microbial counts were not estimated for the river water sample inoculum, 

it cannot be determined whether differences in PNP degradation between samples 

from river water versus the phyllosphere are due to microbial counts or some other 

variable.  

 

 Holly (woodland) samples degraded the PNP the quickest at every timepoint. 

For multiple timepoints, degradation was significantly quicker than hawthorn samples 

(roadside and woodland). In addition, for two timepoints (summer and autumn 2016), 

woodland hawthorn degraded PNP significantly quicker than roadside hawthorn 

samples. It was hypothesised that differences in PNP degradation rates between 

sample types may be due to samples with higher microbial counts degrading PNP 

more rapidly and that woodland holly samples may have the highest microbial counts 

due to being an evergreen species and having a more established community, whereas 

roadside hawthorn samples would have the lowest microbial counts due to a possible 

displacement effect or toxic effect of particulate matter on the microbial community. 

This was tested using flow cytometry, as discussed in Chapter 2 and the majority of 

microbial counts did not differ between tree sample type. In fact, the only significant 

difference was that during one sampling timepoint, roadside hawthorn samples had a 

significantly higher microbial count than holly samples, the opposite trend to what 

was expected. In this study, correlations between bacterial counts and PNP 
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degradation rates were determined, which showed that there was a weak positive/ no 

correlation between bacterial counts and PNP degradation rates and therefore 

differences in PNP degradation rates between sample types is not likely to be due to 

bacterial abundance. One explanation for the observed differences in PNP degradation 

rates between holly and hawthorn samples may be due to the properties of the leaf 

surface and the biochemistry of the tree species. Yadav et al. (2005) found that leaf 

structural and chemical features had an impact on the phyllosphere population. One 

of their observations was that the evergreen species tested had higher concentrations 

of phenolic compounds and that higher phenolic concentrations in plants resulted in 

less abundant epiphytic bacterial populations. Holly is both an evergreen and, as 

shown in Chapter 2, has a lower abundance of bacteria than hawthorn trees which, 

based on trends observed by Yadav et al. (2005), indicates that higher phenolic 

concentrations are likely to be a property of these leaves. It is therefore possible that 

the greater number of natural phenolic compounds released by holly trees may induce 

the degradation of other phenolic compounds (such as PNP) and enrich the 

phyllosphere with compounds which select for microbial populations able to utilise 

phenolic compounds. In this way, the holly phyllosphere may be primed for the 

degradation of PNP and this may have led to the significantly quicker degradation 

rates observed. It has also been suggested that high wax content in leaves promotes 

the colonisation of bacteria able to degrade phenanthrene (Waight et al., 2007) and 

pyrene (Siriratruengsuk et al., 2017) and therefore the waxy holly leaves may promote 

the colonisation of PNP-degrading bacteria in a similar way. More research could be 

conducted in the future to characterise the physical and chemical properties of the 

holly and hawthorn trees to determine any links between the PNP-degrading 

capabilities of the phyllosphere and such structural/chemical leaf factors. Regardless 

of the factors which may impact the phyllosphere community, the fact remains that 

differences in PNP degradation rates between sample types are most likely due to 

differences in microbial community composition. These differences will be discussed 

further in Section 3.4.3. 

 

 Within tree sample types (HtW, HtR and HlW), there were some significant 

differences in PNP degradation rates between seasonal timepoints. The majority of 

these within-group differences were with woodland hawthorn samples (HtW) where 

spring samples degraded PNP significantly slower than summer and autumn samples 
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on multiple occasions. This is likely due to the leaves being new in spring and 

therefore have not had time to develop an established microbial community and, as 

was shown in Chapter 2, this means that the microbial community present on leaves 

during spring differs from the established community in summer and autumn.  

 

 However, despite roadside hawthorn (HtR) samples also coming from a 

deciduous tree, there were no significant differences in PNP degradation rates between 

any timepoints within the HtR samples. This could possibly be due to the roadside 

hawthorn trees having a quicker budding time in the year than woodland hawthorn 

trees and so may have had a more established microbial community which did not 

result in significant differences in PNP degradation between spring and 

summer/autumn. However, earlier budding was not observed during sampling so this 

is unlikely. Another explanation could be that the roadside hawthorn trees are seeded 

quicker than the woodland samples or with bacteria more able to degrade PNP, due to 

the constant influx of particulate matter as well as spray and aerosols carrying 

microorganisms from the road. This could be investigated by trapping airborne 

particles and characterising the microbial community.  

 

 Within woodland holly (HlW) samples, PNP degradation times were, on 

multiple occasions, significantly faster in winter than other seasonal timepoints. It is 

possible that this could be due to higher concentrations of PNP being available to 

phyllosphere microbiota during winter time due to an increase in vehicle use, wood 

burning and precipitation, all of which have higher concentrations of PNP than the 

atmospheric background concentrations. Seasonal variation of PNP in the atmosphere 

and precipitation is largely unknown. However, particulate matter has been shown to 

contain higher concentrations of PNP in winter than other seasons (Zhang et al., 2010). 

Additionally, many tree species are deciduous and lose their foliage in the winter 

months which may result in a reduction in the overall adsorption of PNP and PM by 

the phyllosphere and therefore lead to increased concentrations of these substances 

during this season.   
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3.4.2 Isolation of PNP-degrading bacteria from phyllosphere samples  

 

 Four bacterial species were isolated from PNP enrichment cultures onto PNP 

plates where colonies grew amongst zones of clearance. PNP-degrading abilities were 

confirmed as complete degradation was achieved within two days upon inoculation 

into liquid media with 2 mg/l PNP.  

 

 Analysis of the 16S rRNA genes identified that two of the isolates (PNP1 and 

PNP2) were Pseudomonas sp., one (PNP3) was a Cabelleronia sp. and one (PNP4) 

was a Rhodococcus sp. Pseudomonas, Caberlloronia (previously Burkholderia) and 

Rhodococcus species are all genera which have known PNP-degrading species and so 

isolation of these species are not surprising. However, this is the first time they have 

been isolated from phyllosphere samples.  

 

 pnpA genes were successfully amplified from isolates PNP1, PNP2 and PNP3, 

but not from PNP4. This indicates that three of the isolates are likely to utilise PNP 

via the HQ pathway, producing hydroquinone as an intermediate. This is the pathway 

which has been described in Gram negative species such as other Pseudomonas and 

Burkholderia spp. npdA2 genes were amplified from PNP4 isolate DNA only, 

indicating that this isolate degrades PNP via the NC pathway, producing 4-

nitrocatechol as an intermediate. Again, this is unsurprising as this pathway has been 

characterised in a number of other Rhodococcus spp. The npdA2 gene could not be 

detected by PCR amplification using PNP3 (Burkholderia/Cabelleronia sp.) DNA as 

a template and therefore it is unlikely that PNP3 can utilise both the NC and HQ 

pathways, despite other Burkholderia species being able to do so (Chauhan et al. 2010, 

Popoca-Ursino et al. 2017).  

 

 For isolates PNP1, PNP2 and PNP3, the potential ability to degrade PNP via 

the HQ pathway was confirmed, with a full set of genes encoding all enzymes in this 

pathway being present in the genome sequences of all isolates. For PNP1, the genes 

were present in two separate gene clusters and two copies of the pnpA gene were 

found, as is the case in Pseudomonas sp. WBC-3 (Zhang et al., 2015).  All HQ-

pathway PNP degradation genes were located within a single gene cluster within the 

PNP2 isolate genome. In addition to genes encoding enzymes in the HQ pathway, the 
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PNP2 genome also contained some genes encoding NC pathway enzymes such as 

hydroxyquinol 1,2-diooxygenase and 4-nitrocatechol 4-monooxygenase. Although no 

gene with a high similarity to npdA2 was found within the genome, this indicates the 

possibility that PNP3 may be able to utilise at least some parts of the NC pathway for 

the degradation of PNP, similar to the PNP degradation pathways characterised in 

Pseudomonas sp. 1-7 (Zhang et al. 2012). PNP3 also contained all genes for PNP 

degradation via the HQ pathway within two gene clusters, similar to PNP1. No genes 

with high sequence similarity to NC-pathway genes were found within the genome, 

further indicating that it does not, unlike other Burkholderia species, utilise both 

pathways for PNP degradation.  The genome sequence of PNP4 will soon be available 

and pathways for PNP degradation will be confirmed in future work.    

 

 ANI calculations for isolates PNP1, PNP2 and PNP3 (Table 3.12) indicate that 

all isolates have <82% similarity with the closest neighbour available in the RAST 

database. According to parameters suggested by Chun et al. (2018), genome sequences 

with <95% similarity are considered different species and so all isolates are likely 

novel PNP-degrading species of bacteria, isolated from the phyllosphere. To 

determine whether these isolates are truly colonisers of the phyllosphere and not just 

soil contaminants or transient bacteria, research should be conducted to determine 

whether they have high epiphytic fitness. This could be achieved using a “wet-dry-

wet” phyllosphere competency test, as described by Lindow (1993) and compared 

with a species which is known coloniser of the phyllosphere such as Pantoea 

agglomerans, which was used as a comparative epiphyte in tests conducted by 

Sheublin et al. (2013).   

 

3.4.3 Impact of PNP on phyllosphere bacterial communities and the identification 

of potential PNP-degrading bacterial species  

 

 Unsurprisingly, the bacterial community composition of both the PNP-

enriched and control cultures was highly dissimilar (R=0.96-0.98) to the leaf wash 

community, indicating that the process of cultivation significantly impacted the 

bacterial community. However, when all seasonal sampling times were considered, 

the addition of PNP to cultures resulted in only a weak dissimilarity between PNP 

enriched cultures and controls (R = 0.1).  
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 Higher concentrations of PNP could be used in order to more easily identify 

dissimilarities between PNP enrichment cultures and controls. However, as PNP is 

toxic this may result in only highly resistant species being shown to be enriched and 

many PNP-degrading microorganisms could be dismissed. Previous research using 

higher PNP concentrations of 20mg/l resulted in more obvious dissimilarity between 

PNP enrichment cultures and controls. However, fewer OTUs were identified as being 

enriched in the presence of PNP which indicates that use of higher concentrations may 

decrease the diversity of PNP-degrading species being enriched (Palmer, 2015).  

 

 When samples were split into seasonal sampling timepoints, samples taken in 

autumn did result in a significant dissimilarity between PNP enrichment cultures and 

controls (0.21), unlike the majority of samples from other seasonal timepoints. While 

it is possible that the concentration of PNP was miscalculated for this timepoint, 

leading to the addition of >2 mg/L PNP, it is also possible that the OTUs enriched by 

PNP during this timepoint were more dissimilar to those which persist in the controls 

than during other timepoints or that more OTUs present in the autumn samples were 

sensitive to PNP, resulting in a more dissimilar community composition between PNP 

enrichment cultures and controls. Nonetheless, seasonal analyses demonstrate that the 

addition of PNP can in fact significantly alter the community composition of bacteria, 

although it is difficult to demonstrate a constant pattern all year-round using 

concentrations of only 2 mg/L. 

 

 SIMPER analyses were used to detect ‘candidate PNP-degrading bacteria’ 

which were present in the PNP-enrichment cultures. Twenty-six OTUs were identified 

as driving the most dissimilarity between the PNP enrichment cultures and controls 

and were enriched in the presence of PNP. Of these OTUs, it is most likely that those 

which were significantly (P = <0.05) more abundant in PNP enrichment cultures than 

controls were those which were degrading the PNP. In total, 12/26 OTUs were 

significantly enriched, either on a global scale (all samples) or within seasonal or 

sample type groups.  

 

 Of the OTUs which were globally significantly more abundant in the PNP-

enrichment cultures than the control cultures, 2/5 belonged to genera known to 
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degrade PNP. These were OTU7 and OTU215 which were species of either 

Burkholderia or Cabelleronia. OTU7 was also 100% identical to PNP3, indicating 

that this isolate was significantly enriched in the cultivated samples and represented a 

common PNP-degrading OTU. The first of the remaining 3/5 OTUs which were 

significantly enriched was OTU12, related to a Rhizobium sp. While there is no 

research to show that species belonging to this genus are definitely capable of PNP 

degradation, research by Kowalczyk et al. (2015) showed that a Rhizobium sp. mar 

gene was proliferated in PNP enrichment cultures, indicating that this genus was likely 

able to degrade PNP.  The second OTU, OTU13, is a species of Actinomycetospora, 

in which no species have thus far been identified as being able to degrade PNP. While 

BLAST searches did not yield any Actinomycetospora sp. genes with high identity to 

either pnpA or npdA2, various Actinomycetospora sp. in the database have 

maleylacetate reductase genes, indicating the degradation of aromatic compounds by 

such species is likely. Finally, OTU70 was also significantly enriched in the presence 

of PNP. This OTU was similar to both species of Tardiphaga and Rhodopseudomonas 

and it is therefore unknown which genus this OTU belongs to. No species of either 

genus has been shown to degrade PNP so far, indicating that this OTU could also 

represent a novel species of PNP-degrading bacteria.   

 

 A further 7/26 OTUs were significantly enriched within their sampling 

timepoints or tree sample types, making them likely PNP-degrading species, some of 

which were related to known PNP-degrading organisms such as OTU4 and OTU41 

which are species of Pseudomonas and Nocardia/Rhodococcus, respectively. It is 

therefore highly likely that these OTUs were enriched due to the utilisation of PNP as 

a carbon source. OTU4 also shared 100% identity to isolate PNP2, which had 

confirmed ability to degrade PNP. The five remaining OTUs (OTU5, OTU19, OTU44, 

OTU49 and OTU571) belong to genera for which there have been no confirmed PNP-

degrading species. Therefore, this study indicates that species from the Luteimonas, 

Phyllobacterium, Neorhizobium/Agrobacterium, Chryseobacterium, and 

Corticibacterium/Mesorhizobium genera have been identified as potential PNP-

degrading bacteria, which would provide a novel function for species in these genera.      

 

 While being associated with the dissimilarity between the PNP-enriched 

samples and controls, 14/26 of the candidate PNP-degrading bacterial OTUs were not 
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significantly more abundant in the PNP-enrichment cultures. This could indicate that 

they were not actually degrading the PNP and were present in higher abundance in 

PNP enrichments than controls by chance. However, lack of significant differences 

could also be due to high persistence of certain OTUs in controls which may decrease 

significance despite a general shift in abundance between the groups. Also, due to the 

competitive nature of enrichment cultures, an OTU may only outcompete other PNP-

degrading organisms in very few samples and due to the rarity in which it is enriched 

may not have statistical significance. Therefore, these identified OTUs may still be 

degrading the PNP in enrichments. For example, OTU9 (Pseudomonas sp.) was 

identified as driving dissimilarity but was not significantly more abundant in PNP-

enrichment cultures than controls. This OTU shared 100% sequence identity to isolate 

PNP1, a confirmed degrader of PNP. It is therefore highly likely that this OTU was 

degrading PNP and was enriched by the presence of PNP, despite there being a lack 

of significant differences. Some of the OTUs identified are also bacteria from genera 

which have confirmed PNP-degrading species such as OTU11/OTU39 

(Acinetobacter) and OTU1/OTU246 (Stenotrophomonas). However, there are also 

OTUs which, if their degrading abilities were confirmed, would be novel PNP-

degrading species such as OTU10 (Variovorax), OTU34 (Dokdonella), OTU121 

(Lysobacter/Luteimonas), OTU60 (Pseudoxanthomonas), OTU4857 

(Pararhizobium/Rhizobium), OTU73 (Algoriphagus), OTU3 (Pedobacter), OTU127 

(Mucilaginibacter) and OTU63 (Chryseobacterium).  

 

 It is likely that some of the candidate PNP-degrading OTUs identified are false 

positives. This could occur if some species were indirectly enriched by compounds 

other than PNP. For example, they may be utilising metabolites of PNP degradation 

released by any species that did not fully metabolise the PNP or may be successful 

scavengers of other decaying microorganisms. Further research using DNA-SIP 

(Radajewski et al., 2000) technology could be applied with the use of C13-labelled 

PNP to determine which OTUs are incorporating carbon from the PNP into their DNA, 

providing additional evidence that these candidate OTUs are capable of PNP 

degradation. 

 

Some species may also indirectly benefit from the growth of other species 

which are enriched by PNP and thrive due to such interactions and not because they 
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are utilising PNP as a carbon source.  Microbial network analyses could be conducted 

to determine whether the increased abundance of certain OTUs is linked to the 

increase in other OTUs or whether their success is independent of others (Fernandez 

et al., 2015). 

 

The conditions in which the phyllosphere microbial samples were cultivated 

could have resulted in the exclusion of some key PNP-degrading species. For example, 

some phototrophic Rhodobacter species are able to degrade PNP by a light-dependent 

reaction (Blasco and Castillo, 1992). As enrichment cultures in this study were grown 

in the dark, these species would not be able to utilise the PNP. As the phyllosphere 

can be exposed to high levels of UV light, it is possible that phototrophic degradation 

of PNP by bacteria contributes to a significant amount of PNP utilisation and therefore 

future experiments should take such species into account, with light incubations as 

well as dark.  

 

3.4.4 Impact of tree species, location and sampling time on the community 

composition of candidate PNP-degrading OTUs 

 

 Analyses of variation show that the community of candidate PNP-degrading 

OTUs from woodland holly samples (HlW) were significantly dissimilar to woodland 

hawthorn (HtW) and roadside hawthorn (HtR) samples (R = 0.26 and R= 0.38, 

respectively). However, there was no significant difference between the PNP-enriched 

communities within HtW and HtR samples (R = 0.059). The enriched community of 

holly samples was also more similar within the group than hawthorn samples. These 

analyses indicate that the OTUs being enriched from holly samples are more consistent 

than and dissimilar to hawthorn samples, with OTU4 (Pseudomonas sp.) being 

enriched more often in holly samples than hawthorn samples. This in turn indicates 

that tree species may have an impact on which OTUs are enriched by increased 

concentrations of PNP. As the community of PNP-degrading OTUs did not differ 

between woodland and roadside hawthorn samples, it can be suggested that location 

does not have an impact on the OTUs which are being enriched in the presence of 

PNP. These results may aid understanding as to why holly samples degrade PNP more 

rapidly than hawthorn samples as is it possible that the holly microbial community 
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contains a different community of PNP-degraders than hawthorn samples which may 

utilise PNP more efficiently.  

 

 Overall, the seasonal sampling time had a weak impact on the OTUs which 

were enriched with PNP (R = 0.197). Therefore, different OTUs were enriched at 

different times, indicating that the same OTUs may not be the dominant PNP-

degraders all year-round. The time-dependent dissimilarity occurred the least within 

the holly samples, further indicating that the OTUs being enriched in holly samples 

are more consistent than the hawthorn samples. For all sample types, the OTUs which 

were enriched in spring were dissimilar to those enriched in summer, with OTUs such 

as OTU39 (Acinteobacter), OTU19 (Phyllobacterium) and OTU12 (Rhizobium) being 

more abundant in spring-enrichment cultures than summer-enrichment cultures. This 

indicates that there may be pioneer communities present on newly emerging leaves 

which are able to degrade PNP but these species are outcompeted when the 

phyllosphere samples become more established.     

 

3.4.5 Identification of candidate PNP-degrading OTUs which are abundant 

colonisers of the phyllosphere  

 

 To determine the extent to which any of the candidate PNP-degrading OTUs 

may be relevant to phyllosphere ecosystems and function, the abundance of these 

OTUs within leaf wash samples was established. The majority of the candidate PNP-

degrading OTUs (21/26) were not abundant in the natural phyllosphere, making up 

<2% of reads in any sample. Therefore, most of the OTUs identified are not likely to 

have a large impact on the overall function of the phyllosphere.  

 

 However, 5/26 of the candidate PNP-degrading OTUs were abundant 

colonisers of the phyllosphere, making up on average >2% of total reads within at least 

one sample type. These OTUs were OTU49 (Chryseobacterium), OTU13 

(Actinomycetospora), OTU10 (Variovorax), OTU9 and OTU4 (Pseudomonas). If 

PNP-degrading capability could be confirmed in these OTUs, it would suggest that a 

significant proportion of the natural phyllosphere bacterial community were able to 

degrade PNP and it therefore may be a widespread function. Additionally, OTU4 is 

100% similar to isolate PNP1, demonstrating that one of the common phyllosphere 
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colonisers has a confirmed ability to degrade PNP which supports the proposition that 

PNP degradation may be a function of the phyllosphere.  

 

3.4.6 Impact of PNP on the phyllosphere fungal communities and the 

identification of potential PNP-degrading fungal species 

 

 Analysis of ITS genes in leaf wash samples, PNP-enrichment cultures and 

control cultures showed that the fungal community was less affected by changes in 

cultivation environment than the bacterial community. While the cultivated samples 

were significantly dissimilar to leaf wash samples, the fungal communities clustered 

together according to tree sample type rather than by their treatment groups. The 

addition of PNP did not significantly impact the cultivated samples within any sample 

type, indicating that PNP does not significantly affect the overall fungal community. 

Interestingly, this indicates that 2mg/l concentrations of PNP may not be having a 

largely toxic effect on the overall fungal community, which would have been expected 

due to many fungi being sensitive to pollutants and general changes in environment 

(Magan et al., 1995, Fenn et al., 1989, Bai et al., 2018). However, the health of the 

fungi cannot be determined and it is also possible that many fungi were not thriving 

but their DNA was still present at the time of extraction.    

 

Nonetheless, SIMPER analyses identified OTUs which were more abundant 

in the PNP enrichment cultures than the controls. Seven OTUs were determined to be 

candidate PNP-degrading fungal OTUs having high similarity to species of Venturia, 

Paecilomyces, Metarhizium, Vishniacozyma, Cryptococcus and Papillotrema. So far 

there have been no species reported in any such genera which are able to degrade PNP, 

indicating that novel PNP-degrading fungal species may exist in the phyllosphere. 

However, only two of those OTUs, OTU23 and OTU25 were significantly more 

abundant in the PNP enrichment cultures than controls, meaning that PNP-degradation 

by the other candidate OTUs is less likely.  

 

The OTUs significantly more abundant in PNP enrichments than control 

cultures, OTU23 and OTU25 are most likely to be true PNP degraders. Both of these 

OTUs are most similar to species of Metarhizium, for which PNP degradation has not 

been reported. Metarhizium  species are known colonisers of soils and are often 
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entomopathogens (Bischoff et al., 2009) and so it is unlikely that these OTUs are 

common colonisers of the phyllosphere. This is further indicated by the fact that they 

were not abundant in the unenriched leaf wash community, making up <0.003% of 

total reads. They are therefore more likely to be soil contaminants than phyllosphere 

colonisers. 

 

OTU3 (Tremalles sp.), OTU7 (Venturia) and OTU27 (uncultured 

Basidomycota sp.) were abundant colonisers of the phyllosphere, making up 15.7% of 

total reads, on average. Therefore, if PNP-degradation by these OTUs could be 

confirmed, it would suggest that PNP degradation may be a significant function of the 

phyllosphere mycobiome.  

 

 However, whether or not phyllosphere fungal communities are able to degrade 

PNP is unclear and largely unexplored, meaning further research is needed to reach a 

conclusion. As discussed previously with bacterial communities, DNA-SIP methods 

could be used in order to help determine whether the candidate OTUs are capable of 

PNP degradation. Also, as no fungal species were isolated on the PNP plates used to 

find bacterial isolates, the isolation methodology could be altered with media more 

favourable to fungal growth which may aid in the isolation of fungal PNP-degraders 

and thus increase the evidence for PNP-degrading potential by phyllosphere fungi. 

Finally, future research using ITS amplicon sequencing may benefit from longer 

incubation times with PNP. Fungi are often more slow-growing than bacteria and so 

shifts in fungal community composition may be more difficult to determine during 

short spaces of time. More PNP re-spikes may therefore result in a clearer shift in 

community structure between enrichment cultures and controls which would help in 

the identification of fungal OTUs which were being enriched by PNP.    

 

3.4.7 Use of PNP degradation gene primers to detect pnpA, npdA2 and mar genes 

in phyllosphere samples  

 

The newly designed pnpA gene primer pair (pnp250f/pnp610r) successfully 

amplified the pnpA gene of isolate PNP3 (Cabelleronia), unlike the primer pair 

designed by Kowalczyk et al. (2015). When the pnp349f/pnp635r (Kowalczyk et al. 

2015) was used to investigate the diversity of pnpA genes in river water samples, only 
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Pseudomonas spp. genes were amplified which indicates that this primer pair may 

have had a narrow specificity. The more redundant pnp250f/pnp610r primer pair may 

therefore be able to amplify a wider variety of pnpA genes and be useful in 

investigating the diversity of pnpA genes in the environment in future research.  

 

Use of the pnp250f/pnp610r primer pair with enrichment culture sample or leaf 

wash sample DNA as the template was successful in producing a product of the correct 

gene size in multiple reactions. As was expected, a brighter band was obtained when 

PNP enrichment culture samples were used as a template, indicating that the pnpA 

gene was more abundant in the enrichment cultures than the natural phyllosphere. 

Faint bands can be observed when leaf wash DNA is used as the template, indicating 

that bacteria with a pnpA gene are present in a detectable amount in the phyllosphere 

but are not likely to be abundant. However, as the newly designed pnpA primer pair 

were created using a very limited number of pnpA sequences, it is possible that the 

range of genes, although improved upon, is still very small and may not be amplifying 

pnpA genes from a range of bacterial species. Primers for pnpA amplification could be 

improved upon by sequencing of this gene in more Gram-negative bacterial species 

known to degrade PNP. In order to determine the diversity of pnpA genes which were 

amplified in the PCR reactions, clone libraries could be constructed. This would be 

useful both to test the success of the primers and to determine whether the diversity of 

pnpA genes differs between the PNP enrichment culture samples and the unenriched 

leaf wash samples.  

 

PCR products of the correct size for the npdA2 gene were amplified when both 

PNP enrichment culture and leaf wash samples were used as the template DNA. It 

appears as though more PCR product was obtained with npdA2 gene primers than 

pnpA gene primers, indicating that perhaps there are more bacteria able to degrade 

PNP via the NC pathway than the HQ pathway in the phyllosphere. However, this 

would need to be confirmed by quantitative comparisons via methods such as qPCR. 

Interestingly, the amplification of the npdA2 gene was unsuccessful in previous 

research where river water samples were used as a template (Kowalczyk et al. 2015). 

It is therefore possible that this gene is more abundant in the phyllosphere than other 

microbial habitats. As with the pnpA gene, the PCR products in Figure 3.20 should be 
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used to construct clone libraries to confirm that npdA2 genes have been amplified and 

how diverse these genes are in PNP enrichment cultures and the phyllosphere.  

 

The amplification of mar genes from PNP enrichment culture and 

phyllosphere samples appears to be successful, with products of a single size being 

produced for the majority of samples. It also appears as though, with the unenriched 

leaf wash samples, that the use of holly sample DNA yielded more PCR product than 

the hawthorn samples. This indicates that there may be a higher abundance of mar 

genes in the bacterial population of holly samples than hawthorn samples. However, 

this too would need quantitative confirmation via methods such as qPCR. Also, the 

use of the mar gene as a functional gene marker has its limitations for investigating 

PNP degradation due to the fact that the maleylacetate reductase enzyme is involved 

in the degradation pathways of a wide range of aromatic compounds (Seibert et al., 

1993). Therefore, while a higher abundance of mar genes in holly samples may 

indicate that the phyllosphere of this tree species has greater potential to degrade 

phenolic compounds, this would not necessarily indicate any higher PNP-degrading 

potential.  

 

Although there is evidence to suggest that bacteria are present in the 

phyllosphere which have PNP degradation genes, it is still unknown how abundant the 

genes are and if they are actively being transcribed in the phyllosphere. Therefore, it 

is not certain from current research whether phyllosphere microbiota are degrading 

PNP, despite their potential to do so. Techniques such as qPCR of pnpA and npdA2 

genes could be used to determine whether the PNP degrading potential of the 

phyllosphere differs between sample types. RT-qPCR could be used to investigate 

whether PNP degradation genes are actively being transcribed in the phyllosphere 

which would indicate that PNP degradation is occurring in situ. Such experiments are 

crucial to understanding how the phyllosphere may mitigate PNP pollution in the 

atmosphere but they also rely on the availability of robust primers. As shown in Figure 

3.20, non-specific binding is an issue with the current primer pairs to amplify both the 

pnpA and npdA2 genes. These primer pairs were also designed with a limited diversity 

of gene sequences so may have a narrow specificity. Therefore, these primers may not 

be suitable for qPCR or RT-qPCR. Primers could be re-designed or improved upon if 

pnpA and npdA2 genes from a more diverse range of bacteria had been sequenced and 
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so future work should aim to do so with current PNP-degrading isolates which have 

not had these genes sequenced, such as Methylobacterium, Acinetobacter, 

Stenotrophomonas, Nocardioides and Bacillus spp. (see Table 3.2). Alternatively, 

other -omics technologies such as transcriptomics and proteomics could be used to 

answer questions regarding the diversity of PNP degradation genes and the likelihood 

that they are being used by phyllosphere microbiota to degrade PNP in situ.  

 

3.4.8 Diversity of PnpA and NpdA2 sequences in PNP-enrichment culture 

metagenomes 

 

With use of Hidden Markov Models, a range of candidate PnpA and NpdA2 

sequences were found within the PNP-enrichment culture metagenomes. For PnpA, 

15 protein sequences were identified which were >25% similar to a characterised 

PnpA. It is highly likely that at least some of the ORFs identified are not PnpA and 

will not have a PNP-degrading function. However, seven of the ORFs identified are 

>40% similar to PnpA and so it is likely that they at least share a similar function to 

PnpA. Of the ORFs which were highly similar to PnpA (>40%), five were similar to 

PnpA sequences from Pseudomonas species whereas two were similar to 

Burkholderia/Cabelleronia/Paraburkholderia species. This indicates that the majority 

of the PnpA genes present in the enrichment cultures are from these species, which is 

not surprising as two PNP-degrading Pseudomonas and one Cabelloronia species 

were isolated from such enrichment cultures. However, while it appears that almost 

identical PnpA sequences were found from isolate PNP3 (Cabelleronia sp.), all of the 

PnpA sequences found in the metagenomes are slightly different to the PnpA 

sequences from isolates. This suggests that the majority of the PnpA sequences in the 

metagenomes are from different Psuedomonas species from those isolated and that a 

wide range of Pseudomonas species in the phyllosphere may have PNP-degrading 

capabilities. As shown in Chapter 2, Pseudomonas species are dominant in the 

phyllosphere, and were amongst the top 15 most abundant genera in all samples and 

so PNP degradation by these species may have the potential to play a significant role 

in the overall function of the phyllosphere. In addition, metagenomic analyses have 

identified an additional sequence (pnpa7) with high similarity (47.97%) to a confirmed 

PnpA sequence which does not appear to be related to Pseudomonas or Cabelloronia 

species. As shown in Figure 3.21, sequence pnpa5 clusters with species from the order 
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Sphingomonadales. While MiSeq analysis identified many OTUs as potential PNP 

degraders within the Alphaproteobacteria class (Figure 3.13), no OTUs were highly 

similar to species of Sphingomonadales. Therefore, it is possible that the species 

containing pnpa5 does degrade PNP but is not highly enriched in the PNP enrichment 

culture, meaning it was not detected as a PNP-degrading candidate or that the pnpa5 

ORF discovered in the metagenome is not a true PnpA. In order to provide further 

evidence for the PNP-degrading capabilities of this Sphingomonadales species, MAGs 

will be screened for those which contain ORF pnpa5 and further PNP degradation 

genes will be searched for within the genome, if it is available.  

 

Eleven NpdA2-like sequences of the correct size were identified within the 

PNP enrichment metagenomes. Four of these had a low sequence similarity (<30%) 

to a characterised NpdA2 and therefore while there is potential that they may be a 

functional homolog, their exact function may not be PNP degradation. Seven ORFs 

identified within the metagenomes had very significant E values and were highly 

similar (>74%) to confirmed NpdA2 sequences and so it is extremely likely that these 

are NpdA2 functional orthologs. The majority of the sequences (npdA2_1-6) are 

similar to sequences from a variety of Rhizobiales species including Rhizobium, 

Phyllobacterium and Bradyrhizobium. MiSeq analyses also identified multiple 

Rhizobiales OTUs (Figure 3.13) which were enriched in the presence of PNP, 

including species of Phyllobacterium and Rhizobium species. Therefore, as NpdA2 

sequences have been identified in the metagenomes of these samples, there is further 

evidence that some of the candidate PNP-degrading OTUs in the Rhizobiales order 

(especially OTU19 (Phyllobacterium sp.) and OTU12 (Rhizobium sp.)) are capable of 

PNP degradation. In addition, one of the NpdA2-like ORFs (npdA2_7) appeared to be 

related to that of Pseudonocardia species. However, npdA2_7 was only 89% similar 

to the Pseudonocardia sequences and so it is possible that it is a NpdA2 sequence of 

a genus in the same family as Pseudonocardia: Pseudonocardiaceae. 

Actinomycetospora species also belong to this bacterial family, a species of which 

(OTU13) was identified in the MiSeq analysis as being enriched in the PNP cultures. 

It is therefore possible that the npdA2_7 sequence is from this OTU, although further 

analysis of the metagenome data is needed to investigate this. As shown in Chapter 2, 

OTU13 (Actinomycetospora sp.) is dominant in the natural phyllosphere (4-7% of 

reads). Therefore, if the NpdA2 sequence does originate from an Actinomycetospora 
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species, there is reasonable evidence that an abundant coloniser of the phyllosphere is 

able to degrade PNP.  

 

From this culture-independent research, there is accumulating evidence that 

species of Actinomycetospora, Phyllobacterium and Bradyrhizobium are capable of 

degrading PNP. To my knowledge, no species from these genera have so far been 

identified as being capable of PNP degradation and therefore novel PNP-degrading 

species may have been revealed in the phyllosphere. As mentioned previously, further 

analysis of MAGs from the PNP enrichment culture metagenomes may increase the 

evidence of the PNP-degrading potential of the candidate PNP-degrading species 

identified in this study.  

 

3.4.9 Conclusions  

 

 All phyllosphere samples from hawthorn and holly trees sampled over 2.5 

years (n=40) were able to fully degrade PNP, indicating that the degradation of this 

atmospheric pollutant is potentially a widespread function of the phyllosphere of trees. 

Four bacterial isolates were obtained from PNP enrichment cultures, two of which 

were species of Pseudomonas, one Cabelleronia and one Rhodococcus. Whole 

genome sequencing and PCR amplification of PNP degradation genes indicated that 

these isolates degraded PNP by the previously characterised HQ or NC PNP 

degradation pathways. Analysis of 16S rRNA and ITS genes from MiSeq high-

throughput sequencing allowed identification of further candidate PNP degrading 

microorganisms which were not isolated. Only two fungal OTUs were significantly 

enriched in PNP degradation cultures, both of which were Metarhizium species. 

Furthermore, these OTUs were not abundant in leaf wash samples, indicating that PNP 

degradation by phyllosphere fungi may be limited. However, a range of bacteria were 

enriched in PNP cultures as indicated by significantly higher relative abundances of 

reads from OTUs belonging to genera such as Pseudomonas, Actinomycetospora, 

Rhodopseudomonas, Phyllobacterium, Agrobacterium, Rhizobium and 

Chryseobacterium in PNP enrichment culture samples compared to no-substrate 

controls. Some of the candidate PNP-degrading OTUs such as species of 

Pseudomonas, Variovorax, Actinomycetospora and Chryseobacterium were abundant 

(>2% relative read abundance) in unenriched leaf wash samples, indicating that 
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several abundant colonisers of the natural phyllosphere may have the ability to utilise 

PNP as a carbon source. Metagenome analysis of PNP enrichment culture samples 

identified a diverse range of PNP degradation protein sequences in the samples, with 

14 sequences which were highly similar (>40%) to sequences from characterised 

PnpA or NpdA2 enzymes. Additionally, a number of NpdA2 sequences taxonomically 

similar to Rhizobiales and Actinomycetales species were identified, providing extra 

evidence that OTUs of these orders which were enriched in PNP cultures may have 

been degrading PNP.  
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CHAPTER 4 - DEGRADATION OF CARBON 

MONOXIDE BY BACTERIA IN THE PHYLLOSPHERE 

 

4.1 INTRODUCTION 

 

4.1.1 Carbon monoxide in the atmosphere 

 

Carbon monoxide (CO) is an odourless, colourless gas which is both toxic to 

humans and negatively impacts the environment. Its release into the atmosphere is due 

to both anthropogenic sources such as industrial and automotive combustion 

processes, as well as environmental sources including volcanic eruptions, forest fires 

and photochemical reactions (DEFRA, 2014).  Atmospheric CO is also constantly 

being removed via sinks such as tropospheric oxidation and uptake by soils.  Sources 

and sinks of atmospheric CO are summarised in Figure 4.1.  

 

 The largest global source of CO into the atmosphere is by anthropogenic 

processes which are thought to be responsible for more than half of the annual 

emissions of CO, amounting to >1,200 Tg yr-1 (Khalil and Rasmussen, 1994, King 

and Weber, 2007).  In the UK, the National Atmospheric Emissions Inventory found 

that road transport was responsible for 65% of CO emissions in 1990 and continued 

to be the major contributing source until 2013. Due to improvements in EU-wide 

emissions regulations, vehicle emissions are now responsible for roughly 18% of CO 

emissions in the UK, with 272 kilotons being produced in 2016 and the majority of 

emissions now originating from residential and stationary combustion (NAEI, 2018b). 

It is therefore expected that, as can be seen in Figure 4.2, CO concentrations remain 

the highest in urban areas and along major roads, with around 16-160 tons/km2 per 

year in these environments (NAEI, 2018a).  
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Figure 4.1: Sources and sinks of atmospheric CO. Question marks indicate that it is not currently known whether the suggested sink acts as a CO sink. 
DOM= dissolved organic matter. Numerical values are CO in Tg yr-1.  Adapted from Figure 1, King and Weber (2007).  
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Figure 4.2: National Atmospheric Emissions Inventory CO emissions data in the 

UK, 2016.  CO concentration values indicated by colour are in tons of CO produced 
by km2 per year (NAEI 2018). 
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In the terrestrial environment, another source of CO is from canopy emissions. 

Live and dead plant matter have been shown to emit CO and the dominant mechanisms 

are by photochemical transformations within living leaf tissue or by UV-induced 

photoproduction by dead leaf tissue. Research has estimated that around 50-200 Tg 

yr-1 of CO is directly emitted from living plant tissues which is produced within the 

leaf and released via the stomata on the underside of leaves (Seiler and Giehl, 1977, 

Tarr et al., 1995). Experiments by Tarr et al. 1995 also found that CO emissions from 

dead plant matter were 10-fold higher than that of living plant matter and that 60-90 

Tg yr-1 of CO may originate solely from degradation of dead plant matter, highlighting 

this material as a significant natural source of CO into the atmosphere.    

 

4.1.2 Impacts of atmospheric CO 

 

Atmospheric CO has an impact on both the environment and human health.  

Carbon monoxide levels in the atmosphere have indirect environmental impacts by 

reducing concentrations of hydroxyl radicals and thus increasing the residence times 

of greenhouse gases such as methane (Daniel and Solomon, 1998), contributing to the 

increase in ground-level ozone (Reeves et al., 2002) and leading to the formation of 

photochemical smog (Westberg et al., 1971).  

 

Inhalation of CO can have adverse effects on human health as CO has a high 

affinity for haemoglobin, forming carboxyhaemoglobin in the blood which prevents 

the transport of oxygen to body tissues (Hlastala et al., 1976). As a result, prolonged 

inhalation of high concentrations of CO can lead to the development of symptoms 

such as nausea, light-headedness, vomiting and even asphyxiation and death, 

depending on the concentration and duration of exposure (Blumenthal, 2001).  

However, CO concentrations in ambient air rarely reach a level in which such 

symptoms would develop in humans.  CO concentrations in ambient air typically 

range from 1.1 – 1.6 mg/m3 in the UK, with larger cities having concentrations of 1.6 

- 2.5 mg/m3 (DEFRA 2014). However, in polluted cities around the world such as 

Beijing, CO concentrations as high as 17.1mg/m3 have been reported (Xue et al., 

2006).  
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The effects of inhalation of low CO concentrations on human health are much 

less understood, with conflicting evidence on associated health risks.  Some studies 

have shown that the potential hypoxic effects resulting from exposure to low CO 

concentrations are negligible (Mayevsky et al., 1995) and may even be beneficial to 

human health by having a protective effect on respiratory infection (Tian et al., 2013) 

and cardiac ischemia (Fujimoto et al., 2004). Other studies conducted have also failed 

to find any significant associations between exposure to ambient CO levels and human 

respiratory health (Stieb et al., 2009, Chen et al., 2011). 

 

However, there is also research to suggest that prolonged exposure to low CO 

concentrations can increase risk of cardiac pathology such as cardiac arrhythmia 

(Andre et al., 2011) and a significant link between ambient CO levels and 

cardiovascular mortality has been identified which indicates that a 1 mg/m3 increase 

in CO resulted in a 1.25% increase in cardiovascular deaths (Samoli et al., 2007).  A 

review of the research into urban CO levels and their potential to impact human health 

was conducted in 2012 which concluded that regular exposure to low levels of CO, 

such as those found in urban areas, is likely to have significant consequences on 

cardiovascular health and therefore should be considered a risk factor for such 

conditions (Reboul et al., 2012).  More recently, contradictory to previous findings, 

research has shown that ambient CO concentrations of 0.8 mg/m3 resulted in increased 

incidence of hospital outpatients, especially women and the elderly, for respiratory 

diseases in China. These experiments have led to the conclusion that ambient CO 

levels in urban areas have the potential to increase the risk for respiratory diseases 

such as asthma, bronchiectasis and pneumonia (Zhao et al., 2019). 

 

4.1.3 Bacterial degradation of CO 

 

It is likely that many early evolving microbes utilised CO as a source of both 

energy and carbon, as evidenced by the presence of anaerobic, thermophilic CO-

degrading bacteria and archaea being found in volcanic environments (Bonch-

Osmolovskaya et al., 1999, Sokolova et al., 2002, Wachtershauser, 2006) and 

hydrothermal vents (Sokolova et al., 2004, Kozhevnikova et al., 2016, Cerqueira et 

al., 2018). With the oxygenation of the Earth’s atmosphere came the evolution of 
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aerobic CO-oxidisers which are likely to have a significant impact on the tropospheric 

chemistry of the Earth (King and Weber 2007).  

 

Aerobic CO oxidising bacteria oxidise carbon monoxide to CO2 in the 

following reaction:  

 

In aerobic CO oxidisers, this reaction is catalysed by the molybdenum- and 

copper-containing enzyme CO dehydrogenase (CODH). There are two forms of 

CODH, the definitive form I and the putative form II, both of which comprise cox 

genes encoding the large (coxL), medium (coxM) and small (coxS) subunits of the 

enzyme (Moran et al., 2004). The arrangement of these genes in a variety of bacterial 

genomes is displayed in Figure 4.3. 
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The form I cox operon is transcribed in the order M, S, L whereas the form II 

operon is transcribed in the order S, L, M. The form I CODH is described as the 

definitive form and is well characterised within a variety of carboxydotrophs (Meyer 

and Schlegel, 1983) whereas the function of the form II CODH is less well known and 

so is described as the putative form. It is thought that the form II CODH may have a 

lower affinity for CO than form I (Lorite et al., 2000) and so the presence of both 

forms may be advantageous to bacteria, allowing them to oxidise a range of CO 

concentrations (King, 2003a). There is further evidence that the form II CODH is a 

functional CO-oxidising enzyme as Bradyrhizobium japonicum USDA 110 is able to 

Figure 4.3: Arrangement of form I and form II cox genes in a variety 

of CO-oxidising bacteria. A) Arrangement of form I cox genes. B) 

Arrangement of form II cox genes. The small subunit (coxS) is indicated 
in green, the medium subunit (coxM) is indicated in yellow and the large 
subunit (coxL) is indicated in red. Accessory genes are indicated in blue.  
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degrade CO as a sole source of carbon and energy, despite lacking the form I CODH 

(Lorite et al. 2000). However, one study also showed that bacterial species in the 

marine roseobacter clade which do not possess form I cox genes as well as form II are 

not capable of CO oxidation (Cunliffe, 2011). Primer pairs have been designed which 

target either the definitive form I or putative form II coxL gene (King 2003). However, 

due to the uncertainty surrounding the function of the form II CODH, detection of 

form I coxL genes is more indicative of CO oxidation capabilities in samples.   

 

Some species of aerobic CO-oxidisers, known as carboxydotrophs, are able to 

utilise high concentrations of CO (>1%) as both an energy source and a sole carbon 

source by using the energy from CO oxidation to assimilate the CO2 produced via the 

Calvin Benson Bassham cycle with the RuBisCO enzyme. However, they have a low 

affinity for CO, preferring other organic substrates (King and Weber 2007).   

 

Another group of CO-oxidisers, known as carboxydovores, cannot grow under 

elevated CO concentrations but oxidise low CO concentrations (≤1000 ppm). This 

group of bacteria have been found to have a high affinity for low levels of CO but 

cannot generate biomass when CO is the sole carbon source and therefore likely use 

CO as a supplementary energy source in addition to other substrates (King and Weber, 

2007).   

 

A range of aerobic carboxydotrophs and carboxydovores have been identified 

as CO-oxidisers from a range of phyla including Proteobacteria, Firmicutes, 

Actinobacteria, Chloroflexi and Bacteroidetes. Species of carboxydotrophs proven to 

oxidise CO are shown in Table 4.1 whereas species of carboxydovores with proven 

CO-oxidising abilities are shown in Table 4.2. Screening of coxL genes and analysis 

of bacterial genomes indicates that the range of bacteria which have the potential for 

CO oxidation is even wider than the currently identified CO-oxidising species (Yang 

et al., 2015, Weber and King, 2010, Wu et al., 2017, Tolli et al., 2006) and that there 

are novel, unclassified clades of bacteria which may be able to degrade CO (Hardy 

and King, 2001, Lalonde and Constant, 2016, Venter et al., 2004).  
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CO-oxidiser Isolation source Reference 

Alpharoteobacteria   

Oligotropha carboxidovorans Wastewater (Meyer and Schlegel, 1983) 

Pseudomonas 

thermocarboxydovorans 
Compost (Lyons et al., 1984) 

Pseudomonas 

carboxydohydrogena 
Sewage (Meyer and Schlegel 1983) 

Bradyrhizobium japonicum 

USDA 110 
Rhizosphere (Lorite et al. 2000) 

Gammaproteobacteria   

Alkalispirillum sp.  Soda lake (Sorokin et al., 2010) 

Alkalimnicola sp.  Soda lake (Sorokin et al. 2010) 

Firmicutes   

Bacillus schlegii 
Freshwater 

sediment 
(Kruger and Meyer, 1984) 

Geobacillus 

thermoglucosidasius 
Hot spring (Brumm et al., 2015) 

Actinobacteria   

Streptomyces 

thermoautotrophicus 
Coal heap (Gadkari et al., 1990) 

Mycobacterium smegmatis Soil, human 
(Park et al., 2003, King, 

2003b) 

Mycobacterium gordonae Human, water (King 2003) 

Mycobacterium tuberculosis 

H37Ra 
Lungs (King 2003, Park et al. 2003) 

Mycobacterium sp. JC1 Soil (Park et al., 2003) 

Rhodococcus erythropolis  Crude oil (Yano et al., 2012) 

 

 

 

Table 4.1: Carboxydotrophs able to oxidise and assimilate CO. Carboxydotrophs are defined 

as being able to have the ability to grow at high CO concentrations (>1000ppm) and utilise CO 

as both a source of carbon and energy. 
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CO-oxidiser Isolation source Reference 

Alphaproteobacteria   

Bradyrhizobium sp. str. CPP Rhizosphere (King 2003) 

Mesorhizobium plurifarium Rhizosphere (King 2003) 

Stappia aggregata Marine sediment (King 2003) 

Stappia stellulata Marine sediment (King 2003) 

Silicibacter pomeroyi Sea water (King 2003) 

Rugeria pomeroyi DSS-3 Sea water (Cunliffe 2011) 

Dinoroseobacter shibae Sea water (Cunliffe 2011) 

Roseobacter litoralis Sea water (Cunliffe 2011) 

Roseobacter sp.  Sea water (Tolli et al. 2006) 

Betaproteobacteria   

Burkholderia xenovorans Soil (King 2003) 

Burkholderia sp. str. LUP Rhizosphere (King 2003) 

Burkholderia alpine sp. Soil (Weber and King, 2017) 

Paraburkholderia hiiakae sp. Volcanic soil (Weber and King 2017) 

Paraburkholderia metrosideri sp.  Volcanic soil (Weber and King 2017) 

Paraburkholderia paradisi sp.  Volcanic soil (Weber and King 2017) 

Paraburkholderia peleae sp.  Volcanic soil (Weber and King 2017) 

Gammaproteobacteria   

Alkalimnicola ehrlichei Soda lake (Hoeft et al., 2007) 

Stenotrophomonas sp. str. LUP Peat (King 2003) 

Halomonas sp.  Sea water (Tolli et al. 2006) 

Actinobacteria   

Mycobacterium sp. str. RIM Volcanic soil (King and Weber 2007) 

Pseudonocardia carboxydivorans sp.  Soil (Park et al., 2008) 

Chloroflexi   

Thermogemmatispora carboxidovorans 

sp.  
Geothermal biofilm (King and King, 2014) 

Bacteroidetes   

Cyclobacterium sp.  Sea water (Tolli et al. 2006) 

 

Table 4.2: Carboxydovores able to oxidise CO. Carboxydovores are defined as bacteria which 

can only grow at CO concentrations <1000ppm and utilise CO as a source of energy but not as a 

sole carbon source.  
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As indicated in Tables 4.1 and 4.2, aerobic CO-oxidising bacteria have been 

found in a range of environments such as waste, sea water, sediment, volcanic 

deposits, soil and the rhizosphere. CO-oxidising bacteria are sinks of CO, reducing 

flux into the atmosphere and removing CO from the atmosphere as shown in Figure 

4.1.  For example, research has indicated that soil microbiota remove up to 15% of 

total CO flux out of the atmosphere (King, 1999), removing around 300 Tg of CO per 

year (King and Weber 2007). It is estimated that only 3-7% of CO is incorporated into 

biomass, indicating that the majority of CO oxidation in soils is carried out by 

carboxydovores (Spratt and Hubbard, 1981, Whalen and Reeburgh, 2001). Bacteria 

isolated from the rhizosphere have also been shown to be able to degrade CO, 

including a diverse range of Burkholderia species, a common coloniser of the 

rhizosphere, which were found to oxidise environmentally relevant concentrations of 

CO (Weber and King, 2012). However, there are currently no estimates as to the 

amount of CO which is oxidised by microbes in the rhizosphere.  

 

Marine samples are also able to oxidise CO and it is estimated that up to 85% 

of the CO produced by the oceans undergoes microbial oxidation and is not released 

into the atmosphere (Xie et al., 2005, Tolli and Taylor, 2005). Several CO-oxidising 

bacterial species have been isolated from ocean samples (as indicated in Table 4.2) 

and metaproteomic studies have further shown that in oxic environments there are a 

wide range of CODH subunits found belonging to clades of Alphaproteobacteria 

(Roseobacter and SAR116), Betaproteobacteria and Plantomycetes (Georges et al., 

2014). Recent models have estimated that roughly 30 Tg of carbon from CO (69.9 Tg 

of CO) are consumed by microorganisms in the ocean per year (Conte et al., 2019).  

 

 An estimated 370 Tg of CO per year is oxidised by microorganisms in global 

soils and oceans, with evidence to suggest that further uptake by rhizosphere microbes 

is likely. However, there has so far been no research as to whether microorganisms in 

the phyllosphere, a microbial habitat with a global surface area of more than one 

billion km2 (Morris and Kinkel, 2002), are able to degrade CO.  With emissions from 

tree canopies and anthropogenic sources such as vehicle exhaust fumes providing a 

constant flow of CO to the immediate atmosphere surrounding the leaf environment, 

it is possible that some phyllosphere microorganisms may be able to utilise this 



 153 

compound to supplement the scarce sources of carbon and energy which are available 

to them in the nutrient-limited habitat of the leaf surface.   

 

4.1.4 Experimental overview 

 

 Leaf wash samples from holly and hawthorn trees were used in CO enrichment 

cultures with or without a complementary carbon source in an attempt to assess the 

potential for CO degradation in the phyllosphere and to identify carboxydovores and 

carboxydotrophs which might be present. CO degradation was monitored using gas 

chromatography (GC) and high-throughput analysis of 16S rRNA genes was used to 

determine which bacterial taxa were enriched in the presence of CO and if they were 

abundant in the unenriched leaf wash community. Potential CO-oxidisers from both 

media with or without an additional source of organic carbon were isolated and their 

CO-oxidising potential was assessed by monitoring CO degradation along with use of 

putative form I coxL gene primers to detect the presence of the form I CODH enzyme. 

Finally, coxL gene primers were also used to amplify coxL genes from leaf wash DNA 

and enrichment culture DNA samples to construct clone libraries to assess the 

diversity of bacteria which have the functional potential to degrade CO in phyllosphere 

samples.  

  

4.1.5 Aims and objectives 

 

The aims and objectives of this experiment were to: 

1) Determine whether phyllosphere microbiota are capable of CO 

degradation and whether certain phyllosphere bacteria can utilise CO as a 

sole source of carbon and energy or just as an additional energy source.  

2) Identify bacteria which have the potential to oxidise CO in the 

phyllosphere. 

3) Assess the diversity of form I coxL genes present in phyllosphere samples.  

 

 

 

 

 



 154 

4.2 METHODS 

 

4.2.1 Sample collection and processing  

 

Holly and hawthorn leaves were collected in October 2017 at both the 

woodland and roadside sites as described in Section 2.2.1 and microbial communities 

were extracted from the leaf surface as described in Section 2.2.2.  

 

4.2.2 Preparation of CO enrichment cultures 

 

Sterile mineral salts medium was prepared as follows for use in CO enrichment 

cultures to target either heterotrophic (Table 4.3) or autotrophic (Table 4.4) CO-

degrading bacteria. Analytical grade chemicals (purchased from Sigma-Aldrich) were 

dissolved in Milli-Q water before sterilisation by autoclaving at 121°C for 15 minutes.  

 

To encourage heterotrophic growth, yeast extract was added to part I to a final 

concentration of 0.25 g/L prior to autoclaving. One millilitre of 0.22 μm filter sterilised 

vitamin solution (Table 4.6) was also added once the media had cooled to room 

temperature.  No additional carbon sources or vitamins were added to the mineral salts 

medium when used for enrichment cultures intended to target autotrophs.  
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Table 4.3: Composition of mineral salts medium for heterotrophic CO enrichment cultures. 

Adapted from Meyer and Schlegel (1983). Part I and Part II were prepared and sterilised separately 

before being re-combined once the solutions had cooled to room temperature.   

 
Compound Amount per Litre 

Part I (800ml) 

NH4Cl 1.5 g 

MgSO4•7H2O 0.1 g 

CaCl2•2H2O 0.02 g 

(NH4)5[Fe(C6H4O7)2]  

(Ammonium ferric citrate) 1.2 mg 

Yeast extract 0.25 g 

Vitamin solution (Table 4.6) 1 ml 

Solution T (Table 4.5) 1 ml 

Part II (200ml) 
KH2PO4 1.5 g 

Na2HPO4•12H2O 9 g 

 

Table 4.4: Composition of mineral salts medium for autotrophic CO enrichment cultures. 

Adapted from Meyer and Schlegel (1983). Part I and Part II were prepared and sterilised separately 

before being re-combined once the solutions had cooled to room temperature.  

 
Compound Amount per Litre 

Part I (800ml) 

NH4Cl 1.5 g 

MgSO4•7H2O 0.1 g 

CaCl2•2H2O 0.02 g 

(NH4)5[Fe(C6H4O7)2] 1.2 mg 

Solution T (Table 4.5) 1 ml 

Part II (200ml) 
KH2PO4 1.5 g 

Na2HPO4•12H2O 9 g 
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Table 4.5: Composition of trace metals solution (Solution T) for mineral salts medium (CO). 

Adapted from Meyer and Schlegel (1983). 

Compound Amount per Litre 

ZnSO4•7H2O 0.1 g 

MnCl2•4H2O 0.03 g 

H3BO3 0.3 g 

CoCl2•6H2O 0.2 g 

CaCl2•2H2O 0.01 g 

NiCl2•6H2O  0.02 g 

Na2MoO4•2H2O 0.9 g 

Na2SeO3 0.02 g 

 

Table 4.6: Composition of vitamin solution for heterotrophic cultures. Prepared as described 

by (Kanagawa et al., 1982).   

Compound Amount per Litre 

Thiamine HCl 10 mg 

Nicotinic acid 20 mg 

Pyrodoxine HCl 20 mg 

Para-aminobenzoic acid 10 mg 

Riboflavin 20 mg 

Biotin 1 mg 

Cyanocobalamin (vitamin B12) 1 mg 

 

When a solid medium was needed to isolate bacteria on plates, 500 ml of 

heterotrophic mineral salts media was prepared and 7.5 g BactoAgar (Becton 

Dickinson, USA) added to part I prior to autoclave sterilisation. 

 

For enrichment cultures, 25 ml of heterotrophic mineral salts medium was 

added to 125 ml serum vials which had been pre-sterilised by autoclaving at 121°C. 

Half of a leaf wash filter was added as the microbial inoculum per vial and the 

enrichment culture was then sealed with a butyl plug and crimped. CO was injected 

into each serum vial for a headspace concentration of 800 ppm. Sterile controls were 

prepared containing 25 ml heterotrophic mineral salts medium without inoculum and 

no-substrate controls were prepared containing the microbial inoculum plus 25 ml of 
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heterotrophic mineral salts media without the addition of CO. Enrichment cultures and 

controls were stored in the dark in a shaking incubator at 22°C and 100 rpm.   

 

Headspace CO concentrations was monitored every 2-4 days as described in 

Section 4.2.3. Once CO had been fully degraded by an enrichment culture sample, 

sub-cultures were prepared for both the enrichment sample and its corresponding 

control sample. Enrichment sub-cultures were prepared and monitored as above, using 

2ml of liquid culture from the corresponding sample as the microbial inoculum which 

was added to 23ml of fresh heterotrophic mineral salts medium. This was repeated 

twice upon the degradation of CO for a total of 3 sub-culture cycles per sample. Once 

the final sub-culture had degraded the CO, 15ml of liquid culture was extracted and 

centrifuged at 4500 × g for 20 minutes to form a pellet. The supernatant was removed 

and the pellet was flash frozen in liquid nitrogen before storing at -80°C for future 

DNA extraction (see Section 2.2.3).  

  

Once individual samples had degraded CO on their final sub-culture, they 

and their corresponding control culture were also re-subbed into autotrophic mineral 

salts media in order to investigate the occurrence of autotrophic degradation of CO. 

Fifteen millilitres of culture from the final heterotrophic media sub-culture was 

extracted and centrifuged at 4500 × g for 10 minutes. Supernatant was removed and 

the pellet was resuspended in 2 ml of autotrophic CO media. This was then used as 

the microbial inoculum for autotrophic enrichment cultures which were set up as 

described for the heterotrophic cultures but with 23ml of autotrophic CO media. 

Degradation of CO was monitored and when fully degraded, cultures were re-spiked 

with CO to bring the headspace concentration back up to 800 ppm. A total of three 

re-spikes were monitored and upon degradation of the final spike, 15 ml of liquid 

culture was extracted. Samples were then processed as described for heterotrophic 

CO enrichment cultures.  

 

4.2.3 Monitoring of headspace CO concentration by gas chromatography (GC)  

 

 Enrichment culture CO concentrations were measured by GC using an Agilent 

6890N gas chromatograph (Agilent Technologies, California, US) equipped with a 
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nickel catalyst methaniser (Agilent Technologies, California, US). An 80/100 Porapak 

Q column was used, which had an inner diameter of 2.1mm (Sigma-Aldrich, US). The 

column temperature was 250°C with nitrogen (50ml/min) and air (390ml/min) as the 

carrier gas. CO concentrations were detected using a flame ionisation detector (FID) 

to detect methane (methanised CO).  

 

A 100μl headspace sample was injected into the apparatus and peak readings 

for CO were taken (retention time for CO was 0.75-0.78 minutes). CO concentrations 

in the headspace of enrichment cultures were calculated by measuring peak areas of 

known CO concentrations and constructing a calibration curve to calculate regression. 

An example of a CO calibration curve is shown in Figure 4.4. As can be seen in the 

figure, CO concentrations between 0 (ambient air) and 50 ppm could not be 

differentiated and so <50 ppm was defined as the detectable limit. Calibration curves 

were repeated every time CO concentration readings were taken in order to reduce 

variability due to the equipment.   

 

 

 

 

 

 

 

Figure 4.4: CO standard curve. CO concentrations used were: 0ppm (ambient air), 25ppm, 
50ppm, 100ppm, 250ppm, 500ppm, 750ppm and 1000ppm.  
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4.2.4 Taxonomic profiling of bacterial communities in CO-enriched and 

unenriched phyllosphere samples  

 

DNA was extracted from CO-enriched cultures with and without additional 

yeast extract, their corresponding substrate controls and unenriched leaf wash samples 

as described in Section 2.2.3. The taxonomic diversity of bacteria in these samples 

was then assessed using high-throughput MiSeq sequencing of 16S rRNA genes as 

described in Section 2.2.5.  

 

4.2.5 PCR amplification of coxL genes 

 

coxL functional gene primers (Table 4.7) were used to amplify coxL genes 

from DNA extracted from leaf wash, enrichment pellets, control pellets and isolated 

bacterial strains.  

 

 

Target 

enzyme/gene 

Primer 

name 

Primer Sequence 

(5′® 3′)) 

Reference 

Carbon monoxide 

dehydrogenase/ 

coxL 

 

OMPf 

O/Br 

GGCGGCTTYGGSAASAAGGT 

YTCGAYGATCATCGGRTTGA 

(King, 2003a) 

Carbon monoxide 

dehydrogenase/ 

coxL 

Mod_coxl_f 

Mod_coxl_r 

GGCGGNTTYGGNAAYAARGT 

YTCDATDATCATNGGRTTDAT 

This study 

    

 

 

PCRs were prepared containing 1x KAPA Taq Buffer A (includes 1.5mM 

MgCl2) (KAPABIOSYSTEMS), dNTP nucleotide mix (0.8mM), DMSO (2% v/v), 

BSA (0.05% w/v), required forward and reverse primer (0.4μM each), KAPA Taq 

DNA polymerase (2 U) (KAPABIOSYSTEMS) and DNA template (2-20ng). The 

reaction was made up to a 50μl reaction volume with sterile nuclease-free dH2O. A 

Table 4.7: Primers used to amplify coxL genes.  



 160 

negative control was set up with each PCR which did not contain any DNA template 

for the detection of contamination. Reaction conditions are listed in Table 4.8. When 

the DNA template originated from either enrichment culture pellet, control or bacterial 

isolate samples, 35 cycles of the PCR reaction were used. If unenriched leaf samples 

were used as the DNA template, the number of cycles was increased to 40. With use 

of the OMPf and O/Br primers designed by King 2003, Kapa Taq was added after an 

initial heating of 94°C for 3 minutes before continuation of a touchdown PCR reaction. 
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Primer pair Reaction condition 

OMPf 
O/Br 

94°C – 3 min 

94°C – 45 seconds 

62°C – 60 seconds 

72°C – 90 seconds 

94°C – 45 seconds 

61°C – 60 seconds 

72°C – 90 seconds 

94°C – 45 seconds 

60°C – 60 seconds 

72°C – 90 seconds 

94°C – 45 seconds 

59°C – 60 seconds 

72°C – 90 seconds 

94°C – 45 seconds 

58°C – 60 seconds 

72°C – 90 seconds 

72°C – 20 mins 

4°C - ∞ 

 

Mod_OMPf 

Mod_O/Br 

94°C – 5 min 

94°C – 30 seconds  

56°C – 30 seconds  

72°C – 1:15 min  

72°C – 7 min 

4°C - ∞  
  

 

 

 

35/40x 
cycles* 

2x cycles 

2x cycles 

2x cycles 

2x cycles 

30x cycles 

Table 4.8: PCR reaction conditions for primer pairs. *35x cycles used 

with DNA from isolates or enrichment cultures, 40x cycles used with leaf 

wash DNA.  
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4.2.6 Development of coxL gene primers 

 

Use of the OMPf and O/Br primer pair resulted in a lot of non-specific binding 

and lack of product at the correct target size (~1,260bp) when CO-enriched culture 

and leaf wash DNA was used as a template (see Appendix Figure A.4). Therefore, the 

primer pairs were reviewed and modified in an attempt to try to better target coxL 

genes of terrestrial bacteria. 

 

Form I coxL sequences were obtained from the Integrated Microbial Genome 

and Metagenome (IMG) database (Chen et al., 2019)  using the BLASTx function 

with a Burkholderia fungorum form I coxL sequence (from King 2003) as a query. 

Five-hundred extra form I coxL genes were obtained in addition to the nine form I 

coxL genes used for the design of the original OMPf O/Br primer pair which were then 

aligned using ARB software (Ludwig et al., 2004) and a neighbour-joining tree was 

constructed. Primer sequences were reviewed with focus on coxL genes from 

terrestrial origins. An alignment was made with a total of 437 coxL sequences, the 

diversity of which is displayed in Figure A.2 in the Appendix. Mismatches were 

identified and modifications made to increase the redundancy of the primers in an 

attempt to improve upon the range of bacterial species targeted by the primers. 

Modifications made are shown in Table 4.9.  

 

 

 

Primer name Primer sequence (5’-3’) Reference 

OMPf GGC GGC TTY GGS AAS AAG GT (King 2003) 

O/Br YTC GAY GAT CAT CGG RTT GA (King 2003) 

   

Mod_coxL_f GGC GGN TTY GGN AAY AAR GT (This study) 

Mod_coxL_r YTC DAT DAT CAT NGG RTT DAT (This study) 

 

 

 

 

Table 4.9: Modification of form I coxL gene primers. Mismatches identified in bases 
are indicated in red. Modifications made to bases in new primer pair are indicated in 
green.  
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4.2.7 Optimisation of PCR conditions for amplification of coxL genes  

 

 Optimisation of the newly modified coxL primer pair was performed using a 

gradient PCR using DNA from Ruegeria pomeroyi DSS-3 which is known to have a 

form I coxL gene. Annealing temperatures ranged from 40-56°C. As shown in Figure 

4.5, there was high specificity at all temperatures with a single product at ~1500bp 

being produced. While the expected product size was ~1,290 bp, this product was 

purified and sent for sequencing as described in Section 3.2.9 and it was confirmed to 

be a form I coxL gene product. 

 

 

 

 

 

4.2.8 Isolation and identification of CO-oxidising bacteria 

 

Sterile needles and syringes were used to extract 100μl of microbial culture 

from either heterotrophic or autotrophic enrichment vials after the degradation of the 

final sub-culture or re-spike of CO. The microbial culture was serially diluted with 

mineral salts media (CO) and 100μl of several dilutions was spread plated onto both 

mineral salts plates (containing yeast extract) and LB plates and incubated at 22°C in 

the dark.  

 

Figure 4.5: coxL gradient PCR. Temperatures ranged from 40-56°C, as indicated at the top of 
the image. ‘L’ indicates the DNA ladder and the fragment sizes are indicated to the left of the 
ladder (bp).  



 164 

In the first attempt to identify CO-degraders, colonies of differing morphology 

were selected after 5 and 15 days (to target fast and slow-growing bacterial species) 

and re-streaked onto plates to ensure purity. Subsequent isolated colonies were then 

picked and re-suspended into heterotrophic CO enrichment cultures (as set up in 

Section 4.2.2) and monitored for CO degradation as described in Section 4.2.3.  

 

As this had limited success and was time-consuming, a PCR-based approach 

was then utilised. Colonies were selected and prepared as above and attempts to 

amplify coxL gene products were made as described in Section 4.2.5 to indicate ability 

to degrade CO. If products of the correct size were amplified, the corresponding 

colony would then be re-suspended into a heterotrophic CO enrichment culture and 

monitored for CO degradation.  Isolates were identified by amplification of 16S rRNA 

and coxL genes as described in Section 3.2.9 (16S rRNA) and Section 4.2.5 (coxL). 

Products were then purified and sequenced as described in Section 3.2.9.   

 

4.2.9 Cloning of coxL PCR products 

 

The diversity of coxL genes in CO enrichment cultures and leaf wash samples 

was assessed by cloning purified PCR products into the pCR®2.1-TOPO® vector using 

the TOPO TA cloning kit (Invitrogen, USA). The vector was then transformed into 

TOP10 competent cells (Invitrogen, USA) as per the manufacturer’s instructions. 

White/light blue transformants were picked and used as the template for PCR with 

either the Mod_coxLf/Mod_coxLr (Section 4.2.5) or M13f/M13r (Thermo Fisher 

Scientific, US) primer pairs which were then purified and sequenced as described in 

Section 3.2.9.    

 

4.2.10 Statistical analyses 

 

Significant differences in CO degradation rates between sample types were 

determined as described in Section 3.2.12. Dissimilarity in the bacterial community 

between sample types was determined using MDS, ANOSIM and SIMPER analyses 

as described in Section 2.2.7.  
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4.3 RESULTS 

 

4.3.1 Degradation of CO by phyllosphere microbiota  

 

Leaf wash samples from all three sample types (woodland hawthorn (HtW), 

roadside hawthorn (HtR) and woodland holly (HlW)) were used as an inoculum for 

enrichment cultures containing 800 ppm of CO and 0.25g/L yeast extract to encourage 

the growth of heterotrophic CO degraders. Enrichment cultures were monitored for 

CO degradation by gas chromatography. The degradation of CO by the three leaf wash 

sample types is shown in Figure 4.6. CO was degraded beyond the detectable limit by 

all phyllosphere samples (n=12). CO was degraded within a range of 17-52 days, with 

an average time of 33 days between all samples.  
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Figure 4.6: Degradation of CO by holly and hawthorn leaf wash communities. Enrichment culture medium contained 800 ppm CO with 0.25 g/L yeast extract. 
A) Woodland hawthorn (HtW) samples. B) Roadside hawthorn (HtR) samples. C) Woodland holly (HlW) samples. CO concentrations displayed in this figure are 
those of enrichment cultures where original leaf wash samples were used as an inoculum. CO oxidation data from subsequent sub-cultures is not shown, 

A) B) C) 
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The time taken for degradation of CO beyond the detectable limit (<50 ppm) 

was determined per sample type and compared (Figure 4.7).  

 

 

 

 

 

 

 Woodland holly (HlW) samples degraded the CO past the detectable limit the 

fastest, with an average of 18.5 days. This was followed by woodland hawthorn (HtW) 

samples which degraded CO within an average of 37.25 days. Roadside hawthorn 

(HtR) samples degraded CO the slowest with an average of 43 days until degradation 

beyond the detectable limit. There was no significance in CO degradation rates 

between HtW and HTR samples (P value = 0.49). HlW samples degraded CO 

significantly faster than HtW (P value = 0.0037) and HtR (P value = 0.013) samples.   

Once each sample had been sub-cultured three times upon CO degradation, the 

samples were inoculated into minimal media with CO and no addition carbon source 

Figure 4.7: Average time taken for CO degradation between sample 
types. HtW = Woodland hawthorn (blue), HtR = Roadside hawthorn 
(orange), HlW = Woodland holly (green). Error bars represent standard 
deviation. Significance is indicated between groups where ** = a P value 
of <0.01. 
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to determine if enriched samples were capable of autotrophic growth on CO. CO 

degradation was monitored by gas chromatography and the results are displayed in 

Figure 4.8. When sub-cultured into minimal media with 800 ppm CO, 50% of samples 

from each sample type resulted in the degradation of CO for all three re-spikes.  
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Figure 4.8: Degradation of CO by holly and hawthorn leaf wash communities. Enrichment culture medium contained minimal media with 800 ppm CO and no 
additional carbon source. A) Woodland hawthorn (HtW) samples. B) Roadside hawthorn (HtR) samples. C) Woodland holly (HlW) samples. Spikes in CO concentration 
indicate where CO was added to the enrichment culture upon degradation to beyond the detectable limit (<50 ppm).  

A) B) C) 
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4.3.2 Impact of CO on bacterial community composition and identification of 
potential CO-oxidising bacteria  
 

Once the CO in enrichment cultures was degraded after three consecutive sub-

cultures or re-spikes, DNA was extracted from the samples and 16S rRNA genes were 

sequenced using Illumina MiSeq high-throughput sequencing. The bacterial 

community composition was analysed and compared between groups to determine 

how leaf surface communities respond to CO. The bacterial communities of all 

enrichment cultures and control cultures were significantly different to the original, 

unenriched leaf wash community (P = 0.001, R statistic = 1), as shown in Figure 4.9, 

A.  From Figure 4.9, B, it can be seen that the bacterial communities are shaped by 

their enrichment culture environment. CO enrichment cultures with yeast extract were 

highly dissimilar to enrichment cultures with CO as a sole carbon source (P = 0.001, 

R statistic = 0.71) and yeast controls were dissimilar to controls without yeast (P = 

0.003, R statistic = 0.48).  

 

The impact of CO on enrichment cultures containing yeast were further 

analysed and results are shown in Figure 4.10. When all sample types are considered, 

the bacterial community composition was found to be somewhat dissimilar between 

enrichment cultures with and without CO (P = 0.001, R statistic = 0.31), as shown in 

Figure 4.10, A.  When within-groups were compared, as shown in Figure 4.10, B, no 

significant dissimilarities were found (P = 0.43, R statistic = <0.05 for all between-

group comparisons). Therefore, neither tree species or location had a significant 

impact on the CO-enriched community composition.  

 

 

 

 

 

 

 

 

 

 



 171 

 

 
 

Figure 4.9: NMDS ordination of variation between bacterial OTUs of unenriched phyllosphere samples and CO enrichment culture samples and 
controls.  MDS analyses were derived from Bray-Curtis similarity matrices constructed with relative read abundance data of OTUs present in each sample. A) 
Variation between unenriched phyllosphere samples and culture samples. B) Variation between CO enrichment cultures and controls with and without additional 
yeast extract.  
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Figure 4.10: NMDS ordination of variation between bacterial OTUs of CO enrichment culture with yeast extract and controls.  MDS analyses were 
derived from Bray-Curtis similarity matrices constructed with relative read abundance data of OTUs present in each sample. A) Variation between bacterial 
communities grown in a yeast extract media with or without CO. B) Variation between CO enrichment cultures and controls of different sample tree species and 
sampling location (HtW = woodland hawthorn, HtR = roadside hawthorn, HlW = woodland holly).   
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 SIMPER analysis was conducted to determine which OTUs were driving the 

dissimilarity between the yeast enrichment culture communities with and without CO. 

The abundance of 5 OTUs accounting for the most dissimilarity which were enriched 

in the vials containing CO were compared between culture samples and unenriched 

leaf wash samples. The cumulative contribution of these OTUs to the dissimilarity 

between the two groups was 15.56%. A summary of the results is displayed in Table 

4.10.  

 

 

 

 

 

 

 For the majority of OTUs, high abundances were not within all sample types 

or between all 4 replicates within a single sample type. Therefore, there was no 

significant difference in these specific OTU abundances between enrichment cultures 

with and without CO (P = >0.05). Only OTU792 was found to be ubiquitous in all 4 

replicates in HtR samples, making it significantly higher than HtR control samples (P 

= 0.04).  

 

 Most of the enriched OTUs were detected in low abundances in the unenriched 

leaf wash communities. However, 1.5% of total reads in unenriched HtW samples 

were assigned to OTU9 and 1.3% of total reads in unenriched HlW samples were 

assigned to OTU36. On average, unenriched HtR samples contained the fewest total 

reads from the enriched OTUs (0.6% of total reads) whereas 1.7% of unenriched HtW 

and HlW sample reads were attributed to the enriched OTUs. However, there was no 

Table 4.10:  Comparative relative abundance of OTUs in yeast extract enrichment cultures with 
or without 800 ppm CO. OTUs were identified as being enriched in the presence of CO by SIMPER 
analysis. Values represent relative abundance. Where greengenes assignments are indicated, o__ = 
order, f__ = family, g__ = genus and s__ = species.  
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significant difference between the abundance of enriched OTUs detected between the 

groups (P = >0.05). The phylogeny of 16S rRNA gene sequences of OTUs enriched 

with the addition of 800 ppm CO were determined using BLAST analysis and results 

are shown in Figure 4.11.   

 

 

  

 

 

 Two CO-enriched OTUs (OTU34 and OTU9) from the Gammaproteobacteria 

class were most similar to Dokdonella and Pseudomonas, respectively. OTU792 

shared the most relatedness to the Glutamicibacter genus in the Actinobacteria 

phylum. OTU36 was closely related to the genus Massilia in the Betaproteobacteria 

class and OTU128 was most similar to Sphingobacterium species in the Bacteroidetes 

phylum.  

 

 The shift in bacterial community composition between enrichment cultures 

with 800 ppm CO in minimal media and control cultures was analysed by MDS 

analysis, as shown in Figure 4.12.  

   

Figure 4.11:  Phylogenetic tree of 16S rRNA genes from OTUs which were enriched in 
yeast extract cultures containing 800 ppm of CO. Phylogeny of OTUs and BLAST hits 
was inferred using the Neighbor-Joining method (Saitou and Nei, 1987) of nucleotide 
sequences in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the 
associated taxa clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) 
are shown next to the branches. The scale bar denotes the number of nucleotide differences 
per site. 
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 ANOSIM test statistics showed that the minimal media culture with added CO 

was significantly, but weakly, dissimilar to the minimal media control (P = 0.02, R 

statistic = 0.237). As only 50% of the original culture samples were able to degrade 

CO without an additional carbon source, differences between individual sample types 

could not be determined. SIMPER analysis was used to identify the OTUs driving the 

dissimilarity between the groups. The abundance of these OTUs in both enrichment 

cultures and unenriched leaf wash samples are shown in Table 4.11. The cumulative 

contribution of the OTUs to the dissimilarity between the two groups was 22.53%. 

 

 

 

 

 

 

 

 

Figure 4.12: NMDS ordination of variation between bacterial OTUs of CO enrichment 
culture in minimal media and controls.  MDS analyses were derived from Bray-Curtis 
similarity matrices constructed with relative read abundance data of OTUs present in each 
sample.  
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 As with CO-enriched OTUs in the yeast extract media, the majority of CO-

enriched OTUs in the minimal media were not detected in all samples, resulting in no 

significant differences between the CO-enriched cultures and the controls for most of 

the OTUs. OTU90 and OTU33 were present in significantly higher amounts in the 

enrichment culture than the control (P = 0.036, P = 0.019) and was detected in all 

samples. The majority of potentially CO-degrading OTUs were present in low 

amounts in the unenriched phyllosphere samples or not detected at all. One exception 

is OTU10 which comprised 4.3% of the HtW bacterial community, 10% of the HtR 

community and 2.2% of the HlW community. On average, 10% of total reads for 

unenriched HtR samples were from OTUs identified as being enriched with CO as the 

sole carbon source. This is significantly higher than the 4.1% of reads found in HtW 

samples (P = 0.027) and 2.1% of total reads in HlW samples (P = 0.001). The 

phylogeny of 16S rRNA gene sequences of OTUs enriched with the addition of 800 

ppm CO as the sole carbon source were determined using BLAST analysis and results 

are shown in Figure 4.13.   

Table 4.11:  Comparative relative abundance of OTUs in minimal media with or without 
the addition of 800 ppm CO. OTUs were identified as being enriched in the presence of CO 
by SIMPER analysis. Values represent relative abundance. Where greengenes assignments 
are indicated, o__ = order, f__ = family, g__ = genus and s__ = species. 
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Four bacterial OTUs identified as being enriched in cultures with 800 ppm CO 

belonged to the Alphaproteobacteria phylum, with OTU90 sharing the most similarity 

with Afipia and Bradyrhizobium species, OTU33 being most similar to 

Phenylobacterium species, OTU72 to Mesorhizobium species and OTU57 to 

Sphingopyxis species. OTU10 showed the most similarity to species of Variovorax in 

Figure 4.13:  Phylogenetic tree of 16S rRNA genes from OTUs which were enriched in 
minimal media cultures containing 800 ppm of CO. Phylogeny of OTUs and BLAST hits was 
inferred using the Neighbor-Joining method (Saitou and Nei, 1987) of nucleotide sequences in 
MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the associated taxa 
clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown next to the 
branches. The scale bar denotes the number of nucleotide differences per site. 
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the Betaproteobacteria phylum. OTU97, OTU121 and OTU5 shared phylogeny with 

the Gammaproteobacteria species in the Rhodanobacter and Luteimonas genera and 

OTU194 was most similar to Nocardioides species in the Actinobacteria phylum.  

 

4.3.3 Isolation and identification of CO-degrading isolates 

 

Liquid culture from enrichments that had fully degraded CO both with and 

without an additional carbon source of yeast extract were serially diluted and plated 

onto both CO media plates and LB plates. Isolated colonies of differing morphologies 

were re-suspended in CO media matching that of the isolates’ origin and monitored 

for CO degradation. Initially, 10 isolates were screened (5 from yeast extract media, 5 

from minimal media) for CO-degradation. After 50 days, no isolates had degraded the 

CO (data not shown).  

 

During the second attempt to isolate CO degrading bacteria, 20 strains from 

both media types were isolated from CO media and LB plates at different time 

intervals to attempt to target both fast and slow-growing bacteria. The origins of the 

isolates and their morphological profiles are documented in Appendix Table A.22.  All 

20 isolates were identified by PCR and sequencing of the 16S rRNA gene. Due to 

some duplicates and one isolate not having a 16S rRNA gene being successfully 

amplified, the total number of bacterial isolates to be characterised was 16.  The 

phylogeny of these genes is displayed in Figure 4.14 along with sequences from the 

NCBI BLAST database which shared the highest similarities.   
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Isolates were screened for their CO-degrading potential by attempting to 

amplify the coxL gene using newly modified primers (see Section 4.2.5). As indicated 

in Figure 4.14, screening of five isolates resulted in a PCR product of the correct size 

for a potential coxL gene (gel images can be seen in Appendix Figure A.4). Bands 

were either purified directly from the PCR product or gel extracted and subsequently 

Figure 4.14:  Phylogenetic tree of 16S rRNA genes from colonies isolated from CO-enrichment 
cultures. Phylogeny of isolates and BLAST hits was inferred using the Neighbor-Joining method 
(Saitou and Nei, 1987) of nucleotide sequences in MEGA7 (Kumar et al. 2016). The percentage of 
replicate trees in which the associated taxa clustered together in the bootstrap (Felsenstein, 1985) 
test (500 replicates) are shown next to the branches. Accession numbers are indicated before genus 
names. Isolates originating from CO enrichment cultures containing yeast are indicated in green. 
Isolates originating from CO cultures with no additional carbon source are indicated in purple. 
Asterix (*) indicates isolates for which a coxL PCR product was obtained of the correct size to be a 
potential coxL gene. The scale bar denotes the number of nucleotide differences per site. 
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sequenced. Only two products were of high quality and their phylogeny to BLAST 

hits is shown in Figure 4.15.  

 

 

 

 

 

 As can be seen from Figure 4.15, the PCR product from isolate CO17 had the 

highest identity to the CODH large subunit (CoxL) of a Mesorhizobium species. 

However, the PCR product from CO7 had highest identity to a methionine 

aminopeptidase and had no hits to CoxL. 

 

 All isolates were re-suspended into enrichment media with or without yeast 

extract, with the addition of 800ppm CO and monitored by gas chromatography for 

CO degradation, as displayed in Figure 4.16.  

 

 

Figure 4.15:  Phylogenetic tree of coxL PCR product sequences from colonies isolated from 
CO-enrichment cultures. Phylogeny of isolates and BLAST hits was inferred using the Neighbor-
Joining method (Saitou and Nei, 1987) of amino acid sequences in MEGA7 (Kumar et al. 2016). 
The percentage of replicate trees in which the associated taxa clustered together in the bootstrap 
(Felsenstein, 1985) test (500 replicates) are shown next to the branches. Accession numbers are 
indicated before sequence names. The scale bar denotes the number of amino acid differences per 
site. 
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Of all 16 isolates tested, only one isolate, CO17, degraded the CO beyond the 

detectable limit (<50 ppm), between 1 and 10 days. CO17, identified as a 

Mesorhizobium species, was the only isolate for which a coxL gene was amplified and 

identified.  

 

4.3.4 Diversity of coxL genes in CO-enrichment cultures and unenriched leaf 

wash samples.  

 

 Newly modified coxL primers were used to amplify coxL genes from both CO 

enrichment culture pellets and unenriched leaf wash samples. Products were gained 

from both sample types, as shown in Figure 4.17.  

 

 

 

 

 

Figure 4.16: Degradation of CO by enrichment isolates.  
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 PCR amplification of coxL genes using the modified coxL primers resulted in 

less non-specific binding for both the positive control and the CO enrichment pellet 

samples than the coxL primers previously used (gel image in Appendix Figure A.4). 

The majority of samples successfully amplified a product of a similar size to that of 

the positive control apart from CO-enriched HtR sample 3 and unenriched leaf wash 

HtW sample 1. At 35 x cycles (Figure 4.17, A), very little product was amplified for 

leaf wash samples (LW) whereas more product was produced at 40 x cycles, along 

with more non-specific binding.  

 

 Clone libraries were constructed using three CO-enriched samples (one sample 

per sample type) and 3 unenriched leaf wash samples (one sample per sample type). 

Ten white colonies containing an insert were used in subsequent coxL PCRs per 

Figure 4.17: coxL PCR amplifications from CO-enriched and unenriched leaf wash 
samples. ‘-ve’ indicates the negative control, ‘+ve’ indicates the positive control where R. 
pomeroyi DNA was used. Ladder fragment sizes are indicated at the left. A) CO-enrichment 
samples (yeast extract media). HtW = woodland hawthorn samples 1-4, HtR = roadside 
hawthorn samples 1-4, HlW = woodland holly samples 1-4. LW = HtW1, HtR1 and HlW1 
unenriched leaf wash samples. 35 x cycles were used in the PCR reaction. B) Unenriched leaf 
wash samples. HtW = woodland hawthorn samples 1-4, HtR = roadside hawthorn samples 1-4, 
HlW = woodland holly samples 1-4. 40 x cycles were used in the PCR reaction.  
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sample and sent for sanger sequencing. The phylogeny of the sequences obtained is 

displayed in Figure 4.18.   

 

 

 

 

  

 

Figure 4.18: Phylogenetic tree of coxL PCR product sequences from CO-enrichment culture clones. 
Phylogeny of sequences and BLAST hits were inferred using the Neighbor-Joining method (Saitou and 
Nei, 1987) of amino acid sequences in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in 
which the associated taxa clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) are 
shown next to the branches. Accession numbers are indicated before sequence names. HtW = woodland 
hawthorn samples, HtR = roadside hawthorn samples, HlW = woodland holly samples. For comparison, 
the CoxL amino acid sequence from isolate CO17 was also included. The scale bar denotes the number 
of amino acid differences per site. 
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From CO-enriched samples, 9/10 HtW sequences, 9/10 HtR sequences and 

10/10 HlW sequences were of high quality. The majority of HtW sequences (8/9) were 

highly similar, being most related to CODH genes from a Rhizobiales bacterium and 

one sequence having the highest similarity to Bradyrhizobium coxL gene. There are 4 

different clades of sequences originating from HtR samples. The first clade contains 

sequences most similar to a Rhizobium species (2/9). The highest number of sequences 

shared phylogeny with a different Rhizobiales bacterium (5/9). The remaining two 

other sequences from this sample type were most similar to either Rhodococcus or 

Arthrobacter species coxL genes. The majority of HlW coxL sequences (5/10) were 

most similar to Burkholderia genes. The remaining sequences shared the most 

similarity with Afipia (2/10) or an Acidimicrobiia species (2/10). One sequence (HlW 

clone 10) was amplified which had the most similarity to Xanthine dehydrogenase 

rather than a coxL gene. Altogether, nine different clades of coxL sequences were 

identified.  

 

 Three unenriched leaf wash PCR samples (HtW1, HtR1 and HlW1) from 

Figure 4.17, A, and the three unenriched leaf wash PCR (LW) samples from Figure 

4.17, B, were also used for the construction of clone libraries. Again, 10 white colonies 

per sample were used as a template in a coxL colony PCR and the product was purified 

and sent for sequencing. A total of 60 PCR products from unenriched samples were 

sent for sequencing, of which zero resulted in a pure or high-quality sequence. A 

subset of 10 colonies were then used once again as a template but with M13 primers 

instead of coxL primers. 9/10 sequences did not have CODH hits within the BLAST 

database. 1/10 sequences shared 71.2% identity with a Rhodoplanes sp. xanthine 

dehydrogenase and 52.5% identity with a Rhodospirillales bacterium CoxL. A 

phylogenetic tree of this clone sequence and the BLAST hits can be found in Appendix 

Figure A.5.    
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4.4 DISCUSSION 

 

4.4.1 Degradation of CO by phyllosphere microbial communities  

 

4.4.1.1 Heterotrophic degradation of CO 

 

 As shown in Figure 4.6, CO was degraded by microorganisms from all leaf 

wash samples of all tree species and sampling locations, in a medium with an 

additional carbon source (yeast extract). This indicates that the presence of 

microorganisms able to degrade CO may be widespread in the phyllosphere. There 

was a considerable lag phase before CO degradation began for most samples. For all 

holly (HlW) leaf samples, 2/4 roadside hawthorn (HtR) and 1/4 woodland hawthorn 

(HtW) samples, there was a shorter lag phase of around five days before CO 

concentrations started to decrease whereas for the rest of the samples, this lag phase 

ranged from between 16-24 days. This difference may be due to the presence of faster-

growing CO degraders in the samples with the shorter lag phase vs slower growing 

microorganisms in the cultures with the longer lag phase. These differences in 

degradation rates are further indicated in Figure 4.7, which showed that HlW samples 

had degraded CO beyond 50ppm by an average of 18.5 days which was significantly 

faster than HtW samples (37.25 days) and HtR samples (43 days). As discussed in 

Chapter 2, bacterial counts between the sample types were not significantly different 

and so bacterial abundance is unlikely to be the cause of the observed differences. 

While it is possible that the lower PM counts observed in holly samples meant that 

less extra carbon was available to deter degradation of the target compound, as 

hypothesised with PNP degradation studies, it is unlikely to be the case in these 

experiments due to the large amounts of extra carbon already available which would 

make any PM carbon negligible. The most likely reason for differences in degradation 

rates is therefore that the original leaf wash community composition between the 

sample types was different (as was shown in Chapter 2) and that holly leaf surface 

communities harbour more microorganisms able to degrade CO than hawthorn 

samples. As discussed in Chapter 3, functional differences in the phyllosphere of host 

trees could be incurred by selective pressures due to differing plant physiology.  
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 Despite the fact that vehicle exhaust fumes are a source of CO, it does not 

appear that the roadside leaf surface communities were primed for CO degradation as 

there was no significant difference between roadside and woodland hawthorn 

degradation rates.  This indicates that the presumably higher concentrations of CO in 

the roadside environment may not increase the abundance of CO-oxidisers on the leaf 

surface. However, it is well known that culture-dependent methods do not represent 

the full range of microorganisms, with typically less than 1% of  environmental 

microorganisms being able to be cultivated (Pham and Kim, 2012), and so further 

research would need to be done to further investigate this. qPCR or RT-qPCR 

techniques to quantify form I coxL genes present in natural phyllosphere samples 

would be ideal to determine if the CO-degrading potential between sample types 

differed. However, PCR primer limitations mean this may not be possible, as 

discussed further in Section 4.4.4.  Tree species appeared to have a more significant 

impact on degradation rates than tree location, with the evergreen holly samples 

having a significantly faster degradation times than the deciduous hawthorn samples. 

As evergreen trees do not lose all of their leaves during autumn/winter, they have more 

of an established bacterial community which can persist all year round. It is therefore 

possible that the number of CO-degraders present on evergreen leaves has a longer 

time to build up than with deciduous trees which have an annual turnaround and so 

might favour quicker colonists and faster-growing species. As it has also been shown 

that senescing leaves and leaf litter give off much larger concentrations of CO than 

healthy leaves (Tarr et al. 1995), it would be interesting to see if surrounding dead 

plant matter had an impact on the CO-degrading abilities of evergreen tree leaves in 

winter or if deciduous tree leaves had an increased abundance of microorganisms able 

to degrade CO during local leaf senescence when CO outputs increase on an individual 

leaf scale.  

 

 It should also be considered that there are some experimental issues which may 

be having an impact on the trends observed. First of all, inaccuracies in CO 

concentration measurements may have somewhat skewed the results. Due to time 

constraints, readings could not be taken every day so estimates of CO concentration 

may be off by up to four days. Also, in comparison to environmental levels, the amount 

of CO and additional carbon source were also extremely high which may have meant 

that degradation patterns observed may not accurately portray responses in the 
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environment. Use of much lower concentrations of CO (<50ppm) and much lower 

amounts of extra carbon would better mimic the leaf surface environment, may further 

encourage heterotrophic oxidation of CO with a more limited carbon source and also 

allow for a more manageable experiment by which samples could be taken more 

regularly over fewer days. In order to do so, more accurate equipment would be needed 

to measure CO concentrations as in this experiment, CO concentrations below 50 ppm 

could not be differentiated. This could be achieved by using a more sensitive 

methanizer or by GC-MS.  

 

4.4.1.2 Autotrophic degradation of CO 

 

 When three sub-cultures of CO-enriched leaf wash culture had degraded CO 

with an additional carbon source, a sub-sample was transferred from the heterotrophic 

media to a minimal media with CO as a sole source of carbon and energy. As shown 

in Figure 4.8, only 50% of cultures were able to consistently oxidise CO in minimal 

media. Some samples did not fully degrade the initial spike of CO at all, while some 

samples did degrade CO for a time but this ceased with further spikes. This could be 

due to the lingering presence of carboxydovores which may have been utilising the 

CO as an energy source but were unable to proliferate and so died off with time. This 

indicates that perhaps carboxydotrophs may not be as common as carboxydovores in 

the phyllosphere and were only present in 50% of leaf samples. As concentrations of 

CO are very low in ambient air (~0.2 ppm), it would make sense that a wider range of 

bacteria in the phyllosphere would be more likely to scavenge CO as an additional 

source of energy than as a carbon source. However, more research needs to be 

conducted to determine how widespread carboxydotrophs are in the phyllosphere. 

This study used inoculum which had been cultivated in yeast extract media prior to 

being used in autotrophic CO enrichment cultures. This environment may have 

disadvantaged the slower-growing carboxydotrophs which may have been 

outcompeted by faster-growing bacteria which may have utilised the yeast extract and 

CO faster. These experiments should therefore be repeated, with fresh leaf wash 

samples being used to set up CO enrichments with and without an additional carbon 

source simultaneously. This would help to determine whether phyllosphere microbiota 

are predominantly able to oxidise CO with an additional carbon source as this study 
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suggests or if use of CO as a sole carbon source is also a function ubiquitous in the 

phyllosphere of trees.  

 

Overall, CO degradation experiments show that phyllosphere samples were 

capable of CO oxidation with an additional carbon source whereas half of these 

samples were also able to utilise CO as a sole carbon source. This indicates that there 

are microorganisms in the phyllosphere which are capable of CO oxidation and may 

utilise CO as a carbon and/or energy source on the leaf surface. CO oxidation is well-

studied amongst bacteria, with a variety of species shown to have this ability (King, 

2003a, Park et al., 2003, Tolli and Taylor, 2005, Weber and King, 2010). It is therefore 

likely that much of the CO oxidation observed in the enrichment cultures was due to 

bacteria, including species identified in sections 4.3.2-4.3.4, which will be discussed 

in the following sections. However, it is possible that microorganisms from other 

kingdoms, such as fungi, may be contributing to the oxidation of CO. The ability of 

fungi to oxidise CO is largely unknown, with very few soil isolates shown to be able 

to oxidise CO and the mechanisms by which they do so remain unexplored (Inman 

and Ingersoll, 1971). There is currently no research which determines if phyllosphere 

fungi are capable of CO oxidation and this could be explored in the future by high-

throughput sequencing of ITS genes in CO enrichment cultures and isolation of 

potential CO-oxidising fungi on media better-suited for fungal growth.    

 

4.4.2 Identification of potential CO-oxidising bacteria by MiSeq taxonomic 

profiling 

 

 Unsurprisingly, as can be seen from Figure 4.9, A, culturing of the leaf wash 

community with or without the presence of CO, greatly impacted the community 

composition. This highlights that, as expected, the community of bacteria tested for 

CO-oxidising ability was unlikely to reflect that of the natural phyllosphere. Figure 

4.9, B, shows how the bacterial community composition differs between samples 

grown with an additional carbon source (yeast extract) and those grown with CO as a 

sole carbon source. While it is possible that some of this dissimilarity is due to the 

different CO-oxidisers which are dominant in the cultures, the majority of the 

dissimilarity is likely to be due to the fact that the abundance of bacteria which were 

growing solely on yeast extract will have died off when transferred to minimal media. 
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Therefore, any comparisons between these two groups is unlikely to be able to identify 

which bacterial taxa are likely carboxydovores and which are likely carboxydotrophs.  

 

4.4.2.1 Identification of potential carboxydovores 

 

 As shown in Figure 4.10, A, the addition of 800ppm CO to media with yeast 

extract resulted in a significant change in the bacterial community composition, 

compared to the yeast extract control culture without additional CO. Therefore, the 

increased concentration of CO was having an impact on the bacterial community. This 

could partly be due to the toxicity of CO which may have been negatively impacting 

populations of some taxa which were sensitive to CO. However, as CO was shown to 

be oxidised in the cultures, it is likely that the change in community composition is 

also due to the enrichment of some species which were able to use the CO as an energy 

or carbon source. This is further indicated by the fact that the top 5 CO-enriched OTUs 

contributed to 15.56% of the dissimilarity between the groups.  

 

 Five OTUs were identified as being enriched in the cultures with 800ppm CO. 

These were species which had the highest identity to species of Dokdonella, 

Pseudomonas, Arthrobacter, Massilia and Sphingobacterium. Only Pseudomonas 

species (OTU9) have previously been proven to be able degrade CO, indicating that a 

range of novel CO-oxidisers may be present in the phyllosphere environment. 

Confirmed form I coxL genes (King 2003) were used to determine whether species 

similar to the enriched OTUs have been found to contain coxL gene homologues using 

the BLASTx function with the NCBI database. Species of Arthrobacter and Massilia, 

which share the most similarity to OTU92 and OTU33, respectively, contain genes 

which have >70% identity to confirmed form I CoxL sequences, providing further 

evidence that these OTUs may be capable of degrading CO. No genes belonging to 

species of Dokdonella and Sphingobacterium (most similar to OTU34 and OTU128) 

shared sequence identity to coxL genes, making their CO-oxidising abilities less 

probable. However, it is possible that there are novel species of CO-oxidising bacteria 

in the phyllosphere which have not yet been sequenced and they may contain coxL-

like genes which are not yet in the database.  
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Figure 4.10, B, and subsequent statistical analyses found that there was no 

significant difference between the CO-enriched bacterial communities found between 

tree sample types. This could be due to the community of bacteria able to degrade CO 

being highly similar between sample types, or it could be due to the impact of the high 

amount of yeast extract making it difficult to determine any differences in the 

community composition of specific functional groups. Of the 5 enriched OTUs 

indicated, the abundance of the OTUs did differ between sample types and between 

controls, but was rarely significant due to OTUs not being detected or being detected 

in low amounts in some samples, as shown in Table 4.10. It is likely that this is due to 

the nature of enrichment culture communities as after multiple sub-cultures it is less 

likely that the same OTUs will become dominant in each culture. Only OTU792 

(Arthrobacter species) was significantly higher in all CO-cultures than yeast controls. 

As this species was ubiquitous in all CO-enrichment cultures, it may indicate that this 

OTU is a dominant CO-oxidiser in all the phyllosphere sample types.  

 

However, OTU792, OTU128 and OTU34 were not detected at all or in 

extremely small quantities in the unenriched phyllosphere samples. For them to hardly 

be detected, they are present in extremely small numbers in the natural phyllosphere 

community and so even if they are able to degrade CO, their contribution to CO 

removal from the atmosphere is likely to be insignificant, at least at the time of 

sampling. OTU9 and OTU36 were detected in higher abundance, making up the 0.6-

1.7% of total reads in the unenriched samples. Therefore, of the OTUs identified as 

potential CO-oxidisers by this experiment, species sharing the most similarity to 

Pseudomonas and Massilia are the most likely to be removing atmospheric CO in the 

phyllosphere. Table 4.10 also indicated that the abundance of these enriched OTUs 

did not differ between unenriched samples between sample types which showed a 

significant difference in CO degradation times. For example, the 5 enriched OTUs 

made up 1.7% of total reads for both the unenriched HtR and HlW samples but HlW 

CO-enrichment cultures oxidised CO significantly faster than HtR samples. This 

indicates that the identified OTUs are not likely responsible for the CO degradation 

rate differences and there are OTUs which have not been identified which may have 

played a more significant role in the CO oxidation in the enrichment cultures.    
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Further evidence is needed to determine whether or not the OTUs identified in 

this experiment are actually capable of CO oxidation. However, evidence of which 

bacteria are capable of heterotrophic growth on CO is extremely difficult. As they only 

use CO as an additional energy source, techniques such as DNA-SIP cannot be used 

to determine which species have utilised the CO as the carbon will not be incorporated 

into their biomass. As they are growing with a large abundance of other bacteria which 

are not utilising CO, it is also difficult to see which species have been enriched in 

taxonomic profiling techniques as well as increasing the difficulty in isolating species 

from the enrichment culture which can oxidise the CO. This could possibly be 

improved by giving carboxydovores more of a selective advantage over other bacteria 

in the enrichment culture. For example, if there was a continuous flow of a much 

smaller amount of yeast extract along with CO, carboxydovores may have a higher 

advantage and be more detectable than when large amounts of extra carbon are 

available which may deter use of CO as a supplement as well as flooding the culture 

with non-CO-oxidising bacteria. It also cannot be determined, if the OTUs identified 

were able to oxidise CO, whether or not they are carboxydovores or carboxydotrophs 

using this method of taxonomic profiling.  

 

4.4.2.2 Identification of potential carboxydotrophs  

 

Enrichment cultures grown on minimal media with 800ppm CO as the sole 

carbon source were significantly dissimilar to minimal media controls, indicating that 

the increase in CO concentrations had an impact on the bacterial community 

composition. As with the yeast enrichment cultures, this could partly be due to toxic 

effects of CO but SIMPER analysis showed that 22.53% of the dissimilarity between 

the CO-enrichment culture community and the control group was due to the top 9 

enriched OTUs indicated.   

 

Of the top 9 OTUs identified as being enriched in media with CO, only OTU72 

shares identity to a genus known to oxidise CO, which are Mesorhizobium sp. 

Interestingly, Mesorhizobium sp. have been described as carboxydovores and have not 

been found to be able to degrade CO as a sole source of carbon, as these results 

suggest. However, it is possible that OTU72 was enriched in the CO-enrichment 

culture containing yeast beforehand and simply managed to sustain itself more than 
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other bacterial species by using the available CO as an energy source. As this OTU 

made up on average 5% of total reads in minimal media with CO compared with 0.1% 

of total reads in the CO cultures with yeast, this seems unlikely.  

 

While there is no research published to prove that any close relatives of the 

other 8 OTUs are capable of CO oxidation, some of the OTUs have related species for 

which there are sequences predicted to be coxL genes on the NCBI database. Multiple 

species of Afipia (OTU90), Variovorax (OTU10) and Nocardioides (OTU194) 

contained sequences with >70% shared identity with confirmed form I coxL genes 

from sequences provided from research by King (2003). The presence of genes with 

high similarity to coxL genes in the genomes of species similar to these OTUs further 

implies that these OTUs may have CO-degrading potential. Species of 

Phenylobacterium (OTU33) and Sphingopyxis (OTU57) have not yet been found to 

contain coxL gene homologues and so their potential role in CO oxidation is less likely 

but would be novel if their CO-oxidising capabilities were to be confirmed. 

 

As with the yeast extract enrichment cultures, the majority of the OTUs were 

not significantly higher in the enrichment cultures than the control cultures, indicating 

the high variability between the enrichment culture samples. OTU90 (Afipia sp.) and 

OTU33 (Phenylobacterium sp.) were significantly higher in the enrichment cultures 

than the controls, indicating that these OTUs were enriched in the presence of CO in 

all replicate cultures.  

 

The majority of enriched OTUs (potential carboxydotrophs) were detected in 

only a very low abundance in the unenriched phyllosphere samples (<0.06% per 

sample type). However, OTU10 (Variovorax sp.) was detected in relatively high 

amounts in the unenriched phyllosphere samples, making up 2-10% of total reads. 

Although they are not confirmed CO-oxidisers, Variovorax species are known to be 

metabolically diverse and capable of biodegradation of a range of anthropogenic 

pollutants. Whole genome sequencing of Variovorax paradoxus has also shown that 

this species contains 3 CODH genes within its genome, supporting this finding that it 

may be capable of CO oxidation (Han et al., 2011).  Interestingly, OTU10 was found 

in higher abundance in the unenriched roadside samples (10% of total reads) than the 

woodland samples (4% of HtW and 2% of HlW total reads) at the time of sampling 
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for this experiment and was highlighted as a consistent coloniser of the roadside 

samples in Chapter 2. Therefore, it is possible that CO degradation may be a function 

of this Variovorax species, which appears to be a common coloniser of roadside tree 

phyllosphere samples.  Additionally, if these findings are correct, roadside leaf 

samples may be more capable of autotrophic CO oxidation than other sample types.  

 

As previously discussed, understanding autotrophic CO oxidation in the 

phyllosphere would be aided by repeating these experiments with an inoculum from 

fresh phyllosphere samples rather than from heterotrophic sub-cultures. There is a 

possibility that this would result in more samples degrading the CO in minimal media 

which could enable comparison between sample types.  This would allow further 

investigation of the idea that roadside phyllosphere samples may be more enriched 

with carboxydotrophs and thus may be more capable of autotrophic CO degradation 

than other sample types. As CO is utilised as a sole carbon source by carboxydotrophs, 

DNA-SIP techniques (Radajewski et al., 2000) could be used to further prove that the 

enriched OTUs identified as possible carboxydotrophs are actually capable of CO 

oxidation as well as identifying other, less abundant CO-oxidisers in enrichment 

cultures.     

 

4.4.3 Isolation of CO-oxidising bacteria 

 

 A total of 30 isolated colonies were screened for CO degradation, either by 

monitoring of CO oxidation or by screening for coxL genes. Only one isolate was 

proven to be capable of CO oxidation, which was isolate CO17, found to be most 

closely related to Mesorhizobium olivaresii. Mesorhizobium species isolated from the 

rhizosphere have been previously found to be able to degrade CO but were found to 

oxidise CO heterotrophically, requiring an additional carbon source. Here, isolate 

CO17 was shown to degrade CO autotrophically, with CO as the sole source of carbon 

and energy. Although CO17 originated from a culture with minimal media and 

degraded CO without the addition of yeast, it is still possible that it is only using CO 

as an energy source as opposed to a carbon source as turbidity was not measured so 

proliferation of cells cannot be confirmed. With more time, this isolate could be re-

spiked with CO over a longer period of time in order to prove this. Also, this isolate 

has been sent for whole genome sequencing and the genome will be analysed for the 
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presence of cbbL genes encoding RuBisCO, which would further indicate its ability 

to utilise CO as a carbon source. Isolate CO17 was also found to be a different species 

of Mesorhizobium to OTU72 (a Mesorhizobium sp. enriched in minimal media CO), 

only sharing 95% sequence identity. This indicates that the isolated species of 

Mesorhizobium is not a dominant species in the enrichment cultures.  

 

 Twenty-nine of the other isolates were not confirmed to be able to oxidise CO. 

While this was an expected result with the cultures which had an additional carbon 

source and so would likely be flooded with other species, it was surprising that only 1 

in 15 of the isolates tested from minimal media was a confirmed CO oxidiser. As CO 

was the only carbon source in these enrichment cultures and they were re-spiked three 

times before plating, it was expected that the culture would be quite enriched with CO 

degraders. Judging by colony morphology on these plates, it appeared that species 

variation was fairly low, with most plates being populated by similar-looking colonies. 

Therefore, it was assumed that the majority of species growing on the plates were 

screened within the 30 isolates tested. It is possible that the CO-oxidising bacteria 

present in the CO enrichment cultures were not able to grow well on solid medium 

and so they did not grow on the plates at all.  Although slow-growers were targeted, it 

is also possible that CO-oxidisers still had not grown on the plates by 15 days and 

longer incubation times may benefit the selection of CO-oxidising bacteria.  

 

 As indicated in Figure 4.14, isolates CO4, CO9, CO13 (all related to 

Pseudomonas sp.) and CO7 (related to Stenotrophomonas sp.) also amplified a 

product of a similar size to coxL. However, no pure sequences were obtained from 

these species and so the presence of coxL genes cannot be confirmed. Previous 

research has shown that species of Pseudomonas and Stenotrophomonas are able to 

oxidise CO, as well as Rhodococcus (isolate CO15), indicating that the isolates 

obtained are likely to have CO-oxidising abilities. While all isolates other than CO17 

were unable to oxidise CO in pure culture, it is possible that some of these isolates 

may still have oxidised CO within a mixed culture, but are lacking some requirements 

needed for this when grown in pure culture.   
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4.4.4 Use of coxL primers to determine the diversity of coxL genes in CO-enriched 

and unenriched phyllosphere samples 

 

 As shown in Figure 4.17, A, use of the modified coxL gene primer set was 

successful in amplifying a single product of the correct size when DNA from 

enrichment culture samples was used as the DNA template. Use of the modified primer 

sets under the reaction conditions described appeared to amplify more product of the 

correct size and resulted in less non-specific binding than with the original primer pair. 

In order to determine if a wider range of coxL genes were in fact amplified by the 

modified primers, a wider range of pure cultures of bacteria with known coxL genes 

should be used as PCR templates and the presence or absence of product compared 

between the primer sets.   

 

However, as shown, very little amplification is achieved when unenriched leaf 

wash samples are used with 35 cycles. When the number of cycles is increased to 40 

(Figure 4.17, B), the amount of non-specific binding was increased but there was an 

increase in product of around 1,300bp, indicating that coxL genes may have been 

amplified from unenriched samples. If a wide range of coxL genes are in fact able to 

be amplified by the more redundant, modified primer pair, the low amount of product 

indicates that coxL genes may not be very abundant in the natural leaf surface 

microbial community.   

 

Figure 4.18 shows the range of coxL genes found in three CO-enrichment 

cultures grown in the presence of yeast extract. The majority (18/28) of the clone 

sequences shared identity to species of Rhizobiales, which have multiple confirmed 

CO-oxidising CO species within this order. There were also clades with a similar 

phylogeny to other CO oxidisers such as Burkholderia sp., Rhodococcus sp., 

Arthrobacter sp. and Acidimicrobiia sp. Of the OTUs identified as potential CO 

degraders from heterotrophic CO enrichment cultures MiSeq analyses, the only OTU 

taxonomically related to any of the coxL gene clones was OTU792 (Arthrobacter sp.). 

Therefore, the different methods have indicated different species which are likely to 

be oxidising CO in the enrichment cultures and that the enriched OTUs observed in 

the MiSeq analysis may not have coxL genes or at least genes which may not be 

amplified by the primer pair used in this experiment. Furthermore, nine different 
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clades of coxL genes were identified by clone library analysis of samples, indicating 

that the range of bacteria oxidising CO in the enrichment cultures is likely to be much 

wider than the five enriched OTUs identified using SIMPER analysis of 16S rRNA 

gene MiSeq data. Additionally, coxL genes taxonomically related to Afipia and 

Arthrobacter species were identified within the clone libraries, which provides further 

evidence that the OTUs of these species (OTU90 and OTU792) identified in MiSeq 

analyses as being enriched in CO cultures are likely to contain coxL genes and 

therefore be capable of CO oxidation.    

 

Clones related to Mesorhizobium coxL genes were also detected in the 

heterotrophic enrichment cultures. Therefore, even though a Mesorhizobium sp. was 

only indicated to be enriched in the minimal media with CO in the MiSeq data 

(OTU72), it may have also been oxidising CO in the enrichment culture with yeast 

extract but not detected with this analysis. OTU72 may also be a different species of 

Mesorhizobium than those indicated by analysis of coxL gene clones. To further 

determine if different CO oxidisers are found within the heterotrophic and autotrophic 

CO enrichment cultures, clone libraries should also be constructed with DNA from 

the autotrophic samples. Also, the coxL genes from clones were found to be different 

to that sequenced from isolate CO17 (Mesorhizobium sp.), indicating that the 

dominant species of CO-oxidising Mesorhizobium species in CO enrichments with 

yeast extract was not isolated.    

 

Despite 16S rRNA MiSeq results indicating that the CO-enriched bacterial 

communities did not differ between sample types, analysis of coxL genes indicates the 

opposite, with none of the same coxL sequences being found in more than one sample 

type. Rather, HtW, HtR and HlW samples all had distinct, separate clades of coxL 

genes, indicating that the enrichment cultures contained different communities of CO-

oxidising bacteria depending on the original phyllosphere sample source. However, 

only one sample per group was tested and so other replicates would need analysing to 

determine if sample type does impact the diversity of coxL genes.  

 

One clone, HlW clone 10, was more similar to xanthine dehydrogenase 

sequences, a close relative to CODH, indicating that some non-specific products are 

being amplified by the primer pair. Unfortunately, 0/60 clones from coxL PCRs from 
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unenriched leaf wash samples yielded any coxL sequences, with traces appearing 

mixed or short. It is highly unlikely that all 60 of these colonies were in fact mixed 

and visualisation of PCR products from individual clones indicated that only a single 

product was amplified. This result indicated that the coxL gene primers used may have 

multiple target sites within a single product and that they are likely amplifying 

undesired products. This was confirmed when a subset of failed clones was re-

processed with M13 primers and the sequences gained were not coxL genes. As the 

majority of sequences gained from enrichment cultures were coxL sequences, this 

seems to only be an issue when using environmental samples, and undesired products 

may only be amplified in a high proportion when coxL genes are in low abundance in 

the sample. This also means that these primers would not be suitable for use in q-PCR 

or RT-PCR experiments and so coxL genes cannot likely be quantified using PCR-

based techniques. 

 

Overall, use of the modified coxL primers was successful in the amplification 

of a variety of coxL genes, demonstrating that there are a range of bacteria with the 

potential of degrading CO in heterotrophic CO-enrichment cultures. However, while 

it was indicated that coxL genes may have been present in detectable amounts in the 

unenriched phyllosphere, this is yet to be confirmed. Amplification of products other 

than coxL in unenriched samples means that these primers are not suitable for use in 

PCR-based experiments with unenriched leaf wash samples. For detection and 

quantification of coxL genes in environmental samples such as the phyllosphere, a 

metagenomic or metatranscriptomic approach may be of more use to help determine 

the CO-oxidising potential of natural phyllosphere microbiota.   

 

4.4.5 Conclusions 

 

 All phyllosphere leaf surface communities tested were capable of oxidation of 

CO when a further source of carbon was provided and therefore CO degradation is a 

potential widespread function of the true phyllosphere microbial communities of trees. 

Holly leaf surface communities degraded CO significantly faster than hawthorn 

microbial communities, despite there being no observable difference in the enrichment 

community composition between sample types as observed by MiSeq analysis. Only 

50% of the CO enrichment samples were able to fully oxidise CO in minimal media 
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with CO as the only source of carbon and energy, indicating that carboxydotrophs may 

not be ubiquitous in phyllosphere samples, although this needs confirmation from 

further studies. MiSeq analysis showed how the bacterial community was impacted 

by CO, making CO-enriched communities distinct from those without CO and 

allowing for potential CO-oxidisers to be identified. Several potential carboxydovores 

and carboxydotrophs were identified, many of which would be novel CO-oxidisers 

but have similar species known to contain genes likely to be coxL genes. While many 

of the OTUs identified as being potential CO-oxidisers by MiSeq analysis were found 

to be in low abundance in unenriched samples, some OTUs similar to species of 

Pseudomonas, Massilia and Variovorax were found to be abundant colonisers of the 

natural phyllosphere, indicating that some dominant phyllosphere bacteria may be 

capable of CO oxidation. Isolation of CO-oxidising bacteria from phyllosphere 

samples was difficult, with only one isolate being confirmed as being able to degrade 

CO, which was isolate CO17, a species of Mesorhizobium. This isolate is presumed 

to be able to degrade CO autotrophically, a characteristic unknown to other species of 

Mesorhizobium known to oxidise CO. PCR-based techniques used to explore the 

diversity of coxL genes in phyllosphere samples were successful in showing a diverse 

range of coxL genes in CO-enrichment cultures, with 9 different clades of coxL genes 

being identified from 3 enrichment culture samples. coxL genes taxonomically similar 

to those of Afipia and Arthrobacter species were also identified, providing additional 

evidence that some of the OTUs identified as candidate CO oxidisers from 16S rRNA 

MiSeq data analyses are true CO oxidisers in the phyllosphere. However, 

amplification of coxL genes from unenriched leaf wash samples was not successful 

and so this method is likely not suitable to investigate coxL genes in environmental 

phyllosphere samples and future studies should utilise meta-omics technologies 

instead.    
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CHAPTER 5 - IMPACT OF POLLUTANT EXPOSURE 

ON MICROBIAL COMMUNITIES IN THE 

PHYLLOSPHERE 
 

5.1 INTRODUCTION 

 

5.1.1 The impacts of air pollution 

 

 As discussed in Chapter 1, air pollution is a growing problem across the globe 

and has negative impacts on human health, the environment and climate change. Air 

quality is especially low in urban areas, with 49% of cities in high-income countries 

and 98% of cities in middle and low-income countries not meeting air quality 

guidelines for safe air (WHO, 2018). This poses a threat to human health as 55% of 

the population worldwide currently lives in urban areas and it is predicted to rise to 

68% by 2050 (Ritchie and Roser, 2018). Currently, around 5.5 million premature 

deaths are attributable to air pollution and with increasing urbanisation, this is 

expected to double by 2050 (Lelieveld et al., 2015). Therefore, in order to reduce the 

burden of disease caused by air pollution, air quality must be improved upon. Research 

which focusses on pollution mapping, strategies to minimize the release of pollutants 

and ways in which biological processes and biotechnology can aid the removal of 

pollutants from the atmosphere is crucial in reaching this aim.      

 

5.1.2 Pollution mapping and the impact of trees on air quality 

 

 Satellites, ground-level air quality sensors and modelling can be used to 

monitor the concentration of air pollutants and predict air quality. On a global scale, 

satellites such as Sentinel-5P from the European Space Agency and multiple NASA 

satellites are being used to generate nation-wide and global concentration data of a 

variety of pollutants such as carbon monoxide, PM, VOCs, nitrous oxides, sulphur 

dioxide and ozone. These data are then processed and used in models to issue pollution 

forecasts, assess the main sources of pollutants and ultimately assist in the generation 

of mitigation policies.  Satellite modelling has been used to show both how air quality 

is improving due to clean air policies, as well as where poor air quality is still having 
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a negative impact. For example, NASA’s Aura satellite has shown how improved 

power plant policies have reduced SO2 emissions by 40% from 2005 to 2010 in the 

US (Fioletov et al., 2011). This satellite has also been used in conjunction with 

epidemiological data to estimate that up to 23 million asthma-related emergency room 

visits per year are attributable to PM exposure and up to 10 million visits are 

attributable to ozone exposure per year and  industrialising countries such as India and 

China are most at risk of the impacts of poor air quality (Anenberg et al., 2018).  

 

 At a more local scale, ground-level air quality sensors and dispersion models 

can be used to identify which urban areas are at the highest risk of poor air quality and 

generate estimates of ambient air pollution concentrations. In the UK, the Department 

for Environment and Rural Affairs (DEFRA) currently monitor multiple pollutants 

using their Automatic Urban and Rural Network (AURN). The AURN currently 

consists of 148 sites of varying environment types which contain automatic air quality 

monitoring devices which provide hourly pollution data in order to communicate air 

quality readings to the public (DEFRA, 2019).  

 

 In addition, modelling and mapping of pollutants can assist in fine-tuning air 

quality measurements by allowing high exposure zones to be pinpointed within a 

region. A variety of emission and dispersion models have highlighted which factors 

negatively impact air quality such as proximity to the roadside, transient engine modes 

at junctions, tall buildings forming ‘urban canyons’, altitude and length of bus routes 

(Matzoros and Vanvliet, 1992, Eeftens et al., 2013, Hoek et al., 2008, Vardoulakis et 

al., 2011, Jerrett et al., 2007). The impact of trees on urban air pollution has also been 

widely investigated due to the implications in urban greening as an attempt to tackle 

air quality issues.  Trees have been shown to act as filters of air pollution in urban 

areas by dry deposition of particulate matter and by removal of gaseous compounds 

via stomatal uptake (Gallagher et al., 1997, Harrison et al., 2000). A number of studies 

using urban modelling have shown that, while the percentage improvement to air 

quality that urban trees may provide is relatively low (<1-7%) on a regional scale, they 

still contribute to a significant amount of pollutant removal, mitigating thousands of 

tons of pollutants annually within cities (Nowak et al., 2006, Tallis et al., 2011, Selmi 

et al., 2016). In addition, smaller-scale models have shown that within street canyons, 

green walls can improve air quality by reducing NO2 and PM10 concentrations by 40% 
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and 60% (Pugh et al., 2012), respectively, and that vegetation barriers may reduce the 

exposure of pedestrians to nanoparticles (<300nm) by 36% (Al-Dabbous and Kumar, 

2014).   

 

Recent research by Jeanjean (2017) aimed to combine computational fluid 

dynamics with tree modelling to determine how trees impact the fate of vehicular 

emissions in the urban environment. Much of this work was carried out in Leicester, 

a city in the UK with a population of around 355,000 people where the concentrations 

of air pollutants are frequently exceeding the legal limits set by the EU. Results 

showed that the benefits to air quality from urban trees in Leicester is limited, with an 

estimated decrease of traffic emissions by 7% and 2.8% reduction in particulate matter 

due to deposition. During this research, a detailed map of Leicester’s pollutant 

concentrations was produced, using PM2.5 dynamics in the model as a proxy for 

traffic emissions. While it is now well known how trees can impact air quality, it is 

less known how air quality can impact trees and their associated microbiota. 

Therefore, this model can be used to determine which trees in Leicester are exposed 

to higher levels of pollutants and therefore could aid in the selection of sampling sites 

for urban phyllosphere studies.     

 

As highlighted in Chapter 1, phylloremediation may be an additional 

ecosystem service provided by trees in urban areas. During this process, it is possible 

that a range of the pollutants in ambient air or trapped on the leaf surface may be 

degraded by phyllosphere microbiota and therefore improve air quality. However, it 

is largely unknown whether air pollution concentrations have an impact on the ability 

of phyllosphere microbiota to degrade these compounds. Research into how pollutant 

exposure has an impact on the microbial community structure and its functional 

capabilities is crucial in aiding understanding of how trees may mitigate pollution, 

although studies in this field are extremely limited.  

 

5.1.3 The impact of air quality on the phyllosphere 

 

 While still largely unexplored, some research has been conducted previously 

which is starting to show how the phyllosphere community changes in response to 

shifts in air quality. Studies have mainly been focused on the bacterial community, 
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using high-throughput sequencing of 16S rRNA genes to characterise the bacterial 

populations. The ways in which the bacterial community have responded to air quality 

have been variable and a summary of the results found is displayed in Table 5.1. As 

shown in Table 5.1, the majority of the results indicate that air quality has a significant 

impact on the bacterial community at lower-level taxonomic groups (genus and 

species) but very few studies showed any higher-level differences. So far, no studies 

have shown that air quality has a significant impact on the structure (diversity, richness 

and evenness) of the bacterial community. Different studies have indicated different 

taxa which are being enriched in the urban samples, with little consensus. From Table 

5.1, it is evident that there is very little research into how pollutant exposure impacts 

microbial abundance. However, where such experiments have been conducted, results 

have indicated either that the abundance of bacteria is higher in polluted phyllosphere 

samples (Brighigna et al., 2000, Joshi, 2008) or there is no difference (Imperato et al., 

2019). It is also of note that the majority of research has involved very few sample 

sites, which may make it difficult to truly determine whether observed differences are 

due to changes in air quality or simply changes in location. Very few studies so far 

have incorporated experiments to assess any functional changes in the bacterial 

community due to changes in air quality and, to my knowledge, only one study by 

Imperato et al., (2019) has used metagenomics to do so. Interestingly, their 

metagenomics results showed that the bacterial community of rural tree leaves has a 

greater number of hydrocarbon catabolic genes than polluted samples and concluded 

that the potential for the rural tree phyllosphere to degrade aromatic pollutants may be 

higher than more polluted phyllosphere communities. 

 

 The impact of air pollution on the fungal phyllosphere is even less explored, 

with fewer studies than that of the bacterial community. A summary of the research 

so far is displayed in Table 5.2. Current research has differing conclusions, with 1/3 

studies in Table 5.2 indicating no significant change in the fungal phyllosphere in 

urban areas whereas the other 2/3 studies did find a significant shift in the population. 

Within the two studies which did find a pollution-based impact on the fungal 

community, there were polar results, with one indicating that exposure to urban 

pollutants resulted in an increase in fungal species diversity and richness whereas the 

other showed a decrease. Both studies did have one consistent finding, which was the 

enrichment of Aureobasidium in the urban samples, indicating that this genus may be 
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resistant, or benefit from, atmospheric pollutants. With conflicting results and only 

one study so far using high-throughput sequencing to assess fungal phyllosphere 

community responses to pollutants, there is not yet enough evidence to get a clear idea 

of how the diversity and structure of the fungal community may shift in urban 

environments.   
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Plant species Methods Main findings Reference 

Ivy (Hedera sp.) • 16S rRNA sequencing 

• 6 sites (3 urban, 3 non-urban)  
 

• No significant difference in diversity between urban and non-urban samples.  

• Significantly different community compositions: Higher Hymenobacter, 

Sphingomonadaceae, Methylobacterium and Polaromonas. Lower Beijerinkia, 

Methylocystaceae, Edaphobacter, Sphingobacteriaceae in urban samples 

compared to non-urban. 

(Smets et al., 

2016) 

Tillandsia spp. • Plate counts 

• 2 sites (one polluted, one non-

polluted) 

• Higher microbial counts from unpolluted leaf samples than polluted samples. (Brighigna et 

al., 2000) 

Alder tree (Alnus 

nepalensis) 

• Plate counts 

• 2 sites (one more polluted, one 

less polluted) 

• Significantly higher phyllosphere bacterial counts in less polluted samples than 

more polluted samples. 

(Joshi, 2008) 

London Plane trees  

(Platanus x acerifolia) 

• 16S rRNA sequencing  

• alkB (alkane hydroxylase) 

sequencing  

• 2 sites (1 away from the road, 

1 at the roadside) 

• Sampling time impacted the bacterial community more than location (park versus 

roadside).  

• Few differences between more polluted and less polluted samples – only 

Buttiauxella genus more abundant in less polluted sites and Aeribacillus more 

abundant in more polluted site.  

• Diversity of alkB genes differed between environment types in April but not July. 

(Gandolfi et 

al., 2017) 

Table 5.1: Overview of current research into the impact of air pollution on the bacterial community of the phyllosphere. 
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Platanus x hispanica 

(London plane) 

• 16S rRNA sequencing 

• 3 sites (1 rural, 1 intersection 

and 1 inner-city) 

• Inner-city and rural bacterial communities significantly different. 

• Actinobacteria and Flavobacteriaceae enriched in the inner-city whereas 

Alphaproteobacteria and Acidobacteriales are enriched in rural samples.  

• No meaningful difference in bacterial community structure between sampling 

sites. 

(Espenshade et 

al., 2019) 

7 tree species (3 Acer 

sp., Celtis occidentalis, 

2 Fraxinus sp. and 

Picea glauca)  

• 16S rRNA sequencing 

• 3 sites (one high, medium and 

low urban intensity) 

• Community composition only significantly different between different sampling 

sites for 5/7 tree species. 

• Overall, only significant differences in abundance within Alphaproteobacteria 

class, which decreased with higher urban intensities.  

• Higher urban intensity lead to greater bacterial alpha diversity and species richness 

on the leaves. 

(Laforest-

Lapointe et al., 

2017) 

Hornbeam trees 

(Carpinus betulus)  

• Metagenome sequencing 

• 3 sites (one city (Warsaw) 

centre, two forests (one oil 

polluted forest, one 

unpolluted) 

• Bacterial community in city center significantly different to those in forests but 

were indistinguishable at any level higher than order.  

• Bacteria enriched in urban samples include species of Exiguobacterium, Bacilli 

and Enterococci.  

• No difference in bacterial abundance between city and forest samples.  

• Shannon and Simpson diversity was higher in city samples but not significant. 

• Significantly more hydrocarbon degradation genes found in unpolluted forest 

compared to polluted forest and city center.  

(Imperato et 

al., 2019). 
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Plant species Method Findings Reference 

Bur Oak (Quercus 

macrocarpa) 

• ITS amplicon sequencing 

• 3 sites (3 within the city, 3 

outside of the city) 

• Urban fungal communities had a lower diversity and species richness than rural 

fungal communities.  

• No difference in evenness between the urban and rural fungal communities. 

• 41 OTUs showed significantly different abundances between the environment types. 

• Enriched genera from samples within the city include: Aureobasidium, Davidiella, 

Didymella and Microspaeropsis.  

• Enriched genera from samples outside of the city include: Devriesia, Mycospaerella, 

Ramularia, Stenella, Dioszegia, Paraphaeospaeria, Phaeosphaeria and 

Sphaeceloma.  

(Jumpponen 

and Jones, 

2009) 

Highbush 

blueberries 

(Vaccinium 

corymbosum) 

• Cultivation of epiphytes 

• 2 transect sites, sampled at 5 

20m intervals from an 

expressway.  

• No significant difference in fugal community structure of species richness with 

proximity to the roadside. 

(Stanwood 

and Dighton, 

2011) 

Alder tree (Alnus 

nepalensis) 

• Plate counts 

• Isolation of epiphytes 

• 2 sites (1 more polluted and 

1 less polluted) 

• Significantly higher fungal counts from unpolluted sites than polluted sites.  

• Fungal diversity and species richness higher in polluted samples than unpolluted 

samples. 

• Aureobasidium pullulans and Fusarium oxysporum were dominant in the polluted 

sites compared to the unpolluted sites.  

(Joshi, 2008) 

Table 5.2: Overview of current research into the impact of air pollution on the fungal community of the phyllosphere. 
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5.1.4 Experimental overview 

 

 A traffic pollution model based on computational fluid dynamics was used to 

select sites in the city of Leicester, UK in which to sample trees which were exposed 

to higher or lower levels of pollution. Six sites were selected, three of which were in 

close proximity to the roadside and three which were situated in green spaces and three 

hawthorn trees were sampled at each site (n=18). Flow cytometry was used to 

determine the abundance of microorganisms and particulate matter (PM) at each site. 

To determine whether phyllosphere communities from the different environment types 

had different pollutant-degrading capabilities, leaf wash samples were used as an 

inoculum for PNP and CO enrichments and the degradation of the compounds was 

monitored by LCMS or GC, respectively. High-throughput sequencing of 16S rRNA 

and ITS genes was used to determine the community composition and structure of the 

bacterial and fungal phyllosphere community and assess how differing levels of 

pollutant exposure has an impact on the communities.  

 

5.1.5 Aims and objectives 

 

The aims and objectives of this experiment were to: 

1) Determine how the abundance of microorganisms is affected by exposure 

to pollutants. 

2) Assess how the bacterial community composition of the phyllosphere is 

impacted by differing levels of pollutant exposure. 

3) Assess how the fungal community composition of the phyllosphere is 

impacted by differing levels of pollutant exposure. 

4) Investigate whether there is a difference in the pollutant-degrading 

capabilities of phyllosphere microbiota from more polluted or less polluted 

sites, using PNP and CO as model compounds.  

 

 

 

 

 

 



 208 

5.2 METHODS 

 

5.2.1 Sample collection 

 

 A map of PM2.5 concentrations in Leicester, created by Jeanjean et al. (2017), 

was used to select sites with higher and lower pollutant exposure. 6 sites were selected 

in total, with 3 in highly polluted areas near the roadside and 3 in low pollution areas 

in green spaces. A summary of the sampling sites and their location co-ordinates are 

displayed in Table 5.3. Two of the six sites (HP3 and LP3) were also selected due to 

their proximity to AURN sites which monitor air quality. NO2 readings from the 

AURN sites are displayed in Figure 5.1. As indicated, air quality at the two sites was 

significantly different at the time of sampling. An overview of the PM2.5 model and 

where the sampling sites are located within the model are shown in Figure 5.2, with 

the rural AURN sampling site (LP3) lying outside of the model, as shown in Figure 

5.3. At each site, three hawthorn trees (Crataegus monogyna) were sampled (n=18), 

with whole branches being removed at random and placed into sterile, polyethylene 

zip-lock bags to be transported to the lab for processing, which was conducted within 

32 hours. Trees were sampled on 30/08/2017, after a period of low precipitation for 

more than seven days. More detailed images of each sampling site including which 

trees were sampled and the PM2.5 concentrations in the surrounding area are shown 

in Figure 5.4.  

 

 

Site ID Location description  Pollution 

exposure 

Co-ordinates 

HP1 Fosse Park roundabout High 52.599675, -1.181158 

HP2 A6 roundabout High 52.664396, -1.127362 

HP3 A594 Urban Traffic AURN site High 52.638000, -1.124046 

LP1 Aylestone nature reserve Low 52.607758, -1.157094 

LP2 Watermead country park Low 52.671746, -1.112712 

LP3 Rural Background AURN site Low 52.553166, -0.774361 

 

Table 5.3: Overview of Leicestershire sampling site locations. 
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Figure 5.1: NO2 concentrations at AURN sampling sites on the day of sampling. Data collected 
from DEFRA UK Air website (DEFRA 2019). 
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Figure 5.2: Overview of sampling sites in Leicester within the PM2.5 pollution mapping model.  
 

Figure 5.3: Location of site LP3 (rural AURN site) outside of the PM2.5 model.  
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Figure 5.4: Land use, pollution exposure and tree locations at Leicester sampling sites. A) Site HP1 (Fosse park roundabout), B) Site HP2 (A6 roundabout), C) Site 
HP3 (A594 Urban Traffic AURN site), D) Site LP1 (Aylestone nature reserve), E) Site LP2 (Watermead country park), F) Site LP3 (Rural background AURN site).  
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5.2.2 Sample processing and enrichment cultures 

 

 Leaves were washed and processed as described in Section 2.2.2. Half of a leaf 

was filter was used an inoculum for both PNP and CO enrichment cultures. Two PNP 

enrichments were prepared per sample, one with a lower concentration of PNP (2 

mg/L) and one with a higher PNP concentration (20 mg/L) as described in Section 

3.2.2. CO enrichment cultures were prepared with 800 ppm CO and an additional 

carbon source of yeast extract as described in Section 4.2.2. PNP degradation was 

monitored by LCMS as described in Section 3.2.3 and CO degradation was monitored 

by GC FID as described in Section 4.2.3.  

 

5.2.3 Analysis of microbial and particulate matter abundance by flow cytometry 

 

 Flow cytometry was used to determine counts of microbial cells and particulate 

matter in fresh leaf wash liquid samples as described in Section 2.2.6.  

 

5.2.4 Characterisation of bacterial and fungal communities by MiSeq high-

throughput sequencing  

 

 DNA was extracted from leaf wash filters as described in Section 2.2.3. 16S 

rRNA and ITS genes were PCR amplified and library preparation was conducted as 

described in Section 2.2.5. Samples were submitted to the Genomics Facility at the 

University of Warwick, Coventry, United Kingdom for sequencing on the Illumina 

Miseq platform. Reads were processed as described in Section 2.2.5.5.  

 

5.2.5 Statistical analyses  

 

Significant differences in PNP degradation rates, CO degradation rates, 

relative abundance of reads from MiSeq data and diversity indices between sample 

types were calculated using T-tests which were performed in in RStudio (version 

1.1.447, RStudio Inc., US). MDS, ANOSIM and SIMPER analyses were performed 

on 16S rRNA and ITS MiSeq data as described in Section 2.2.7.  
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Differences in community structure of bacteria and fungi between polluted and 

non-polluted sample types was assessed by measuring diversity indices (Shannon’s, 

Fisher’s Alpha and Simpson’s) using the ggplot2 (Wickham, 2016) package in 

RStudio.  

 

Indicator species of the more and less polluted phyllosphere sample types were 

identified using the DESeq2 package (Love et al., 2014) and visualised using the 

EnhancedVolcano package (Blighe, 2019) in RStudio. 
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5.3 RESULTS 

 

5.3.1 Impact of pollutant exposure on abundance of microorganisms and 

particulate matter in the phyllosphere 

 

 Flow cytometry was used to determine whether the abundance of 

microorganisms (high fluorescing events) and particulate matter (low fluorescing 

events) differed between sampling sites exposed to higher levels of pollution and 

sampling sites exposed to lower levels of pollution. Results are displayed in Figure 

5.5.  

 

  

 

 

Figure 5.5: Comparison of microbial cell and particulate matter counts between sampling 
sites exposed to higher or lower levels of pollution. Groups are separated according to 
sample sites (HP1-3 = High pollution exposure sites 1-3, LP1-3 = Low pollution exposure sites 
1-3). Microbial cell counts are indicated in yellow (left) whereas particulate matter counts are 
indicated in grey (right). Error bars represent standard deviation, shaded areas indicate the 
interquartile range and the median is indicated by bold lines within the interquartile range. 
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 On average, phyllosphere samples contained lower microbial counts than 

particulate matter counts. Leaves sampled from sites with higher exposure to pollution 

contained a higher abundance of microbial counts (365 events/μL of leaf wash, on 

average) than sites with lower pollutant exposure (275 events/μL, on average). 

However, overall there was no significant difference in microbial counts (P = 0.19) 

between the two environment types. Comparison of individual sites also showed that 

there were no significantly different microbial counts between any two sites sampled 

(P = >0.05).  

 

 As with microbial counts, leaves sampled in the more polluted sites contained 

significantly higher (P = 0.003) particulate matter counts (1085 events/μL, on average) 

than those sampled in less polluted sites (740  events/μL, on average). However, when 

individual sites were compared, only low pollution site 3 (LP3) contained leaves with 

significantly lower particulate matter counts than all highly polluted sites (HP1: P = 

0.015, HP2: P = 0.027, HP3: P = 0.044). There was no significant difference between 

PM counts of LP1 and LP2 samples and any of the highly polluted sites, despite 

average counts being smaller.   

 

5.3.2 Impact of pollutant exposure on the structure and composition of 

phyllosphere bacterial and fungal communities 

 

In order to characterise how the phyllosphere microbiome of hawthorn trees 

differs when exposed to higher levels of pollutants, PCR and high-throughput 

sequencing of both 16S and ITS genes was applied to leaf surface samples from 6 sites 

which were exposed to either higher (n=9) or lower (n=9) levels of pollution. As the 

sequences were processed along with samples from Chapters 2-4, samples in this 

experiment were also rarefied to 9000 reads per samples for the 16S rRNA amplicon 

and 61000 reads per sample for the ITS amplicon.      
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5.3.2.1 General characteristics of the phyllosphere community and the impact of 

pollutant exposure on the composition of high-level taxonomic groups 

 

 An overview of the community composition of the bacterial (16S rRNA) 

community on the class level is displayed in Figure 5.6. The most abundant classes in 

the hawthorn phyllosphere were Cytophagia (phylum: Bacteroidetes), comprising 

23.7% of the total reads, Alphaproteobacteria (23.6%), Actinobacteria (23.1%), 

Betaproteobacteria (10.4%), Deltaproteobacteria (9.4%), Gammaproteobacteria 

(4.1%) and Deinococci (2%). From Figure 5.6, there are some visible differences 

between the class-level composition of bacterial communities between the samples 

from high and low pollution sites. For example, the abundance of Betaproteobacteria 

appears to be higher in the high pollution samples than the low pollution samples and 

the abundance of Deltaproteobacteria appears to decrease with increased pollution 

exposure.  

 

 Further statistical analyses were conducted to determine whether the bacterial 

community structure at a high taxonomic level (class) differed between samples from 

high and low-level pollutant exposure sites. ANOSIM statistical tests, performed on 

Bray-Curtis dissimilarities revealed that the community composition of bacteria found 

on leaves exposed to higher pollution levels was significantly dissimilar (R = 0.23, P 

= 0.025) at the class level. Of the seven most abundant classes present in hawthorn 

phyllosphere samples (representing 97% of total reads on average), the 

Betaproteobacteria, Deltaproteobacteria and Deinococci classes showed significant 

differences in abundance between samples from sites exposed to high pollution versus 

low pollution, whereas Cytophagia, Alphaproteobacteria, Actinobacteria and 

Gammaproteobacteria did not (Figure 5.7). Hawthorn leaf samples from sites exposed 

to higher levels of pollution contained significantly more Betaproteobacteria (P = 

0.006) and Deinococci (P = 0.05) and significantly less Deltaproteobacteria (P = 

0.019) than samples from less polluted sites.  
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Figure 5.6: Relative abundance of dominant classes of bacteria within hawthorn phyllosphere samples from sites exposed to high or low levels 
of pollution. Any reads which made up less than 2% of the relative abundance were placed in the ‘Low Abundance’ category. Groups are separated 

according to sample sites (HP1-3 = High pollution exposure sites 1-3, LP1-3 = Low pollution exposure sites 1-3).   
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Figure 5.7: Relative abundance of the top 7 most abundant classes within hawthorn phyllosphere samples from sites exposed to high or low levels of 
pollution. Classes which showed a significant difference in abundance between the high and low pollution sites are indicated in the class heading where * 

indicates P = <0.05 and ** indicates that P = <0.01. Error bars represent standard error, shaded areas indicate the interquartile range and the median is indicated 

by bold lines within the interquartile range 
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The fungal (ITS) community showed little diversity at the class level, with 

over 80% of total reads, on average, belonging to two classes: Dothideomycetes (65%) 

and Tremellomycetes (15%). Therefore, the community was characterised at the order 

level. An overview of the fungal community of the hawthorn phyllosphere at the sites 

sampled is displayed in Figure 5.8. On average, the most abundant orders were 

Capnodiales (27%), Pleosporales (15%), Tremellales (14%), Dothideales (13%), 

Erysiphales (4.6%), Thelebolales (4%), and undefined group of Dothideomycetes 

(3.9%), Ceraceosorales (2.5%) and Venturiales (2.3%).  

 

Clear differences between the order-level composition of fungi from leaves 

sampled at sites exposed to high and low levels of pollution can be seen in Figure 5.8. 

For example, Dothideales are visibly more abundant in the high pollution sites than 

the low pollution sites whereas both the Ceraceosorales and Venturiales orders appear 

in the majority of the samples from low pollution sites but are present in very low 

numbers in the samples from high pollution sites.  

 

 Comparison of the order-level community structure of samples from the two 

environment types found that samples from sites exposed to low levels of pollution 

were significantly dissimilar to samples from high pollutant exposure sites (R = 0.467, 

P = 0.001). Of the nine most abundant fungal orders, four showed significant 

differences in abundance between high and low exposure sites, as is displayed in 

Figure 5.9. Samples from highly polluted sites showed a significantly higher 

abundance of Dothideales (P = 0.0008) and a significantly lower abundance of 

Capnodiales (P = 0.005), Ceraceosorales (P = 0.037) and Venturiales (P = 0.006).  
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Figure 5.8: Relative abundance of dominant orders of fungi within hawthorn phyllosphere samples from sites exposed to high or low levels of pollution. Any reads 

which made up less than 2% of the relative abundance were placed in the ‘Low Abundance’ category. Groups are separated according to sample sites (HP1-3 = High 

pollution exposure sites 1-3, LP1-3 = Low pollution exposure sites 1-3). 
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Figure 5.9: Relative abundance of the top 9 most abundant fungal orders within 
hawthorn phyllosphere samples from sites exposed to high or low levels of pollution. 
Orders which showed a significant difference in abundance between the high and low 
pollution sites are indicated in the class heading where * indicates P = <0.05, ** indicates 
that P = <0.01 and *** indicates that P = <0.001. Error bars represent standard error, shaded 
areas indicate the interquartile range and the median is indicated by bold lines within the 
interquartile range. 
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5.3.2.2 Impact of pollutant exposure on the bacterial and fungal phyllosphere 
community at the OTU level 
 

 The dissimilarity between the microbial communities of phyllosphere samples 

from sites exposed to high or low levels of pollution was also assessed at the OTU 

level. Pollution exposure had a significant impact on both the bacterial and fungal 

community structure, as is displayed in Figure 5.10. ANOSIM analysis of Bray-Curtis 

dissimilarities of the bacterial community (Figure 5.10,A) showed that samples from 

sites with high pollutant exposure were significantly dissimilar to samples from sites 

with lower pollutant exposure (R = 0.338, P = 0.001). ANOSIM analysis of Bray-

Curtis dissimilarities of the fungal community (Figure 5.10, B) also showed that 

samples from sites with high pollutant exposure were significantly dissimilar to 

samples from sites with lower pollutant exposure (R = 0.492, P = 0.001). Comparison 

of R statistics between the bacterial and fungal amplicons also indicates that changes 

in exposure to pollution causes more dissimilarity in the fungal community than the 

bacterial community (R statistic of 0.492 versus 0.338).  

 

 SIMPER analyses were used to determine which OTUs were most responsible 

for driving the dissimilarity between the more polluted and less polluted sample 

groups. Results from the bacterial amplicon show that phyllosphere samples from sites 

exposed to more pollution were 35.39% dissimilar to samples from the sites exposed 

to less pollution, on average, whereas results from the ITS amplicon show an average 

dissimilarity of 47% between the environment types. Bacterial and fungal OTUs 

which are contributing the most to the dissimilarity between the phyllosphere 

communities from more or less polluted sample sites are displayed in Table 5.4. For 

both amplicons, the majority of the dissimilarity between the more and less polluted 

phyllosphere sample types was due to reductions in the relative abundance of OTUs 

in the highly polluted sites, with only 4 OTUs increasing in relative abundance by 

more than 2% in sites exposed to higher pollution levels whereas 10 OTUs decreased 

by more than 2%.   
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Figure 5.10: NMDS ordination of variation between bacterial and fungal OTUs of phyllosphere samples from sites with either high or low exposure to 
pollution. A) Dissimilarity within bacterial communities. B) Dissimilarity within fungal communities. MDS analyses were derived from Bray-Curtis similarity 
matrices constructed with relative read abundance data of OTUs present in each sample. 

A) 16S B) ITS 
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Table 5.4: SIMPER analysis of bacterial and fungal community dissimilarity between phyllosphere samples from sites exposed to high or low levels of pollution. 

OTUs were assigned taxonomy using the 16S ribosomal RNA sequences database (bacterial OTUs) or the Nucleotide collection database (fungal OTUs) on the NCBI 

BLASTÒ website (Johnson et al. 2008) in which the top hits are displayed in the ‘BLAST Hit’ column. ‘Contribution’ refers to the percentage in which the OTU is impacting 

the dissimilarity between the two groups. Percentage relative abundance values which are higher than the alternative sample type are indicated in light green whereas lower 

percentage values are indicated in light red.  
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 In addition to SIMPER analyses, DESeq2 analyses were used to determine 

how many OTUs were present in significantly different numbers between the two 

groups and to identify ‘indicator species’ – OTUs which undergo the largest log-fold 

change between the samples from sites with high or low pollutant exposure. The 

results of which are summarised in Figure 5.11. 

 

 Within the bacterial community (Figure 5.11, A), there were 52 OTUs which 

were significantly more abundant in the highly polluted group than the less polluted 

group and 56 OTUs were significantly more abundant in the less polluted group than 

the highly polluted group. The top 10 bacterial OTUs which underwent the highest 

log2 fold change and their similarity to known bacterial species are displayed in Table 

5.5.   

 

Within the fungal community (Figure 5.11, B), a greater number of OTUs were 

significantly more abundant in the less polluted samples than the more polluted 

samples. Seventy-one OTUs were significantly more abundant in the highly polluted 

group than the less polluted group whereas 81 OTUs were significantly more abundant 

in the less polluted group than the highly polluted group. Overall, a higher number of 

fungal OTUs (152) underwent a significant log fold change between the sampling site 

environment types than bacterial OTUs (108). The top 10 fungal OTUs which 

underwent the highest log2 fold change and their similarity to known fungal species is 

displayed in Table 5.5. All of the top 10 bacterial and fungal OTUs which were 

identified as indicator species were present in low abundances in phyllosphere 

samples, making up <1% of total reads.  
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Figure 5.11: Bacterial and fungal OTUs identified as indicator species of highly polluted or less polluted phyllosphere samples. A) Bacterial communities. 
B) Fungal communities. OTUs in red indicate those with P <0.05 and Log2 fold change >2. OTUs in blue indicate those with P <0.05 and Log2 fold change = <2. 
OTUs in grey indicate those with P >0.05 and Log2 fold change <2. OTUs in green indicate those with P >0.05 and Log2 fold change >2.  

A) 16S B) ITS 
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Table 5.5: Taxonomic and abundance data of Bacterial and fungal OTUs identified as indicator species of highly polluted or less polluted phyllosphere 
samples. OTUs were assigned taxonomy using the 16S ribosomal RNA sequences database (bacterial OTUs) or the Nucleotide collection database (fungal 

OTUs) on the NCBI BLASTÒ website (Johnson et al. 2008) in which the top hits are displayed in the ‘BLAST Hit’ column. Percentage relative abundance 

values which are higher than the alternative sample type are indicated in light green whereas lower percentage values are indicated in light red. 

 



 228 

5.3.2.3 Impact of pollutant exposure on the diversity of bacteria and fungi in the 
phyllosphere 
 

 Diversity indices were used to determine whether exposure to higher amounts 

of pollution had an impact on the diversity of the bacterial or fungal phyllosphere 

community. Alpha diversity (Shannon’s index), species richness (Fisher’s alpha) and 

evenness (Simpson’s index) were measured for bacterial and fungal communities from 

samples taken at sites exposed to higher or lower levels of pollution. Results are 

summarised in Figure 5.12 and Figure 5.13.    

  

 Results of these diversity indices show that the structural diversity of bacteria 

is not largely impacted by pollutant exposure at the sites sampled. As can be seen in 

Figure 5.12 A, alpha diversity was not significantly different (P = 0.73) between the 

more polluted and less polluted phyllosphere samples (less polluted group mean = 

4.11, more polluted group mean = 4.13). Species richness (Figure 5.12, B) was higher, 

on average, within the more polluted sample group (mean = 102.8), than the less 

polluted sample group (mean = 96.7), however there was no significant difference (P 

= 0.44). Pollutant exposure also did not significantly (P = 0.61) impact the evenness 

of the bacterial community (Figure 5.12, C), with both the more and less polluted 

sample groups having a mean value of 0.96. 

 

 Unlike the bacterial community, the diversity of the fungal community of the 

phyllosphere did appear to be impacted by increased levels of pollutant exposure, as 

shown in Figure 5.13. Samples from sites exposed to higher levels of pollution showed 

a significantly (P = 0.02) lower alpha diversity (Figure 5.13, A) (mean = 2.8) than 

samples from sites exposed to less pollution (mean = 3.1). Similarly, fungal species 

richness (Figure 5.13, B) was significantly (P = 0.01) lower within the more polluted 

samples (mean = 55.6) than the less polluted samples (mean = 64.3). Fungal 

community evenness (Figure 5.13, C) was also significantly (P = 0.01) lower within 

the more polluted samples (mean = 0.88) than the less polluted samples (mean = 0.9).  
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Figure 5.12: Bacterial community diversity indices of phyllosphere communities exposed to higher or lower levels of pollution. A) Alpha diversity (Shannon 
index), B) Species richness (Fisher’s alpha), C) Evenness (Simpson’s). Error bars represent standard deviation, shaded areas indicate the interquartile range and the 
median is indicated by bold lines within the interquartile range. 

A) B) C) 
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Figure 5.13: Fungal community diversity indices of phyllosphere communities exposed to higher or lower levels of pollution. A) Alpha diversity (Shannon 
index), B) Species richness (Fisher’s alpha), C) Evenness (Simpson’s). Error bars represent standard deviation, shaded areas indicate the interquartile range and the 
median is indicated by bold lines within the interquartile range. 

A) B) C) 



 231 

5.3.3 Impact of pollutant exposure on the capabilities of phyllosphere microbiota 
to degrade PNP 
 

 LCMS was used to determine how rapidly either high (20 mg/L) or low (2 

mg/L) concentrations of PNP were degraded by enrichment cultures of phyllosphere 

samples from sites exposed to either higher or lower levels of pollution. The amount 

of time taken for degradation of PNP was compared between the two environment 

types and is displayed in Figure 5.14.  

 
The high concentration of PNP (20 mg/L) was degraded significantly slower 

than the low concentration of PNP (2 mg/L) within leaves sampled from high pollution 

sites (P = 0.023) but not within the low pollution samples (P = 0.22).  

 

Within enrichments containing 20 mg/L PNP concentrations, the average time 

taken for complete PNP degradation was 15.2 days for samples from high pollution 

sites and 11.2 days for samples from low pollution sites. However, degradation times 

between these two groups were not significantly different (P = 0.059). When PNP 

degradation times were compared between individual sample sites, leaf samples from 

only one low pollution exposure site, LP3, degraded PNP significantly faster than one 

site exposed to high pollution, HP1 (P = 0.03) whereas there were no significant 

differences between any of the other sites (P = >0.05).    

 

Within enrichment cultures containing low (2 mg/L) PNP concentrations, the 

average time taken for complete PNP degradation was 11.3 days for samples from 

high pollution exposure sites and 9.2 days for samples from low pollution sites. The 

difference in PNP degradation times between these two sample environment types was 

not significantly different (P = 0.11) and no individual sample site comparisons 

resulted in significant differences (P = >0.05).  
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Figure 5.14: Variation in PNP degradation rates between phyllosphere samples from sites of high or low pollution exposure. Groups are separated according 
to sample sites (HP1-3 = High pollution exposure sites 1-3 (Orange), LP1-3 = Low pollution exposure sites 1-3 (green)). Error bars represent standard deviation.     
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5.3.4 Impact of pollutant exposure on the capabilities of phyllosphere microbiota 

to degrade CO 

 

 Gas chromatography was used to determine how rapidly 800 ppm CO was 

degraded by cultures of phyllosphere samples from sites exposed to either higher or 

lower levels of pollution. The amount of time taken for degradation of CO beyond the 

detectable limit (<50 ppm) was compared between the two environment types and is 

displayed in Figure 5.15.  

 

 

 

 

 

 On average, the enrichment cultures in which leaf samples from highly 

polluted sites were used as the inoculum degraded CO slower (33 days on average) 

than when samples from less polluted sites were used (24 days on average). However, 

statistically, there was no significant difference in CO degradation times between the 

environment type groups (P = 0.373) and there were also no significant differences 

between any of the individual sample sites (P = >0.05).  

Figure 5.15: Variation in CO degradation rates between phyllosphere samples from sites of 
high or low pollution exposure. Groups are separated according to sample sites (HP1-3 = High 

pollution exposure sites 1-3 (orange), LP1-3 = Low pollution exposure sites 1-3 (green)). Error bars 

represent standard deviation.     
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5.4 DISCUSSION 

 

5.4.1 Impact of pollutant exposure on abundance of microorganisms and 

particulate matter in the phyllosphere 

 

 Flow cytometry results indicated that there was no significant difference in the 

abundance of microbial cells between the more and less polluted samples and while 

not significant, the more polluted samples had higher microbial cell counts on average. 

This is a contrasting result to previous studies which have shown that less polluted 

sites yielded higher bacterial and fungal counts than more polluted sites (see Table 5.1 

and Table 5.2). Results from this study therefore indicate that it is not likely that 

pollutants from urban traffic are reducing the abundance of phyllosphere microbiota 

by either increasing toxicity or displacement by particulate matter. This result is in 

agreement with results from Chapter 2 and, as discussed in Section 2.4.3, it is possible 

that the influx of PM could be a source of bacteria in the phyllosphere, resulting in 

higher microbial counts in roadside samples where PM abundance is higher. However, 

the method of flow cytometry used in this study does not take into account the health 

of the microbial cells. It is possible that many of the fluorescing events are not alive 

but still contain DNA and so it would be beneficial to use a technique such as live/dead 

staining (Berney et al., 2007) to determine the population of viable and therefore 

functional microbial cells in the phyllosphere, and whether the abundance of such cells 

differs between polluted and unpolluted samples. Live/dead staining was attempted on 

phyllosphere samples from these experiments using the BacLight
TM

 RedoxSensor
TM

 

Green Vitality Kit (Invitrogen, US). However, this was unsuccessful as differences in 

fluorescence could not be determined within the samples (data not shown). 

Additionally, viable cell counts were conducted by spread plating leaf wash onto solid 

media. These results also indicated no significant differences in microbial abundance 

between the more and less polluted phyllosphere samples (data not shown).    

 

 Overall, the number of PM in roadside samples was significantly higher than 

that of the samples from green areas. This is unsurprising as vehicle emissions are an 

important source of PM. However, the difference between the groups was not as large 

as expected and one less polluted site (LP2) did not have a significantly lower PM 

count than all highly polluted samples. This indicates that despite a more constant 
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exposure to pollutants such as PM, more rural trees may trap a similar amount of PM 

as urban trees, highlighting their importance in mitigating urban emissions as well as 

trees in the urban hotspots. As highlighted in Chapter 2 and 3, again, the nature of the 

PM could not be determined by this method and so future studies should focus on 

characterising the PM trapped by the leaf surface to determine whether the toxicity of 

the compounds trapped on the leaf surface differs between urban and rural trees. Due 

to the uncertainty of the composition of the PM measured in this study, such 

experiments may benefit from additional quantification of specific pollutants at each 

sample site to establish clearer differences in air quality. Compact air quality sensors 

are now available for such a purpose, such as the Zephyr
â

 pollution sensors provided 

by Earthsense (EarthSense Systems Ltd, Leicester, UK). Traffic-specific PM could 

also be quantified instead of a broad range of PM using techniques such as saturation 

isothermal remnant magnetisation (SIRM), as described by Smets et al. (2016).  

 

5.4.2 Impact of pollutant exposure on the bacterial and fungal community 

composition 

 

 Results show that there is a clear difference in both the bacterial and fungal 

communities sampled either from highly polluted or less polluted phyllosphere 

samples. Significant differences not only occurred at the OTU level, but also at higher 

taxonomic levels such as at the class level for bacteria and the order level for fungi. 

The number of high-level taxonomic differences between more polluted and less 

polluted phyllosphere samples in the present study is more so than in previous research 

(see Table 5.1 and 5.2).  Significant differences at such high taxonomic levels indicates 

that it is highly likely that the function of the microbial communities from the different 

environment types differ. Results also indicate that the fungal community of the 

phyllosphere is more affected by air quality than the bacterial community, with greater 

shifts in community composition and a greater number of OTUs which show a 

significant difference between the more and less polluted environment types. 

Therefore, fungi may be more sensitive to poor air quality than bacteria.  
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5.4.2.1 Changes in bacterial community composition in response to higher 

pollutant exposure 

 

 At the class level, three of seven of the most abundant classes of bacteria 

showed significant differences between samples from highly polluted sites and those 

from less polluted sites. Both Betaproteobacteria and Deinococci were more abundant 

in the more polluted samples. Interestingly, Betaproteobacteria have been specifically 

shown to increase in abundance in response to pollutants both in the soil and surface 

water ecosystems also, indicating that this class of bacteria may be important in the 

microbial response to pollution in a range of environments (Martin et al., 2012, 

Mlejnková and Sovová, 2010). Deinococcaceae, one of two orders making up the 

Deinococci class, are well known extremophiles, with many being able to resist 

environmental hazards such as extreme temperatures and degradation of nuclear waste 

and other toxic pollutants (Wang et al., 2010, Waight et al., 2007, Kongpol et al., 2008, 

Suresh et al., 2004). This class may therefore have been significantly enriched due to 

the ability of this class to degrade the increased concentrations of pollutants from the 

roadside. In contrast, Deltaproteobacteria significantly decreased in the polluted 

environments compared to the less polluted compounds, indicating that this class may 

be sensitive to atmospheric pollutants.  

 

 SIMPER analyses of the OTU-level community composition indicated that the 

majority of the dissimilarity between samples from the different environment types 

(more and less polluted) was due to decreases in specific OTUs in the polluted 

samples. Two such OTUs, OTU82 and OTU214, have the highest identity to species 

of Azospirillum, a genus known for nitrogen fixation as well as having plant-growth-

promoting properties (Fukami et al., 2018). Therefore, if reduction of this genus is 

widespread in polluted environments, this could have negative implications for plant 

health. The only abundant (read abundance increase >2%) OTU which increased in 

abundance in the polluted sites was OTU10, highly similar to Variovorax species. This 

OTU has been identified in all previous sections of this thesis, being enriched in the 

roadside samples in Coventry (Chapter 2), in the PNP enrichment culture samples 

(Chapter 3), and the CO enrichment culture samples (Chapter 4). As discussed 

previously, Variovorax species are well known for the utilisation of a wide range of 

metabolites, some of which are atmospheric pollutants (Satola et al., 2013, Posman et 
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al., 2017, Futamata et al., 2005). It is therefore possible that this OTU may thrive in 

polluted areas, possibly degrading the increased concentrations of pollutants such as 

PNP and CO. Metagenomic analyses are ongoing in an attempt to assemble the 

genome of OTU10 and thus determine the potential catabolic range of this species. It 

is possible that the scarcity of nutrients and energy sources on the leaf surface has 

driven the evolution of phyllosphere microorganisms such as Variovorax to be able to 

scavenge a wide range of atmospheric compounds. If so, such species may be able to 

efficiently remove a variety of pollutants and could have implications in 

bioremediation.    

 

 Analysis of the indicator species (those which undergo the highest significant 

fold-change) of the phyllosphere samples from the more and less polluted sampling 

sites shows that a reasonable number of OTUs (56) show significant differences 

between the environment types. In contrast to the OTUs identified in SIMPER 

analyses, the majority of those which experienced the highest log fold-changes were 

of a low abundance, representing <0.1% of total reads. This indicates that higher 

pollutant exposure levels may have a higher impact on the less abundant bacteria than 

those which make up a significant percentage of the population. One of the OTUs 

undergoing the most change between the sample types, with a higher abundance in the 

more polluted samples is OTU274 which was identified as a Skermanella species. 

Skermanella species have been previously isolated from polluted soils (Subhash et al., 

2017, Subhash and Lee, 2016) and have been shown to be resistant to antimony, a 

component of vehicle exhaust fumes which is toxic to many microorganisms (Luo et 

al., 2012), thus providing further circumstantial evidence of resistant and pollutant-

degrading bacterial species being selected for in the phyllosphere habitat in polluted 

areas.  

 

It is also of note that OTU204, identified as either a species of Escherichia or 

Shigella had a large log fold increase in the polluted samples. This is in addition to 

results from Chapter 2 which showed that, on average, roadside hawthorn 

phyllosphere samples contained more than double the amount of a potentially 

pathogenic Enterobacteriaceae OTU. A similar finding was reported by Imperato et 

al. (2019) who found higher abundances of E. coli and S. enterica in polluted 

phyllosphere samples than unpolluted samples. E. coli and K. pneumoniae strains, 
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some of which are pathogenic to humans, have also been found to be prevalent in 

particulate matter and therefore may be a source of pathogens to the phyllosphere 

(Kaushik and Balasubramanian, 2012). Recent studies have also indicated that global 

warming may increase the prevalence of plant and human pathogens in the 

phyllosphere, with plants exposed to just +2°C temperatures harbouring significantly 

higher numbers of pathogens such as Enterobacteriaceae and reduced numbers of 

plant-beneficial bacteria (Aydogan et al., 2018).  While it cannot be determined if the 

OTUs detected in this study or previous studies are pathogenic towards humans, it 

would be interesting to determine whether the abundance of other potential human 

pathogens is higher in the urban phyllosphere than the rural environment. If foliage, 

including crop phyllosphere environments, harbour human pathogens and their 

abundance responds to pollution levels, this could have important implications for 

human health and suggest that the benefits of reducing air pollution could deliver 

health benefits that goes beyond the immediate effect on respiratory health.  

 

Despite these results indicating that a range of pollutant-degrading bacterial 

species may be enriched in the phyllosphere samples from more polluted 

environments, this does not seem to result in more rapid degradation of PNP and CO 

by such samples, as discussed in Section 5.4.4.  

 

5.4.2.2 Changes in fungal community composition in response to higher pollutant 

exposure  

 

 While there was no significant difference in the fungal community 

composition of more and less polluted samples at the class level, most likely due to 

there being much fewer fungal classes than bacterial, there was a significant difference 

in the fungal community at the order level. Of the nine most abundant (>2% of total 

reads) orders, 4 contained significantly different abundances between the high and low 

pollution samples. The majority (3/4) of these significantly different orders contained 

higher numbers of reads in the less polluted samples than the highly polluted samples, 

indicating that exposure to higher concentrations of pollutants more commonly 

resulted in the decline of species in certain abundant orders than enriching of certain 

groups. The orders which significantly decreased in abundance were Capnodiales, 
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Ceraceosorales and Venturiales, which may therefore be sensitive to air pollutants. 

One order, Dothideales, increased in abundance in the highly polluted samples. 

Dothideales may therefore be resistant to, or enriched by atmospheric pollutants. As 

with the bacterial population, significant differences at higher taxonomic levels such 

as order indicate that the functional profile of populations exposed to higher levels of 

pollutants is likely to be different to the population from less polluted sites.  

 

 The fungal communities of the more polluted phyllosphere samples were also 

significantly different to those of the less polluted phyllosphere at the OTU level, with 

higher dissimilarity values than that of the bacterial community. SIMPER analyses 

identified changes in the abundance of 10 OTUs which were driving the most 

dissimilarity between the groups. Of these, only 3/10 were due to the increase in an 

OTU in the more polluted samples whereas 7/10 were due to a decrease in an OTU in 

the more polluted samples, compared to the less polluted samples. Therefore, as with 

order level differences, the majority of the dissimilarity is driven by the reduction of 

specific OTUs in the presence of increased pollutant exposure. The seven OTUs 

indicated in Table 5.4 which reduce in abundance are likely to be sensitive to air 

pollution. OTUs similar to Aureobasidium pullulans, an Ampelomyces sp. and a 

Didymella sp, were all significantly more abundant (P = <0.05) in the highly polluted 

samples than the less polluted samples. Interestingly, Aureobasidium pullulans has 

been identified as a fungal species which is enriched in the phyllosphere of urban trees 

in two previous studies (see Table 5.2), as well as in experiments in the current chapter 

and Chapter 2, indicating that it is likely to be widespread in urban areas. 

Aureobasidium pullulans is a black yeast-like fungus which has long been recognised 

as an indicator of environmental pollutants (Deshpande et al., 1992) and has been 

shown to be able to degrade phenol (Takahashi et al., 1981, dos Santos et al., 2009) 

and various PAHs (Leelaruji et al., 2013). Analysis of the genome of A. pullulans 

strains has also shown that it contain genes encoding a variety of enzymes involved in 

aromatic compound degradation such as various monooxygenases and catechol 

dioxygenases but also depolymerases which are involved in the degradation of plastics 

(Chan et al., 2012, Gostinčar et al., 2014). It is therefore possible that this OTU is 

enriched in the urban phyllosphere due to its ability to degrade a variety of aromatic 

compounds from the roadside pollution and may therefore play a role in the mitigation 

of pollutants by the phyllosphere. Didymella species have also previously been found 
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to be enriched in the urban phyllosphere (Jumpponen and Jones, 2008), although there 

are no reports of pollutant degradation by this genus. Likewise, there are no studies 

which indicate that Amperlomyces species are able to degrade pollutants and they have 

not yet been reported to be enriched in polluted environments. Further metagenomic 

analyses or genome sequencing upon isolation could help to determine whether these 

urban fungi are resistant to atmospheric pollutants or are able to degrade any of the 

compounds present in urban emissions.  

 

 Analysis of the fungal indicator species showed that there were more fungal 

OTUs which underwent a significant log fold change in abundance between the more 

and less polluted samples than bacterial OTUs. Again, this further demonstrates that 

poor air quality has a greater impact on fungi than bacteria. A greater number of 

significantly more abundant OTUs (81) were in the less polluted samples than the 

more polluted samples (71), indicating that, in agreement with SIMPER analyses, 

more OTUs are sensitive to air pollution than are benefiting from and/or are resistant 

to the increased concentrations of roadside emissions. One of the OTUs (OTU175) 

which showed the highest log fold change in the highly polluted samples was similar 

to Aureobasidium species, again highlighting the colonisation of polluted 

phyllosphere samples by this genus.   

 

5.4.3 Impact of pollutant exposure on the bacterial and fungal community 

diversity 

 

 The diversity of the bacterial community was not significantly impacted by 

pollutant exposure, with no significant differences in alpha diversity, species richness 

or evenness between the more polluted and less polluted sample types. Previous 

phyllosphere studies have shown either no difference in diversity, insignificant but 

increased species diversity in polluted areas or significantly increased bacterial 

diversity in urban areas (see Table 5.1). Results from this study are in agreement with 

the trend that indicates that poor air quality is more likely to be increasing bacterial 

diversity, compared to unpolluted areas. This is an unexpected result as, due to the 

potentially toxic characteristics of roadside emissions, it was thought that this would 

have a negative impact on multiple bacterial species which would reduce diversity. It 

is possible that urban emissions, such as particulate matter, could be seeding the 



 241 

phyllosphere with a diverse range of bacteria and thus increase the diversity of the 

overall population. There is evidence to support this theory, with one study showing 

that urban aerosols contained around 1,800 species and that the richness of the 

bacterial community of the aerosols was close to that of soil bacterial communities 

(Brodie et al., 2007). 

 

 Unlike the bacterial community, the diversity of the fungal community of the 

phyllosphere was significantly impacted by increased exposure to pollution. The more 

polluted samples showed a significantly lower alpha diversity, species richness and 

evenness than the less polluted samples. This is in line with previous results, discussed 

in section 5.4.2.2, which showed that the majority of the dissimilarity between the 

more and less polluted groups was due to decreased abundance of a variety of OTUs. 

These results are very different to previous studies which have either shown no 

differences in fungal diversity between urban and rural phyllosphere samples or that 

the diversity increases in the urban samples compared to the less polluted samples (see 

Table 5.2). Therefore, it is still unclear how the structure of the fungal community of 

the phyllosphere may respond to air pollution on a widespread scale. However, all 

results from this study indicate that phyllosphere fungi are more sensitive to air 

pollution than the bacteria, resulting in a less diverse fungal community in the urban 

phyllosphere.   

 

5.4.4 Impact of pollutant exposure on the capabilities of phyllosphere microbiota 

to degrade the traffic pollutants PNP and CO 

 

 High concentrations of PNP (20 mg/L) were degraded significantly faster by 

phyllosphere samples from some low pollution sites than those from some high 

pollution sites whereas there was no overall significant difference between the 

environment types in the degradation of the higher (20 mg/L) or lower (2 mg/L) PNP 

concentrations or CO. However, on average it appears that both PNP and CO were 

degraded faster by low pollution sites also. Therefore, these results, along with results 

from Chapter 3 and Chapter 4, indicate that the ability of microbial communities in 

the phyllosphere to degrade atmospheric pollutants may not be enhanced in 

phyllosphere populations found in more polluted areas. This is unexpected as it was 

thought that roadside microbial communities may be primed for degradation of vehicle 
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exhaust pollutants which would mean that such pollutants were degraded more rapidly 

than those away from the roadside. A similar hypothesis was made by Imperato et al. 

(2019) who used metagenomics and qPCR of pollutant degradation genes to determine 

whether such genes were more abundant in more or less polluted phyllosphere 

samples. However, their recent research also found that phyllosphere samples from 

polluted areas were less capable of pollutant degradation than unpolluted sites, which 

had higher numbers of genes involved in a variety of pollutant degradation processes. 

As discussed in Chapter 2, and Section 5.4.1, the microbial abundance and diversity 

of bacteria is not higher in unpolluted samples, results which were also matched by 

Imperato et al., (2019) and therefore the differences in functionality between the 

groups cannot be explained by either of these factors. Imperato et al. (2019), showed 

that the unpolluted phyllosphere samples contained a greater abundance of 

hydrocarbon degradation genes than polluted samples, suggested that their findings 

were due to the unpolluted site being an area of ancient forest which may be a reservoir 

for microbial diversity. However, in this study the trees sampled were not from ancient 

woodland and so this does not provide an explanation. It is therefore unknown why 

phyllosphere communities from unpolluted sites may have higher pollutant-degrading 

potential than polluted sites. What is clear is that the bacterial and fungal communities 

are significantly different in these environment types, indicating that their function is 

also likely to differ. It is possible that the priming of the microbial community from 

the external environment may be of lesser importance to the host tree and that the 

VOCs emitted from the tree may vary with the environment in which it is growing or 

the amount of stress the tree is under. Future studies should characterise the host tree 

with greater depth to determine whether there is any correlation between any such 

factors and the functionality of the microbial community. 

 

However, it is still possible that pollutants other than PNP and CO could be 

degraded more rapidly by polluted phyllosphere samples. This possibility is indicated 

by analyses of the community composition which showed that a number of species 

enriched in polluted samples are those which are able to degrade certain pollutants. 

Therefore, the degradation of a wider range of compounds should be tested to further 

determine any links between phyllosphere environment type and ability to degrade 

atmospheric pollutants. In addition, further culture-independent analyses of microbial 

community function could be beneficial. For example, functional genes involved in 
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pollutant degradation pathways such as pnpA and npdA2 for PNP degradation and 

coxL for CO oxidation could be quantified and compared between the sample types 

using qPCR. Alternatively, metagenomes of leaf wash samples could be sequenced 

and a variety of pollutant degradation genes could be screened and quantified in order 

to determine if there are any differences in their abundance between phyllosphere 

samples exposed to high or low levels of pollution.   

 

5.4.5 Ongoing work 

 

 Metagenomes for samples from site HP3 and LP3 were recently sequenced in 

order to investigate functional differences between phyllosphere samples from areas 

of high and low pollutant exposure. Metagenome libraries were prepared by the 

Genomics Facility at the University of Warwick (Coventry, UK) and sequenced by 

the Oxford Genomics Centre (Oxford, UK) which yielded 16-22Gbp per sample. 

Metagenomes were processed as described in Section 3.2.11. Initial attempts to detect 

PNP degradation genes using Hidden Markov Models (as described in Section 3.2.11) 

were unsuccessful. This could possibly be due to low sequencing depth, a low 

abundance of PNP degradation genes in the phyllosphere samples or incomplete co-

assembly of the metagenome samples. Metagenomes from this experiment are 

currently being co-assembled with metagenomes from Chapter 3 (PNP enrichment 

metagenomes) in an attempt to quantify low-abundance PNP degradation genes from 

leaf wash samples from sites HP3 and LP3.  Multiple sequences similar to the putative 

form II coxL genes were identified in the metagenomes of these leaf wash samples 

(data not shown) but are yet to be quantified. Further analyses are ongoing in order to 

determine functional differences between the sample types by annotation of the 

metagenomes and additional use of HMMs to investigate the presence and abundance 

of other pollutant degradation genes. Additionally, once PNP enrichment sample and 

leaf wash sample metagenomes have been co-assembled, MAGs of OTUs of interest, 

such as OTU10 (Variovorax sp.), which appears to be enriched in PNP cultures, CO 

cultures and in roadside samples, will be constructed in order to further investigate the 

functional capabilities of such species.     
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5.4.6 Conclusions 

 

 In contrast to previous findings, phyllosphere samples exposed to higher 

pollutant concentrations did not contain a lower abundance of microbial cells than 

those exposed to less pollution, indicating that poor air quality may not impact the 

population size of the phyllosphere microbial community. The composition of both 

the bacterial and fungal communities was significantly impacted by pollutant 

exposure, displaying distinct differences at high taxonomic levels as well at the OTU 

level. Bacterial and fungal OTUs related to genera known to degrade atmospheric 

pollutants such as Variovorax and Aureobasidium were enriched in the phyllosphere 

of trees exposed to more pollution, highlighting the possibility that pollutant-

degrading or pollutant tolerant species may be enriched in the urban phyllosphere.  

The diversity of the bacterial community of the phyllosphere was not impacted by 

pollutant exposure whereas significant decreases in diversity were observed within the 

fungal population of phyllosphere samples from high pollution samples, indicating 

that fungi may be more sensitive to poor air quality than bacteria. On average, PNP 

and CO were degraded more rapidly by less polluted phyllosphere samples than more 

polluted samples, indicating that the urban phyllosphere may not be more efficient at 

pollutant removal than the rural phyllosphere as first thought.         
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CHAPTER 6 - SUMMARY AND FUTURE 

PERSPECTIVES 
 

 This thesis aimed to explore the taxonomic diversity of the phyllosphere of 

two common British trees, hawthorn and holly, and determine whether such 

phyllosphere microbiota were capable of the degradation of air pollutants. First of all, 

the phyllosphere bacterial and fungal communities were characterised and differences 

between tree species, geographical location and sampling season were assessed. The 

capability of these communities to degrade two atmospheric pollutants, para-

nitrophenol (PNP) and carbon monoxide (CO) was then investigated, along with 

identification of bacterial and fungal species which may be able to degrade these 

compounds. Finally, PM2.5 concentration models were used to sample hawthorn trees 

at sites with high and low exposure to pollution in order to determine the impact that 

poor air quality has on microbial communities in the phyllosphere. A summary of the 

major findings from each chapter will be summarised below, followed by a discussion 

of what future work could be completed in order to answer some of the remaining 

questions in phyllosphere microbiology.  

 

6.1 Microbial community dynamics in the phyllosphere 

 

 The phyllosphere of holly and hawthorn trees was characterised in Chapter 2, 

with a focus on how factors such as tree species, geographical location and sampling 

season can impact the community composition and abundance of microorganisms. 

High-throughput sequencing analysis indicated that while each of the phyllosphere 

samples displayed a ‘core microbiome’ similar to those described in previous studies, 

there were also differences between the sample types. The composition of the bacterial 

community was significantly different in spring compared to summer and autumn, no 

matter the tree species or sampling location. This demonstrates how phyllosphere 

selects for specific microorganisms, resulting in the ‘established’ communities of 

summer not being largely dissimilar. The spring bacterial communities were also 

significantly different depending on the tree species and the sampling location, 

indicating that the phyllosphere is seeded by different microbial communities due to 

these factors.   
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 The bacterial communities of hawthorn and holly sampled in the woodland 

were more dissimilar to one another than hawthorn sampled in the woodland versus 

hawthorn sampled by the roadside. This indicated that tree species had more of an 

impact on the community composition of bacteria than geographical location in this 

study. Numerous studies have been conducted which aim to identify which factor, 

geographical location or host tree species, has a greater impact on the microbial 

community composition. Due to the variety of conflicting results, it is possible that 

there may not be a universally dominant driver of microbial community structure in 

the phyllosphere. However, the answer may be provided if much larger-scale 

experiments were conducted or further meta-analyses of the data currently available.   

 

 Initial observations were made into the impact that roadside pollution may 

have on the phyllosphere of trees. Hawthorn trees sampled in the woodland had 

significantly different bacterial and fungal communities than those sampled by the 

roadside. Some OTUs which were more abundant in the phyllosphere of the roadside 

samples such as species of Variovorax, Massilia and Aureobasidium. Some species 

from these genera have been documented to have aromatic pollutant degrading 

abilities, indicating that the roadside environment may select for bacteria and fungi 

which can either tolerate or utilise atmospheric pollutants.    

 

6.2 Degradation of PNP by phyllosphere microbiota  

 

 The ability of the phyllosphere microbial communities characterised in 

Chapter 2 to degrade PNP was then investigated in Chapter 3. PNP was fully degraded 

by all phyllosphere samples at all timepoints (n = 40) within 3-17 days, indicating that 

PNP degradation is potentially a widespread function of the phyllosphere of trees.  

 

Holly tree phyllosphere samples degraded PNP significantly faster than 

hawthorn samples. In Chapter 2, it was determined that there were no significant 

differences in microbial cell counts between these sample types and therefore 

differences in PNP degradation rates are not due to there being more microorganisms 

on the holly leaves. While the underlying reasons for the more rapid PNP degradation 

rates from holly samples were not confirmed in this study, it is possible that it is due 
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to differences in leaf structure and biochemistry between the tree species. For example, 

it is possible that holly leaves emit more phenolic compounds which could select for 

microorganisms which utilise similar aromatic compounds such as PNP. Previous 

research has indicated that the properties of the host leaves can impact the 

phyllosphere (Yadav et al., 2005) and therefore holly and hawthorn leaves could be 

characterised in a similar way in order to better determine if such factors could be 

responsible for the functional differences observed in this experiment.  

 

Overall, there was no significant difference between the PNP degradation rates 

of hawthorn sampled in the woodland and hawthorn sampled by the roadside. 

Interestingly, at sample timepoints in which there were significant differences between 

the groups, roadside samples degraded PNP slower than woodland samples. This was 

unexpected as it was hypothesised that the roadside phyllosphere may be enriched 

with pollutant-degrading microorganisms, a result which was supported by 

comparisons in Chapter 2. Again, there were no significant differences in microbial 

counts between the roadside and woodland samples. Furthermore, roadside samples 

had a greater microbial count, on average, than woodland samples and so woodland 

samples do not degrade PNP more rapidly due to increased microbial abundance. This 

result therefore indicates that the urban phyllosphere may not be more capable of the 

degradation of pollutants such as PNP than the rural phyllosphere as was initially 

expected.    

 

Four PNP-degrading degrading bacterial strains were isolated from the 

phyllosphere. Two isolates (PNP1 and PNP2) were Pseudomonas species, one (PNP3) 

was a Cabelleronia species and one (PNP4) was a Rhodococcus species. Analysis of 

isolate genomes and PCR amplification of PNP-degradation genes indicated that 

PNP1, PNP2 and PNP3 utilised the HQ pathway of PNP degradation whereas PNP4 

utilised the NC pathway, as is typical of Gram-negative and Gram-positive bacteria, 

respectively.  

 

High-throughput sequencing techniques were used to identify additional 

bacterial and fungal species which may be capable of PNP degradation in the 

phyllosphere. A range of bacterial OTUs were enriched in the PNP enrichment 

cultures, including species of Pseudomonas, Variovorax, Actinomycetospora and 
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Chryseobacterium which were abundant (>2% of total reads) in the natural 

phyllosphere. Only two fungal OTUs, both of which were Metarhizium species, were 

enriched in PNP cultures. This indicates that Metarhizium species may be capable of 

PNP degradation. However, this was not thoroughly investigated and the degradation 

of PNP by fungi in the phyllosphere remains largely unexplored. Metagenome 

analyses further indicated that a range of bacteria originating from the phyllosphere 

are likely capable of PNP degradation, as seven sequences with high similarity (>40%) 

to PnpA and seven sequences highly similar to NpdA2 were extracted. The majority 

of these PNP degradation gene sequences were phylogenetically similar to 

Pseudomonas, Burkholderia and Rhizobiales species, indicating that these taxa are 

likely capable of PNP degradation in the phyllosphere. In addition, one NpdA2 

sequence was similar to sequences of species related to Actinomycetospora, providing 

extra evidence that the candidate PNP-degrading Actinomycetospora OTU, an 

abundant coloniser of the natural phyllosphere, is capable of PNP degradation. 

Analysis of the PNP enrichment metagenomes is ongoing, with attempts to generate 

and analyse MAGs for PNP degrading species in order to determine their taxonomy 

and to confirm the presence of complete PNP degradation pathways.  

 

6.3 Degradation of CO by phyllosphere microbiota 

 

 The degradation of a more well-known atmospheric pollutant, CO, by 

phyllosphere microbiota was then investigated in Chapter 4. All phyllosphere samples 

(n = 12) degraded 800 ppm CO beyond the detectable limit (< 50 ppm) within 17-52 

days, providing the first experimental evidence of the CO-degrading capabilities of 

the phyllosphere.  

 

 Phyllosphere samples from holly trees degraded CO significantly faster than 

hawthorn samples whereas there was also no significant difference in the CO 

degradation times between roadside and woodland hawthorn, although roadside 

samples took longer to degrade CO, on average. Interestingly, this is the same pattern 

of degradation rate differences observed with the PNP cultures. This could indicate 

that the phyllosphere of holly trees may more efficiently degrade a range of pollutants 

than hawthorn trees, an issue that could be investigated using a wider range of 

chemicals deposited on leaves via atmospheric pollution.  
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 50% of the phyllosphere microbial cultures which had degraded CO when 

additional carbon sources were provided were also able to degrade CO as a sole carbon 

source. This indicates that while microorganisms capable of autotrophic degradation 

of CO are present in some samples, they may not be widespread in the phyllosphere. 

Therefore, the majority of microorganisms in the phyllosphere which are able to 

degrade CO are likely to be carboxydovores, scavenging CO as an additional source 

of energy.  

 

 High-throughput sequencing of 16S rRNA genes in CO enrichment cultures 

was used to identify candidate CO degraders. 15 candidate CO oxidisers (6 

carboxydovores and 6 carboxydotrophs) were identified from the Proteobacteria and 

Actinobacteria phyla. In addition, a Mesorhizobium species (CO17) with confirmed 

CO-oxidising capabilities was isolated from CO enrichment cultures. PCR 

amplification of form I coxL genes from enrichment cultures and subsequent 

construction of clone libraries indicated that, despite limited successful isolations, the 

diversity of coxL genes was surprisingly broad. At least nine clades of coxL genes 

were identified in only 3 enrichment culture samples, with sequences related to species 

of Rhizobiales, Afipia, Rhodococcus, Arthrobacter, Burkholderia and Actinobacteria. 

This indicates that the diversity of CO-degrading bacteria in the phyllosphere is larger 

than those identified by isolation. In addition, as a variety of sequences with high 

similarity to CoxL were identified in leaf wash metagenomes, it is possible that there 

is also a diverse population of CO oxidising bacteria in the natural phyllosphere. 

However, this work is ongoing and it is not currently known whether these are likely 

true CoxL sequences or what the taxonomic diversity of these sequences are.  

 

6.4 Impact of pollutant exposure on microbial communities in the phyllosphere  

 

As summarised above, findings from Chapters 2, 3 and 4 indicated that 

different levels of pollution exposure may impact both the taxonomic composition 

and, to an extent, the pollutant-degradaing capabilities of the phyllosphere microbial 

community. Therefore, this was further investigated in Chapter 5 where PM2.5 

pollution maps were used to sample the hawthorn phyllosphere in areas of high and 
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low pollution in order to determine how pollutant exposure impacted the microbial 

communities.  

 

Similar to results in Chapter 2, flow cytometry analyses indicated that 

hawthorn trees sampled in areas exposed to high pollution contained significantly 

higher particulate matter counts (as expected) but there was no significant difference 

in microbial cell counts. This indicates that higher concentrations of roadside pollution 

may not decrease the abundance of microorganisms in the phyllosphere, in contrast to 

previous findings which have shown a decrease in microbial counts in polluted 

phyllosphere samples (Brighigna et al., 2000, Joshi, 2008).  

 

The composition of the bacterial and fungal communities was significantly 

impacted by the amount of pollution exposure. The bacterial community showed 

significant changes in high taxonomic levels, with increased Betaproteobacteria and 

Deinococci and decreased Deltaproteobacteria in high pollutant exposure samples 

compared to low pollutant exposure. Significant differences were also observed at the 

OTU level, with OTUs such as a Variovorax species, which was enriched in both PNP 

and CO enrichment cultures, being significantly more abundant in the phyllosphere 

samples exposed to higher pollutant concentrations.  The fungal community of high 

pollution phyllosphere samples also showed significant decreases in orders such as 

Capnodiales, Ceraceosorales and Venturiales and increases in Dothideales.  As with 

bacteria, the fungal communities of trees sampled at more or less polluted sites were 

significantly dissimilar at the OTU level. This was mainly due to decreases in many 

OTUs in the more polluted samples. One OTU which was more abundant in the 

polluted phyllosphere was OTU2, an Aureobasidium species which was also enriched 

in the roadside samples in Chapter 2. This species, for which pollutant degradation of 

a range of compounds is known, may therefore be a common coloniser of the urban 

phyllosphere. Combined, these results indicate that pollution exposure has a large 

impact on the community composition of both bacteria and fungi, which are likely to 

incur functional differences in the phyllosphere.  

 

In addition to changes in community composition, the impact of pollutant 

exposure on bacterial and fungal diversity in the phyllosphere was also investigated. 

Interestingly, the bacterial population showed no significant differences in alpha 
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diversity, species richness or evenness whereas the fungal population showed 

significantly decreased diversity in the polluted phyllosphere samples compared to the 

less polluted samples. These results indicate that the fungal population may be more 

sensitive to poor air quality than bacterial population, resulting in a less diverse fungal 

community in the urban phyllosphere.  

 

 Initial investigations were made into the impact of atmospheric pollution on 

the functional capabilities of the phyllosphere by testing the ability of hawthorn 

samples from more or less polluted areas to degrade PNP and CO. As in Chapters 3 

and 4, the more polluted samples appeared to degrade the pollutants more slowly than 

the less polluted samples. However, this was only significant when high 

concentrations of PNP (20mg/L) were tested. The observed trend in all pollutant 

degradation experiments in this thesis indicates that urban phyllosphere communities 

may not be more efficient at atmospheric pollutant removal than the rural phyllosphere 

and that, if anything, the opposite may be true. Comparative analyses of metagenomes 

from phyllosphere samples from the more polluted and less polluted sites is currently 

ongoing in an attempt to identify further differences in functionality between the two 

phyllosphere types.   

 

6.5 Future work  

 

6.5.1 Do phyllosphere microbiota degrade atmospheric pollutants such as PNP 

and CO in situ? 

 

 Results from this thesis have demonstrated that there are microorganisms 

present on the leaf surface that are capable of degrading two pollutants; PNP and CO. 

However, while these results highlight that PNP and CO degradation are potential 

functions of the phyllosphere, they lack evidence that leaf surface microbiota are 

actively utilising these compounds in situ.  

 

 Evidence for the in situ degradation of pollutants by phyllosphere microbiota 

could be obtained by conducting experiments which investigate RNA expression such 

as metatranscriptomics and RT-PCR. One obstacle for the extraction of RNA from 

leaf microbiota is the mitigation of host plant RNA, which would likely flood any 
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samples which would be used in non-targeted applications such as 

metatranscriptomics. Chapelle et al. (2015) developed a method used to apply 

transcriptomics to plant pathogens by purify bacterial cells from infected leaf tissues 

and subsequent extraction of RNA. An overview of this method is displayed in Figure 

6.1. This method could therefore be applied to extract microbial RNA from tree leaves 

in order to investigate the expression of a range of pollutant degradation genes via 

metatranscriptomics. However, in order to successfully detect pollutant degradation 

genes in the microbial population, which may not be highly abundant, there would 

need to be a high sequencing depth which may pose an addition problem.  

 

 

 

 

 

  

Figure 6.1: Overview of methods applied to isolate bacterial cells from leaf tissues for 
subsequent RNA extraction. Image credit: Figure 1, Chapelle et al. (2015).  
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An alternative way to investigate the expression of certain genes in the 

phyllosphere microbial population would be to use targeted approaches such as RT-

PCR. Functional gene primers, such as those used in this thesis to investigate PNP and 

CO degradation, could be used in an attempt to amplify a product from phyllosphere 

sample RNA. A positive result would indicate that the gene of interest is being 

transcribed in the phyllosphere population, increasing the likelihood that in situ 

degradation is occurring. Levels of expression of pollutant degradation genes could 

then be quantified by applying RT-qPCR methods in order to estimate how significant 

the degradation of the pollutant may be in the phyllosphere. However, PCR-based 

experiments require robust primers in order to be successful. As indicated in this 

thesis, when primer pairs available for PNP and CO degradation genes (such as pnpA, 

npdA2, and coxL) were used with leaf wash DNA, non-specific binding occurred and 

so these primers may need to be modified and/or the reaction conditions may need to 

be optimised before they can be used in RNA experiments. Alternatively, primer pairs 

for the maleylacetate reductase gene (mar) appeared to successfully amplify a single 

product when used with leaf wash DNA and therefore this may be a good target gene 

for RT-PCR/RT-qPCR experiments. As the Mar enzyme is involved in the 

degradation pathways of a wide range of aromatic pollutants (Seibert et al., 1993), it 

could not be used to confirm the expression of PNP degradation pathways but could 

provide interesting information on general pollutant-degrading potential, especially if 

used quantitively.    

 

Alternatively, ex-situ microcosm experiments could be used to predict 

naturally occurring phenomena. For example, tree saplings or branches could be 

enclosed within sterile, sealed jars and enriched with atmospherically relevant 

concentrations of gaseous PNP or CO (or another atmospheric pollutant). GC-MS 

could then be used to monitor the degradation of the compound. Surface-sterilised 

plant controls would also have to be included so as to identify pollutant removal by 

the phyllosphere microbial population versus the plant itself. 
13

C-labelled pollutants 

could also be used in order to apply DNA-SIP techniques to confirm that carbon from 

the pollutants has been incorporated into microbial DNA and to identify which taxa 

are responsible for the degradation of the target compound.   

 



 254 

Whole-cell gfp-based Pseudomonas fluorescens bioreporter strains could also 

be used to demonstrate that the target pollutant, such as PNP and CO, is available to 

phyllosphere microorganisms for their degradation. These methods were used by 

Sandhu et al. (2007) who inserted a phenol catabolic operon (dmp) into a bioreporter 

strain which was applied to leaves in order to demonstrate that airborne phenol 

accumulated in sites on the leaf which were available to phyllosphere microbiota. 

Alternatively, reporter plasmids from known degraders of the target compound can be 

constructed by fusing a fluorescent protein gene cassette to the promoter region of the 

pollutant degradation gene, as described by Haque et al. (2013). These reporter 

plasmids can then be re-introduced into the bacteria which then act as a bioreporter 

strain for the compound of interest. This method has been previously used to detect 

chloromethane (CH3Cl) concentrations as low as 240 ppt in the Arabidopsis 

phyllosphere (Haque et al. 2013). Similar experiments could therefore be conducted 

in order to determine how probable the bioavailability of PNP and CO is on the leaf 

surface of trees. If PNP and/or CO accumulate on the leaf surface or are available in 

significant concentrations as was found with phenol, it is more likely that they are 

utilised as substrates by epiphytes on the leaf surface.     

 

If the results from those experiments outlined above revealed that pollutants 

such as PNP and CO were actively being degraded by leaf surface microbiota, this 

would further emphasise the environmental significance of phyllosphere and add to 

the range of ecosystem services which are provided by trees and their associated 

microbiota. Data from quantitative functional gene expression and/or ex-situ pollutant 

degradation experiments could also be used to estimate the amount of certain 

pollutants which may be being degraded by phyllosphere microbiota and therefore 

predict how phyllosphere removal may impact air quality on a landscape or even 

global scale.  

 

6.5.2 Are phyllosphere microbiota able to degrade other atmospheric pollutants? 

 

 From this thesis, PNP and CO can be added to the repertoire of atmospheric 

pollutants which are potentially degraded in the phyllosphere. However, the full 

functional potential of the phyllosphere is still unknown, with many other atmospheric 

pollutants yet to be investigated. Future studies should focus on pollutants of high 
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significance in terms of their impact on human health and the environment. It is 

currently unknown if phyllosphere microbiota are able to degrade pollutants such as 

components of particulate matter (PM), SO2, NOx, 1,3-butadiene (a carcinogenic 

component of vehicle exhaust fumes) and formaldehyde, all of which have strong 

negative human or environmental impacts. Therefore, these compounds could be the 

focus of future research into the degradation potential of the phyllosphere. Both 

culture-dependent (e.g. pollutant enrichment cultures) and culture-independent (e.g. 

PCR amplification of functional genes) methods, such as those used in this thesis, 

could be applied to determine whether these compounds can be utilised by 

microorganisms on the leaf surface. Research which aims to determine the role of 

phyllosphere microbiota in the degradation and detoxification of PM is currently 

ongoing in the Schäfer lab group at the University of Warwick.    

 

6.3.3 Are the phyllosphere microbial communities of some host tree species more 

efficient pollutant degraders than others? 

 

 Both PNP and CO were degraded significantly quicker by holly tree samples 

than hawthorn. Flow cytometry results indicated that this was not due to a higher 

microbial count on the holly leaves than the hawthorn leaves and it may therefore be 

due to the differences in the composition of the microbial community between the host 

tree species. While previous research has shown that similar phyllosphere microbial 

communities are linked to similarities in phylogeny between host plant species (Kim 

et al., 2012), there is very little research as to what host factors are driving selection 

in phyllosphere and what impact this has on phyllosphere functionality. As 

demonstrated by Scheublin et al. (2014), plant phenolic compounds may be able to 

induce the transcription of pollutant degradation genes in the phyllosphere population. 

Different tree species have different leaf morphology and physiology and therefore 

release different types and concentrations of phenolic compounds. It is therefore 

possible that the differing profile of plant-produced VOCs between host species has 

an impact on the structure and function of the phyllosphere community.  

 

 In order to further investigate the impact of host tree species on the 

phyllosphere community, the physiology of the host tree species first needs to be 

characterised. Multiple tree species, both deciduous and evergreen, could be selected 
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for investigation and their leaf morphology as well as biochemistry could be evaluated. 

Phenolic compound composition of leaves could be determined by extraction with 

aqueous organic solvents and identification of compounds by liquid chromatography- 

mass spectrometry (LC-MS) and nuclear magnetic resonance spectroscopy (NMR), as 

described by Tian et al. (2017).  

 

Following characterisation of leaf properties, leaf surface microbial 

communities could be harvested from the different host species and assessed for their 

taxonomic diversity as well as their ability to degrade atmospheric pollutants by 

observing degradation rates of pollutants such as PNP or CO in enrichment cultures 

as described in Chapter 3 and 4. Alternatively, qPCR of degradation genes such as 

pnpA, npdA2, mar and coxL could be attempted in order to quantify pollutant 

degradation genes in the phyllosphere and compare between tree species. Results from 

microbial taxonomic and functional experiments could then be used alongside 

metadata gained from host tree species characterisation in order to identify 

correlations between microbial community structure, pollutant-degrading potential, 

and leaf physiology characteristics. This would allow the determination of which host 

tree phyllosphere, if any, may more efficiently degrade atmospheric pollutants and the 

underlying leaf physiology factors which may be influencing this.  

 

From the experiments outlined above, it would be interesting to see if 

evergreen tree species other than holly degrade pollutants such as PNP and CO more 

rapidly than deciduous tree species as with hawthorn. If so, it could be hypothesised 

that evergreen tree species have a greater positive impact on air quality than deciduous 

trees, due to activities in the phyllosphere. An additional argument for such a 

hypothesis would be due to the rapid degradation of PNP by winter holly samples 

shown in Chapter 3 while the deciduous hawthorn trees had lost their leaves and so 

any phyllosphere function from leaves was ceased during this season. If the evergreen 

tree phyllosphere is highly capable of pollutant removal during winter, a time in which 

pollution levels can be high due to cold weather and increases in vehicle exhaust fumes 

and fuel burning, there would be a good cause for increased planting of such species. 

Overall, research which helps to identify tree species which may harbour efficient 

pollutant-degrading microbial communities would be useful in identifying target tree 
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species for bioremediation and improving air quality which could be informative in 

urban planning projects.      

 

6.5.4 Is the phyllosphere of urban trees more or less capable of the removal of 

atmospheric pollutants than the phyllosphere of rural trees? 

 

 An unexpected result of this thesis is that hawthorn microbial communities 

which were exposed to higher levels of pollution did not degrade PNP and CO more 

rapidly than hawthorn phyllosphere communities from less polluted sites. In fact, the 

opposite finding was suggested on occasion, with PNP being degraded faster by 

samples from less polluted sites on average the majority of times, significantly so 

during three different sampling events. Similar findings were observed in recent 

research by Imperato et al. (2019), who found that the urban phyllosphere contained 

significantly fewer hydrocarbon degradation genes than the rural phyllosphere.  

 

 However, microbial community characterisation results from Chapter 2 and 

Chapter 5 provide conflicting evidence to the functional evidence described above, 

with several species of bacteria and fungi which are from genera known to have 

pollutant-degrading capabilities being more abundant from more polluted 

phyllosphere samples compared to less polluted samples. These results therefore 

indicated that pollutant-degrading microorganisms may be enriched in the 

phyllosphere of trees exposed to higher levels of pollution. Therefore, due to the 

contradictory conclusions which are drawn between experiments and the lack of 

studies available from other researchers, the ways in which atmospheric pollution 

impacts phyllosphere function in terms of pollutant degradation remains unclear.  

 

 Further culture-dependent and culture-independent experiments which have 

been described in the above sections could be applied in order to provide more 

evidence for the differential pollutant-degrading functional potentials of urban versus 

rural trees. For example, degradation rates for pollutants other than PNP and CO could 

be conducted to see if the same trends are observed or if polluted phyllosphere samples 

more rapidly degrade pollutants other than PNP and CO, as initially hypothesised. In 

addition to this targeted, PCR-based experiments such as qPCR or RT-qPCR could be 

applied to determine how the abundance of pollutant degradation functional genes 
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differs between urban phyllosphere samples and rural phyllosphere samples. As 

mentioned previously, the mar gene may be a good target for these experiments due 

to its involvement in a variety of degradation pathways. Non-targeted approaches such 

as metagenomics, metatranscriptomics and metaproteomics could also be used in 

order to investigate how the functional profiles of the phyllosphere differ between 

more polluted and less polluted samples and functional genes could be mined and 

quantified for comparative analyses. As phyllosphere metagenomes from high 

pollution and low pollution sites are currently being analysed in such a way, this may 

provide extra insight into these functional differences and determine whether findings 

from culture-independent functional analyses are in agreement with the culture-

dependent functional results from PNP enrichment cultures in Chapters 3 and 5.           

 

 Currently, it is still unclear how the pollutant-degrading capabilities of the 

phyllosphere are impacted by air quality. If further research indicates that tree 

phyllosphere communities from urban trees are more efficient degraders of 

atmospheric pollutants then this would provide an additional argument for the benefits 

of urban greening and how trees can help to mitigate urban pollution. If the opposite 

is true and the efficiency of pollutant degradation is reduced in the phyllosphere of 

urban trees, this would highlight how increases in atmospheric pollutants could be 

more harmful to air quality (and thus human health) than expected, with reduced 

mitigation by phyllosphere microorganisms.      

 

6.5.5 Does the urban phyllosphere harbour more pathogens than the rural 

phyllosphere? 

 

 Finally, results from bacterial community analyses in Chapter 2 and Chapter 5 

indicated that the phyllosphere of trees exposed to more pollution may harbour a 

greater abundance of pathogens, with greater numbers of potentially pathogenic 

Enterobacteriaceae species being present on roadside phyllosphere samples. Although 

it cannot be proven that these OTUs are from pathogenic species, it still provides 

evidence that there is a potential trend for higher pathogenic loads in the urban 

phyllosphere. Recent research also supports this hypothesis, as increases in pathogenic 

genera have also been observed in particulate matter (Kaushik and Balasubramanian, 

2012), the phyllosphere of other urban trees (Imperato et al., 2019)  and in plant 
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phyllosphere samples exposed to increasing temperatures (Aydogan et al., 2018), such 

as those that occur in so-called urban heat islands within metropolitan areas. 

 

      The presence of pathogens within polluted phyllosphere samples could be 

further investigated by additional comparative analyses of the microbial community 

composition of the phyllosphere of trees in locations with lower air quality compared 

to those in locations with higher air quality. This would determine if the result of a 

higher abundance of pathogenic genera in urban phyllosphere samples was a 

widespread phenomenon. Additionally, leaf wash from urban and rural phyllosphere 

samples could be cultivated onto selective media such as eosine methylene blue agar, 

MacConkey agar and Hektoen enteric agar to detect the presence of pathogens such 

as E.coli, Shigella spp., Staphylococcus spp. and Salmonella spp., as described in 

previous studies (Malik et al., 2013, Sidhu and Toze, 2009). These could then be 

quantified and identified, with comparisons between the phyllosphere of polluted 

samples and that of non-polluted samples. Culture-independent quantification of 

pathogenic bacteria could also be investigated using techniques such as qPCR to 

determine the abundance of specific pathogenic species and whether this differs 

between urban and rural phyllosphere samples. Alternatively, further analysis of 

phyllosphere metagenomes from sites with high or low air pollution could determine 

the presence of virulence factors and antibiotic resistance genes which could then be 

comparatively quantified. If phyllosphere samples in polluted areas do in fact contain 

a higher abundance of human pathogens, this could have major implications in human 

health, especially in the case of crop plants which are grown near cities.    
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A.1  Chapter 3 supplementary data 
 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Figure A.1: Diversity of pnpA genes used in pnpA gene primer design. Phylogeny of PnpA 

sequences was inferred using the Neighbour-Joining method (Saitou and Nei, 1987) of nucleotide 

sequences in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which the associated 

taxa clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown next to the 

branches. PnpA sequences from PNP-degrading isolates are indicated in green. 
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Table A.1: SIMPER analysis of bacterial community dissimilarity between spring HtW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.2: SIMPER analysis of bacterial community dissimilarity between spring HtR PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.3: SIMPER analysis of bacterial community dissimilarity between spring HlW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.4: SIMPER analysis of bacterial community dissimilarity between summer HtW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the species 

level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between 

the two groups.  
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Table A.5: SIMPER analysis of bacterial community dissimilarity between summer HtR PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.6: SIMPER analysis of bacterial community dissimilarity between summer HlW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.7: SIMPER analysis of bacterial community dissimilarity between autumn HtW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the 

dissimilarity between the two groups.  
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Table A.8: SIMPER analysis of bacterial community dissimilarity between autumn HtR PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the 

dissimilarity between the two groups.  
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Table A.9: SIMPER analysis of bacterial community dissimilarity between autumn HlW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.10: SIMPER analysis of bacterial community dissimilarity between winter HlW PNP 

enrichment and no-substrate control samples. ‘Greengenes assignment’ refers to the highest 

taxonomic level assigned using the Greengenes reference database as described in Section 2.2.5 in 

which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the 

species level. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 

between the two groups.  
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Table A.11: P values for differences in relative abundance of enriched OTUs between PNP enrichment cultures and no-substrate controls. OTUs which have 

significant differences (P = <0.05) in relative abundance between PNP enrichment cultures and no-substrate controls are indicated in bold. 
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Table A.12: SIMPER analysis of bacterial community dissimilarity between woodland 

hawthorn (HtW) and roadside hawthorn (HtR) enrichment culture samples. ‘Greengenes 

assignment’ refers to the highest taxonomic level assigned using the Greengenes reference database 

as described in Section 2.2.5 in which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the 

genus level and ‘s_’ is at the species level. Abundance value comparisons are relative abundance. 

‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between the 

two groups.  
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Table A.13: SIMPER analysis of bacterial community dissimilarity between woodland 

hawthorn (HtW) and woodland holly (HlW) enrichment culture samples. ‘Greengenes 

assignment’ refers to the highest taxonomic level assigned using the Greengenes reference database 

as described in Section 2.2.5 in which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the 

genus level and ‘s_’ is at the species level. ‘Contribution’ refers to the percentage in which the OTU 

is impacting the dissimilarity between the two groups.  
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Table A.14: SIMPER analysis of bacterial community dissimilarity between roadside 

hawthorn (HtR) and woodland holly (HlW) enrichment culture samples. ‘Greengenes 

assignment’ refers to the highest taxonomic level assigned using the Greengenes reference database 

as described in Section 2.2.5 in which ‘o_’ is the order level, ‘f_’ is at the family level, ‘g_’ is at the 

genus level and ‘s_’ is at the species level. ‘Contribution’ refers to the percentage in which the OTU 

is impacting the dissimilarity between the two groups.  
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Table A.15: SIMPER analysis of bacterial community dissimilarity between summer HtW and 

spring HtW enrichment culture samples. ‘Greengenes assignment’ refers to the highest taxonomic 

level assigned using the Greengenes reference database as described in Section 2.2.5 in which ‘o_’ is 

the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the species level. 

Abundance value comparisons are relative abundance. ‘Contribution’ refers to the percentage in which 

the OTU is impacting the dissimilarity between the two groups.  
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Table A.16: SIMPER analysis of bacterial community dissimilarity between autumn HtW and 

spring HtW enrichment culture samples. ‘Greengenes assignment’ refers to the highest taxonomic 

level assigned using the Greengenes reference database as described in Section 2.2.5 in which ‘o_’ is 

the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the species level. 

‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between the 

two groups.  

 



 304 

 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Table A.17: SIMPER analysis of bacterial community dissimilarity between autumn HtR and 

spring HtR enrichment culture samples. ‘Greengenes assignment’ refers to the highest taxonomic 

level assigned using the Greengenes reference database as described in Section 2.2.5 in which ‘o_’ is 

the order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the species level. 

‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between the two 

groups.  
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Table A.18: SIMPER analysis of bacterial community dissimilarity between summer HlW and 

spring HlW enrichment culture samples. ‘Greengenes assignment’ refers to the highest taxonomic 

level assigned using the Greengenes reference database as described in Section 2.2.5 in which ‘o_’ is the 

order level, ‘f_’ is at the family level, ‘g_’ is at the genus level and ‘s_’ is at the species level. 

‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between the two 

groups.  
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Table A.19:  SIMPER analysis of fungal community dissimilarity between woodland hawthorn 
(HtW) PNP enrichment culture samples and controls. Values represent relative abundance (% of 
total reads). Where UNITE assignments are indicated, o_ = order, f_ = family, g_ = genus and s_ = 
species. ‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity 
between the two groups. 
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Table A.20:  SIMPER analysis of fungal community dissimilarity between roadside hawthorn (HtR) 
PNP enrichment culture samples and controls. Values represent relative abundance (% of total reads). 
Where UNITE assignments are indicated, o_ = order, f_ = family, g_ = genus and s_ = species. 
‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between the two 
groups. 

Table A.21:  SIMPER analysis of fungal community dissimilarity between woodland holly (HlW) 
PNP enrichment culture samples and controls. Values represent relative abundance (% of total reads). 
Where UNITE assignments are indicated, o_ = order, f_ = family, g_ = genus and s_ = species. 
‘Contribution’ refers to the percentage in which the OTU is impacting the dissimilarity between the two 
groups. 
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A.2  Chapter 4 supplementary data 
 

 
 
 
 
 

Figure A.2: Diversity of coxL genes used in coxL gene primer design. The tree was deduced using the 
Neighbour Joining algorithm implemented in ARB with PAM distance correction based on an alignment 
of nucleotide sequences (Ludwig et al. 2004). Asterix (*) indicates sequences which were not used in 
coxL primer design.  
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Table A.22: Morphological characteristics of isolates from CO enrichment cultures. ‘Sample 
origin’ refers to the enrichment culture in which the isolate was originally isolated from where HtW = 
woodland hawthorn, HtR = roadside hawthorn and HlW = woodland holly.  
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Figure A.4: coxL PCR amplifications from isolates from CO enrichment cultures. ‘-ve’ indicates the 
negative control, ‘+ve’ indicates the positive control where R. pomeroyi DNA was used as the template. 
Numbers in white indicate the isolate ID e.g. 1 = isolate CO1. Ladder fragment sizes are indicated at the 
left in bp. The red boxes indicate which PCR products were extracted and sequenced. Original gel images 
were corrupt and so this figure was constructed from laboratory book photographs. Therefore, the colouring 
of the images has been slightly edited for clarity.  

Figure A.3: coxL PCR amplifications from leaf wash and CO enrichment culture DNA using the 
OMPf and O/Br primer pair. ‘-VE’ indicates the negative control, ‘+VE’ indicates the positive control 
where R. pomeroyi DNA was used as the template. ‘LW’ indicates that leaf wash DNA was used as the 
template whereas ‘CO’ indicates that CO enrichment culture DNA was used. Ladder fragment sizes are 
indicated at the left in bp. The red dashed line indicates the expected product size of ~1,260bp.  
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Figure A.5: Phylogeny of a clone sequence from a coxL gene PCR where leaf wash DNA was used as 
a template. Phylogeny of sequences was inferred using the Neighbour-Joining method (Saitou and Nei, 
1987) of amino acid sequences in MEGA7 (Kumar et al. 2016). The percentage of replicate trees in which 
the associated taxa clustered together in the bootstrap (Felsenstein, 1985) test (500 replicates) are shown 
next to the branches. The sequence from the clone is indicated in green. 
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