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SUMMARY  

 
The soil surface exhibits distinct physical and biotic characteristics in comparison to 

bulk soil due to the specific environmental conditions it is exposed to. The uppermost 

layer of soil can form a microbiotic layer, known as the Biological Soil Crust (BSC), 

that is composed of bryophytes, autotrophic algae, cyanobacteria, fungi and bacteria. 

In arid regions, BSCs are known to perform substantial roles in nutrient cycling, water 

infiltration and protection from soil erosion. However, our understanding of BSCs in 

temperate agricultural soils is currently limited and their functional importance in 

these ecosystems remains unknown. Here, using DNA amplicon sequencing it was 

revealed that temperate agricultural BSCs and bulk soils had substantial differences in 

microbial community composition, diversity and co-occurrence network topology, 

and were driven by different community assembly processes. Compositional 

differences between BSCs and bulk soils were mainly attributed to significant 

enrichments of Cyanobacteria, Bacteroidetes, Agaricomycetes, Dothideomycetes, 

Rhizaria, and Dinophyceae in the soil crust. Furthermore, BSC communities displayed 

significant temporal variation, marked by significant reductions in diversity and shifts 

in community composition. Substantial enrichments of moss sequences, which are 

keystone taxa for soil crust development in arid regions, were detected after just 7-8 

months of development. X-ray CT image analysis revealed that a structural seal forms 

at the soil surface, that had substantially lower porosity, higher soil pore connectivity 

and more complex soil pore descriptors relative to lower depths. Additionally, soil 

pore differences across depths became exacerbated as BSCs developed over time. 

Shotgun metagenomic analysis of mature BSCs and bulk soils revealed that soil crust 

communities had a higher genetic potential for a number of key processes, including 

nitrogen fixation, nitrification, oxygenic photosynthesis, phosphonate degradation and 

breakdown of complex carbohydrates. This highlights that communities at the soil 

surface may have substantially different contributions to biogeochemical cycling than 

soils from lower depths. Together, results presented here all indicate that BSCs in a 

temperate agroecosystem form a distinct soil compartment that has a substantially 

different physical soil structure, biological composition and functional capacity 

relative to lower depth soil.  
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CHAPTER 1 – GENERAL INTRODUCTION 

 

1.1. Microbial ecology 

Microorganisms underpin an array of irreplaceable global processes that are 

essential for sustaining life on earth. They are the foundations for every 

biogeochemical cycle and represent significant stocks of organic matter. For 

example, it is estimated that global carbon, nitrogen and phosphorus stocks are up 

to 10-fold higher in prokaryotic organisms than in all plants (Whitman et al., 

1998). Microorganisms are also ubiquitously distributed across the biosphere 

(with a predicted abundance between 9.2 × 1029 – 31.7 × 1029 microbial cells) and 

are capable of inhabiting almost every conceivable habitat (Kallmeyer et al., 

2012). However, as many ecological theories and frameworks do not suitably 

align with microbial distribution, understanding the processes that determine 

spatial and temporal distribution of microbiota remains one of the most widely 

disputed and compelling challenging topics in ecology (Prosser et al., 2007).  

 

One of the first mainstream theories in microbial ecology comes from the work of 

Beijerinck early in the twentieth century, articulated by Baas Becking (1931), in 

which he suggested a globally cosmopolitan distribution of microorganisms and 

is summarized by the famous statement that “everything is everywhere, but the 

environment selects”. This theory derives from the fact that microorganisms have 

large populations and display incredibly high rates of dispersal, suggesting that 

environmental conditions dictate species distribution, not geographic distance or 

the ability to disperse (Barberán et al., 2014, O’Malley, 2008).  Since then, a vast 

body of work has tested this theory, which both supports and challenges this 

statement. For example, Gibbons et al. (2013) found in marine systems that deeper 

sequencing efforts uncovered greater phylogenetic diversity through the discovery 

of rare taxa; whereas Papke et al. (2003) suggested that certain thermophilic 

cyanobacterial populations were geographically restricted and endemic to 

particular locations. A review by Martiny et al. (2006) evaluated a wide array of 

such studies examining whether environmental factors (Baas Becking theory) or 

historical assemblages (such as dispersal limitation from previous populations), 



  2 

or a combination of both drove microbial species distribution. They concluded 

that not one argument fits all and it is likely that both scenarios are true. This is 

highlighted by more recent studies such as Herbold et al. (2014) which found a 

cosmopolitan distribution of taxa in surface geothermal sediments, whereas 

endemic archaeal and candidate bacterial taxa were found in the immediate 

subsurface geothermal sediments. 

 

1.1.1. Advances in microbial ecology 

Advances in the use of molecular and genomic techniques have revolutionised the 

field of microbial ecology over the past three decades. Traditional methods in 

microbial ecology centred around microscopy and culturing individual populations 

isolated from environmental samples, but these approaches are often low-throughput 

and biased towards selecting certain groups of microbial taxa (Handelsman, 2004). 

Cultivation of microorganisms in artificial nutrient-rich media can result in the 

proliferation of microorganisms that are not normally dominant in environmental 

systems, which have been described as the ‘weeds’ of the microbial world 

(Hugenholtz, 2002). Therefore, only easily-culturable taxa have been defined using 

culturing methods, which is problematic as less than 1% of all microbial species are 

culturable by standard techniques – a phenomenon known as the “great plate-count 

anomaly” (Staley and Konopka, 1985). Furthermore, culture-based approaches are 

performed in artificial nutrient-rich systems, which can frequently result in the 

production of unnatural or toxic conditions, for example high levels of oxidative stress 

(Morris et al., 2011, Tanaka et al., 2014). Conversely, microscopy is an alternative 

traditional approach to culture-based methods, but is extremely low-throughput and 

relies heavily on observations, therefore making functional or taxonomic conclusions 

extremely difficult (Moreira and López-Garcı́a, 2002). As a result, the use of 

traditional methods in microbial ecology provides little context on the diversity and 

complexity of microbial communities in environmentally-relevant systems.  

 

To address these issues ecologists moved towards using molecular fingerprinting 

approaches to obtain community profiles of environmental samples (Hugerth and 

Andersson, 2017). Molecular phylogenetic analysis was initiated by the work from 

Carl Woese and colleagues in 1977, who inferred phylogenetic relationships between 
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prokaryotes based on the 16S rRNA subunit, which lead to the discovery that 

prokaryotes were composed of separate lineages of bacteria and archaea (Woese and 

Fox, 1977). Further work by Woese applied the same phylogenetic analysis on the 18S 

rRNA small subunit to identify eukaryotes as a distinct microbial domain, and 

additionally identified 11 taxonomically-distinct bacterial lineages (phyla) from 16S 

rRNA DNA sequences collected from pure cultures (Woese et al., 1985, Woese, 

1987). Characterisation of 16S/18S rRNA molecular phylogenetic markers along with 

other markers, such as the ribosomal internal transcribed spacer region (ITS) and 5S 

large rRNA subunit, were shortly after applied to analyse microbial taxonomy in 

natural populations obtained from environmental samples (Pace et al., 1986, Stahl et 

al., 1985). These progressions in molecular ecology led to the development of 

community-profiling techniques that could examine all the extracted genetic material 

of an environmental sample, such as denaturing gradient gel electrophoresis (DGGE) 

and temperature gradient gel electrophoresis (TGGE), which made it possible to 

quickly assess microbial diversity and community composition between samples 

based on nucleotide differences in phylogenetic markers (Muyzer et al., 1993). The 

application of molecular analysis of ribosomal subunits in microbial ecology remains 

highly appealing over traditional methods as rRNA genes are found in all life forms, 

they consist of both highly conserved and variable regions (which can be exploited by 

PCR) and are rarely subject to horizontal gene transfer (Hugerth and Andersson, 

2017).  

 

1.1.2. Amplicon DNA sequencing 

Recent advances in sequencing technologies, such as the development of next-

generation sequencing (NGS) platforms, have made it possible to perform rapid, 

sensitive and high-throughput analysis of microbial communities, which can generate 

extremely large data sets at relatively low costs (Sboner et al., 2011). The use of NGS 

platforms to sequence specific regions within phylogenetic marker genes (such as the 

16S/18S rRNA genes) has become a routine practice in microbial ecology, and is 

known as amplicon (DNA) sequencing (Lundberg et al., 2013). In amplicon 

sequencing, DNA is extracted from an environmental sample and specific primers are 

designed that target conserved regions in a gene of interest. These regions are subject 

to PCR amplification and 150-300 bp amplicons are sequenced in parallel on an NGS 
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platform (such as an Illumina MiSeq) that produces millions of DNA reads. 

Sequencing data is processed, quality controlled and individual reads are clustered 

together based on sequence similarity to provide an insight on taxonomy. A popular 

approach for taxonomic clustering groups sequences that are >97% identical in 

sequence similarity, which is termed as an Operational Taxonomic Unit (OTU) and 

acts as the ‘species’ level in taxonomic classification. Taxonomic information of 

OTUs is obtained by querying OTU DNA sequences with one of a number of 

databases that provide reference taxonomic information on a range of sequences, such 

as the Ribosomal Database Project (RDP), the SILVA database or Greengenes (Cole 

et al., 2014, Quast et al., 2013, McDonald et al., 2012). After OTUs have taxonomic 

annotations, sequence data is summarized in a table that contains the number of read 

counts per sample per OTU, which can be used to create a community profiles of each 

sample at a desired taxonomic level. Amplicon sequencing has been successfully used 

in a plethora of studies to understand the diversity and composition of microbial 

communities, which range from analysing the global topsoil microbiome, to 

characterising the human gut microbiome (Bahram et al., 2018, The Human 

Microbiome Project et al., 2012).  

 

A number of factors make amplicon sequencing a desirable choice for molecular 

microbial studies. Firstly, a selection of large taxonomic databases exists for 

commonly used amplicons (16S rRNA, 18S rRNA, 23S rRNA, ITS) and taxonomic 

annotations of DNA amplicons can often reach both the species or genus level, which 

can be used to identify rare taxa that are not detectable using traditional approaches 

(Hugerth and Andersson, 2017). Such databases include the SILVA database, which 

contains over 5 million sequences that encode small ribosomal subunits (16S rRNA 

and 18S rRNA) and 700,000 sequences that encode large ribosomal subunits (23S 

rRNA and 28S rRNA); the Greengenes database, which combines taxonomic 

annotations from the NCBI database with cyanoDB and has over 400,000 full-length 

16S rRNA sequences for bacteria and archaea; and the RDP database, which includes 

over three million 16S rRNA gene sequences and >60,000 28S rRNA and ITS 

sequences (Cole et al., 2014, Quast et al., 2013, McDonald et al., 2012). However, 

whilst a number of large taxonomic databases exist, annotation success can vary 

drastically between different taxa and studies (Wen et al., 2017, Almeida et al., 2018). 
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Secondly, several open-source and user-friendly pipelines are available for amplicon 

sequencing, making bioinformatics and statistical analysis relatively fast and simple. 

For example, Quantitative Insights Into Microbial Ecology (QIIME) is an open-source 

and highly customizable workflow that can be used for every stage of analysis in 

amplicon sequencing, starting from filtering raw reads directly obtained from 

sequencing, to performing normalisation techniques (such as rarefaction), clustering 

sequences based on similarity (for example into OTUs), assigning taxonomy and 

visualising data to generate figures (Caporaso et al., 2010). These pipelines therefore 

make it possible to perform amplicon sequencing analysis with little prior knowledge 

of bioinformatics. Thirdly, by multiplexing barcodes of numerous samples during 

library preparation, amplicon DNA sequencing can be cheap molecular method to 

obtain microbial community profiles (Kozich et al., 2013). Depending on the desired 

sequencing depth and the sequencing technology used, amplicon sequencing can work 

out as little as $1/sample ($1/10,000 reads), but standard costs range between $5-

$30/sample (Glenn et al., 2019, Meek and Larson, 2019). As alternative modern 

molecular approaches, such as deep-sequencing shotgun metagenomics can cost ~$50 

per 0.5 gigabases of data, amplicon DNA sequencing is therefore a sensible approach 

to analyse microbial communities for large experimental data sets with strict budgets 

(Thomas et al., 2012).  

 

Whilst presenting a large amount of benefits, amplicon sequencing has several 

drawbacks and limitations that should be considered before designing an experiment 

to use this approach. Firstly, different taxa often contain a variable copy number of 

marker genes within their genome. For example, a number of archaeal and bacterial 

taxa have several copies of the 16S rRNA gene, with some taxa reaching up to 15 

copies of the gene; therefore amplicon DNA sequencing will lead to an 

overrepresentation of these taxa in community profiles (Louca et al., 2018, Lee et al., 

2009). A study by Větrovský and Baldrian (2013) highlighted the variability in the 

copy number of the 16S rRNA gene between taxa, in which they deciphered that the 

relative abundance of Firmicutes was artificially overestimated in amplicon data, 

whereas the relative abundance of Acidobacteria was significantly underestimated. 

Secondly, amplicon sequencing relies heavily on the use of PCR for both initial 

amplification and library preparation, which is vulnerable to a number of problems 
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and biases. For example, PCR can preferentially amplify template sequences of 

specific taxa, such as those that exhibit low GC nucleotide base pair content, therefore 

resulting in their biased amplification and overrepresentation in taxonomic abundance 

(Krehenwinkel et al., 2017). Moreover, further issues of PCR include 

misincorporation of specific bases by Taq polymerase, the formation of secondary 

structures in template strands and the production of chimeric molecules, which can all 

result in amplification bias amplification of specific PCR templates that can impact 

taxonomic profiles (Becker et al., 2000, Wang and Wang, 1997, Eckert and Kunkel, 

1991). Thirdly, the approach to normalise amplicon sequencing data remains a highly 

controversial topic, and no one universal method is used across different studies. More 

specifically, one highly debated topic is whether to normalise sequencing depth across 

samples, a process known as rarefaction. In this process, the same number of reads are 

randomly sampled from the total population of reads within each sample, and only 

selected sequences are used for downstream analysis (Gotelli and Colwell, 2001). A 

study by McMurdie and Holmes (2014) opened the debate of rarefaction on amplicon 

sequencing data, suggesting that rarefaction leads to an increased abundance of false 

positives (that relative abundance of specific taxa is significantly different between 

treatments) and encouraged avoiding any kind of rarefaction approach on amplicon 

data. However, Weiss et al. (2017) later suggested that increases in differential 

abundance false positives were not due to rarefaction, and rarefaction actually lowers 

the false discovery rates in data sets where large discrepancies in library size are seen 

between samples. There currently remains no agreement as to whether rarefaction is a 

suitable approach for normalising amplicon sequencing data, and consequently the 

literature remains split on the issue. Furthermore, the performance of sequencing 

clustering methods has additionally been a heavily debated area in amplicon 

sequencing analysis. Traditional clustering of sequences into OTUs (based on a 97% 

sequence identity threshold) is often not stringent enough to distinguish between 

microbial species. For example Fox et al. (1992) identified that several Bacillus 

species share a 99.5% sequence similarity, and OTU clustering would group these 

species together. However, recent studies have addressed these issues and have 

managed to separate individual species (and further at the strain level) using new 

sequencing clustering algorithms (such as DADA2), which can discriminate sequence 

differences of a single nucleotide (Callahan et al., 2016). Fourthly, as amplicon DNA 
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sequencing only profiles phylogenetic marker genes (such as the 16S rRNA), very 

little functional information can be inferred from this approach. Whilst some tools 

exist that can predict composite metagenomes based on 16S rRNA data, for example 

PiCRUST, such tools are heavily reliant on the availability of reference genome 

sequences and can only be used to infer information on bacterial and archaeal genomes 

(Langille et al., 2013). The last major limitation of amplicon sequencing arises from 

the inherent problem of the compositional data that is generated. Community 

composition obtained from amplicon sequencing data is normally presented as a 

relative abundance (the proportion of reads assigned to a given species compared to 

the total number of reads) of each species. But due to the nature of compositional data, 

it is difficult to infer from relative abundance data alone whether a taxonomic shift of 

a given species is due to a change in abundance of that species, or is due to shifts in 

the abundance of other species (Figure 1.1) (Mandal et al., 2015). However, 

rarefaction can help reduce artefacts in apparent differences in the relative abundance 

of a specific taxa between treatments, and additionally other complex algorithms have 

been produced, such as GNEISS and ANCOM, that address the problem of 

compositional data and claim to reduce false discoveries by considering abundance 

data across multiple samples (Morton et al., 2017, Mandal et al., 2015). Overall, 

despite having a number of drawbacks, amplicon sequencing represents a cheap, 

accessible and fast molecular approach to profile microbial communities.  

 

1.1.3. Shotgun metagenomics 

Shotgun metagenomics is a relatively new field in microbial ecology that aims to 

address the issues of analysing microbial communities using amplicon DNA 

sequencing. Instead of sequencing a portion of a ribosomal marker gene, shotgun 

metagenomics uses deep sequencing approaches to sequence the complete genetic 

material of all microbial genomes that are present in an environmental sample (Quince 

et al., 2017). The main benefit of shotgun metagenomics is that sequence data can be 

used to gain both a taxonomic profile, as well as a functional profile by determining 

the abundance of genes associated with specific pathways, which is not possible with 

amplicon sequencing data. Furthermore, by using shotgun metagenomics it is possible 

to obtain community profiles of bacteria, archaea, viruses and eukaryotes 

simultaneously from the same DNA sample. A comprehensive review by Quince et 
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al. (2017) summarised the workflow of a standard metagenomics study into five key 

steps (Figure 1.2): 1) experimental design and DNA extraction, 2) pre-

processing/quality control of reads, 3) sequence analysis, 4) post-processing and 

normalisation and 5) validation of methods.  

 
 

 
Figure 1.1. Taxonomic shifts in relative abundance between treatments. Community composition 
(relative abundance) of unrarefied mock data (numbers indicate read count). The increase in relative 
abundance of species D in between treatments 1 and 2 were due to increased read count of species D. 
However, increased relative abundance of species D between treatments 1 and 3 were due to decreased 
read count of species A-C.  
 

Shotgun metagenomics begins with the same approach as amplicon sequencing, 

whereby the complete genetic material is extracted from an environmental sample. 

However, instead of amplifying specific target sequences during library preparation, 

the complete genetic material within the sample is subject to sequencing, and library 

preparation is normally performed using PCR-free based methods to reduce bias. After 

library preparation sequencing is performed on an NGS platform, which is frequently 

an Illumina system (such as the Illumina HiSeq 2500) as these platforms provide large 

data outputs (several terabytes of data per run) with low sequencing error rates (0.1-

1%) (Pfeiffer et al., 2018). However, Illumina systems often result in read lengths of 

150-300bp and recent studies are coupling Illumina results with real-time long-read 

sequencing technologies (such as the Oxford Nanopore MinION) to sequence at 

greater read lengths, which have recently been reported to reach > 1 million bp 
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(Nicholls et al., 2019, Shabardina et al., 2019). Selection of the correct sequencing 

platform can dictate the output of metagenomics results, as downstream analyses are 

heavily reliant on sequencing depth per sample.  

 

 
Figure 1.2. Summary of a metagenomics workflow. The standard metagenomics workflow, as 
presented by Quince et al. (2017), can be split into 5 steps. 1) Experimental study design. 2) 
Computational pre-processing and quality control to remove sequencing bias. 3) Sequence analysis 
using assembly-free of co-assembly techniques. 4) Post-processing, normalisation and statistical 
approaches to determine differences between samples. 5) Validation of results. Figure obtained from 
Quince et al. (2017).  
 
After DNA sequencing, filtering and quality control of reads is performed to remove 

low quality base pairs and adapter sequences, which is performed in a similar manner 

to amplicon DNA sequencing. Once high-quality reads have been obtained, there are 

two main approaches that are often performed: assembly-free metagenomic profiling, 

or metagenomic (co)assembly. The traditional approach, assembly-free metagenomic 

profiling, assigns reads to external sequence resources (with taxonomic and/or 

functional annotations) without performing any kind of assembly step (combining 

reads to generate longer contigs) (Segata et al., 2013). The abundance of mapped reads 

to reference sequences is then collated, normalised and information on gene 

abundance and taxonomy can then be inferred. A number of tools exist that can 

provide both a rapid and sensitive approach to annotate mapped reads, for example 
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Kraken or Centrifuge (Wood and Salzberg, 2014, Kim et al., 2016). The main appeal 

of this approach is that is not computationally intensive in comparison to assembly-

based methods and can therefore speed up downstream bioinformatics whilst using a 

limited amount of resources. Furthermore, by using assembly-free based approaches 

it is possible to assign taxonomy to low-abundance taxa that cannot be assembled de 

novo, and can consequently provide an insight into rare taxa (Quince et al., 2017). 

However, despite the benefits of assembly-free metagenomic profiling, there are 

several limitations and drawbacks that should be considered. Assembly-free 

taxonomic profiling of short reads, which are usually 150-300 bp in length, provides 

a lower mapping resolution, where both highly-repetitive sequences and reads 

mapping to uncharacterised taxa are extremely difficult to assign (Ayling et al., 2019). 

Therefore, direct mapping of unassembled reads to reference databases can result in a 

low proportion of annotated reads within a sample (Petersen et al., 2017, Breitwieser 

et al., 2017). This can be exacerbated when examining complex microbial 

communities, for example those from soils, where there remains a lack of reference 

genome sequences in current databases (Quince et al., 2017). Another drawback of 

assembly-free profiling arises from the number of false positives of taxonomic 

assignments. For example, Anwar et al. (2019) concluded that assembly of 

metatranscriptomic (sequencing RNA instead of DNA) reads identified genes with 

only a 0.6% false-positive discovery rate, whereas assembly-free approaches resulted 

in a 15% false positive discovery. This clear disparity can result in overrepresentation 

of specific taxa that have better taxonomic annotations in current databases.  

 

Conversely, metagenomic assembly is the process of combining short reads into larger 

contigs, which are used to map against reference databases that contain sequence 

annotations. The main advantages of metagenomic assembly is that longer DNA 

sequences are able to map to reference sequences at a higher accuracy, produce better 

mapping statistics and lead to a significantly lower number of false positives in 

comparison to assembly-free methods (Sangwan et al., 2016). Additionally, the larger 

DNA fragments (which are normally filtered to contain at least 1000 bp) that are 

generated from metagenomic assembly can encode for whole genes, or even gene 

clusters, meaning sequences can be examined with greater context. Furthermore, 

metagenomic assembly of reads can also correct sequencing errors as multiple reads 
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are used to align contigs, and can therefore improve the overall quality of sequences 

(Ayling et al., 2019). Consequently, if good genome coverage is obtained (for example 

>20X coverage), metagenomic assembly is often the preferred choice of metagenomic 

analysis.  

 
Figure 1.3. De Bruijn graph assembly. In de Bruijn graph assembly, (i) reads are broken down into 
different kmers using a sliding window size (k) across all reads. (ii) The kmers become vertices in the 
de Bruijn graph, and edges connect overlapping kmers. (iii) Contigs are produced by walking across 
different paths across the de Bruijn graph (made in step ii). Better coverage paths are normally taken, 
and low-coverage paths are avoided. Figure obtained from Ayling et al. (2019).  
 

A number of tools exist to perform de novo metagenomic assembly, which are 

normally based on the de Bruijn graph approach. In this process, individual reads are 

broken up and aligned into overlapping sub-sequences of a fixed length, k, which are 

used to construct de Bruijn graphs (Quince et al., 2017, Pevzner et al., 2001). De Bruijn 

graphs are a multi-dimensional construct where each node represents a kmer 

(nucleotides of a specific length, k) and connections between nodes occur when the 

first nucleotide of one kmer is the same as the last nucleotide of another kmer (Figure 

1.3) (Ayling et al., 2019). Metagenomic assemblers iteratively add each read one by 
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one to generate complex de Bruijn graphs that contain overlapping sequences of all 

reads in a metagenomic co-assembly. However, as metagenomic samples are 

inherently convoluted and contain sequences from an abundance of organisms, de 

Bruijn graphs can be incredibly complex where not one clear path or solution exists, 

and selecting the correct kmer length as well as the correct assembler is critical for a 

strong assembly (Quince et al., 2017). Furthermore, de Bruijn graph assemblers often 

struggle to assemble highly-repetitive sequences, but this is a common problem for 

other assembly approaches, such as overlap, layout, consensus assembly (Ayling et 

al., 2019).  A number of different metagenomic assemblers exist and a comprehensive 

review by van der Walt et al. (2017) quantified the performance statistics of an array 

of assemblers that use different assembly techniques (Table 1.1).  

 

Following metagenomic assembly and annotation of contigs, quality-controlled short-

reads (generated from sequencing) from each sample are mapped onto the assembled 

contigs to provide context to the samples, which is usually presented as (mapped) 

coverage information. The extent of mapped coverage to each contig is then combined, 

normalised (for example to account for sequencing differences between samples) and 

gene abundance can be inferred from the output.  
 
Table 1.1. Performance of metagenomic assembly of Tara Oceans metagenome. Statistics and table 
were generated and taken from van der Walt et al. (2017).  
 

 

A number of studies have extended the metagenomic assembly pipelines beyond the 

assembly of short reads. Despite generating large contiguous segments of DNA, 

metagenomic assembly can still result in the production of highly fragmented 

sequences that are from a variety of different microorganisms (Quince et al., 2017). 

Metagenomic binning aims to group high-quality contigs into specific taxonomic 
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groups, ideally at the species level. In an ideal situation, each metagenomic ‘bin’ will 

contain a number of high-quality sequences which could be used to create a partial or 

complete assembled genome, termed a metagenomic assembled genome (MAG). A 

variety of methods and different tools exist to perform metagenomic binning, for 

example CONCOCT or MetaBAT, which can taxonomically cluster groups of 

sequences based on their sequence properties, such as GC content (Alneberg et al., 

2014, Kang et al., 2015). By using metagenomic binning approaches to reconstruct 

nearly 8,000 MAGs, Parks et al. (2017) discovered 20 new archaeal and bacterial 

candidate phyla that were not previously detected using alternative approaches, 

expanding our current knowledge of the microbial tree of life. However, current tools 

that perform metagenomic binning are computationally intensive, and high-quality 

sequences with good coverage (>20X) are required to create good quality bins. 

Therefore, in data sets that have used a small number of samples for co-assembly, 

metagenomic binning will lead to the production of low-quality bins and may not be 

a good approach for analysis.  

 

Functional and taxonomic annotation of contigs can be performed by querying a 

number of databases that have annotations of specific sequences. Taxonomic 

annotations can be curated from the NCBI taxonomy database, which provides 

standard nomenclature and classification of all organisms currently in the public 

sequence database (which is estimated as 10% of global species) (Federhen, 2012). 

Alternatively, the non-redundant BLAST protein database, which contains all non-

duplicate sequences from Genbank, RefSeq, NCBI, Swissprot, PIR, PDF and PDB, is 

a comprehensive database that is commonly queried for taxonomy, which can be 

performed using a BLASTX or DIAMOND (an alternative aligner) search (Buchfink 

et al., 2014, Pruitt et al., 2007). For functional annotations, the Kyoto Encyclopaedia 

of Genes and Genomes (KEGG) database is popular to obtain functional annotations 

of predicted protein sequences (Kanehisa et al., 2015). The database consists of three 

components for metagenome annotation: 1) a collection of annotated gene catalogues 

for complete genomes, 2) a knowledge database of high-level functions and 3) a 

molecular-level functional knowledge database of known functional associations 

(Kanehisa et al., 2011). KEGG annotations can therefore be used to gain insights on 

complete functional pathways (for example nitrogen metabolism), specific reactions 
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(nitrogen fixation) or individual genes (nifH). The protein families (Pfam) database 

consists of a large collection of annotated functional protein domains that are 

represented using multiple sequence alignments and hidden Markov models (HMMs) 

(Finn et al., 2014). The Pfam database is often desirable as it is generated using HMM-

profile analysis, whereby sets of known protein sequences are aligned and used to train 

models that can search for matching domains, allowing for annotations of previously 

unannotated taxa (Sonnhammer et al., 1998). Alternatively, HMM-profiles can be 

trained manually from a small set of known protein sequences, which can then be used 

to query other larger databases (such as the NCBI non-redundant protein database) for 

matches. Cluster of Orthologous Groups (COG) is also a popular functional annotation 

database, which consists of orthologs produced through comparisons of predicted and 

known protein sequences in fully-sequenced microbial genomes (Tatusov et al., 2000). 

Predicting orthologous groups is a desired approach as current gene products remain 

poorly characterised, for example one of the best studied microorganisms, Escherichia 

coli, only has experimental annotations on ~40% of its gene products (Koonin, 1997). 

However, it is predicted that ~70% of microbial proteins are highly conserved across 

different taxa, therefore predicting orthologous groups represents a good approach to 

bridge this gap (Tatusov et al., 2000, Koonin et al., 1997).  

 

Whilst metagenomics has been revolutionary in the field of microbial ecology, for 

example in the discovery of new candidate phyla, there are a number of limitations 

and drawbacks that should be considered before using this approach. Firstly, 

metagenomics is substantially more expensive in comparison to amplicon DNA 

sequencing. For example, in this experiment sequencing costs were ~$450 (USD) per 

sample (including library preparation) for a targeted sequencing depth of 30 gigabases 

per sample on an Illumina HiSeq 4000 platform. In comparison, by multiplexing 

samples amplicon DNA sequencing costs can range between $5-20 per sample 

(depending on the desired sequencing depth) and therefore makes it more accessible 

in large-scale experiments (Glenn et al., 2019). However, cost estimates can vary 

dramatically between different sequencing companies, and sequencing costs are 

rapidly lowering with time (Sboner et al., 2011). Secondly, metagenomic taxonomic 

and functional databases are poorly annotated and large portions of the microbial tree 

of life are currently missing (Quince et al., 2017). Randle-Boggis et al. (2016) 
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additionally showed that a trade-off exists between metagenomic annotation accuracy 

and taxonomic resolution (using several pipelines), within which they presented that 

the number of false positive annotations substantially increased with a greater 

taxonomic resolution. Therefore, whilst analysis at lower taxonomic levels (such as 

the genus or species level) may provide deeper biological insights into metagenomic 

communities, only a small proportion of metagenomic reads are usually accurately 

annotated at these levels, and analysis at higher taxonomic levels is often desired due 

to a greater confidence in annotation accuracy. Although taxonomic and functional 

databases will become better annotated with time, which will be exacerbated by a 

reduction in sequencing costs, current metagenomic studies are limited by the 

annotation databases available. In comparison, for amplicon DNA sequencing a 

number of taxonomic sequence databases exist for an array of both small and large 

ribosomal subunit sequences (see section 4.1.2). However, much like amplicon 

sequencing pipelines, there is no one universal method to analyse metagenomic data, 

and large disparities exist between different workflows, such as the type of assembly 

tools that are used or the methods to normalise data, which can provide different 

outcomes from the same data set. For example, Randle-Boggis et al. (2016) found 

large differences in the performance of sequence annotation (such as the number of 

false positive annotations and proportion of annotated reads) using four different 

annotation tools (MEGAN, MG-RAST, One Codex and Megablast) on the same on 

simulated metagenomic data set. Lastly, whilst a variety of pipelines and tools exist 

for metagenomic analysis, the majority of them require a substantial amount of prior 

knowledge (both computational and biological knowledge) and are not considered as 

‘entry level’ tools. Furthermore, metagenomic tools that are currently available are 

incredibly computationally intensive and can take extremely long periods of time to 

run (several weeks or months) whilst requiring state-of-the-art computer hardware to 

do so. For example, for metagenomic assembly of short reads most assemblers require 

roughly a 1:1 ratio of file size to computational random access memory (RAM) in 

order to produce contiguous sequences (van der Walt et al., 2017). Therefore, to 

perform large metagenomic co-assemblies of deeply sequenced samples, it is not 

uncommon to require up to several terabytes of RAM. A study by van der Walt et al. 

(2017) highlighted the high computational requirements of metagenomic assembly, 

where metagenomic assemblies took up to 47 hours and required up to 157.75 GB 
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RAM to assemble <300,000,000 bp (0.3 gigabases) using state-of-the-art computers. 

Overall, the number and performance of tools available for metagenomics has 

dramatically improved over recent years, and with an increasing number of studies 

incorporating metagenomics, sequence databases and pipelines are likely to improve.  

 

1.1.4. Advances in ecological theory 

As well as advances in technological tools, ecological theory has progressed 

substantially in microbial ecology over the past decade. Recently, a conceptual 

framework was proposed by Vellend (2010), which condensed  a range of 

ecological  processes that determine the composition and diversity of communities 

into four categories: 1) Selection, 2) Ecological drift, 3) Speciation and 4) 

Dispersal. In short, selection is defined as an increased fitness due to adaptation 

due to biotic and abiotic pressures; drift is caused by stochastic differences in birth 

and death rates causing shifts in population structure; speciation is the genesis of 

new species caused by a lack of dispersal amongst populations; and dispersal is 

the movement of individuals between populations across time and space (Vellend, 

2010). In microbial ecology, a call for use of such a universal framework has been 

invited by a number of studies and considerable effort has been made to align 

Vellend’s framework with microbial communities (Hanson et al., 2012, Chase et 

al., 2011, Stegen et al., 2013). Using null models, Stegen et al. (2012) proposed a 

model that quantifies the extent that each of Vellend’s stochastic (ecological drift 

and dispersal limitation) and deterministic (selection) community processes have 

in shaping microbial metacommunities (temporally or spatially separated 

communities) (Stegen et al., 2013, Leibold et al., 2004). This model has since been 

used in a vast number of studies, which has furthered our understanding of the 

ecological processes that drive microbial communities in a host of ecosystems 

(Danczak et al., 2018, Martínez et al., 2015, Chai et al., 2016).   

 
1.2. Soil ecosystems 

1.2.1. The importance of soil 

Soil is a vastly important and unique natural resource that performs irreplaceable 

roles required for sustaining the human population. It is estimated that 95% of 

global food production either directly (consumable crops) or indirectly (secondary 

consumables, e.g. livestock feed) originates from soil, all of which is currently 
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being produced from a combined area that occupies just 11.06% of total terrestrial 

land (FAO, 2015, FAO, 2019). However, with conservative estimates suggesting 

that the human population will reach 9.1 billion by 2050, FAO reports have 

predicted that global food production will need to increase by ~70% (from 2005) 

to support the growing population, most of which will be sourced from soils 

(Bergeret, 2017). Declines in soil fertility and health, for example by soil erosion 

(which is estimated to cost £0.9 – £1.4 billion per annum in the United Kingdom 

alone), threatens the prospects of soils being able to function correctly in order to 

meet both current and future demands (Syers, 1997, Graves et al., 2015). As a 

result, there is rising pressure to increase agricultural efficiency to produce higher 

yields on a decreasing area of available arable land.  

 

1.2.2. Soil health 

Soil health is an important concept in soil science, and it refers to the general 

condition and quality of soil as a natural resource (Kibblewhite et al., 2008). 

Historically, soil health was viewed from an agricultural perspective and was 

determined based on soil fertility and crop yield, which is usually dictated by the 

organic carbon content or bioavailability of nutrients. However, more recent 

concepts of soil health are assessed on the capacity of soils to perform soil 

functions (see section 1.2.3) which are beneficial for humans, plants and animals. 

A recent schematic proposed by Ritz (2014) (Figure 1.4) identified five branches 

of soil health: 1) Organic matter, 2) Water and Air Space, 3) Soil structure, 4) 

Nutrients and 5) Biota; all of which co-interact and are reliant on one another to 

perform soil functions. As a result, in order to fully assess soil health, it is 

important for current studies to target as many branches of the soil health 

schematic. 
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Figure 1.4. Soil health schematic. Soil health is composed of 5 components all of which influence 
and interact with one another. Schematic proposed by Ritz (2014).  
 

1.2.3. Soil ecosystem functions 

Historically soil functions have been poorly defined, but a clear definition was 

first proposed by Blum (1990), in which he defined soil functions as the benefits 

that humans, animals and plants obtain from soils. Blum (1990) further proposed 

six major categories of soil functioning: 1) the production of biomass, 2) acting 

as an environmental filter and buffer, 3) acting as a gene bank, 4) technical 

infrastructure, 5) a source for raw materials and 6) a source of historical 

information. Since then, a number of frameworks have been proposed to assess 

soil functions further, but one popular framework was proposed by the Millennium 

Ecosystem Assessment (MEA) launched in 2000, which was an intergovernmental 

call by the United Nations to obtain an updated synthesis of knowledge on human 

impacts on the earths ecosystems (Reid et al., 2005). The project categorized 

ecosystem services (the benefits humans obtain from the environment) into 4 

groups: 1) supporting ecosystem - processes that are required for the production 

of other ecosystem services, 2) regulating services - the benefits that humans 

obtain from the regulation of ecosystem services, 3) provisioning services - 

products or goods obtained from ecosystems and 4) cultural services - non-

material benefits obtained from ecosystems (Reid et al., 2005). Soils are one of 

the few ecosystems that have been shown to fit every category of the MEA 
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framework (Table 1.2); for example, they perform pivotal roles in biogeochemical 

cycling (supporting), climate regulation (regulating), production of biomass 

(provisioning) and have heritage value (cultural), which emphasizes their 

importance to the human population.  

 
Table 1.2. Ecosystem services obtained from soil. Based on the Millennium Ecosystem Assessment 
framework, adapted from (Jónsson and Davidsdottir, 2016) 

 

1.2.3.1 Biodiversity in soil 

Soil is considered to be the most biodiverse ecosystem on the planet, and it is 

estimated to account for as much as 25% of global diversity (George et al., 2019, 

M. Hart et al., 2017).  Soil biota range from broad groups of microorganisms, such 

archaea, bacteria, fungi and protists, to higher-level organisms including 

nematodes, earthworms and arthropods (Wall et al., 2015, Fierer and Jackson, 

2006). Several studies have highlighted this enormous biodiversity, estimating that 1 

gram of terrestrial soil can contain up to 200 metres of fungal hyphae and 1 billion 

bacterial cells, which can encompass  a range from 2000 to 8.3 million different 

bacterial species (Roesch et al., 2007, Bardgett, 2005, Wardle, 2006). However, whilst 

it is known that soil contains a rich microbial biodiversity, the vast majority of these 

organisms remain uncharacterized, and therefore the functions of individual strains 

and species is mostly unknown.  
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1.2.3.2 Soil biogeochemical cycles  

Soil ecosystems are major contributors to global biogeochemical cycles, and act as 

both a significant source and sink for a variety of nutrients. Soil contains a large range 

of carbon-fixing organisms, which are estimated to fix between 0.6 to 4.9 Pg (1012 g) 

carbon globally per annum (Yuan et al., 2012). However, global carbon emissions 

from soils, primarily by microbial respiration, are estimated to be 20-35 times higher 

than global carbon fixation from soils, resulting in a net annual release of soil carbon 

(Miltner et al., 2005). For example, from carbon dioxide (CO2) emissions alone, it is 

estimated that soils emit 68-75 Pg CO2 per year, which is the equivalent to 

approximately 10% of atmospheric CO2 being cycled through soils every year (Raich 

and Potter, 1995, Raich and Schlesinger, 1992). Additionally soils act as a large carbon 

store, and conservative estimates suggest that soils currently store 1400-1600 Pg of 

carbon, which equates to roughly three times more than the organic carbon held in 

phytomass, and twice as much carbon that is held in the atmosphere (Scharlemann et 

al., 2014, Raich and Potter, 1995). However, the stability of long-term soil carbon 

stocks, especially in wetland and peatland areas, is under threat from anthropogenic-

associated elevated atmospheric CO2, which will potentially increase soil carbon 

emissions through accelerated respiration and decomposition rates associated with a 

rise in temperature (Davidson and Janssens, 2006). Conversely, it is also possible that 

with elevated atmospheric CO2, both soil and plant carbon fixation rates will 

dramatically increase, leading to increased storage in these systems. 

 

Nitrogen compounds are essential for all organisms as they are required for the 

synthesis of proteins and nucleic acids. Soil ecosystems are major determinants of the 

global nitrogen cycle and it is estimated that global soil nitrogen stocks range between 

90-140 Pg - although forms of soil N are dynamic and under constant change  (Batjes, 

2014, Zinke et al., 1984). In terrestrial ecosystems, N-availability is often a limiting 

factor for plant productivity, and plants rely on soil nitrogen-fixing microorganisms to 

convert inaccessible dinitrogen to bioavailable forms (Chapin, 1980). It is estimated 

that between 40-290 Tg N is fixed in soil ecosystems annually, which equates to 10-

60% of all annual global fixation (Fowler et al., 2013). The conversion of ammonium 

to nitrate (nitrification), which is the main N source for the majority of land plants, is 
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also mainly performed by soil microorganisms in terrestrial systems (Tischner, 2000). 

However, as nitrates are much more soluble than ammonia, the conversion to nitrates 

can often lead to leaching and eutrophication and an overall loss of nitrogen in the 

system (Van Der Heijden et al., 2008). Soil microorganisms also mediate the 

conversion of nitrates back to gaseous nitrogen compounds (dinitrogen or nitrous 

oxide) by nitrate reduction (assimilatory and dissimilatory) and denitrification, and it 

is estimated that agricultural soils are responsible for as much as 60% of global nitrous 

oxide emissions (IPCC, 2007).  

 

Soils also contribute to major roles in a host of other biogeochemical cycles, which 

include the phosphorus, sulphur, potassium, magnesium and calcium cycles. On top 

of this, soils also host a range of micronutrients, which along with the previously listed 

biogeochemical cycles, are all essential for plant growth.  

 

1.2.4. Soil physics 

Soil science has traditionally consisted of three main domains: soil biology, soil 

chemistry and soil physics. Soil physics is a longstanding discipline within soil science 

that examines both the physical processes and properties of solid, liquid and gaseous 

particles within soil, which can have large impacts on both soil biology and soil 

chemistry (Lin et al., 2005, Miedema, 1997). The foundations of soil physics stems 

from the works of Schlübler, Schumacher and Wollny in the nineteenth century, who 

in separate studies examined soil metrics such as bulk density, water-holding capacity 

and electrical conductivity of agricultural soils, initiated the characterization of the 

movement of water and air through soil, and examined the influences of plant growth 

and management on soil properties (Lal, 2009). Since then, soil physics has progressed 

from a discipline focusing on small-scale and simple laboratory studies, to one that 

examines more complex systems and dynamics using integrative approaches that link 

to soil health (Lin et al., 2005). For example, soil physics has recently been applied to 

investigate the effects of soil management practices on the distribution of organic 

matter, examine the extent of soil compaction and erosion under various treatments, 

and model the distribution and transport of water and chemicals through the soil 

profile on the field scale (Kim et al., 2015, Rensburg, 2010, Teixeira et al., 2014, 
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Nawaz et al., 2013). New integrative approaches that utilize both soil physics and soil 

biology are providing new insights on biological functioning of soils.  

 

1.2.4.1. Techniques in soil physics 

Traditional techniques employed in soil physics centred around using morphological 

descriptions and manual measurements (for example soil moisture and bulk density) 

of thin sections or subsamples of soil (Lin et al., 2005). Information from these studies 

would then be incorporated into various mathematical models, for example ones to 

predict the movement of water through the soil profile (Schaap and Lebron, 2001). 

However, whilst an array of core principles in soil physics have derived from using 

such techniques, traditional methods are low-throughput, invasive and require 

destructive sampling in order to be performed, which can often result in the context of 

the samples being lost (Grevers et al., 1989). In recent years, technological advances 

have made it possible to use non-invasive techniques to measure a plethora of internal 

features and soil properties in situ, providing a more relevant context on the natural 

environment (Ketcham and Carlson, 2001). Examples of such techniques include X-

ray computed tomography, soft-X-ray, nuclear magnetic resonance and gamma-ray 

tomography. X-ray computed tomography (CT) has emerged as one of the favoured 

non-invasive techniques to measure physical properties of soil, as the method excels 

in working on highly porous materials, such as soil. In this process, X-ray beams are 

passed through a sample at different angles over 360° and charged coupled device 

(CCD) detectors measure the attenuation of the X-ray signals from multiple angles 

through the sample (Figure 1.5).  
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Figure 1.5. X-ray computed tomography schematic. An X-ray source is pointed at the sample (green) 
which rotates. Attenuation information is then picked up by a detector. Image obtained from 
Mangalassery (2013).  
 
Once analysed from a number of angles, high speed computers are capable of 

reconstructing detection signals to generate a three-dimensional projection - which can 

either be analysed in three dimensions, or separately in 2D horizontal or vertical cross 

sections, known as slices (Figure 1.6) (Pierret et al., 2002).  Using this method, it is 

possible to extract information on the size, shape, distribution and arrangement of 

different solid materials, such as soil particles or mineral grains, and air spaces (known 

as pores) on an extremely fine resolution (reaching <1 µm) on intact samples. This 

technique has been transformational in soil science and has been applied to a wide 

range of studies, which have included examining the effects of soil compaction, 

tracking the structural development of the rhizosphere and determining the structural 

impact of tillage on the soil profile (Périard et al., 2016, Helliwell et al., 2017, 

Abdollahi et al., 2013). Furthermore, X-ray CT scanning has been used to obtain 

insights on biological processes in soil, including predicting the distribution of 

microbial habitats and examining the distribution of macrobiota such as earthworm 

burrow systems or insect distribution (Taina et al., 2008). 
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Figure 1.6. X-ray computed tomography images of a soil core. A: XY-oriented slice. B: ZX-oriented 
slice. C: A reconstructed 3D image from all slices. X-ray CT images were taken from a soil core 
obtained in July 2017 from a field growing a winter wheat crop.  
 

1.2.4.2. Soil pores 

One of the major components in soil physics concerns the abundance and distribution 

of the voids between solid soil particles, known as soil pores (Gupta et al., 2008). Soil 

pores consist of complex heterogenous mixtures of nutrient-rich liquid (such as water, 

chemicals, plant exudates) and gaseous (including carbon dioxide, oxygen, nitrogen 

and methane) substrates, which can result in the production of drastically different 

environmental conditions at the micrometre scale in the soil pore profile (Figure 1.7) 

(Rieu and Sposito, 1991, Nortcliff et al., 2006, Ruamps et al., 2011). Soil pores have 

major impacts on physical processes as well as biological functioning by influencing 

the distribution of macro and microbiota within soil. For example, the presence of soil 

pores can influence the activity and directionality of plant root growth, which can in 

turn determine the distribution nutrient-rich root exudates in the soil environment, 

shaping the spread of microbiota (Alaoui et al., 2011). Furthermore, in well aerated 

soils, the presence of soil pores can help distribute oxygen throughout the soil profile, 

resulting in larger aerobic and saturated zones that can promote microbial soil 

respiration (Fan et al., 2014). Conversely, in poorly aerated and waterlogged soils 

(such as peatlands), anaerobic environments are generated that can promote different 

microbial processes such as methanogenesis or denitrification (Munch et al., 2007, 

Rezanezhad et al., 2016, Mustamo et al., 2016). A study by Ruamps et al. (2011) 

highlighted the large impacts of soil pores on microbial communities, indicating that 

different types of soil pores contain significantly different microbial community 

compositions, suggesting that microbial biogeography can occur at the pore scale 

(micrometre scale).  
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Figure 1.7. Schematics of soil pore structure. Illustrations of different components that make up soil 
pores under varying moisture contents. Images obtained from (Lajos, 2008). 
 

1.2.4.3. Soil pore metrics 

1.2.4.3.a. Soil porosity (φ) 

Several metrics have been developed to examine and classify pore size, structure, 

shape, distribution and abundance within soil, all of which provide different functional 

insights into soil pores. Soil porosity is the most common soil metric, and it is 

calculated as either a percentage or proportion (0-1) of the total measured volume that 

is occupied by soil pores (which is the inverse of bulk density, a measure of soil 

compaction) (Lawrence and Jiang, 2017, Saini, 1966). Soil porosity is generally 

considered a strong indicator of soil health, where more porous soils have better 

infiltration and drainage of water and nutrients, which leads to a greater and a more 

homogenous distribution of organic matter (Pagliai and Vignozzi, 2006, Arriaga et al., 

2017). Soil porosity can heavily dictate the distribution and activity of microbial 

communities; for example, in poorly aerated soils microscale habitats can be produced 

that vary drastically in physical conditions (such as geochemistry and water content), 

which results in heterogenous niches in the soil profile that are occupied by different 

microorganisms (Wilpiszeski et al., 2019). Soil porosity is often measured in sections, 

for example in selected regions of interest or whole soil compartments such as the 

rhizosphere, as soil is considered as considered a continuum of solid, liquid and 

gaseous materials that readily interchange (Eringen, 1994, Nimmo, 2004). The 
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porosity of different compartments has been shown to vary substantially across 

different soil compartments (Armenise et al., 2018, Helliwell et al., 2017). 

Furthermore, porosity of soils can vary drastically depending on a plethora of other 

factors, such as soil type, organic matter content and management practices, but 

typical values range between 0.3 – 0.7 in agricultural soils (Nimmo, 2004). Values of 

soil porosity can additionally provide insight into the upper limit of volumetric water 

content (saturation) and gaseous content of soils, and can act as a proxy for soil 

complexity, where higher values of soil porosity often are indicative of more complex 

pore systems with a larger capacity for interaction with soil aggregates (Nimmo, 

2004). 

 

1.2.4.3.b. Pore categorization and size distribution 

There are a number of soil pore classification methods which categorize soil pores 

based on their diameter. Whilst there is no universal agreement regarding the exact 

diameter of each pore size category, soil pores are normally classified into three main 

groups: micropores, mesopores and macropores (Table 1.3.) (Beven and Germann, 

2013). Micropores are the smallest pore size, within which little movement of gases 

and liquids occur and they are generally considered as the optimal habitat in the pore 

environment for microorganisms (Luxmoore, 1981, Smucker et al., 2007). 

Conversely, macropores are the largest pore size, reaching up to several millimetres 

in length, and are capable of forming channels that connect different soil depths. They 

can dictate a number of physical processes, for example they are involved with rapid 

movement of water and solutes through the soil profile (but have low water retention), 

and can additionally provide an environment in which roots can readily proliferate 

(Luxmoore, 1981, van den Akker and Soane, 2005, Alaoui et al., 2011, Yang et al., 

2018). The intermediate pore size category, mesopores, are considered to perform a 

mixture of both micro and macropore functions – acting as either water-retaining or 

transporting pores (depending on their shape), as well as microbial habitats (Beven 

and Germann, 2013, Schoonover and Crim, 2015). Analysing the number of pores that 

fall into each size category therefore provides a proxy for determining the functionality 

of a soil sample. 
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Table 1.3. Classification of micropores, mesopores and macropores based on diameter.  

Reference Micropore (µm) Mesopore (µm) Macropore (µm) 

Jongerius (1957) < 30  30-100 > 100 

Marshall (1959) < 30  N/A > 30 

Brewer (1964) 5-30 30-75 > 75 

McIntyre (1974) < 0.3 0.3 – 30  30 – 300  

Luxmoore (1981) < 10 10 - 1000 > 1000 

 

1.2.3.3.c. Pore connectivity 

Soil pores can combine to create complex networks and channels that are distributed 

across soil horizons and throughout the soil profile (Figure 1.8). The connectivity of 

soil pores is highly sensitive to physical processes, for example several studies showed 

that greater soil compaction can lead to greater micropore, but lower macropore soil 

pore connectivity (Lipiec et al., 2009, Richard et al., 2001). Pore networks have 

complex shape characteristics, such as tortuosity, as they can consist of individual 

circular pores connected by cylindrical channels, which makes connectivity a difficult 

measurement to investigate. A number of methods exist to calculate soil pore 

connectivity, but the most popular method was proposed by Vogel (1997) in which 

soil pore connectivity was quantified as a function of the minimum pore diameter 

within a pore space, determined using the Euler-Poincaré characteristic (connections 

in 3D space) of each pore. In other words, it is a measurement of the number of 

connections that each pore (of a defined diameter) has to other pores within a specified 

volume. Higher soil pore connectivity is associated with increased transport of water 

and nutrients throughout the soil profile occurs, which can lead to better distribution 

of organic matter (Fei et al., 2008). Furthermore, soil pore connectivity has also been 

suggested to have a significant role in shaping microbial community structure, for 

example Carson et al. (2010) suggested that low soil pore connectivity is associated 

with higher bacterial diversity in soils due to lower amounts of dominance. Low soil 

pore connectivity can additionally lead to isolated pore structures in the soil profile, 

which can have different environmental niches (Wilpiszeski et al., 2019). Therefore, 

soil pore connectivity can have large impacts on both biotic and abiotic functions of 

soil. 
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Figure 1.8. X-ray computed tomography reconstruction displaying soil pore connectivity. A) 
Connectivity of soil pores (grey particles indicate soil pores). B) Connectivity of soil particles (white 
particles indicate soil particles). X-ray CT images were taken from a soil core obtained from a wheat 
field in Wellesbourne (UK) in July 2016. The 3D projection was reconstructed using ImageJ. 
Dimensions of the region of interest: 2 cm x 2 cm x 3 cm.  
 

1.2.3.3.d. Pore circularity 

Soil pore circularity is a measurement of the roundness of individual soil pores in 

three-dimensional space, where values range between 0 – 1. A value of 1 indicates 

that a soil pore is perfectly spherical, whereas values towards 0 represent irregular 

non-spherical three-dimensional structures. Morphology and circularity of soil pores 

can provide an insight both physical and biological soil functions, for example circular 

soil pores have a low ability to retain water and gases and are more effective in the 

transport of water through the soil profile in comparison to irregular-shaped pores 

(Yang et al., 2018). Furthermore, higher soil pore circularity (0.8-1.0) can be 

indicative of gaseous vesicle formation from microbial respiration or metabolism 

(Yonovitz and Drohan, 2009). Therefore, a higher proportion of spherical pores can 

indicate a greater extent of microbial activity.  

 

1.2.5 Soil compartmentalization 

The soil horizon is comprised of numerous compartments, each of which exhibit 

distinct structural and chemical properties, and are often referred to as the ‘spheres’ of 

soil. Prior studies have categorized soil spheres into (at least) five main functional 

groups: the drilosphere (soil influenced by earth worms), the porosphere (pore spaces 

in the soil profile), the detritusphere (soil influenced by plant residues), the 

aggregatusphere (soil influenced by solid aggregates) and the rhizosphere (soil 

influenced by plant roots) (Figure 1.9) (Berg, 2012). Additional frameworks also exist 

that include a higher number of soil compartments, such as bulk soil (soil not 
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associated with a specific biota or plant roots), the myrmecosphere (soil associated 

with ants) or the termitosphere (soil associated by termites) (Brown et al., 2000).   

 
Figure 1.9. Soil compartmentalization. A schematic proposed by Berg (2012) of different 
compartments within soil.  
 

1.2.5.1 The rhizosphere 

By far the most studied compartments in soil science are the rhizosphere, which is 

defined as soil that is closely adhering and interacting with plant roots, and the bulk 

soil, which is soil that is not associated with any plant roots (Daly et al., 2015, 

Raaijmakers et al., 2009, Mendes et al., 2013, Hiltner, 1904). Plant roots are 

responsible for the exudation of a variety of nutrient-rich compounds into the 

rhizosphere, which include amino acids, carbohydrates, hormones, proteins and 

secondary metabolites (Huang et al., 2014b, Walker et al., 2003). A study by Jones et 

al. (2004) highlighted the vast nutrient availability of the rhizosphere, in which it 

estimated that as much as 5-10% of plant net C fixed  is lost to root exudates. As a 

result, rhizosphere biota are adapted to survive in environments with high nutrient 

input, which results in a distinct community composition in comparison to bulk soil 

(Mendes et al., 2013). For example, a number of studies have shown that rhizosphere 
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community composition is often less diverse than surrounding bulk soil, which may 

be attributed to a dominance of fewer species thriving off rich nutrient availability 

(Uroz et al., 2010). Microbiota of the rhizosphere have been shown to be beneficial 

for plant health in several ways. For example, rhizosphere microorganisms are known 

to perform significant roles in plant nutrient acquisition, such as nitrogen-fixing 

rhizobia in legumes, and suppression against a number of soil-borne pathogens 

(Hawkins et al., 2000, Pozo and Azcón-Aguilar, 2007). As well as displaying 

differences in microbial structure, it has also been reported that the physical structure 

of the rhizosphere is vastly different to bulk soil, where the rhizosphere has a greater 

proportion of large pore spaces, which are important for gaseous exchange, due to root 

growth, and the pH is often lower than in bulk soil due to exudation (Whalley et al., 

2005, Shi et al., 2011).  

 

1.2.5.2. Bulk soil 

Bulk soil is often seen as a region that is as less nutrient-rich than the rhizosphere but 

is more biodiverse. However, it is known that bulk soil properties and community 

structure display large variation depending on a plethora of edaphic factors including 

soil type, pH and climate - which has been shown by a number of large-scale studies. 

A recent national-scale study by George et al. (2019) examined the composition of 

animal and microbial (bacteria, archaea, fungi and protist) communities from 436 soils 

from 7 different types of ecosystem located across the United Kingdom. They found 

that microbial community composition, but mainly species richness, was highly 

influenced by environmental properties and different land uses. This has been shown 

to extend to the global scale, a study by Bahram et al. (2018) examined bacterial 

community composition of 7,560 topsoil samples obtained from across the globe, in 

which they found that microbial gene composition varied dramatically with 

environmental parameters. As well as varying on a geographic scale, bulk soil varies 

considerably, both physically and biotically, with depth. With increasing soil depth, a 

number have studies have shown that the diversity of microbial species decreases, and 

that community structure shifts dramatically towards archaea and Gram-positive 

bacteria (Fierer et al., 2003, Tripathi et al., 2018). Additionally, physical properties of 

soil change with increasing depth, such as a reduction in soil porosity due to 

compaction, and an increase in soil organic carbon, making it a vastly different 
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environment relative to topsoil for microorganisms (Lorenz and Lal, 2005, Mahmoudi 

et al., 2015).  

 

1.2.5.3. The soil surface  

One vital soil compartment that is not as well studied as the rhizosphere or bulk 

soil, is the soil surface. The soil surface is a critical interface that connects the 

above ground environment with the soil ecosystem and can additionally dictate 

the extent that water, chemicals (pesticides, fertilizers) and nutrients may enter or 

leave the soil ecosystem. The soil surface has been previously described as an 

extreme environment due to the both the harsh environmental conditions it is 

exposed to, as well as the variability of these conditions (Csotonyi et al., 2010). 

The soil surface is unprotected and is  therefore exposed to extremely high levels 

of ultraviolet radiation, which is known to irreversibly damage protein structure 

and stop DNA synthesis and replication (Rastogi et al., 2010). For example, soil 

surfaces in the Moab (Utah, USA) are exposed to excessive levels of UV light for 

~4400 hours annually, yet wet conditions required for C-fixation, DNA repair and 

maintenance only exist <500 hours annually (Belnap et al., 2008). The soil surface 

additionally experiences extreme fluxes in temperature on a diurnal basis and is 

regularly subject to freezing and thawing cycles (Sharma et al., 2006). Freezing 

and thawing cycles can destroy and lyse microbial cells releasing an array of 

nutrients to surviving microorganisms, leading to a rapid increases in their 

biomass, thus dramatically changing microbial community composition  (Sharma 

et al., 2006, Koponen et al., 2006). For example, freezing and thawing in 

agricultural soils have been shown to increase denitrifying populations due to an 

increased nutrient load – suggesting both a structural and functional change 

(Koponen and Martikainen, 2004). Additionally, the soil surface is also subject to 

a vast amount of dispersal, both as acquisition of nutrients, as well as the loss of 

nutrients through erosion. Studies have shown that dispersal of dust and other 

particulate matter to the soil surface can provide nutrients required for algae, 

mosses and lichens to form biomass and stabilize the soil surface (Belnap and 

Gillette, 1997). The soil surface is also under mechanical pressure, which mainly 

derives from rain water droplets applying physical pressure which can both 

decrease porosity and disperse soil particles, but also includes pressure from the 
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movement of a range of biota (Armenise et al., 2018, Souty et al., 1992). 

Therefore, in order to become established in the soil surface environment, a 

superfluity of strict environmental conditions must be overcome.   

 

1.3. The Biological Soil Crust (BSC) 

However, complex communities have adapted to withstand the extreme pressures 

found at the soil surface. The top few millimetres of soil is capable of forming a 

mesh-like microbiotic layer, known as the biological soil crust (BSC) or biocrusts, 

that are comprised of communities of bryophytes, autotrophic algae, 

cyanobacteria, fungi, bacteria, moss and lichens (Figure 1.10) (Belnap, 2003c, 

Bowker, 2007). Components and secretions of these organisms, which include 

fungal hyphae, cyanobacterial filaments, rhizoids of mosses and mucilage of algae 

bind tightly and intertwine with soil particles, which creates a physical barrier that 

separates the soil surface from underlying bulk soil (Veluci et al., 2006, Bu et al., 

2015). These components stabilize the soil surface, providing an environment for 

the development of microbial heterotrophic communities, as well as higher plants. 

 

 
Figure 1.10. Photographs of Biological Soil Crusts (BSCs). A) Soil crusts on soils growing a winter 
wheat field crop, Wellesbourne, UK (2016). B) Soil crusts from Utah, United States  (Couradeau, 2013). 
C) Lichen crusts from Brandenburg, Germany Gypser et al. (2015) 
 

A B
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1.3.1. Soil crust functions 

Biological soil crusts been shown to perform several critical soil functions that 

can improve soil health. Soil crusts perform integral roles in stabilizing the soil 

surface, which have been shown to drastically reduce the extent of wind and water 

erosion (Belnap and Lange, 2003, Warren, 2003). Mucilage produced by soil 

crusts can bind together small soil particles to create larger soil aggregates, which 

are much harder to displace than loose soil (Belnap, 2003a). A study by Bullard 

et al. (2018) found that the presence of cyanobacterial soil crusts can reduce the 

amount of soil lost by rain water erosion by as much as 80% in comparison to bare 

soils. Additionally, studies investigating the disturbance of soil crusts have shown 

that trampling and destruction reduces soil surface aggregation and promotes 

agricultural run-off and loss of soil (Kuske et al., 2012).  Soil crusts have also 

been shown to perform critical roles in the hydration of soils. It has been reported 

that mosses and lichens in developed soil crusts can increase the ability of soils to 

retain soil moisture and maintain hydrated, which is especially important in arid 

ecosystems (Colica et al., 2014).  Moreover, it has also been reported that soil 

crusts are highly influential in the transportation of water on the landscape scale, 

for instance a study by Faist et al. (2017) showed that less-developed soil crusts 

can help supply downslope vegetative patches with water in arid regions. 

However, conflicting studies have also suggested that soil crusts can produce 

hydrophobic layer that reduces water infiltration and may have detrimental 

impacts on soil health (Wei et al., 2015).  

 

Soil surface biocrusts have been estimated to cover ~12% of global terrestrial 

ecosystems, and recent studies have suggested that they perform significant 

contributions to global biogeochemical cycles (Maier et al., 2018, Rodriguez-

Caballero et al., 2018). Most notably, biological soil crusts make significant 

contributions to carbon and nitrogen cycling, due to their abundance of nitrogen-fixing 

and photosynthetic microbial populations, such as Cyanobacteria and green algae. A 

study by Elbert et al. (2012) estimated that nitrogen fixation by biocrusts (termed 

cryptogamic ground covers, which included biological soil crusts, rock crusts and 

bryophyte and lichen carpets) equated to roughly 26 Tg a-1 (1010 g), which is equivalent 

to just over 40% of total biological nitrogen fixation performed in global terrestrial 
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ecosystems (as estimated by the IPCC) (Ciais et al., 2013). However, a study by Weber 

et al. (2015) highlighted that biocrusts also contribute significantly to reverse reactions 

in the nitrogen cycle, such as the emission of reactive nitrogen compounds, mainly 

nitric oxide (NO) and nitrous acid (HONO), into the atmosphere. They estimated that 

global emissions of reactive nitrogen by biocrusts equated to  ~1.7 Tg a-1 (1.1 Tg a-1 

NO-N and 0.6 Tg a-1 of HONO-N), which is the equivalent of ~20% of global nitrogen 

oxide emissions from soils under natural vegetation as estimated by the 2013 IPCC 

report (Weber et al., 2015, Ciais et al., 2013). Together, these studies suggest that 

biological soil crusts accelerate the nitrogen cycle (Figure 1.11.) due to their large 

contributions to both atmospheric nitrogen fixation and emission. However, both of 

these estimates were based on soil crusts obtained from arid desert ecosystems, and 

extrapolation to fit other ecosystems (such as temperate ecosystems or peatlands), 

which have vastly different nutrient cycling dynamics, on a global scale may not be 

accurate. 

 
Figure 1.11. Estimates of global contributions of biocrusts to the nitrogen cycle. Inner arrows 
represent global annual fixation of molecular nitrogen by biocrusts and emission of reactive nitrogen 
by biocrusts on the ground surface of drylands estimated by Weber et al., (2015). Outer arrows indicate 
global annual fixation of molecular nitrogen and emission of reactive nitrogen by soils under natural 
vegetation indicated by the latest IPCC report (Ciais et al., 2013). Figure obtained from Weber et al., 
(2015). 
 

Elbert et al. (2012) also estimated that biocrust carbon fixation equates to roughly 3.9 

Pg a-1, which is the equivalent to 7% of global net primary production by terrestrial 

vegetation as according to the 2013 IPCC report  (Ciais et al., 2013). A study by Huang 

et al. (2014a) modelled carbon fixation of algal and moss soil crusts over a 30 month 

period from January 2010 to November 2012 in the Tengger Desert, China. In this 

study, they concluded that more developed moss-dominated soil crusts exhibited 

higher levels of carbon fixation (64.9 g C/m2 a-1) in comparison to less developed 

algal-dominated soil crusts (38.6 g C/m2 a-1), which extrapolated to global 

contributions of ~0.96 Pg a-1 and ~0.57 Pg a-1 (respectively). Similar results have been 

shown in further studies, for example Li et al. (2012) revealed that cyanobacteria and 
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algae-dominated crusts exhibited lower carbon fixation rates (11.36 g C/m2 a-1) in 

comparison to developed lichen and moss-dominated soil crusts (26.75 g C/m2 a-1) 

from soil crusts also obtained from the Tengger Desert. The large capacity of carbon 

fixation by soil crusts could therefore act as a sink for anthropogenic-associated 

elevated atmospheric CO2, which have been estimated to mitigate as much as much as 

3.6 tons of atmospheric CO2 ha-1a-1 (Sears and Prithiviraj, 2012). However, relatively 

little work has been performed to investigate CO2 emissions of biological soil crusts. 

One study by Dettweiler-Robinson et al. (2018), which examined the net carbon fluxes 

(by considering both respiration and photosynthesis) of arid soil crusts from grassland, 

shrubland, savanna and woodland sites in the New Mexico Elevation Gradient 

(NMEG), concluded that carbon fluxes actually resulted in a net-emission of CO2 

during summer periods in woodland and savanna sites. Furthermore, Angel et al. 

(2011) detected a production of methane, coupled with abundances of methanogenic 

taxa, in mesocosm experiments incubating soil crusts extracted from the Negev 

Desert, Israel. In addition, they did not detect the presence of any methanotrophic taxa, 

suggesting that all methane produced from soil crusts is released into the atmosphere, 

which may contribute to global methane emissions. Detection of methanogenic taxa, 

such as Methanosarcina and Methanocella have since been shown to occur in soil 

crusts from non-arid environments, such as glacial regions, which have a suggested 

role in the development of soil crusts (Aschenbach et al., 2013).  Further work is 

required, on a range of ecosystems, to understand the global potential for biocrusts to 

act as either a carbon sink or source.  

 

Biological soil crusts have also been proposed to perform significant roles in other 

biogeochemical cycles, beyond nitrogen and carbon. A number of studies have 

examined the contributions of biological soil crusts to phosphorus cycling, and have 

found that soil crusts had enriched concentrations of total and bioavailable phosphorus 

(P) in comparison to lower (bulk) soil (Wu et al., 2013, Pointing and Belnap, 2012). 

A recent study by Baumann et al. (2019), which investigated the roles of biological 

soil crust communities (obtained from sandy soils in Northern Germany) to 

phosphorus cycling, found that soil crusts perform a significant role in transforming 

inaccessible stable P into bioavailable (labile) P. Furthermore, Crain et al. (2018) 

investigated bioavailable P in biocrusts from the Chihuahuan Desert, and suggested 
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that soil crusts may prevent the adsorption of P to mineral surfaces, and promote 

incorporation into biomass. On top of this, the role of soil crusts in P cycling has 

additionally recently been examined in temperate soils. Glaser et al. (2017) identified 

a significant correlation of species richness of algal populations with inorganic 

phosphorus availability in soil crusts obtained from forest plots in Northeast Germany 

and suggested a potential role in P cycling of BSCs in this environment. Together, 

these studies suggest a significant contribution of biological soil crusts in 

biogeochemical cycling of P. Due to their widespread global abundance, it is likely 

that BSCs contribute to other global biogeochemical cycles, for example the sulphur 

cycle, which has recently been suggested by Rippin et al. (2018), but there is currently 

a lack of literature that explores their roles beyond N, C and P cycling.  

 

1.3.2. The soil crust microbiome 

Soil surface biocrust communities are both phylogenetically diverse and extremely 

dynamic, but display a high degree of variability over temporal and spatial scales 

(Heindel et al., 2019, Weber et al., 2016).  Depending on an array of biogeophysical 

factors, biocrust communities can be dominated by a variety of species, ranging from 

microbial phototrophic colonisers, such as filamentous cyanobacteria, to higher 

organisms such as bryophytes and mosses in less perturbed environments (Garcia-

Pichel and Wojciechowski, 2009, Belnap et al., 2003a, Lalley and Viles, 2008). 

However, despite showing a large degree of spatiotemporal variability in community 

structure, a number of studies have identified that biocrust communities almost always 

contain a large heterotrophic component, as well as the essential groups of primary 

producers (Dettweiler-Robinson et al., 2018, Maier et al., 2018).  

 

1.3.2.1. Cyanobacteria 

Primary producers are integral to the community structure of biocrusts, and perform 

vast roles in carbon and nitrogen fixation, as well as stabilizing the soil surface to 

allow development of other biota. Biocrust microbial primary producers are 

dominated by two main groups - cyanobacteria and microeukaryotic algae (Belnap, 

2006, Frey et al., 2013). Büdel et al. (2016) categorized the major biocrust 

cyanobacterial species into three main groups: 1) Structural filamentous 

cyanobacteria, 2) opportunistic Cyanobacteria, and 3) Cyanobacteria that dispersed to 
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crusts by chance. Filamentous biocrust cyanobacteria, have been extensively studied 

and are functionally important in stabilizing the soil surface. Important members of 

this group include Nostoc spp (Figure 1.12.A), Microcoleus steenstrupii and the 

keystone species Microcoleus vaginatus (Figure 1.12.B), which have been shown to 

excrete polysaccharides that form an extracellular matrix that ‘glues’ together soil 

aggregates and particles (Mazor et al., 1996, Kuske et al., 2012, Couradeau et al., 

2019, Belnap and Gardner, 1993). This extracellular matrix has been proven to 

drastically reduce soil erosion, as well as increase soil stability (Bowker et al., 2018).  
 

 
 

Figure 1.12. Optical microscope images of biocrust cyanobacteria.  A) Nostoc commune isolated from 
the Negev Desert, Israel. B)  Microcoleus vaginatus isolated from the Negev Desert, Israel. C) 
Chroococcidiopsis isolated from the Western Cape region, South Africa. D) Phormidium ambiguum 
isolated from African soil. Images A-C obtained from (Büdel et al., 2016), image D obtained from 
(Chamizo et al., 2018). 
 
 
Members from the second biocrust cyanobacterial group include opportunists such as 

Chroococcidiopsis (Figure 1.12.C) and Scytonema, which are adapted to survive in 

harsh environments (such as low N and moisture), and overall enhance the functional 

role of biocrusts through primary production and nitrogen fixation (Becerra-Absalón 

et al., 2019, Büdel, 1999). The final group includes cyanobacterial species that have 

dispersed to soil surface crusts, and often originate from other environments (Büdel et 
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al., 2016). Members of this group includes Gleocapsa, Cylindrospermum and more 

commonly a variety of Phormidium species (Figure 1.12.D), which are widely 

distributed and have been found in abundance in arctic, desert and aquatic ecosystems 

(Comte et al., 2007, Chamizo et al., 2018, Komárek et al., 2003). 
 

1.3.2.2. Eukaryotic algae 

Phototrophic microbial eukaryotic algae are also a vital component of biocrusts but 

are often low in abundance in comparison to cyanobacteria. Budel et al., (2016) also 

categorized biocrust eukaryotic algae into four functional groups: 1) crust-forming 

algae, 2) soil particle-attaching algae 3) free-living and lichen symbiotic algae and 4) 

algae dispersed other environments, normally of aquatic origin. Crust-forming 

filamentous algae are normally high in biomass and include Zygogonium, Apatococcus 

and Klebsormidium species, which can create dense algal mats through a combination 

of excreting a fibrous mucilage layer and by binding their filaments to lichens and 

mosses (Mikhailyuk et al., 2014, Hoppert et al., 2004, Büdel et al., 2016). This 

mucilage layer has also been shown to increase hydration of crusts, allowing survival 

in desiccated environments (Karsten and Holzinger, 2014). In particular, 

Klebsormidium flaccidum (Figure 1.13.A) has been well characterised in soil crusts, 

and has been shown to tolerate drought, freezing and high intensity light exposure 

(Morison and Sheath, 1985, Nagao et al., 2008). Additionally, analysis of its genome 

has additionally shown that it produces a variety of plant hormones which may interact 

with higher plants (Hori et al., 2014). Soil-particle attaching algae include a range of 

diatoms, Spongiochloris (Figure 1.13.B) and Neochlorosarcina species, but this group 

normally only contributes to a small fraction of the community and contains a number 

of rare taxa (Büdel et al., 2009). A study in 2016 showed that whilst not abundant, 

diatoms had a disproportionally high species richness in cyanobacterial and algal-

dominated crusts (Schulz et al., 2016). Symbiotic algae often form associations with 

lichens and fungi, whereby the fungal symbiont provides structural protection,  while 

the algal symbionts perform photosynthesis (Root and Dodson, 2016). This can occur 

in a range of lichen species, including Cladonia, Acarospora and Psora species, 

whereas algal species include Asterochloris, Stichococcus, Trebouxia (Figure 1.13.C) 

and Myrmecia (Williams et al., 2017b, Büdel et al., 2016, Ruprecht et al., 2014). 

Lastly, opportunistic algae, including unicellular green algae such as Chlamydomonas 

(Figure 1.13.D), Acutodesmus and Scenedesmus can also be found in biocrusts (which 
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are normally abundant in aquatic ecosystems), but this normally occurs in biocrusts 

with high soil moisture.  

 
Figure 1.13. Optical microscope images of biocrust algae.  A) Klebsormidium flaccidum, scale bar 
indicates 10 µm (Hori et al., 2014). B) Spongiochloris minor, (Bischoff and Bold, 1963). C) Trebouxia 
(Silverside, 2019). D) Chlamydomonas (Denhartog, 1985).  
 
1.3.2.3. Other primary producers and carbon fixers 

Despite the main primary producers consisting of phototrophs, a number of studies 

have also isolated chemolithotrophic bacteria and archaea from biocrusts (Johnson et 

al., 2005, Delgado-Baquerizo et al., 2016). Of these, ammonia-oxidizing bacteria 

(including Nitrosospira and Nitrosomonas) and archaea (mainly Thaumarchaeota) are 

thought to play significant roles in nitrification through ammonia oxidation in desert 

soil crusts (Marusenko et al., 2013, Marusenko et al., 2014). But only a select number 

of studies have examined the capacity of these functions in soil crusts. Additionally, 

methanogenic archaea (but not methanotrophs), including Methanosarcina and 

Methanocella have been isolated from biocrusts from the Negev desert,  Israel, 

suggesting that biocrusts may also contribute to the global methane cycle (Angel et 

al., 2011). Methanogenesis is coupled tightly with the Wood-Ljungdahl carbon 

fixation pathway in Archaea, however there are currently no studies that have 

examined carbon fixation by Archaea utilising this pathway.  
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1.3.2.4. Heterotrophs  

Whilst phototrophs are the key component of biocrust communities, their stabilization 

of the soil surface makes it habitable by an array of heterotrophic microorganisms. A 

key study in community profiling of biocrusts was performed by Gundlapally and 

Garcia-Pichel (2006), within which they surveyed three 500m transects in the 

Colorado Plateau and identified 48 non-phototrophic genera (Gundlapally and Garcia-

Pichel, 2006). Of these, genera belonging to the actinobacteria phylum dominated 

(37.5%), whilst Proteobacteria, Bacteroidetes, Thermomicrobiales and Acidobacteria 

genera were all well represented (>5%). However, advances in next-generation 

sequencing technologies have increased our understanding of soil crust communities, 

and many more heterotrophic organisms have been identified in biocrusts. For 

example, more recent studies have identified a range eukaryotic heterotrophs, which 

include fungal taxa such as Ascomycota and Hyphomycetes, as well as Protists and 

archaea (which are thought to make up ~5% of the prokaryotic communities), in 

biocrusts (Rippin et al., 2018, Soule et al., 2009).  

 

1.4. Research gaps 

Whilst a multitude of studies exist that have investigated soil crust community 

structure and functions, only a select number of these studies have used next-

generation sequencing methods (Table 1.4). The vast majority of these studies 

have been performed in arid desert ecosystems - for example in the Negev desert 

(Isreal), The Great Basin (US, Utah), The Chihauhaun Desert (USA/Mexico) and 

The Colorado Plateau (USA). Dryland and arid desert ecosystem top soils are 

dominated by sandy soils (90-95%), which have the extremely low soil organic 

matter C:N ratios (~9.9), low moisture content, low amounts of nutrient leaching, 

high salt content (such as calcium carbonate/phosphate) and consist of a large dust 

component (up to 30% of top soils) that readily disperses (Batjes, 1996, Reynolds 

et al., 2001, Dwevedi et al., 2017). These properties are contrary to soils found in 

temperate regions, which as a generalization are often naturally-fertile, rich in 

organic matter, experience a vast amount of precipitation and have high levels of 

drainage (although gross variation in all these factors exists in these regions) 

(Verheye, 2009). Therefore, it is unknown if current studies on arid soil crusts are 

applicable to temperate ecosystems. 
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Only a diminutive proportion of studies have examined soil crust community 

structure in temperate regions and as a result community development of soil crust 

biota in these ecosystems remains mostly unknown (Langhans et al., 2009). Prior 

studies that have used next-generation sequencing to examine community profiles 

of soil crusts in temperate regions have been performed in either artificial 

mesocosm experiments, have made no comparisons to bare or bulk soils, or have 

not considered the impact of time (Davies et al., 2013a, Davies et al., 2013b, Peng 

and Bruns, 2019, Williams et al., 2016). Furthermore, there are currently no 

studies that have utilised shotgun metagenomics to explore the functional 

potential of soil crust communities in temperate regions, and only a small number 

of studies have used this technique on soil crusts from other climatic regions (see 

section 4.1) (Steven et al., 2018, Steven et al., 2013a, Swenson et al., 2018). 

Consequently, further research is required to understand the development and 

functional potential of soil crust microbial communities in temperate regions, and 

to determine whether they follow similar trends to arid ecosystems. 

 

Very little is also known about the ecological processes and the soil and 

environmental factors that drive soil crust community development. Whilst it is 

known that several soil and environmental factors are influential in the 

development of biological soil crusts, such as light and water availability, little 

focus has been made on the factors that determine microbial development of 

biological soil crusts. Instead, previous studies have typically focused on soil crust 

development based on morphological observations, such as crust coverage by 

moss and lichen species, which is solely descriptive (Belnap et al., 2003a, Belnap 

and Lange, 2003, Li et al., 2002, Heindel et al., 2019, Knapen et al., 2007). 

Furthermore, there are currently no studies that have applied the contextual 

framework proposed by Vellend (2010) on soil crust communities, and we lack an 

understanding of the relative contributions that each ecological process (selection, 

drift, dispersal, speciation) has in driving microbial community assembly of soil 

crusts from any climatic region.   
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In addition, a vast number of studies on biocrusts have been performed in 

undisturbed ecosystems that do not experience any major perturbation events. In 

these ecosystems, gradual successional development of communities of 

cyanobacterial and algal-dominated communities to moss and lichen-dominated 

communities can occur over several years, or even decades (Li et al., 2002), 

(Kuske et al., 2012). However in agricultural systems, soils are vulnerable to a 

vast amount of perturbations that can destroy soil structure, such as tillage, the 

use of heavy machinery, livestock tramping, crop harvesting and the application 

of chemical pesticides or fertilizers (Durham et al., 2018, Belnap, 2003b). With 

this in mind, very little research has been conducted to assess the viability of soil 

crust development in perturbed agricultural systems, despite their reported 

widespread abundance in these systems (Veluci et al., 2006). A small number of 

studies have assessed the effects of soil crusts in agricultural systems, which 

include their impacts on seed viability, plant biomass yield and soil erosion, but 

there currently are no studies that have used next-generation sequencing to track 

the temporal development of microbial communities in agricultural soils (Song et 

al., 2017, Gilbert and Corbin, 2019, Awadhwal and Thierstein, 1985).  
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Table 1.4. Overview of current literature examining community structure of biological soil crusts using next-generation sequencing methods. Literature searches were 
performed using the ‘Web of Science’ portal, and only studies that used next-generation sequencing methods to assess taxonomy were included.  
 
Ecosystem Location Dominant taxa Reference Agricultural context 

Arid Great Basin, Chihuahuan Desert (USA) Microcoleus vaginatus: 30-90% (Cyanobacteria)  (Couradeau et al., 2019) None 

Arid Mojave Desert, California (USA) Phormidium: 30-64%  

(Cyanobacteria) 

(Mogul et al., 2017) None 

Arid Colorado Plateau (USA) Cyanobacteria: 20-30% (Lee et al., 2016) None 

Arid Chihuahuan Desert (Mexico) Cyanobacteria: 45% (Becerra-Absalón et al., 2019) None 

Arid Oman  Cyanobacteria: 21%  (Abed et al., 2019) None 

Arid Great Basin, Chihuahuan Desert (USA) Lyngbya nigra: ~30-40% (Cyanobacteria) (Bethany et al., 2019) None 

Arid Gurbantunggut Desert (China) Cyanobacteria: ~25% (Zhang et al., 2016) None 

Arid Almeria (Spain) Cyanobacteria: 22-48% (Williams et al., 2016) None 

Arid Shapotou Desert (China) Bacillus: 25-30%  

(Firmicutes) 

(Liu et al., 2017a) None 

Arid New South Wales (Australia) Proteobacteria: 25% (Chilton et al., 2017) None 

Arid Northern Cape Province (South Africa) Cyanobacteria: 5-35% 

Bacteroidetes: 10-20% 

(Maier et al., 2018) None 

Arid Utah (USA) Cyanobacteria: 55% (Kuske et al., 2012) None 

Arid Utah (USA) Cyanobacteria: 20-90% (Johnson et al., 2012) None 
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Arid Utah (USA) Cyanobacteria: 70-90% (Steven et al., 2015) None 

Arid Nevada (USA) Proteobacteria: 20-30% (Mueller et al., 2015) None 

Arid South Africa Cyanobacteria (Venter et al., 2018) None 

Semi-Arid Spain Microcoleus vaginatus: 1-85% (Cyanobacteria) (Muñoz-Martín et al., 2018) None 

Semi-Arid Negev Desert (Israel) Microcoleus vaginatus: 10-65% 

(Cyanobacteria) 

(Nejidat et al., 2016) None 

Temperate Ruine Homburg, (Germany) 

Gynge Alvar, (Sweden) 

Leptolyngbya: 20-55% 

(Cyanobacteria) 

(Büdel et al., 2014)  

(Williams et al. 2016) 

None 

Temperate Pennsylvania (USA) Cylindrospermum: 90% 

(Cyanobacteria) 

(Peng and Bruns, 2019) Soils sampled from an 

agricultural site 

Temperate Les Barges (Switzerland) Cyanobacteria: 63-83% (23S rRNA) 

(Nostoc punctiforme) 

(Davies et al., 2013a) 

 

Soils sampled from an 

agricultural site 

Alpine Hohe Tauern, (Austria) 

 

Leptolyngbia: 23-45% 

(Cyanobacteria) 

(Williams et al. 2016) None 

Alpine Reynolds Creek Critical Zone 

Observatory (USA) 

Actinobacteria: 35-55% (Blay et al., 2017) None 

Polar Svalbard, Norway  Archaeaplastida: 50-90% (Eukaryotes) 

Cyanobacteria: 30-70% (Prokaryotes) 

(Rippin et al., 2018) 

 

None 

Polar Svalbard, Norway Synechoccales: 45-60% (Cyanobacteria) (Pushkareva et al., 2015) None 

Polar Ward Hunt Island, Canada Cyanobacteria: 10-30%, Acidobacteria: 10-30% (Steven et al., 2013c) None 
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1.5. Project aims 

It is unknown whether current studies on biocrusts are applicable to agricultural 

ecosystems containing temperate soils, and we currently lack an understanding of the 

soil structure, community composition and functional capacity of biocrusts in these 

ecosystems. This project aims to address these gaps by unravelling the dynamics and 

functioning of BSCs in a real-world agricultural environment. This leads to the 

following aims: 

 

1. To decipher the temporal and local-scale spatial dynamics of microbial 

community composition at the soil surface in a temperate agricultural soil 

a. To determine whether the soil crust and bulk soil microbiome are 

compositionally different 

b. To determine whether there are significant temporal dynamics in 

diversity and composition of the soil crust microbiome across the 

growing season 

c. To examine local scale variation in soil crust community composition 

d. To determine the relative influences of time, geographical distance and 

environmental factors on determining soil crust microbial community 

composition on a local scale 

e. To compare co-occurrence networks of microbial communities in the 

bulk and surface soil to identify the extent at which key taxa are 

conserved across compartments 

f. To quantify the relative contributions that each fundamental ecological 

process has in driving soil crust and bulk soil microbial community 

assembly 

 

2. To determine changes in the physical soil structure at the soil surface 

across a growing season in an agricultural field containing soil crusts 

a. To determine the depth at which the soil crust influences soil structure 

in the soil profile 

b. To determine changes in soil pore abundance, distribution, 

connectivity and structure throughout the soil profile  
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c. To determine changes in soil pore abundance, distribution, 

connectivity and structure across a growing season 

d. Investigate how annual trends in crust community development and 

community composition determined in aim 1 occur at a different study 

site 

 

3. To analyse developed biological soil crust and bulk soil metagenomes 

obtained from a temperate agricultural ecosystem  

a. To compare taxonomic profiles of soil crust and bulk soil metagenomes 

b. To compare functional profiles of biogeochemical cycling genes 

between soil crust and bulk soil metagenomes 
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CHAPTER 2 – THE TEMPORAL AND LOCAL-SCALE SPATIAL 

DYNAMICS OF SOIL CRUST AND BULK SOIL MICROBIAL 

COMMUNITIES  

 
2.1. Introduction 

2.1.1. Spatial variation 

Soil crusts are extensively distributed in terrestrial habitats across the biosphere and 

recent estimates have suggested that they may cover as much as 12% of total surfaces 

on global land masses (Maier et al., 2018, Rodriguez-Caballero et al., 2018). They are 

capable of forming on every geographical continent and on a variety of soil types, 

ranging from hyper arid deserts to glacial forelands (Bowker et al., 2006, Belnap, 

2003b, Yoshitake et al., 2010). However, whilst being broadly distributed, the 

morphology, physical structure and community composition of soil crusts can differ 

drastically depending on their geographic location. These differences are thought to 

be mainly driven by changes in climatic and environmental conditions such as 

temperature, light exposure, water availability, nutrient availability, plant cover and 

level of disturbance (Weber et al., 2016, Belnap, 2003b). For example, soil crusts 

found in dryland and arid ecosystems are often dark in appearance, only consist of a 

thin microbiotic layer, have a smooth microtopography and microbial communities 

are largely dominated by filamentous cyanobacterial taxa (up to 40% relative 

abundance) such as Microcoleus spp. (Becerra-Absalón et al., 2019, Kuske et al., 

2012, Büdel et al., 2016, Garcia-Pichel et al., 2013). Conversely, soil crusts found in 

cooler and wetter climates are thicker three-dimensional assemblages, reaching up to 

several centimetres in height, and are more often dominated by higher organisms such 

as mosses, lichens and liverworts (Belnap, 2003b). Furthermore, in these climates 

cyanobacterial species normally contribute to a lower proportion of overall relative 

abundance (<10%) (Pushkareva et al., 2015). However, despite there being clear 

differences in community assemblages in soil crusts found in different climatic 

regions, their ecosystem functions in different regions have so far been shown to be 

similar (Williams et al., 2017a, Pointing and Belnap, 2012).  
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Soil crusts also exhibit large spatial variation over smaller geographic scales. Prior 

work in arid ecosystems have shown that soil crusts can have major differences in the 

composition of cyanobacteria, lichens and mosses despite being found just meters 

apart (Steven et al., 2013b). Local scale heterogeneity is a characteristic property of 

soil and a multitude of factors can determine variation in the community composition 

and functional capability at a given site (Strickland et al., 2009). In most habitats, soil 

crusts show high levels of patchiness in their distribution, where preferential 

development occurs in regions that are unperturbed and have consistent exposure to 

light (Kuske et al., 2012, Garcia-Pichel et al., 2003, Pajares et al., 2016). However, 

the extent of their development on a local scale is governed mostly by soil chemistry 

and physical factors such rainwater run-off, shading, light availability, microclimate, 

nutrient availability, distance from plants and physical disturbance history (Ullmann 

and Büdel, 2003). Combined, the formation of soil crusts in favourable areas 

additionally creates hotspots of biodiversity, as soil crusts stabilize the local soil 

environment and increase soil nutrient availability, which can attract higher plants and 

heterotrophic populations (Kleefeld et al., 2018).  However, current literature 

assessing the local-scale spatial dynamics of soil crust communities is restricted to arid 

desert ecosystems, and we know relatively little about the about local-scale spatial 

heterogeneity in temperate ecosystems.  

 

2.1.2. Temporal variation 

As well as varying over spatial scales, soil crusts display a considerable amount of 

temporal variation. In arid ecosystems, soil crusts have been shown to follow a 

successional mode of development. In this process, initial communities are dominated 

by a few taxa (which are normally phototrophic taxa such as Cyanobacteria or green 

algae) that enhance soil quality and stabilize the soil surface, making it more habitable 

for a host of other organisms over time (Belnap, 2003b). For example, a study by Li 

et al. (2002), which tracked soil crust development in the Tengger Desert, China, 

between 1956 and 1999, categorized soil crust development into three developmental 

stages. Firstly, development of biological soil crusts began with the compaction of the 

soil surface by rainwater droplets and colonization by pioneer taxa, in this case the 

filamentous cyanobacterial species Microcoleus vaginatus. Secondly, over the period 

of 8-10 years, crusts became thicker in morphology and were dominated by increasing 



 49	

abundances of mosses and lichens. Finally, after 25 years of undisturbed development, 

soil crusts reached a climax community governed by complex assemblages dominated 

by a variety of mosses, lichens and liverworts. The same developmental stages have 

since been shown to form in a variety of arid ecosystems (Veluci et al., 2006, Becerra-

Absalón et al., 2019, Liu et al., 2017b). However, the temporal development of soil 

crusts is extremely variable between different geographical areas, and the 

characteristics and extent and duration of crust development to reach a climax 

community also depends on a number of soil and physical factors (Ullmann and Büdel, 

2003, Bowker, 2007). 

 

2.1.3. Perturbations of soil crusts 

As mentioned prior (section 2.1.2) if left unperturbed (for example in polar, alpine or 

desert ecosystems) soil crusts will progressively develop until reaching climax 

communities that are dominated by mosses, lichens and liverworts (Belnap, 2003c, Li 

et al., 2002, Brankatschk et al., 2013, Liu et al., 2017b, Zhang et al., 2016, Frindte et 

al., 2019). However, soil crusts are extremely vulnerable to physical disturbances to 

the soil surface, and major perturbation events can destroy soil crust structure and 

consequently alter their community composition and functional capacity (Pietrasiak et 

al., 2011, Belnap, 2006, Faist et al., 2017, Belnap and Eldridge, 2003). For example, 

Steven et al. (2018) showed that metatranscriptomic functional profiles of soil crusts 

were chronically altered to have lower expression of nitrogen fixation genes after 

disturbance (trampling) events in the Moab Desert, Utah. Furthermore, frequent 

exposure to disturbance events can restrict soil crust communities to an early 

developmental stage, as early colonizing communities (such as cyanobacteria) are less 

sensitive to disturbance in comparison to climax community members such as mosses 

and lichens (Belnap and Eldridge, 2003, Harper and Marble, 1988).  

 

In agricultural ecosystems, the soil surface is subject to a vast number of major 

perturbations, such as tillage, crop harvesting, trampling by livestock and the 

application of chemical pesticides and fertilizers (Durham et al., 2018, Belnap et al., 

2003b). Whilst the impacts of all these factors on soil crust communities have not been 

explored, the use of heavy machinery and tillage can bury soil surface biota, and the 

application of herbicides is thought to kill crustal organisms - therefore these processes 
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will likely transform species composition of soil crusts (Belnap and Eldridge, 2003, 

Durham et al., 2018). However, despite the large number of disturbances to the soil 

surface in agriculture, soil crusts have been reported to form in agricultural systems 

across the planet (Sears and Prithiviraj, 2012, Bethany et al., 2019, Knapen et al., 

2007). But in these systems, the microbial community composition, temporal 

development and ecosystem functions of soil crusts remain poorly defined. 

 

2.1.4. Assembly and microbial interactions of soil crust communities 

Community assembly concerns the processes that are responsible for determining the 

species composition within a given community. A popular conceptual framework was 

proposed recently by Vellend (2010) which categorised community assembly 

processes into four categories: natural selection, genetic drift, speciation and random 

dispersal (see section 1.1.4). Furthermore, Stegen et al. (2012) generated a null model 

that could be applied to microbial communities to quantify the extent that each of 

Vellend’s processes have in driving community assembly. This has been a popular 

approach and has been used in a plethora of studies to further our understanding of the 

ecological processes that drive microbial community assembly in a host of ecosystems 

(Danczak et al., 2018, Martínez et al., 2015, Chai et al., 2016). However, this model 

is yet to be used on soil crust microbial communities, and we currently lack an 

understanding of the dominant processes that drive community assembly in soil crusts 

from any climatic region.  

 

Interactions between different species are also important for determining microbial 

community composition. Microbial network analysis is an emerging approach that is 

used to assess the interactions that different organisms within a microbial community 

may have with one another. The approach correlates shifts in the relative abundance 

of different taxa to predict whether there are possible positive (commensalism or 

symbioses) or negative (parasitism or predation) ecological interactions between 

organisms (Hugerth and Andersson, 2017). Soil crust networks have been previously 

suggested to exhibit a distinct network topology, for example Chilton et al. (2017) 

presented substantially higher connectivity (number of positive or negative 

interactions between species) in developed soil crusts relative to undeveloped (bare) 

soils from arid regions in New South Wales. However, only a small number of studies 
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have analysed soil crust microbial networks, which have been performed exclusively 

in unperturbed arid ecosystems (Chilton et al., 2017, Karaoz et al., 2018).  

Furthermore, soil crust microbial networks have only been previously been generated 

from bacterial communities (16S rRNA) and do not consider the effects of eukaryotes 

(such as protists or fungi), which have been suggested to largely contribute to soil 

crust community composition (States et al., 2003).  

 

2.1.5. Chapter 2 aims 

There are no studies in current literature that consider the spatio-temporal 

development of soil crust communities in temperate agricultural ecosystems. Prior 

studies that have investigated soil crust community dynamics have almost exclusively 

been performed in perturbed and arid ecosystems (see sections 1.4 and 1.5), and it is 

unknown whether these results are relevant beyond these systems. This chapter 

investigated this research gap, and had the following aims: 

 

To decipher the temporal and local-scale spatial dynamics of microbial 

community composition at the soil surface in a temperate agricultural soil 

1. To determine whether the soil crust and bulk soil microbiome are 

compositionally different 

2. To determine whether there are significant temporal dynamics in diversity 

and composition of the soil crust microbiome across the growing season 

3. To examine local scale variation in soil crust community composition 

4. To determine the relative influences of time, geographical distance and 

environmental factors on determining soil crust microbial community 

composition on a local scale 

5. To compare co-occurrence networks of microbial communities in the bulk 

and surface soil to identify the extent at which key taxa are conserved 

across compartments 

6. To quantify the relative contributions that each fundamental ecological 

process has in driving soil crust and bulk soil microbial community 

assembly 
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From these aims, the following hypotheses were made:  

1. Community composition of soil crust and bulk soil communities are 

significantly different 

2. Substantial shifts in soil crust community composition and diversity occur 

across a growing season 

3. Local scale variation significantly impacts soil crust community 

composition 

4. Environmental factors will have the larger influences on soil crust 

microbial community composition than distance and time 

5. Co-occurrence network analysis will identify different key taxa in soil crust 

and bulk soil communities 

6. Deterministic processes will dominate community assembly in soil crust 

communities, whereas stochastic processes will dominate community 

assembly in bulk soil communities 

 

 

  



 53	

2.2. Methods 

2.2.1. Location, experimental design, sampling methods and core processing 

Soil samples were obtained from Bradley’s field (Figure 2.1) at the Warwick Crop 

Centre, Wellesbourne, United Kingdom (52.213833°N, -1.605683°E), growing a 

winter wheat crop. Previous crops grown on the sampling site were oil seed rape 

(2015-2016) and winter wheat (2014-2015). The sampling site was subject to 6-inch 

conservational tillage 2 weeks prior to the initial sampling date, and the crop was 

drilled the following week. Sampling occurred once a month, roughly every 30 days, 

for ten months (November 2016 – August 2017), which encapsulated the whole 

growing season. At each sampling date, a 40 meter transect was laid out along the 

field, which was separated into five 4m x 8m boxes (Figure 2.1). In these boxes, 5 

cylindrical soil cores were taken (5 cm x 10 cm – diameter by height) in a ‘W’ shape 

to capture microsite variation. In order to avoid edge effects, transects were laid out at 

least 30 m from the edge of the field. The location of the 40 m transect was shifted by 

roughly 10 meters at each sampling date to avoid sampling in previously disturbed 

areas. Soil cores were then sealed in sterile plastic bags and were stored at 4°C until 

further processing on the following day. Alongside each core, a separate soil core 

(same dimensions) was taken to record bulk density measurements at each sampling 

location. Historical information on the weather conditions at the time of sampling were 

also recorded (Wellesbourne weather station, UK), and additionally the agricultural 

management practices (tillage and chemical application) throughout the year were 

recorded following discussions with the land manager (table 2.1).  

 

In the lab, soil crusts (top 2 mm) and bulk soil (up to 2 cm in depth) were removed 

from each core. Soil crust and bulk soil samples were pooled within each of the five 4 

m x 8 m boxes, creating 5 soil crust and 5 bulk soil samples each month (Figure 2.1). 

Pooled samples were sieved twice to 2 mm and stored at 4°C until further use. 

Subsamples from each sample were additionally stored at -80°C as a backup.  
 

2.2.2. Chlorophyll α content 

From pooled soil crust and bulk soil samples, chlorophyll α was extracted for use as 

a proxy for phototrophic biomass (Kidron et al., 2003). This was performed using 

adaptions of both Ritchie (2006) and Hansson (1988) methods, in which 1 g of soil 
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was shaken with 5 ml of 100% ethanol in 50 ml falcon tubes for 5 hours at 200 rpm 

and 20°C in the dark (to prevent chlorophyll photolysis). From this, the absorbance of 

1 ml of the solution at 665 nm and 750 nm was measured using an Ultrospec 1100 pro 

UV/Visible spectrophotometer (GE Healthcare, UK). The solution was then acidified 

through the addition of 3M HCl - converting chlorophyll α to pheophytin (Moed and 

Hallegraeff, 1978). The absorbance of the acidified solution was again measured at 

665 nm and 750 nm and chlorophyll α concentrations were calculated using equations 

given in (Castle et al., 2011, Lorenzen, 1967). 
 

Table 2.1. Chemical application at the sampling site. 

 
 

 

Figure 2.1. Sampling location and strategy. Left: Location of sampling site (Google maps). Right: 
Sampling and pooling strategy. Sampling was performed once a month between November 2016 and 
August 2017. Cores were taken at each circle and samples were pooled within each ‘W’. Additional 
bulk density cores were taken at each circle.  
 

2.2.3. pH  

An adapted version of Emmett et al. (2008) was used to determine soil pH. In this 

process, 5 ml of ultrapure water was added to 2 g of soil and was shaken at 200 rpm 

for 30 minutes. After this, the solution was left to stand to allow the soil to settle. The 

Date Application Amount 

24/10/2016 - 

28/10/2016 

Flufenacet, Pendimethalin (Crystal®) 4 L Ha-1 

Diflufenican 0.1 L Ha-1 

Glyphosate 1 L Ha-1 

10/03/2017 Granular Urea 225 Kg Ha-1 

27/03/2017 Ammonium Nitrate 225 Kg Ha-1 

04/04/2017 Ammonium Nitrate 250 Kg Ha-1 
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pH was then measured with a Mettler Toledo SevenEasy pH meter with a Metler 

Toledo LE438 pH electrode (Metler Toledo, Leicester, UK).  

 

2.2.4. Soil moisture 

Soil moisture was determined on pooled BSC and bulk samples. This was performed 

by adding 10 g soil into a beaker, which was left to dry overnight at 105°C. The weight 

difference between wet and dry soil was then calculated to determine the percentage 

soil moisture.  

 

2.2.5. Microbial carbon and nitrogen content  

A chloroform fumigation was performed to determine microbial biomass carbon and 

nitrogen in pooled BSC and bulk samples. This was performed following a protocol 

adapted from (Joergensen, 1996). 10 g soil was added to glass beakers and placed in 

a glass desiccator containing one beaker with 30 mL ethanol-free chloroform. Air was 

evacuated from the desiccator using a N 035.3 AN.18 diaphragm pump (KNF 

Neuberger, UK) until the chloroform boiled, at which point the air was vented and the 

process was repeated. On the third evacuation, the air was not vented and the 

vacuumed desiccator was then stored at room temperature for 3 days in the dark (to 

prevent breakdown of chloroform) to allow full lysis of microbial cells. After 3 days, 

50 mL 0.5M potassium sulphate was added to fumigated and unfumigated (10 g of the 

same soil samples not incubated for 3 days with chloroform) soils, which were shaken 

at 125 rpm for 1 hour. Samples were then passed through type 1 Whatman filter paper 

prewashed with 0.5M potassium sulphate and the extracts were collected in 50 mL 

falcon tubes and frozen until analysis.  

  

Total Carbon and Nitrogen content of potassium sulphate extracts were determined 

using a TOC-L Shimadzu analyser. Potassium sulphate extracts were briefly 

centrifuged after defrosting and were diluted 1:10 with ultrapure water. A standard 

curve for Non-Purgeable Organic Carbon (NPOC) and Total Nitrogen (TN) was 

generated from standard solutions made up of potassium hydrogen phthalate and 

potassium nitrate, respectively. For each diluted potassium sulphate extract, five 100 

µl subsamples, alongside 0.5M potassium sulphate and ultrapure water controls, were 

injected into the TOC-L analyser and NPOC and TN concentrations were determined 
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using a standard curve. Control values were subtracted from each sample, and 

microbial NPOC and TN concentrations per gram of soil were calculated by 

subtracting unfumigated concentrations from fumigated concentrations.  

 

2.2.6. Bulk density 

Soil obtained from the separate cores at each sampling site were used to determine 

bulk density. Soil collected from the cores (10 cm x 5 cm x 10 cm) was removed, 

weighed and subsequently dried in an oven for 3 days at 60 °C until no moisture was 

present, and re-weighed. Bulk density was calculated over dividing dry soil weight by 

the volume of the core.  

 

2.2.7. DNA extraction 

DNA was extracted from 0.5 g of BSC and 0.5 g of bulk soil using the MPBio 

FastDNATM SPIN Kit for Soil, according to the manufacturer’s instructions. To ensure 

successful DNA extraction had occurred, 2 µl of DNA was loaded onto a 1% agarose 

gel and was run at 100V for 20 minutes. Smears of DNA were visualized under UV 

light using a transilluminator to confirm successful extraction. DNA was quantified 

using an Invitrogen Qubit® 2.0 broad range fluorometric quantitation protocol and 

was diluted to 5 ng/µl with ultrapure DNAse free water. 

 

2.2.8. Illumina MiSeq library preparation  

PCR amplification was performed using the 515F and 806R primers to amplify the 

16S rRNA V4 region of bacteria, Euk-A and Euk-570 primers to amplify the 18S 

rRNA V1-3 region of protists, fITS7 and fITS4 primers to amplify the ITS2 region of 

fungi and lastly the rVF1 and rVR1 to amplify the 23S region of phototrophs (Table 

2.2). Sequences for these primers can be seen in Table 2.2. For compatibility with 

Illumina sequencing, each primer was modified at the 5’ end with adaptor sequences 

(TGG TCG GCA GCG TCA GAT GTG TAT AAG AGA CAG for the forward 

primer, and GTC TCG TGG GCT CGG AGA TGT GTA TAA GAG ACA G for the 

reverse primer).  

 

The reaction volumes for each PCR were 25 µl and consisted of 3 µl of template DNA 

(5 ng/µl), 1.25 µl of forward primer (10 µM), 1.25 µl of reverse primer (10 µM), 12.5 
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µl of Q5 Hot Start High-Fidelity DNA polymerase 2x Master Mix (New England 

Biolabs, Hitchin, UK) and 7 µl of ultrapure DNAse free water. This resulted in the 

following final reaction concentrations for each PCR: < 1000 ng of template DNA, 

0.5 µm of forward and reverse primers and a 1X concentration of Q5 Hot Start High-

Fidelity DNA polymerase 2x Master Mix. 

 

Table 2.2. Primer sequences used for amplicon DNA sequencing.  
 

Target Region Primer Primer sequence Fragment 

size (bp) 

Bacteria 16S (V4 SSU 

rRNA) 

515f 5' GTCCCAGCMGCCGCGGTAA  

291 806r 5' GGACTACHVGGGTWTCTAAT 

Fungi ITS (ITS2) fITS7 5' GTGARTCATCGAATCTTTG  

349 fITS4 5' TCCTCCGCTTATTGATATGC 

Protists 18S (V1-3 SSU 

rRNA) 

Euk-A 5' AACCTGGTTGATCCTGCCAGT  

599 Euk-570 5' GCTATTGGAGCTGGAATTAC 

Phototrophs 23S (LSU rRNA) rV f1 5' GGACAGAAAGACCCTATGAA  

410 rV r1 5' TCAGCCTGTTATCCCTAGAG 

 

All PCRs were performed using a GeneAmp PCR System 9700 (Applied Biosystems, 

United States). Each PCR consisted of an initial denaturation step at 98 ˚C for 30 

seconds. Following this, an amplicon-specific step comprised an initial denaturation 

step at 98 ˚C for 10 seconds, an annealing step (Table 4 for temperatures) for 15 

seconds and an elongation step at 72 ˚C for 20 seconds. This step was repeated a 

different number of times depending on the amplicon (Table 2.3.). Lastly, a final 

elongation step at 72 ˚C for 5 minutes was performed. PCR products were stored at 4 

˚C until further use.  
 

Table 2.3. PCR conditions for each amplicon 
 

Amplicon Number of 
cycles 

Annealing 
temperature (˚C) 

16S 25 50 
ITS 30 57 
18S 30 57 
23S 30 55 

 

After amplification, PCR products were purified using AgenCourt AMPure XP beads 

(Beckman Coulter, UK) according to the manufacturer’s instructions in order to 
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remove excess primers, nucleic acids and enzymes from the PCR products. In order 

to determine whether the PCR and purification step was successful, 5 µl of the product 

was loaded into a 1% agarose gel and run at 100V for 10 minutes and viewed under 

UV light using a transilluminator. For unsuccessful samples, the PCR and purification 

steps were repeated.   

 

Illumina sequencing adapters and unique dual indices were added to purified PCR 

products by a PCR using the v1 and v2 Nextera XT Index kit (Illumina, USA) 

according to the manufacturer’s instructions. Each PCR contained 4 µl of the purified 

PCR product, 2.5 µl of the forward index primer (5 µM), 2.5 µl of the reverse index 

primer (5 µM), 13 µl Q5 Hot Start High-Fidelity DNA polymerase 2x Master Mix 

(New England Biolabs, Hitchin, UK) and 4 µl of ultrapure DNAse free water. Each 

PCR consisted of an initial denaturation step of 98 ˚C for 3 minutes, followed by 8 

cycles of: 98 ˚C for 20 seconds, 55 ˚C for 15 seconds, and 72 ˚C for 15 seconds. This 

was followed by a final elongation step at 72 ˚C for 5 minutes. PCR products were 

compared to purified products (template DNA obtained prior to the index PCR) on a 

1% agarose gel to determine whether indexing was successful. Indexed PCR products 

were then normalized to the same DNA concentration using the SequalPrep 

Normalization Kit, pooled and diluted to 4 nM. Pooled samples were then sent for 300 

bp paired-end sequencing on an Illumina MiSeq system at the University of Warwick 

Genomics Facility, Coventry, United Kingdom.  

 

2.2.9. Bioinformatics analyses  

DNA sequences were automatically de-multiplexed by the Illumina MiSeq. 

Trimmomatic v0.35 was used to remove any low-quality bases at the ends of each read 

(Bolger et al., 2014). Forward and reverse reads were aligned using USEARCH 

(Edgar, 2010), which created paired-end reads. Primers were trimmed from sequences, 

and quality filtering was performed (-fastq_maxee = 0.5) to remove low quality reads 

using the following settings: minimum overlap between forward and reverse reads = 

20 (0 for 18S rRNA), maximum mismatch = 3, minimum fragment length = 240, 

maximum primer mismatch = 2. Unique sequences were filtered by abundance, and 

any singletons were removed. A minimum identity threshold of 97% was used to 

cluster similar reads into an operational taxonomic unit (OTU), and chimeras were 
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filtered (-cluster_otus command). Quantitative Insights Into Microbial Ecology 

(QIIME 1.8) was used to assign taxonomy using the reference databases Greengenes 

and Unite for 16S rRNA and ITS amplicons, respectively, whereas the Silva reference 

database was used to assign taxonomy for both 18S rRNA and 23S rRNA amplicons 

(Caporaso et al., 2010, McDonald et al., 2012, Kõljalg et al., 2005, Quast et al., 2013). 

The abundance of each OTU, along with a taxonomic classification annotation, was 

generated using the make_otu_table.py function. For 16S rRNA and 18S rRNA, OTUs 

assigned to mitochondria or chloroplast were removed. Further filtering was 

performed on 18S rRNA OTU tables to remove any “metazoan”, whereas for 23S 

rRNA any OTUs assigned to non-phototrophic taxa were removed (which will further 

be referred to as ‘protist’ and ‘phototroph’ communities, respectively). All OTU tables 

were rarefied using a single random subsampling algorithm to the lowest number of 

reads across all samples for each amplicon, which was 8700, 10600, 1360, 1050 for 

16S rRNA, ITS, 18S rRNA and 23S rRNA, respectively.  

 

2.2.10. Statistical analysis   

Alpha diversity, using Fisher’s method, was calculated on RStudio using the Phyloseq 

package (McMurdie and Holmes, 2013). Tests for normal distribution were performed 

using a Shapro-Wilk test, and statistical comparisons between treatments were 

performed using either a student’s t-test or a Wilcoxon signed-rank test (depending on 

normality) for pair-wise comparisons, or using two-way ANOVA (Tukey’s HSD 

multiple correction) or Kruskal-Wallis test (Dunn’s test) for multiple comparisons. 

Bray-Curtis similarity matrices from OTU tables were generated using the vegan 

package, which were used to create non-metric multidimensional scaling plots 

(NMDS) and to calculate an analysis of similarity (ANOSIM), which determines 

statistical dissimilarity between samples on the community level (ranging between -1 

to 1) (Oksanen et al., 2018). Similarity percentages (SIMPER) analysis was performed 

to determine which phyla, class or OTUs were contributing the most to differences. 

Statistical differences between individual phyla, classes or OTUs between 

compartments were determined using a Wilcoxon signed-rank test, a Kruskal-Wallis 

(using Dunn’s multiple correction) for temporal comparisons. The deseq2 R-package 

was used to determine differential abundance of OTUs between soil compartments 
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using a Wald’s test, which were plotted using the enhanced volcano package (Love et 

al., 2014).  

 

Redundancy analysis (RDA) was performed to correlate metadata with changes in soil 

crust and bulk soil microbial community compositions. Before analysis, GPS locations 

of sampling sites were converted to principle coordinates of neighbour matrices 

(PCNM) and added as an explanatory variable to infer distance in RDA (Borcard and 

Legendre, 2002, Borcard et al., 2004, Dray et al., 2006). RDA was performed using 

environmental variables, including PCNMs, with forward selection (999 Monte Carlo 

permutations; FDR, p < 0.05), using relative abundance OTU tables for each amplicon 

(Peres-Neto et al., 2006). Bi-plots were generated with both significant and non-

significant environmental variables.  

 

2.2.11. Network analysis 

OTU tables were first filtered by combining the upper-quartile of OTUs (based on 

read abundance) for each amplicon in soil crust and bulk soil samples. This resulted 

in 1818 bacterial OTUs, 483 fungal OTUs, 372 microbial eukaryote OTUs and 102 

phototroph OTUs in soil crust samples; and 1804 bacterial OTUs, 485 fungal OTUs, 

388 microbial eukaryote OTUs and 102 phototroph OTUs in bulk soil samples. 

Filtered OTU tables were then used with the SparCC algorithm with 20 iterations 

(Friedman and Alm, 2012). 999 bootstrap replicates were produced to calculate 

Pseudo p-values (corrected using Benjamini Hochberg) to infer significance of 

correlations. Networks were generated on significant correlations >|0.7| (for 

compartmental networks) and >|0.9| (for temporal networks), which were generated 

using the iGraph package on R-Studio (Csardi and Nepusz, 2005).  

 

2.2.12. Community assembly processes 

Microbial community assembly processes were determined according to the Vellend 

(2010) framework following a modified approach proposed by Stegen et al. (2012) 

(Stegen et al., 2013, Stegen et al., 2015). Sequences were first aligned and filtered in 

QIIME. Filtered sequences were used to create a maximum-likelihood phylogenetic 

tree using muscle algorithm. To determine whether there was significant phylogenetic 

signal (that is if phylogenetic distance correlates with temporal distance), the sampling 
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time at which each OTU had its maximum relative abundance was determined - this 

is referred to as the ‘temporal niche’ of an OTU. A temporal Euclidean distance matrix 

(absolute difference between temporal niche of each OTU) was produced using the 

‘picante’ package in R and normalized between 0-1.  Pairwise phylogenetic distance 

between OTUs was determined using the ‘ape v.5.2’ package in R (Paradis et al., 

2004). Pairwise (between each OTU) phylogenetic distances were binned in intervals 

of 0.1, and the corresponding Euclidean temporal distance (for the given pairwise 

comparison) was placed in the given phylogenetic bin. Mantel correlograms were 

produced using the ‘vegan’ package on R between phylogenetic and Euclidean 

temporal distance matrices with 999 permutations (Oksanen et al., 2018). 

 

Phylogenetic community turnover was determined by calculating β-mean nearest 

taxon index (β-MNTD), which is a pairwise measurement of the average phylogenetic 

distance to the closest neighbour. OTUs were randomly shuffled across the tips of the 

phylogenetic tree, and β-MNTD was recalculated 999 times to create a null 

distribution of β-MNTD.  The β-nearest taxon index (β-NTI), which is the 

standardized measure of how far observed β-MNTD deviates from the null 

distribution of β-MNTD, was then calculated. Values of |β-NTI| > 2 indicate that 

observed species turnover (between a pair of communities) is due to environmental 

selection processes, β-NTI > 2 indicates variable selection (environmental selection 

between two samples is significantly different), β-NTI < -2 indicates homogenous 

selection (environmental selection between two samples are the same). For instances 

where no selection processes dominated (|β-NTI| < 2), stochastic processes were 

determined using the Raup-Crick algorithm using pairwise Bray-Curtis matrices 

(RCBray).  RCBray values > 0.95 indicate homogenising dispersal (individuals are freely 

able to move between populations), RCBray < -0.95 infer dispersal limitation (a 

temporal or spatial barrier preventing movement of individuals across populations), 

and |RCBray| < 0.95 indicate drift (random changes through time of species abundance 

due to stochastic birth and death events. Pairwise β-NTI comparisons were made 

across all possible spatial and temporal comparisons within each compartment (within 

soil crust, and within bulk soil).   

 

 



 62	

 

 

 
 
2.3. Results 

2.3.1. Sample site temporal characteristics  

  
Figure 2.2. Environmental conditions and soil properties. Average bulk density measurements (A) 
averaged across each sampling point across the transect.  Cumulative monthly rainfall (B) average 
daily temperature (C) and humidity (D) obtained from the Wellesbourne weather station, UK, across 
the sampling period (days since first sampling event on 31/10/16).  Temperature and humidity were fit 
with a non-linear model, red lines indicate times of sampling. Average soil moisture content (E) and 
pH (F) in pooled soil crust (green) and bulk soil (brown) samples each month. Error bars (shaded) 
indicate +/- 1 standard deviation. Asterisks indicate a significant compartmental difference based on 
Tukey’s HSD multiple-comparison test (after a two-way ANOVA). 
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2.3.1.1. Bulk density 

Significant temporal variation in bulk density (Figure 2.2.A) was seen across the 

sampling period (p < 0.0001, one-way ANOVA).  Average bulk density ranged from 

1.04 (May) to 1.23 (August). However, no significant correlation (positive or 

negative) was detected between bulk density and time (R2 = 0.0019, p = 0.4825).  

 

2.3.1.2. Weather data 

Temporal variation was seen in cumulative monthly precipitation (Figure 2.2.B). 

Monthly precipitation ranged from 8 mm (July) to 87 mm (June). Average daily 

temperature at the sampling site (Figure 2.2.C) showed large seasonal trends. The 

lowest temperature was 2.3 °C (December), whereas the highest temperature was 19.2 

°C (August). Average daily humidity was above 74% on every day of sampling, and 

ranged from 74% (May) to 92% (November) (Figure 2.2.D).    

 

2.3.1.3. Soil moisture content 

Two-way ANOVA revealed that soil moisture significantly varied over time (p < 

0.0001) and between compartments (p = 0.0345) and there was a significant 

interaction between time and compartment (Figure 2.2.E). Soil moisture had a peak 

value of 15.3% in December bulk soil samples, but had the lowest value (4.2%) in 

November soil crust samples. Multiple comparison tests (Tukey’s HSD) showed only 

minor differences between moisture of crust and bulk soil with only significant 

differences occurring in November (p = 0.0059). No clear temporal patterns were seen 

across the time course, but soil moisture did show a strong positive correlation with 

monthly precipitation (R2 = 0.7930, p < 0.0001, Figure 2.2.B). 

 

2.3.1.4. pH analysis 

Large variation was seen in the pH of both soil crust and bulk soil samples across the 

time course (Figure 2.2.F). Two-way ANOVA revealed that pH significantly varied 

over time (p < 0.0001) and between compartments (p < 0.0001) and there was a 

significant interaction between time and compartment (p < 0.0001). Across the time 

course, average pH varied by 1.11 pH units in soil crust samples, ranging from 7.57 

(January) to 6.46 (May), and by 0.64 pH units in bulk soil samples, ranging from 7.50 

(January) to 6.86 (June).  
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Multiple comparison tests (Tukey’s HSD) revealed significant compartmental 

differences in March (p < 0.0001), April (p = 0.0007) and May (p = 0.0034) time 

points. This coincided with the application of 225 kg granular (urea one day prior to 

March sampling time point) and the application of 475 kg of ammonium nitrate 

(between March and April time points) (Table 2.1.). 

 

  
Figure 2.3. Biomass carbon and nitrogen. Biomass carbon (A) and biomass nitrogen (B) in soil crust 
(green) and bulk soil (brown) samples each month. Error bars (shaded) indicate +/- 1 standard 
deviation. Asterisks indicate a significant compartmental difference based on Tukey’s HSD multiple-
comparison test (after a two-way ANOVA). 
 
2.3.2. Microbial biomass  

Temporal development of biomass Carbon (biomass C) was seen in the soil crust 

(Figure 2.3.A). Two-way ANOVA revealed that biomass C significantly varied over 

time (p < 0.0001) and between compartments (p < 0.0001) and there was a significant 

interaction between time and compartment (p < 0.0001). Regression analysis revealed 

that biomass C had a strong, positive-correlation with time (R2 = 0.7321, p < 0.0001) 

in the soil crust – within which average monthly concentration increased from 112.2 

µg/g in November to 303.4 µg/g in August. However, no correlation between biomass 

C and time was found in bulk soil samples (R2 = 0.00018, p = 0.9258). In biomass C, 

multiple comparison tests (Tukey’s HSD) revealed significant compartmental 

differences in biomass C in April, June, July and August (April: p = 0.329, June-

August: p < 0.0001).  

 

Large variation was seen in biomass nitrogen (biomass N) across the time course in 

the soil crust (Figure 2.3.B). Two-way ANOVA revealed that biomass N significantly 

varied over time (p < 0.0001) and between compartments (p < 0.0001) and there was 
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a significant interaction between time and compartment (p < 0.0001). Regression 

analysis showed that biomass N in the soil crust had a positive correlation with time, 

but this analysis had a poor goodness of fit (R2 = 0.1671, p = 0.0032). Unlike biomass 

C, in soil crust samples biomass N did not show cumulative increase with time, and 

there was a large spike in biomass N in March (78.2 µg/g), which gradually decreased 

over time before returning to pre-March concentrations in July (15.4 µg/g). A further 

spike biomass N occurred in August (56.3 µg/g). Biomass N did not correlate with 

time in the bulk soil (R2 = 1.8 x 10-5, p = 0.9761). Multiple comparison tests (Tukey’s 

HSD) revealed significant compartmental differences in biomass N in March, April, 

May, June, and August (p = 0.0003 in June, p < 0.0001 in March, April, May and 

August). 

 

2.3.3. Chlorophyll α concentration and morphology 

Average chlorophyll α concentration, a proxy for phototrophic biomass, increased 

progressively across the time course in soil crust samples (Figure 2.4.A). Two-way 

ANOVA revealed that chlorophyll a concentration was significantly affected by time 

(p < 0.0001) and between compartments (p < 0.0001) and there was a significant 

interaction between time and compartment (p < 0.0001). Chlorophyll α concentration 

displayed a strong, positive-correlation with time in soil crust samples (R2 = 0.8125, p 

< 0.0001), but not in bulk soil samples (R2 = 0.008621, p = 0.5213). Chlorophyll α 

concentrations ranged from 1.74 mg/m3 (December), to 27.5 mg/m3 (August) in the 

soil crust, and 0.71 mg/m3 to 1.69 mg/m3 in bulk soil samples.  Significant 

compartmental differences were seen from January-August (January: p = 0.0108, 

February-August: p < 0.0001).  

 

Additionally, clear shifts in the morphology of soil crusts were seen across time 

(Figure 2.4.B).  No clear establishment of soil crusts were present in November, but 

the development of green algal layers can be seen by March. By August, the soil 

surface was dominated by a green biotic layer that had an abundance of mosses.  
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Figure 2.4. Chlorophyll α concentration and soil crust morphology. A) Average chlorophyll α 
concentrations in soil crust (green) and bulk soil (brown) samples at each month. Error bars (shaded) 
indicate +/- 1 standard deviation. Asterisks indicate a significant compartmental difference based on 
Tukey’s HSD multiple-comparison test (after a two-way ANOVA). B) Photographs of a random soil 
core from each month, taken on the day of sampling.  

 

2.3.4. Rarefaction  

Before any microbial community analysis, raw sequences were filtered and rarefied 

for each amplicon (Table 2.4.). Bacterial samples were assigned a total number of 

2,188,198 reads, which resulted in an average 13,261 sequences per sample. Bacterial 

samples were rarefied to 8,700 sequences, resulting in a total of 7,316 OTUs. Fungal 

samples were assigned a total number of 2,862,482 reads, which resulted in an average 

16,357 sequences per sample. Fungal samples were rarefied to 10,800 sequences, 

which had a total of 1954 OTUs. Protists were assigned a total of 1,315,052 sequences, 

which resulted on average number 12,892 reads per sample. Protist samples had a 

large amount of filtering applied (due to a high number of metazoan and fungi in the 

samples), and were rarefied to 1360 sequences per sample, with a total of 1,559 OTUs 

across all samples. Phototroph samples were assigned a total number of 1,560,524 

sequences, which resulted on average 8,345 sequences per sample. Like protists, a 

high amount of processing was performed (to remove non-phototrophic organisms), 

and the samples were rarefied to 1,050 sequences per sample. From this, there was a 

total of 332 OTUs.  
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Table 2.4. Number of sequences assigned to each amplicon. Rarefaction across all samples for each 
amplicon was performed to the sample with the lowest number of reads, after processing to remove 
non-target DNA (chloroplasts and mitochondria for 16S rRNA, metazoan and fungi for 18S rRNA and 
non-phototrophic taxa for 23S rRNA).  
 

Amplicon Pre-filtering 
number of 
sequences 

Average 
sequences per 

sample  

Rarefaction 
level (number 
of sequences 
per sample) 

  

Number of OTUs 
across all samples 
after rarefaction 

and filtering 
 

16S rRNA 
(Bacterial)  

2188198  13261 8700 7316 

ITS  
(Fungal)  

2862482 16357 10800  1954 

18S rRNA 
(Protists)  

1315052  12892 1360 1559 

23S rRNA 
(Phototrophs)  

1560524  8345 1050 332 

   

2.3.5. Compartmental comparisons of soil crust and bulk soil microbial communities 

2.3.5.1. Alpha diversity 

Alpha diversity of bacterial, fungal, protist and phototroph communities were 

examined for soil crust and bulk soil samples across combined time points using 

Fisher’s diversity index (Figure 2.5). Wilcoxon signed-rank sum tests revealed 

significant differences between compartments for bacterial, protist and phototroph (p 

< 0.0001 for all), but not fungal (p = 0.2551), communities. Fisher’s alpha diversity 

was 1.18 (bacteria), 1.37 (protist) and 1.46 (phototrophs) times higher on average in 

the bulk soil in comparison to the soil crust. 

 

2.3.5.2. Microbial community composition  

Microbial community composition was visualized on non-metric multidimensional 

scaling (NMDS) plots generated using Bray-Curtis similarity (Figure 2.6). For all 

amplicons, stress values were between 0.1 and 0.2, suggesting a strong representation 

of reduced dimensionality. NMDS plots revealed a level of compartmental separation 

in all amplicons. Bulk soil samples displayed a relatively low level of separation 

between time points and mostly clustered together. However, in soil crust samples 

there was a higher degree of separation between time points (see section 2.3.6.2), 

suggesting community composition was more variable. Additionally, in all amplicons 

a number of soil crust samples clustered together with bulk soil samples, suggesting 

there was a group of soil crust samples that was compositionally similar to bulk soil.  
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Figure 2.5. Alpha diversity of soil crust and bulk soil microbial communities. Alpha diversity was 
calculated using Fisher’s diversity index on combined soil crust (green) and bulk soil (brown) samples 
across all time points for bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph (23S 
rRNA) communities. Asterisks indicate a significant result from a Wilcoxon signed-rank test (p < 0.05 
= *, < 0.01 = **, p < 0.001 = ***). 
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Figure 2.6. NMDS plots of soil crust and bulk soil microbial communities combined across all time 
points. Non-metric multi-dimensional scaling plots for bacterial (16S rRNA), fungal (ITS), protist (18S 
rRNA) and phototroph (23S rRNA) communities were generated based on Bray-Curtis similarity 
comparisons between samples.  

 

 
Table 2.5. Analysis of similarity (ANOSIM) of soil crust and bulk soil OTUs. R values above 0.2 
indicate significantly different community compositions.  
 

Amplicon R-value  
16S rRNA 

  
0.3165 

ITS 
  

0.1966 

18S rRNA 
  

0.3576 

23S rRNA 
  

0.438 
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2.3.5.3. Taxonomy 

Analysis of similarity (ANOSIM) calculated from the relative abundance of OTUs in 

each sample revealed there were significant differences in community composition 

between soil crust and bulk soil samples for bacterial (R = 0.3165), protist (R = 0.3576) 

and phototroph (R = 0.438) communities (Table 2.5). ANOSIM revealed no 

significant difference between soil crust and bulk soil fungal communities, but the test 

statistic was close to the significance threshold of 0.2 (R = 0.1966). All ANOSIM 

values were robust (p < 0.001). 

 

 
Figure 2.7. Soil crust and bulk soil microbial community composition combined across all time 
points. The average relative abundance (combined across all time points) of soil crust and bulk soil 
taxa contributing to >1% total relative abundance. Bacterial (16S rRNA) communities were examined 
at the phylum level, protist (18S rRNA) communities at the ‘ta2’ taxonomic level (phylum equivalent) 
and fungal (ITS) and phototroph (23S rRNA) communities were assessed at the class level (higher 
taxonomic levels displayed).  
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The relative abundance of microbial taxa (bacteria – phylum; fungi, protist and 

phototrophs – kingdom, phylum, class) contributing to >1% relative abundance was 

determined for each amplicon (Figure 2.7). In bacterial communities, Actinobacteria, 

Proteobacteria and Acidobacteria were the most abundant phyla in both 

compartments, contributing to 29.91%, 29.51 and 7.23% relative abundance in the soil 

crust, and 28.75%, 26.54% and 10.07% relative abundance respectively in the bulk 

soil.  

 

In fungal communities, Ascomycota was the dominant phylum contributing to 76.47% 

of the total relative abundance in the soil crust and 74.04% in the bulk soil (Figure 

2.7). The main fungal classes that dominated were Soradiomycetes, Dothideomycetes 

and Eurotiomycetes, contributing to 28.45%, 21.48% and 11.47% relative abundance 

in the soil crust, and 35.27%, 13.76% and 11.02% relative abundance respectively in 

the bulk soil.  

 

In protist communities, Rhizaria (SAR), Amoebozoa and Stramenopiles (SAR) were 

the most abundant taxa at the phylum-equivalent level (ta2), contributing to 42.47%, 

17.82% and 11.12% relative abundance in the soil crust, and 36.35%, 15.03% and 

15.55% relative abundance respectively in the bulk soil (Figure 2.7).  

 

In phototroph communities, Stramenopiles (SAR) and Viridiplantae were the most 

abundant taxa at the phylum-equivalent level (ta2), contributing to 38.77% and 

36.36% relative abundance in the soil crust (respectively), and 21.10% and 51.20% 

relative abundance respectively in the bulk soil (Figure 2.7). The PX clade 

(Stramenopiles), Streptophyta (Viridiplantae) and Chlorophyta (Viridiplantae) were 

the dominant classes, contributing to 33.07%, 26.74% and 12.03% relative abundance 

in the soil crust, and 18.44%, 32.09% and 19.12% relative abundance in the bulk soil 

(respectively).  

 

Log10 fold change (L10FC – the relative abundance of soil crust taxon divided by 

relative abundance of bulk soil taxon, transformed to log10) was determined for taxa 

displaying significant differences (determined by a Wilcoxon signed-rank test) in the 

relative abundance between compartments (Figure 2.8). In bacterial communities, 
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nine out of twelve phyla (contributing to >1% relative abundance) had significant 

differences in the relative abundance between soil crust and bulk soil samples (Figure 

2.8). Soil crust samples had a large, significant enrichment of Cyanobacteria, which 

was on average 14.17 times higher in the soil crust (L10FC = 1.168, p < 0.001). 

Additionally, Bacteroidetes (L10FC = 0.111, p = 0.034), and Proteobacteria (L10FC = 

0.041, p < 0.001) were also significantly enriched in the soil crust.  Conversely, 

Nitrospirae had the highest fold-change of enriched bulk soil phyla, and was on 

average 1.61 times higher in bulk soil samples (L10FC = -0.207, p < 0.001). Other 

significantly enriched bulk soil bacterial phyla included Acidobacteria (L10FC = -

0.139, p < 0.001), Verrucomicrobia (L10FC = -0.087, p < 0.001), Chloroflexi (L10FC 

= -0.072, p < 0.001), Planctomycetes (L10FC = -0.066, p < 0.001), and Firmicutes 

(L10FC = -0.048, p = 0.037).  

 

In fungal communities, five out of nine classes (contributing to >1% relative 

abundance) displayed significant compartmental differences (Figure 2.8). 

Agaricomycetes (L10FC = 0.222, p < 0.001) and Dothideomycetes (L10FC = 0.189, p 

< 0.001) were significantly enriched in the soil crust, and were on average 1.67 and 

1.55 times higher in the soil crust relative to bulk soil. In bulk soil samples, 

Mortierellomycotina (L10FC = 0.255, p < 0.001) was on average 1.80 times higher in 

the bulk soil. Sodariomycetes (L10FC = -0.093, p < 0.001) and Tremellomycetes 

(L10FC = -0.043, p < 0 .001) were also enriched in the bulk soil relative to the soil 

crust.  

 

In protist communities, four out of seven phylum-equivalent taxa (ta2 level) displayed 

significant compartmental differences (Figure 2.8).  Rhizaria was 1.18 times higher in 

the soil crust than in bulk soil (L10FC=-0.072, p = 0.00319). However, Centrohelida 

(L10FC = -0.123, p < 0.001) was on average 1.33 times higher in the bulk soil relative 

to the soil crust. Alveolata (L10FC= -0.069, p < 0.001) and Opisthokonta (L10FC = -

0.047, p = 0.0073) were also significantly enriched in bulk soil relative to soil crust.  

 

In phototroph communities, eight out of nine classes had significant differences in 

relative abundance between compartments (Figure 2.8).  Cyanobacteria (no class 

assigned, L10FC = 0.591, p = 0.0035) and Oscillatoriales (Cyanobacteria, L10FC = 
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0.469, p < 0.001) had the highest fold change in the soil crust, and were on average 

3.89 and 2.94 times higher in soil crust samples relative to bulk soil. Additional classes 

significantly enriched the soil crust were Dinophyceae (L10FC = 0.336, p < 0.001) and 

the PX clade (L10FC = 0.275, p < 0.001). However, Alphaproteobacteria (L10FC = -

0.296, p < 0.001) was on average 1.977 times higher in the bulk soil relative to the soil 

crust. Chlorophyta (L10FC = -0.182, p < 0.001), Nostocales (L10FC = -0.138, p = 

0.0267) and Streptophyta (L10FC = -0.070, p = 0.0191) were also significantly 

enriched in the bulk soil relative to soil crust. 

 

 
Figure 2.8. Differential abundance of soil crust and bulk soil taxa combined across all time points. 
Bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototrophic (23S rRNA) taxa (bacteria: 
phylum; fungi, protists and phototrophs: class) exhibiting significantly different abundance (Wilcoxon 
signed-rank test, p < 0.05 = *, p < 0.01 = **, p < 0.001 = ***) between soil crust and bulk soil 
communities. Relative abundance was transformed to fold change (relative abundance of given taxa in 
soil crust/bulk soil) and subsequently log10 transformed.  
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2.3.5.4. Soil crust-enriched OTUs 

OTUs that were significantly enriched in the soil crust were identified using 

differential abundance analysis (Figure 2.9 and supplementary Tables 2.1-2.4) and 

SIMPER analysis (Table 2.6.). Differential abundance analysis identified OTUs which 

had the highest (significant) fold-change (L2FC) between treatments, whereas 

SIMPER analysis identified OTUs that contributed the most to differences between 

treatments. In bacterial communities, differential abundance analysis identified 88 

OTUs that were significantly enriched in the soil crust relative to the bulk soil (L2FC 

> 2, p < 0.05) (Figure 2.9). Of these 88 OTUs, 27 were from the Bacteroidetes phylum, 

25 from Proteobacteria and 9 were from Cyanobacteria. Two OTUs assigned to 

Leptoplyngbya (Cyanobacteria), and an OTU assigned to Phormidium 

(Cyanobacteria) were the most enriched OTUs in soil crust communities (L2FC = 5.37, 

5.16 for Leptolyngbya OTUs, and log2fold change = 5.32 for Phormidium; p < 0.0001 

for all comparisons).  

 

In fungal communities, differential abundance analysis identified 71 OTUs that were 

significantly enriched in the soil crust relative to the bulk soil. Of these, 15 were 

assigned to the class Agaricomyctes (Basidiomycota), 14 to Dothideomycetes 

(Ascomycota) and 7 were assigned to Tremellomyctes (Basidiomycota). OTUs 

assigned to Xylographa vermicularis (Ascomycota), Endogonales (Mucoromycota) 

and Rhizophagus intraradices (Glomeromycota) were the most enriched taxa in soil 

crust communities (L2FC = 6.016, 5.6495 and 5.5579, respectively). 

 

In protist communities, differential abundance analysis identified 53 OTUs that were 

enriched in the soil crust relative to the bulk soil. Of these, 17 were assigned to 

Rhizaria (SAR), 6 to Alveolata (SAR) and 5 to Stramenopiles (SAR). OTUs assigned 

to Bodomorpha (Rhizaria), Tubulinida (Amoebozoa) and Thaumatomonadida 

(Rhizaria) were the most enriched taxa in soil crust communities (L2FC = 5.1757, 

4.9631 and 4.3371, respectively) 

 

In phototroph communities, differential abundance analysis identified 10 OTUs that 

were significantly enriched in the soil crust relative to the bulk soil. Of these, 5 were 

assigned to Stramenopiles, 3 were Viridiplantae and 2 were Cyanobacteria. OTUs 
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assigned to Leptolyngbya (Cyanobacteria), Vaucheria litorea (Stramenopiles) and 

Nodosilinea (Cyanobacteria) were the most enriched taxa in soil crust communities 

(L2FC = 3.1459, 2.2853 and 2.2575, respectively).  

 

Similarity of percentages (SIMPER) analysis (Table 2.6.), which identified specific 

OTUs that contributed largely to differences between soil crust and bulk soil 

communities, revealed that OTUs assigned to Oxalobacteraceae (Proteobacteria), 

Phormidium (Cyanobacteria), Pseudomonas (Proteobacteria) and Micrococcaceae 

(Actinobacteria) contributed the most to compartmental differences in bacterial 

communities (1.77%, 1.21%, 1.16% and 0.93% contribution to change, respectively), 

and were enriched in soil crust samples.  In particular, Oxalobacteraceae and 

Phormidium were on average 1.98 and 9.13-fold higher in soil crust samples 

(respectively).  SIMPER analysis identified a Flavobacterium (Bacteroidetes) OTU 

that was enriched in bulk soil bacterial communities, which had a 0.85% contribution 

to difference.  

 

SIMPER analysis of fungal communities identified that OTUs assigned to 

Plenodomus biglobosus (Ascomycota), Cladosporium (Ascomycota) and Exophiala 

equina (Ascomycota) were enriched in the soil crust and contributed the most to 

differences (3.66%, 3.07% and 2.75% contribution to difference) in community 

composition with bulk soil. These OTUs were on average 7.31, 1.54 and 1.03-fold 

higher in soil crust samples, respectively. SIMPER analysis identified a Mortierella 

minutissima OTU and a Soradiomycetes (Ascomycota) OTU that had high 

contributions to difference (2.44% and 2.35%, respectively) but were enriched in bulk 

soil. These OTUs were on average 2.17 and 1.36-fold higher in bulk soil samples.  

  

SIMPER analysis of protist communities identified OTUs assigned to 

Thaumatomonadida (Cercozoa), Eimeriidae (Amoebozoa) and Leptomyxida 

(Amoebozoa) that had high contributions to difference and were enriched in soil crust 

samples (14.97%, 4.91% and 2.75% contribution to difference). These OTUs were 

1.51, 1.80 and 2.36-fold higher in soil crust samples, respectively. OTUs assigned to 

Thecofilosea (Cercozoa) and Chromulinales (Heterokonta) were responsible for the 

most difference between compartments, but enriched in bulk soil samples (2.72% and 
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2.67% contribution to difference). The relative abundance of these OTUs was on 

average 2.14 and 1.87-fold higher in bulk soil samples.  

 

SIMPER analysis of phototroph communities identified OTUs assigned to Vaucheria 

litorea (Stramenopiles), Klebsormidium flaccidum (Viridiplantae), Dicranum 

scoparium (Viridiplantae) and Microcoleus vaginatus (Cyanobacteria) as OTUs that 

were enriched in the soil crust and contributed most to differences (13.67%, 5.89%, 

5.72% and 5.35%, respectively) in community composition with bulk soil. The 

average relative abundance of these OTUs was 2.71, 2.48, 1.18 and 1.83-fold higher 

(respectively) in soil crust samples. Conversely, an OTU assigned to 

Acetobacteraceae was contributing largely to compartmental differences (6.93%) that 

was enriched in bulk soil samples – which was on average 2.05 times more abundant 

in bulk soil samples.    

 

  



 77	

 
Figure 2.9. Volcano plots of OTUs enriched in soil crust and bulk soil communities.  Log2 fold change was calculated from relative abundance between soil crust and bulk 
soil samples. Log10(p) was generated from a Wald’s test. Dashed horizontal line: p = 0.05, dashed vertical lines: log2 fold change = +/-2. Plots generated using ‘enhanced 
volcano’ R package.  
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 Table 2.6. Compartmental OTU SIMPER analysis.  OTUs contributing to the highest percentage change between soil crust and bulk soil samples. OTU ID numbers were generated 
separately for each amplicon 

 

Amplicon OTU 
ID 

Phylum/Superphylum Highest taxonomic level 
information 

Soil Crust mean relative 
abundance (%) 

Bulk Soil mean relative 
abundance (%) 

Average 
Dissimilarity 
(%) 

Contribution to 
difference (%) 

16S rRNA 2 Proteobacteria Oxalobacteraceae 2.00 0.73 0.7 1.77 

16S rRNA 15 Cyanobacteria Phormidium 1.01 0.08 0.48 1.21 

16S rRNA 31 Proteobacteria Pseudomonas 0.81 0.5 0.46 1.16 

16S rRNA 1 Actinobacteria Micrococcaceae 1.85 1.4 0.37 0.93 

16S rRNA 32 Bacteroidetes Flavobacterium 0.57 0.74 0.34 0.85 

ITS 16 Ascomycota Plenodomus biglobosus 3.22 0.44 1.51 3.66 

ITS 2 Ascomycota Cladosporium exasperatum 4.79 3.1 1.26 3.07 

ITS 1 Ascomycota Exophiala equina 9.36 9.01 1.13 2.75 

ITS 8 Mortierellomycota Mortierella minutissima 1.49 3.24 1 2.44 

ITS 3 Ascomycota Sordariomycetes 2.97 4.05 0.97 2.35 

18S rRNA 1569 Cercozoa Thaumatomonadida 18.6 12.29 9.24 14.97 

18S rRNA 1561 Amoebozoa Eimeriidae 6.57 3.65 4.91 4.91 

18S rRNA 2992 Amoebozoa Leptomyxida 3.46 1.46 1.7 2.75 

18S rRNA 1566 Cercozoa Thecofilosea 2.65 5.66 1.68 2.72 

18S rRNA 1562 Heterokonta Chromulinales 3.34 6.26 1.65 2.67 

23S rRNA 8 Stramenopiles Vaucheria litorea 15.05 5.54 7.49 13.67 

23S rRNA 3 Proteobacteria Acetobacteraceae 6.49 13.33 3.8 6.93 

23S rRNA 1 Viridiplantae Klebsormidium flaccidum 6.95 2.8 3.22 5.89 

23S rRNA 5 Viridiplantae Dicranum scoparium 6.82 5.82 3.13 5.72 

23S rRNA 1718 Cyanobacteria Microcoleus vaginatus 6.19 3.38 2.93 5.35 
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2.3.5.5. Co-occurrence microbial networks  

Multi-amplicon correlation networks were generated from OTU abundance by 

combining bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph 

(23S rRNA) amplicons across all time points using the SparCC algorithm (Figure 2.10) 

(Friedman and Alm, 2012). In correlation networks, points (nodes) indicate individual 

OTUs, and lines (edges) between nodes indicate either a positive correlation (gray) or 

negative correlation (red) in the relative abundance of the two OTUs. The soil crust 

had a higher number of nodes (136) in comparison to the bulk soil (77) (Table 2.7). 

But both compartments were represented by a similar proportion of nodes from each 

amplicon; ITS amplicons had the highest proportion of nodes (43.4% in the soil crust, 

and 42.9% in the bulk soil), followed by 16S rRNA (38.9% and 37.7%), 18S rRNA 

(7.4% and 9.1%) and then 23S rRNA (7.4% and 7%).  

 

Connectivity statistics, which include the number of edges, degree (number of edges 

per node), density (proportion of real connections of possible connections), transitivity 

(proportion of real connections of possible connections between more than 3 nodes) 

and polarity (positive or negative correlations), highlighted that the soil crust was more 

connected than bulk soil. The soil crust had a higher number of total edges (687) and 

average degree (10.1) than in the bulk soil (183 and 4.8 respectively). Additionally, 

density and transitivity were both higher in the soil crust (7.5% and 4.4%, respectively) 

in comparison to the bulk soil (6.3% and 4.0%, respectively). However, both 

compartments were dominated by positive connections (soil crust: 61.4% positive and 

38.6% negative; bulk soil: 60.6% positive, 39.4% negative).  

 

Network clusters, which are regions of the network where nodes are more connected 

to each other than other regions of the network, were more abundant in the bulk soil 

(11 clusters) than in the soil crust (9 clusters).  However, the range and average number 

of nodes in each cluster was higher in the soil crust (35, and 15.1, respectively) than in 

the bulk soil (16 and 7.0), respectively.  
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Table 2.7. Correlation network statistics. Network statistics of soil crust and bulk soil microbial 
correlation networks of combined amplicons (16S rRNA, ITS, 18S rRNA and 23S rRNA) across all time 
points, generated using the SparCC algorithm. Statistics for significant connections with a threshold 
>|0.7| are shown.  

 
Node connectivity was visualized as according to Guimera and Nunes Amaral (2005) 

cartographic representation framework, which categorizes nodes based on their within 

and between module connectivity (Figure 2.11).  In soil crust communities, one 

module hub was identified, which was a fungal OTU assigned to Meliniomyces (Fungi, 

Ascomycota). 20 OTUs were identified as connector nodes (16S rRNA - 3, ITS - 13, 

18S rRNA - 2, 23S rRNA - 2), of which OTUs assigned to Plenodomus (Fungi, 

Ascomycota), Sodariomycetes (Fungi, Ascomycota) and Vaucheria litorea 

(Eukaryote, Stramenopiles) displayed the highest within-module degree connectivity. 

50 peripheral nodes were identified (16S rRNA - 18, ITS - 24, 18S rRNA - 4, 23S 

rRNA - 4), of which Glissomonadida (Eukaryote, Rhizaria), Endogonomycetes 

(Fungi, Mucoromycota) and Exophiaia (Fungi, Ascomycota) displayed the highest 

within-module connectivity.  64 ultra-peripheral nodes were identified (16S - 32, ITS 

- 22, 18S - 8, 23S - 4), of these Basidiobolus ranarum (Fungi, Entomophthoromycota), 

Luteolibacter (Bacteria, Verrucomicrobia) and Phormidium (Cyanobacteria) 

displayed the highest within-module degree.  

 

In bulk soil networks, one module hub was identified, which was an OTU assigned to 

Celivibrio (Bacteria, Proteobacteria). Nine nodes were identified as connector nodes 

 
Soil Crust Bulk Soil 

Total number of nodes (%) 136 77 
        16S rRNA nodes     53 (38.9%)     29 (37.7%) 
        ITS nodes     59 (43.4%)     33 (42.9%) 
        18S rRNA nodes     14 (10.3%)     8 (10.3%) 
        23S rRNA nodes     10 (7.4%)     7 (9.1%) 
Number of edges 687 183 
        Positive connections     422 (61.4%)     111 (60.6%) 
        Negative connections     265 (38.6%)     72 (39.4%) 
Mean degree 10.1 4.8 
Density 7.54% 6.31% 
Transitivity 4.43% 4.00% 
Centrality 234.71 58.36 
Total number of clusters 9 11 
        Mean cluster size     15.1     7.0 
        Max. cluster size     37     18 
        Min. cluster size     2     2 
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(16S: 4, ITS: 5), of which OTUs assigned to Arenimonas (Bacteria, Proteobacteria), 

Luteolibacter (Bacteria, Verrucomicrobia) and Leotiomycetes (Ascomycota) 

displayed the highest within-module connectivity. 17 nodes were identified as 

peripheral nodes (16S - 6, ITS - 7, 18S - 1, 23S - 2), of which OTUs assigned to 

Leotimycetes (Fungi, Ascomycota), Sodariomycetes (Fungi, Ascomycota) and 

Microdochium (Fungi, Ascomycota) displayed the most within-module connectivity. 

51 nodes were identified as ultraperipheral nodes (16S - 19, ITS - 21, 18S - 7, 23S - 

5), of these Dicranum (Eukaryota, Viridiplantae) and Phaeosphaeriaceae (Fungi, 

Ascomycota) displayed the highest within-module connectivity.  
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Figure 2.10. Correlation networks of soil crust and bulk soil microbial communities. Co-occurrence microbial networks of combined amplicons (16S rRNA, ITS, 18S rRNA 
and 23S rRNA) across all time points, generated using the SparCC algorithm displaying significant (p < 0.05) positive (grey lines) and negative (red lines) connections above 
a threshold of |0.7|. Size of nodes indicates the number of connections. 
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Figure 2.11. Cartographic representation of microbial correlation networks. The number of connections within and between modules for soil crust and bulk soil microbial 
correlation networks for combined amplicons (16S rRNA, ITS, 18S rRNA and 23S rRNA) across all time points. OTUs with a within-module degree > 1 were labelled.  
Connectivity categories are defined as according to Guimera et al., (2005).
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2.3.6. Temporal dynamics of soil crust microbial communities 

2.3.6.1. Alpha diversity 

Two-way ANOVA revealed that Fisher’s alpha diversity significantly varied over 

time (p < 0.0001) and between compartments (p < 0.0001) and there was a significant 

interaction between time and compartment (p < 0.0001) for bacterial, protist and 

phototroph communities (Figure 2.12, Table 2.8.). In fungal communities, there was 

no significant compartmental effect (p = 0.2017). In bacterial, fungal and phototroph 

communities, time explained the largest proportion of variation in alpha diversity 

(86.58%, 43.67% and 82.58%, respectively), whereas in protist communities 

compartment explained the most variation in alpha diversity (38.02%). 

 

 
Figure 2.12. Alpha diversity of soil crust and bulk soil communities across time. Alpha diversity was 
calculated using Fisher’s diversity index for bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and 
phototroph (23S rRNA) communities. Linear regression models were fit to soil crust and bulk soil 
samples in each amplicon (green and brown lines). Red ticks and letters (top y-axis) denote the month 
of sampling.  
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Table 2.8. Temporal alpha diversity statistics of soil crust and bulk soil communities. Alpha diversity 
statistics (generated using a two-way ANOVA) of soil crust and bulk soil bacterial (16S rRNA), fungal 
(ITS), protist (18S) and phototroph (23S rRNA) communities. 

 

In soil crust communities, regression analysis revealed that alpha diversity had a 

strong, significant decline across time in all amplicons (R2 = 0.3301, 0.4564, 0.7709 

and 0.5475 for bacteria, fungi, protists and phototrophs, respectively, p < 0.0001 in all 

cases) (Table 2.9). Most notably, in protist alpha diversity reduced by 53.9% in the 

soil crust from November to August. However, in bulk soil regression analysis 

revealed that only fungal communities had a significant correlation with time, 

although the goodness of fit of this correlation was poor (bacteria: p = 0.1456, protists:  

p = 0.4285, phototrophs: p = 0.7771).  
 

Table 2.9. Temporal alpha diversity regression statistics. Regression statistics of soil crust and bulk 
soil bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph (23S rRNA) communities. 
Statistics were generated using a linear regression model. 

 

 
16S ITS 18S 23S  

Time       
      % Variation 86.58% 43.67% 20.54% 82.58% 
      p-value < 0.0001 < 0.0001 < 0.0001 < 0.0001 
Compartment      
      % Variation 7.27% 0.39% 38.02% 10.13% 
      p-value < 0.0001 0.2017 < 0.0001 < 0.0001 
Interaction      
      % Variation 2.96%  24.56% 25.09% 2.789% 
      p-value < 0.0001 < 0.0001 < 0.0001 < 0.0001 

 16S 
 

ITS 18S 23S 
 

Crust Bulk 
 

Crust Bulk Crust Bulk Crust Bulk 

Slope 
  

-0.4987 -0.0989 -0.0743 -0.0238 -0.1749 0.0123 0.0055 0.0063 

F 
  

23.65 2.18 40.30 6.65 158.20 0.63 56.08 0.08 

R2
 

  
0.3301 0.0438 0.4564 0.0121 0.7709 0.1339 0.5475 0.0016 

P 
  

< 0.0001 0.1456 < 0.0001 0.013 < 0.0001 0.4285 < 0.0001 0.7771 
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2.3.6.2. Community composition  

NMDS plots, generated using Bray-Curtis similarity, revealed clear temporal 

separation in soil crust samples, but relatively little temporal separation in bulk soil 

samples – which was the case in all amplicons (Figure 2.14). In soil crust communities, 

early time points clustered together with bulk soil samples (November-March for 

bacterial and fungal communities, but November-December for protist and phototroph 

communities), suggesting high similarity. For all amplicons, across time soil crust 

communities became less similar to the initial time points – and June-August time 

points clustered separately from earlier time points. However, in bulk soil samples for 

all amplicons there was little temporal separation with groups of November-May and 

June-August timepoints.  

 
Figure 2.13. Community composition similarity in soil crust and bulk soil communities across time. 
Bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph (23S rRNA) community similarity 
was calculated by comparing samples the first time point (within amplicon and compartment) using Bray-
Curtis similarity. Linear regression models were fit to soil crust and bulk soil samples in each amplicon 
(green and brown lines). Red ticks and letters (top y-axis) denote the month of sampling. 
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Figure 2.14. Temporal NMDS plots of soil crust and bulk soil microbial communities. Non-metric multi-dimensional scaling plots for bacterial (16S rRNA), fungal (ITS), 
protist (18S rRNA) and phototroph (23S rRNA) communities were generated based on Bray-Curtis similarity comparisons between samples. The axis scales for soil crust and 
bulk soil samples are identical within each amplicon.  
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Pairwise Bray-Curtis comparisons of each sample were made with samples obtained 

from the initial November timepoint within each amplicon and compartment (Figure 

2.13). This was performed to determine the extent that community composition had 

changed from the initial community structure within each compartment. Two-way 

ANOVA revealed that time (p < 0.0001, all amplicons) and compartment (p < 0.0001, 

all amplicons) had significant effects on Bray-Curtis similarity, and there was a 

significant interaction of time and compartment (p < 0.0001, all comparisons) (Table 

2.10). In bacterial and fungal communities, time explained the largest proportion of 

variation (53.25% and 37.32%, respectively), however in protist and phototroph 

communities, compartment was responsible for the largest proportion of variation 

(42.92% and 46.88%, respectively).  

 
Table 2.10 Statistics of community composition similarity in soil crust and bulk soil communities 
across time. Bray-Curtis comparisons were made with the initial time November time point for soil 
crust and bulk soil bacterial (16S rRNA), fungal (ITS), protist (18S) and phototroph (23S rRNA) 
communities. Statistics were generated using a two-way ANOVA 

 

Further, regression analysis also revealed strong negative correlations between Bray-

Curtis similarity and time for each amplicon (p < 0.0001 in all cases, except fungal 

bulk soil communities p = 0.0014) (Table 2.11).  However, analysis of gradients 

revealed Bray-Curtis similarity decreased at a faster rate over time in soil crust 

communities relative to bulk soil communities for all amplicons (p < 0.0001 in all 

cases).

 
16S rRNA ITS 18S rRNA 23S rRNA  

Time       
      % Variation 53.25% 37.32 16.60 17.68 
      p-value < 0.0001 < 0.0001 < 0.0001 < 0.0001 
Compartment      
      % Variation 3.51% 13.95 42.92 46.88 
      p-value < 0.0001 < 0.0001 < 0.0001 < 0.0001 
Interaction      
      % Variation 25.43% 13.04 5.82 7.838 
      p-value < 0.0001 < 0.0001 < 0.0001 < 0.0001 
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Table 2.11. Regression statistics of community composition similarity in soil crust and bulk soil 
communities across time. Bray-Curtis comparisons were made with the initial time November time 
point for soil crust and bulk soil bacterial (16S rRNA), fungal (ITS), protist (18S) and phototroph (23S 
rRNA) communities. Statistics were generated using a linear regression model.  

 
 

2.3.6.3. Temporal taxonomic shifts 

2.3.6.3.a. Bacteria 

Soil crust bacterial phyla displayed considerable variation in abundance across time, 

whereas the bulk soil phyla remained relatively stable throughout (Figure. 2.15). 

SIMPER analysis identified Actinobacteria, Proteobacteria, Bacteroidetes, 

Acidobacteria and Cyanobacteria as the main phyla which changed over time in the 

soil crust (2.28%, 1.19%, 1.58%, 1.54% and 1.29% average dissimilarity with time, 

respectively) (Figure 2.17). In particular, the relative abundance of Cyanobacteria was 

18.5-fold higher (p < 0.0001) in August in comparison to November (reaching up 29.5-

fold higher in May) in soil crust communities, but displayed no significant change in 

bulk soil communities (p = 0.5889). Conversely, in soil crust communities 

Acidobacteria displayed a significant reduction in relative abundance between 

November to August, and was 1.64 times lower in August (p < 0.0001) than in 

November. However, in bulk soil communities there was a significant increase in the 

relative abundance of Acidobacteria during this time period (1.2-fold increase, p = 

0.0027).  

 

SIMPER analysis of bacterial communities at the OTU level identified OTUs assigned 

to Oxalobacteraceae (Proteobacteria), Pseudomonas (Proteobacteria), Phormidium 

(Cyanobacteria), Micrococcaceae (Actinobacteria) and a Flavobacterium 

(Bacteroidetes) with the most substantial change over time (Figure 2.18). In particular, 

the relative abundance of the Oxalobacteraceae and Phormidium OTUs displayed 

 16S ITS 18S 23S 
 

Crust Bulk Crust Bulk Crust Bulk Crust Bulk 

Slope -7.6(10-4) -1.7(10-4) -5.1(10-5) -4.5(10-5) -1.1(10-3) -3.8(10-3) -8.6(10-4) -3.8(10-4) 

F 303.6 97.07 335.4 38.16 190.6 52.22 123.9 43.16 

R2 0.5658 0.2941 0.59 0.1407 0.45 0.1831 0.3472 0.1563 

p < 0.0001 < 0.0001 < 0.0001 < 0.0001 < 0.0001 < 0.0001 < 0.0001 < 0.0001 
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large temporal shifts, which were 6.4-fold and 18.1-fold higher (p < 0.0001), 

respectively, in August in comparison to November in soil crust communities, but 

displayed no significant change in bulk soil communities.   

 

2.3.6.3.b. Fungi 

Large temporal shifts occurred within soil crust fungal classes across the time course, 

notably from April-August, however bulk soil communities remained relatively stable 

across time (Figure 2.15).  SIMPER analysis identified Dotihodemycetes 

(Ascomycota), Sodariomycetes (Ascomycota), Eurotiomycetes (Ascomycota), 

Leotiomycetes (Ascomycota) and Basidiobolomycetes (Entomophthoromycota) as 

the main classes which changed with time in the soil crust (5.38%, 4.9%, 1.51%, 

1.34% and 1.09% average dissimilarity with time, respectively) (Figure 2.17). In 

particular, Dothideomycetes and Sodariomycetes displayed drastic shifts in relative 

abundance between April and May, when the relative abundance of Dothideomycetes 

increased from 14.64% to 32.46% (2.2-fold increase, p < 0.0001), and Sodariomycetes 

decreased from 31.74% to 17.9% (1.77-fold decrease, p < 0.0001) – these changes did 

not revert at subsequent time points. During the same time period there were no 

significant shifts in the abundances of Dothideomycetes (p = 0.7012) or 

Sodariomycetes (p = 0.4815) bulk soil communities.   

 

SIMPER analysis at the OTU level identified OTUs assigned to Plenodomus 

biglobosus (Ascomycota; Dothideomycetes), Exophiala equina (Ascomycota; 

Chaetothyriomycetes), Cladosporium exasperatum (Ascomycota; Dothideomycetes), 

Zymoseptoria (Ascomycota; Dothideomycetes) and Meliniomyces (Ascomycota; 

Leotiomycetes) as the main OTUs which changed with time in soil crust communities 

(Figure 2.18).  Of these, Plenodomus biglobosus displayed a large increase in relative 

abundance between April (0.46%) to May (6.75% - 14-fold increase, p < 0.0001) in 

soil crust communities, and remained abundant until the end of the time course. Bulk 

soil communities also saw an increase in the relative abundance of Plenodomus 

biglobosus during this time period (0.15% to 1.34% from May to July, p = 0.0002). 

Significant increases in relative abundance in later time points was also seen in 

Cladosporium exasperatum (increase from 2.63% to 11.12% between May to July) 
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and Meliniomyces (increase from 0.49% to 5.30% from April to June) in soil crust 

communities.  

 

2.3.6.3.c. Protists 

Large variation occurred in protist phyla (or superphylum) across the time course in 

both compartments, but was more pronounced in the soil crust (Figure 2.16). SIMPER 

analysis identified Amoebozoa, Rhizaria, Alveolata, Stramenopiles and Discoba as the 

main phyla which changed with time in the soil crust (6.67%, 6.64%, 3.63%, 1.78% 

and 1.57% average dissimilarity with time, respectively) (Figure 2.17). In particular, 

Amoebozoa significantly increased in relative abundance within the soil crust from 

6.16% to 44.26% between May-August (p < 0.0001), but did not change in bulk soil 

communities (p = 0.2791). Conversely, relative abundance of Alveolata (SAR) 

displayed large temporal shifts in soil crust communities, decreased from 11.88% to 

4.25% in the soil crust between November to August (p < 0.0001), but no significant 

differences were seen in bulk soil communities (p = 0.3961).  

 

SIMPER analysis at the OTU level identified OTUs assigned to Allantion (SAR, 

Rhizaria), Eimeriidae (SAR, Rhizaria), Retaria (SAR, Rhizaria), Preleptomonas 

faecicola (SAR, Rhizaria) and Chromulinales (SAR, Rhizaria) as the main OTUs 

which changed with time in soil crust communities (Figure 2.18). Of these, Eimeriidae 

increased from 4.80% in November to 24.44% in August (p < 0.0001) in soil crust 

communities, but did not change in bulk soil communities (p = 0.9414). Conversely, 

Chromulinales significantly decreased from 5.38% to 1.63% between November and 

August in soil crust communities (p < 0.0001), but no significant differences were 

seen in bulk soil communities (p = 0.5813).  

 

2.3.6.3.d. Phototrophs 

Large variation occurred in phototroph communities across the time course in both 

compartments, but was more pronounced in the soil crust (Figure 2.16). SIMPER 

analysis revealed Xanthophyceae, Klebsormidiophyceae, Bryophyta, Microcoleus 

and Rhodospirillales as the main classes that changed with time in the soil crust 

(10.89%, 7.25%, 4.96%, 2.59% and 2.41% average dissimilarity with time, 

respectively) (Figure 2.17). In particular, Klebsormidiophyceae increased in relative 
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abundance from 1.6% in November to 31.6% in July (p < 0.0001) in soil crust 

communities, and from 1.7% to 10.35% in bulk soil communities (p < 0.0001). 

Additionally, Microcoleus (Cyanobacteria) significantly increased from 1.36% to 

13.91% between November to August (p < 0.0001) in soil crust communities; but 

displayed no changes over time in bulk soil communities (p = 0.1154). The relative 

abundance of Bryophyta (which contained only moss and lichen sequences) 

significantly increased in the soil crust between November (15.33%) to August 

(25.95%, p < 0.0001), but did not significantly change in the bulk soil. Conversely, 

the relative abundance of Rhodospirillales decreased significantly from 16.00% to 

6.98% between November to August (p < 0.0001) in soil crust communities; but no 

significant changes in abundance occurred over this time frame in the bulk soil (p = 

0.5776).  

 

SIMPER analysis at the OTU level identified OTUs assigned to Vaucheria litorea 

(Stramenopiles), Klebsormidium flaccidum (Viridiplantae, Streptophyta), Dicranum 

scoparium (Viridiplantae, moss), Microcoleus Vaginatus (Cyanobacteria) and 

Acetobacteraceae (Proteobacteria) as the main OTUs which changed in abundance 

over time (Figure 2.18). Vaucheria litorea displayed a large increase in relative 

abundance between April (0.46%) and May (6.75%, p < 0.0001) only in the soil crust, 

and remained abundant until the end of the time course (p = 0.251). Additionally, 

Klebsormidium flaccidum increased significantly from 0.12% to 2.51% between 

November and July in soil crust communities (p < 0.0001), and from 0.12% to 0.85% 

in bulk soil (p < 0.0001). Dicranum scoparium (moss) significantly increased in 

relative abundance between November (0.60%) to August (1.72%) in the soil crust (p 

< 0.0001) but not in the bulk soil. 
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Figure 2.15. Relative abundance of bacterial phyla and fungal classes across time in soil crust and bulk soil communities.  Only 
taxa that contributed to >1% relative abundance are shown. Any taxa contributing to less than 1% are in the ‘low abundance’ category.  
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Figure 2.16. Relative abundance of microbial eukaryotic phyla and phototrophic classes across time in soil crust and bulk soil communities.  
Only taxa that contributed to >1% relative abundance are shown. Any taxa contributing to less than 1% are in the ‘low abundance’ category.  
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Figure 2.17. Relative abundance of temporally variable microbial taxa identified by SIMPER analysis.  The relative abundance of the most 
variable soil crust (green) and bulk soil (brown) taxa across time identified by SIMPER analysis. Shaded regions indicate +/- standard deviation. 
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Figure 2.18. Relative abundance of temporally variable microbial OTUs identified by SIMPER analysis.  The relative abundance of the most 
variable soil crust (green) and bulk soil (brown) OTUs across time identified by SIMPER analysis. Shaded regions indicate +/- standard deviation.  
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2.3.6.4. Temporal co-occurrence microbial networks  

Multi-amplicon co-occurrence networks generated from OTU read count were 

performed for each time point and compartment (Figure 2.19). In soil crust networks, 

the number of nodes displayed temporal variation but there was no clear correlation 

with time (R2 = 0.08727, p = 0.4073). The relative proportions of nodes from each 

amplicon was similar regardless of time points (~60% positive, ~40% negative) 

(Figure 2.0). In bulk soil networks, there was no clear correlation between the number 

of nodes and time (R2 = 0.00737, p = 0.8136).  

 

Regression analysis of connectivity statistics (density, transitivity and degree) 

revealed no clear correlation with time in either compartment (p > 0.05 in all 

comparisons). However, there was a higher proportion of positive than negative 

connections in both compartments at every time point (> 51.1% in the soil crust, > 

51.6% in the bulk soil). Cluster number and size did not show any significant 

correlations with time. Betweenness centrality displayed large temporal variation, but 

no clear patterns were seen. 
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Figure 2.19. Correlation networks of soil crust and bulk soil microbial communities at each time point.  
Microbial co-occurrence networks of combined amplicons (16S rRNA, ITS, 18S rRNA and 23S rRNA) 
within each month generated using the SparCC algorithm displaying significant (p < 0.05) positive (grey 
lines) and negative (red lines) connections above a threshold of |0.9|. Size of nodes indicates the number 
of connections. 
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Figure 2.20. Temporal network statistics. Statistics of microbial co-occurrence networks of combined amplicons (16S rRNA, ITS, 18S rRNA and 23S rRNA) within each month 
generated using the SparCC algorithm for soil crust (green) and bulk soil (brown) samples. Statistics were produced from only significant correlations.  
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2.3.7. Community assembly processes 

2.3.7.1. Phylogenetic signal 

Phylogenetic signals were determined using mantel correlograms and by calculating 

Pagel’s l, using time as a factor, for each amplicon. Mantel correlograms 

(supplementary Figure 2.1-2.2) showed a significant phylogenetic signal over short 

phylogenetic distances for both soil crust and bulk soil communities in all amplicons 

(bacteria: ~0.2 phylogenetic units, fungi: ~0.8 phylogenetic units, protist: ~0.8 

phylogenetic units, phototrophs: ~0.4 phylogenetic units).  

 

Pagel’s l also revealed significant phylogenetic signals in both compartments for 

bacterial (soil crust: l = 0.998, p < 0.0001; bulk soil: l = 0.831, p = 0.0024), fungal 

(soil crust: l = 0.738, p = 0.0081; bulk soil: l = 0.701, p = 0.0024), protist (soil crust: 

l = 0.791, p = 0.0078; bulk soil: l = 0.712 p = 0.0089) and phototroph (soil crust: l = 

0.992, p = 0.0031; bulk soil: l = 0.697, p = 0.0008) communities. As a result, β-NTI 

(using β-MNTD) was used to determine community assembly processes – as this 

model assumes a phylogenetic relationship over short phylogenetic distance. 

 

2.3.7.2. β-NTI 

To determine phylogenetic turnover, β-NTI was calculated across time in soil crust 

and bulk soil bacterial communities (Figure 2.21). In soil crust communities, 

regression analysis revealed that β-NTI had a significant positive-correlation with 

time in bacterial (R2 = 0.2685, p < 0.0001) and phototroph communities (R2 = 0.01480, 

p < 0.0001), a significant negative-correlation in microbial eukaryote communities (R2 

= 0.02094, p < 0.0001), but no significant temporal correlation in fungal communities 

(R2 = 0.001753, p = 0.1382) .  

 

In soil crust samples, the relative contributions of community assembly processes 

displayed large shifts across time (Figure 2.22). In bacterial communities, 

deterministic processes, mainly homogenous selection, were dominant across shorter 

time periods (81.6%, 66.2% and 61.0% in the first 3 time points, respectively). 

However, deterministic processes became less influential as time increased (8.0%, 

24.2% and 12.0% in the last 3 time categories, respectively), and variable selection 

(not homogenising) became the dominant deterministic process. In contrast, stochastic 
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processes became more dominant with time in soil crust bacterial communities, which 

were initially dominated by homogenous dispersal (66.67%, 45.15% and 36% of 

stochastic processes in the first three time categories, respectively), but became 

dominated by dispersal limitation at later time points (84.21% and 91.10% of 

stochastic processes in the last two time points, respectively).   

 

However, in fungal protist and phototroph soil crust communities were mainly 

dominated by stochastic processes across the course (Figure 2.22). These communities 

were all initially dominated by random genetic drift in the first 3 time categories, but 

became dominated by dispersal limitation at later time points. Deterministic processes 

had minimal contributions to selection processes for fungal communities in all time 

points (<6.0% in all time points), but variable selection was the main contributor 

towards this small fraction. In protist and phototroph communities, deterministic 

processes contributed mainly in early time points (microbial eukaryotes: 12.5% – 

23.0%; phototrophs: 13.1% – 30.2% in the first 5 time categories), of which variable 

selection dominated in microbial eukaryotes, but homogenous selection dominated in 

phototroph communities.  

 

In bulk soil communities, regression analysis revealed that β-NTI had a significant 

positive-correlation with time in bacterial (R2 = 0.07825, p < 0.0001), fungal (R2 = 

0.01480, p < 0.0001),  and phototroph communities (R2 = 0.01195, p < 0.0001), but 

no significant temporal correlation in microbial eukaryote communities (R2 = 

0.0001646, p = 0.5895) (Figure 2.21).  

 

In bulk soil samples, the relative contributions of community assembly processes were 

largely dominated by stochastic processes in fungal, microbial eukaryote and 

phototroph communities (Figure 2.22). In these communities, random genetic drift 

was the main contributor in all time points. In bacterial bulk soil communities, 

community assembly processes were initially dominated by homogenising selection 

(deterministic), but became dominated by genetic drift (stochastic) as time increased.
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Figure 2.21. β-NTI and time in soil crust and bulk soil microbial communities. Pairwise β-NTI values and absolute difference in time (between samples) in soil crust and bulk soil samples. 
Red lines indicate linear regression models. Dashed grey lines are at β-NTI values of |2|, values that fall inside this category indicate stochastic processes dominate, whereas if values fall 
outside this category selection processes dominate.  
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Figure 2.22. Community assembly processes in soil crust and bulk soil communities across time. Community assembly processes were determined following Vellend et al. 
(2012, 2013, 2015) framework. HS (homogenous selection) - β-NTI > 2, VS (variable selection) β-NTI < -2, HD (homogenising dispersal) β-NTI <|2| and BRC > 0.95, DR (drift), 
and BRC < |0.95| and DL and BRC < -0.95 (dispersal limitation). Temporal categories (x-axis) correspond to the sampling times.  
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2.3.8. The relative impacts of time, distance and edaphic factors on soil crust 

microbial communities 

 
Multivariate redundancy analysis (RDA) was performed on OTU abundance tables 

(using integrated forward selection of explanatory variables) to determine the relative 

influence of measured variables on community composition (Table 2.12 – 2.13). In 

the soil crust the measured variables accounted for was 56.9% for bacteria, 54.1% for 

fungal, 59.6% for protists and 62.3% for phototrophs communities (Table 2.12).  

 

In the soil crust, time was the main contributing factor to community variation in 

bacterial (15.7%, p = 0.0045) and protist communities (31.9%, p = 0.045), but did not 

significantly affect contributions of fungal (p = 0.068) or phototroph communities (p 

= 0.17). In fungal communities, chlorophyll a content explained the most variation in 

community composition (28.1%, p = 0.0045); whereas temperature explained the most 

variation in phototroph community composition (36.4%, p =0.0045). Distance did not 

contribute significantly towards explained variation for any amplicon (p > 0.05 in all 

cases).  

 

In bulk soil communities, the variation significantly accounted (p < 0.05) for by 

measured variables towards 38% in bacteria, 28.4% in fungi and 26.4% in phototrophs 

(Table 2.13). No measured variables were significantly contributing to explained 

variance in bulk soil microbial eukaryote communities (p > 0.05). Time was the main 

contributing factor to community variation for bacterial (15.9%, p = 0.0045) and 

fungal communities (15.3%, p = 0.009), but was not significant in microbial 

eukaryotes or phototrophs. In phototrophic communities, temperature was the main 

contributing factor to community composition (12.3%, p = 0.045).  
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Table 2.12. Redundancy analysis of soil crust microbial communities. Relative contributions of 
measured variables towards soil crust microbial community composition. Redundancy analysis was 
performed using integrative forward-selection 

  

Amplicon Rank Factor Variation 
explained 
(%) 

Contribution 
to explained 
variance (%) 

Adjusted 
F-
statistic 

P-value 

16S 1 Time  15.7 25.5 8.9 0.0045 
2 Chlorophyll a 13.3 21.6 10.4 0.0036 
3 Nitrogen 12.4 20.1 8.1 0.0045 
4 Soil moisture 9.7 15.8 8.9 0.0026 
5 pH 3.1 5.0 2.9 0.0036 
6 Temperature 2.7 4.4 2.7 0.0060 
7 Carbon 2.2 3.6 2.2 0.021 
8 Bulk Density 1.3 2.2 1.4 0.14 
9 Distance 1.2 1.9 1.2 0.22 

ITS 1 Chlorophyll a 28.1 49.4 18.8 0.0045 
2 Bulk Density 7.8 13.7 5.7 0.0036 
3 Nitrogen 7.0 12.4 5.7 0.0036 
4 pH 3.8 6.8 3.2 0.0036 
5 Carbon 3.0 5.3 2.6 0.0036 
6 Temperature 2.3 4.1 2.1 0.0090 
7 Soil moisture 2.1 3.7 1.9 0.010 
8 Time  1.6 2.9 1.5 0.068 
9 Distance 1.0 1.8 0.9 0.48 

18S 1 Time  31.9 50.6 22.5 0.0045 
2 pH 10.0 15.8 8.1 0.0036 
3 Nitrogen 5.7 9.0 5.0 0.0036 
4 Temperature 6.1 9.7 5.9 0.0030 
5 Carbon 3.1 4.9 3.1 0.011 
6 Chlorophyll a 2.8 4.5 3.0 0.024 
7 Soil moisture 1.5 2.3 1.6 0.18 
8 Bulk Density 1.1 1.8 1.2 0.34 

9 Distance 0.9 1.4 1.0 0.37 
23S 1 Temperature 36.4 55.0 27.5 0.0045 

2 Nitrogen 8.6 13.0 7.3 0.0090 
3 Bulk Density 7.1 10.7 6.8 0.0060 
4 pH 4.2 6.3 4.3 0.0090 
5 Carbon 3.6 5.5 4.0 0.014 
6 Chlorophyll a 2.4 3.6 2.7 0.050 
7 Time (days) 1.6 2.4 1.9 0.17 
8 Distance 1.3 2.0 1.5 0.19 
9 Soil moisture 1.1 1.7 1.3 0.22 
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Table 2.13. Redundancy analysis of bulk soil microbial communities. Relative contributions of 
measured variables towards bulk soil microbial community composition. Redundancy analysis was 
performed using integrative forward-selection 

 
 

Amplicon Rank Factor Variation 
explained 
(%) 

Contribution 
to explained 
variance (%) 

Adjusted 
F-statistic 

P-value 

16S 1 Time 15.9 37.9 9.1 0.0045 
2 Nitrogen 8.2 19.5 5 0.0045 
3 Temperature 4.7 11.2 3 0.0036 
4 pH 3.4 8.1 2.2 0.0045 
5 Soil moisture 2.7 6.5 1.8 0.014 
6 Carbon 3.1 7.4 2.1 0.011 
7 Bulk Density 1.6 3.9 1.1 0.32 
8 Distance 1.2 3.0 0.9 0.79 
9 Chlorophyll a 1.1 2.7 0.8 0.8 

ITS 1 Time  15.3 40.7 8.7 0.0090 
2 Temperature 4.9 12.9 3.0 0.0090 
3 Nitrogen 4.8 12.6 2.8 0.012 
4 Soil moisture 3.4 8.9 2.1 0.013 
5 Carbon 2.5 6.6 1.6 0.12 
6 pH 2.6 6.9 1.7 0.068 
7 Chlorophyll a 2.0 5.4 1.3 0.18 
8 Distance 1.3 3.5 0.8 0.75 
9 Bulk Density 0.9 2.5 0.6 0.95 

18S 1 Bulk Density 5.1 24.5 2.6 0.072 
2 Time  4.7 22.7 2.5 0.072 
3 pH 3.5 16.8 1.9 0.25 
4 Nitrogen 1.9 9.3 1.0 0.71 
5 Distance 1.9 9.1 1.0 0.67 
6 Temperature 1.1 5.3 0.6 0.77 
7 Soil moisture 1.0 4.9 0.5 0.92 

8 Chlorophyll a 0.9 4.4 0.5 0.87 
9 Carbon 0.6 3.0 0.3 0.94 

23S 1 Temperature 12.3 32.0 6.7 0.0045 
2 pH 7.8 20.4 4.6 0.012 
3 Bulk Density 6.3 16.5 3.9 0.0090 
4 Nitrogen 3.1 8.1 2.0 0.185 
5 Soil moisture 2.6 6.9 1.7 0.180 
6 Carbon 3.2 8.3 2.1 0.094 
7 Distance 1.6 4.3 1.1 0.46 
8 Time 0.9 2.3 0.6 0.73 
9 Chlorophyll a 0.4 1.2 0.3 0.96 
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2.4. Discussion 

This chapter presents the first study that uses next generation sequencing techniques 

to track the development of microbial communities of soil crusts in a temperate 

agricultural environment. Results here revealed significant disparities between the soil 

surface and bulk soil bacterial, protist and phototrophic community composition and 

diversity. Furthermore, these communities exhibited significant reductions in alpha 

diversity and became less similar to initial communities across time in the soil crust. 

Additionally, a substantial number of moss and lichen sequences were detected in soil 

crust phototrophic communities in later time points, suggesting considerable 

development of soil crusts had occurred. Soil crust communities displayed substantial 

enrichments of Cyanobacteria which were over 10-fold more abundant in comparison 

to the bulk soil, which is in accordance with a number of prior studies performed in 

arid regions. Furthermore, significant enrichments of Bacteroidetes, Agaricomycetes, 

Dothideomyctes, Rhizaria, Oscillatoriales and Dinophyceae were all presented in the 

soil crust relative to bulk soil, suggesting a currently underappreciated significance of 

these taxa in soil crust communities. At the OTU level, using both SIMPER and 

differential abundance analysis, findings here revealed that sequences assigned to 

Phormidium (Cyanobacteria), Vaucheria litorea (yellow-green algae) and 

Klebsormidium flaccidum (charophyte green algae) were significantly enriched in the 

soil crust, which were substantially more abundant at the end of the time course. Soil 

crust microbial co-occurrence networks were more complex than bulk soil networks, 

within which they had a higher number of nodes, edges and connectivity, but the 

proportion of nodes assigned to each amplicon and the polarity of connections was 

conserved across compartments. Cartographic representation of microbial networks 

revealed that fungal OTUs such as Meliniomyces and Plenodomus were highly 

connected in the soil crust, suggesting a significant role of fungal taxa in the soil crust, 

despite there being no overall differences in fungal community composition or 

diversity between compartments. Furthermore, the correlative importance of fungal 

OTUs in soil crust communities identified by network analysis, coupled with 

significantly higher levels of chlorophyll a in soil crust samples provides evidence 

that suggests a functional role in the degradation phototroph biomass by fungal 

saprotrophs. This is further supported by substantial shifts in fungal community 

composition in developed crusts between April and August, during which significant 
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increases in phototrophic biomass were observed, and therefore additionally provides 

evidence of ecological succession during this time frame. Community assembly 

processes of bacterial communities were initially governed by deterministic processes 

(homogenous selection), but stochastic processes became more prevalent across time. 

Fungal, protist and phototroph communities were all dominated by stochastic 

community assembly processes regardless of time, which consisted mainly of 

dispersal limitation in the soil crust but drift in the bulk soil. Lastly, redundancy 

analysis revealed that local-scale distance effects had a negligible influence on soil 

crust and bulk soil microbial community composition. Together, these results 

highlight that the soil surface is a taxonomically distinct soil compartment, that has 

enrichments of a number of taxa that are not abundant in lower soils. Moreover, results 

here show that substantial development of soil crusts can occur within a single 

growing season in a real-world agricultural ecosystem.  

 

2.4.1. Alpha diversity 

Alpha diversity was significantly lower in bacterial, protist and phototrophic soil crust 

communities in comparison to bulk soil communities. This finding not only 

complements prior research performed in arid regions, which has shown that bacterial 

alpha diversity is substantially lower in soil crusts relative to subsurface and bare soils 

(Mojave Desert and Colorado Plateau), but additionally extends this finding to protist 

and phototrophic communities (Mogul et al., 2017, Lee et al., 2016). The soil surface 

is subject to a harsher extent of environmental stresses relative to the bulk soil, which 

includes large temperature fluxes, freezing and thawing cycles, high UV light 

exposure, mechanical pressure and high levels of dispersal (see section 1.2.5.3), all of 

which will select for a tighter range of taxa that are adapted to tolerate these stresses 

and could reduce diversity (Csotonyi et al., 2010). A number of studies have also 

shown that bulk soil communities exhibit a higher species richness than other soil 

compartments, for example the rhizosphere, which is often associated with increased 

resistance and resilience, a greater multifunctionality and the ability to act as a seed 

bank for rare taxa to flourish in altered environmental conditions (Fuhrman, 2009, Shi 

et al., 2015). In the context of agriculture, increased diversity of the bulk soil could 

therefore act as a reservoir that recruits rare taxa to help re-establish soil surface 

communities after perturbance events that mix surface and bulk soils, for example due 
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to tillage or harvest - which has previously been implied in the recruitment of arid soil 

crust communities (Lee et al., 2016). This is supported by temporal analysis of alpha 

diversity, within which no significant compartmental differences were seen in 

November (2 weeks post-tillage) in alpha diversity, suggesting a shared microbial pool 

between compartments shortly after perturbation. Furthermore, temporal analysis also 

revealed that alpha diversity of bacterial, fungal, protist and phototroph soil crust 

communities significantly reduced with time. This result is actually contrary to 

findings present by Maier et al. (2018), who revealed that alpha diversity of 16S rRNA 

and 18S rRNA community profiles increased as soil crusts became more developed in 

arid soils obtained from South Africa. While results shown by Maier and colleagues 

suggest that increased soil crust development in arid regions encourage proliferation 

and recruitment of taxa to the soil surface, results shown here suggest that soil crust 

development instead leads to increased exclusivity of soil surface microbial 

communities.  

 

2.4.2. Community composition 

NMDS plots of bacterial, fungal, protist and phototrophic communities showed 

considerable compartmental clustering, within which soil crust communities were 

compositionally less similar to one another in comparison to bulk soil communities. 

Further analysis showed that that these differences were due to greater temporal 

variation in soil crust communities, and additionally NMDS plots showed that soil 

crust communities at early time points were compositionally similar to bulk soil 

communities. This strengthens the proposal that agricultural disturbances that mix the 

soil surface and bulk soils, such as conservational tillage and crop drilling, result in a 

shared microbial pool between these two compartments. Community-level similarity 

comparisons revealed that both soil crust and bulk soil communities exhibited 

significant temporal changes in community composition across the growing season. 

Although significant reductions in community similarity were witnessed in 

communities from both soil compartments, a larger shift in composition was seen in 

soil crust communities in comparison to bulk soil communities. Temporal 

development of soil crusts has been widely reported before, but current analysis of soil 

crust development is limited to morphological descriptions or culturing individual 

isolates from soil crusts (Li et al., 2002, Veluci et al., 2006, Liu et al., 2017a, Faist et 
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al., 2017, Tamm et al., 2018, Belnap, 2003c). Results here for the first time use 

molecular methods to show significant shifts in microbial community structure across 

time and suggest that substantial development of soil crusts occurs within the space of 

a single growing season in a temperate region.  

 

2.4.3. Taxonomic comparisons 

2.4.3.1. Bacterial communities 

Significant compartmental differences in taxonomic composition were seen between 

bacterial, protist and phototroph communities. At the whole community level, fungal 

communities did not exhibit significant differences between compartments. In 

bacterial communities, significant enrichments of Cyanobacteria, Bacteroidetes and 

Proteobacteria occurred in the soil crust. Of these, the average relative abundance 

(across all time points) of Cyanobacteria (detected by the 16S rRNA region, as 

opposed to 23S rRNA) was almost 15-fold higher in soil crust communities in 

comparison to bulk soil communities. A plethora of studies have highlighted the 

importance of Cyanobacterial populations in both the establishment and development 

of soil crusts in a number of arid ecosystems, and results here too display their 

taxonomic significance at the soil surface (Belnap and Harper, 1995, Mazor et al., 

1996, Büdel, 1999, Belnap et al., 2003a). However, in arid ecosystems Cyanobacterial 

populations have been shown to constitute a much larger proportion of soil crust 

bacterial communities, normally ranging between 20-50% and are often the dominant 

bacterial phylum  (Becerra-Absalón et al., 2019, Kuske et al., 2012, Büdel et al., 2016). 

Results here revealed that although soil crust Cyanobacterial abundance was 

significantly higher than bulk soil, their contribution to total relative abundance was 

much lower, only reaching a maximum of 6% in May, which is similar prior to studies 

performed in cooler climates (Pushkareva et al., 2015). However, temporal analysis 

revealed that the abundance Cyanobacteria substantially increased across the time 

course, and if soil crusts were left to develop for longer time periods comparable 

proportions of Cyanobacteria, which have been presented in unperturbed arid 

ecosystems, may have been seen. At the OTU level, Phormidium and Leptolyngbya 

displayed the highest fold-change in soil crust communities, and additionally SIMPER 

analysis identified Phormidium as the second highest OTU contributing to 

compartmental differences. Furthermore, temporal analysis revealed that Phormidium 
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was substantially increasing in relative abundance across time. A number of studies 

have shown that Phormidium species are widely distributed and can thrive in a number 

of habitats, such as arctic mats and aquatic biofilms; but more specifically they are 

also thought to be integral for the initial colonization and formation of soil crusts due 

to their filamentous nature, but are often replaced in more developed crusts 

(Pushkareva et al., 2015, Komárek et al., 2003, Dojani et al., 2014, Bowker et al., 

2018). Leptolyngbya species are also filamentous, and prior studies have suggested 

that they are a dominant Cyanobacterial group in polar and desert soil crusts 

(Pushkareva et al., 2015, Dojani et al., 2014). The enrichment of these OTUs therefore 

suggests the functional capability in soil surface establishment and stabilization by 

Cyanobacteria. Furthermore, increasing enrichments of Phormidium over time 

suggest that soil crust communities were still under development and had not yet 

reached their climax community. Results here surprisingly detected no 16S rRNA 

signals of Microcoleus vaginatus, which has been prior suggested to be an abundant 

keystone species in early development of arid soil crust communities (Kuske et al., 

2012, Rajeev et al., 2013).  

 

The relative abundance of Bacteroidetes was on average 1.3-fold higher in soil crust 

communities in comparison to bulk soil communities. A number of studies have 

shown that members of Bacteroidetes make up a considerable amount of the 

heterotrophic component of soil crust communities, and perform significant roles in 

the production of exopolysaccharides that can contribute to soil stabilization, as well 

as the catabolism of different compounds due to their flexible metabolic repertoire 

(Abed et al., 2019, Gundlapally and Garcia-Pichel, 2006). Temporal analysis revealed 

that Bacteroidetes abundance was fairly stable across the time course, except for a 

large increase in abundance during March, which coincided with a series of fertilizer 

application events and a sharp increase in pH (see 2.4.6.2). At the OTU level, log-fold 

change analysis identified 28 Bacteroidetes OTUs that were significantly-enriched in 

soil crust communities, most of which belonged to the classes Cytophagia and 

Sphingobacteria. Previous studies have reported that Cytophagia were isolated from 

arid soil crusts obtained from the Northern Cape Province, South Africa, and 

additionally Hymenobacter (which 7/13 Cytophagia OTUs were assigned to) species 

have been successfully isolated from the Hopq Desert, China (Maier et al., 2018, Liang 
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et al., 2018). However, their functional significance of these taxa in soil crusts remains 

unstudied.  

 

Proteobacteria were also significantly enriched in soil crust communities and were on 

average 1.2-fold higher than in bulk soil communities. Proteobacterial populations 

contributed to a large proportion of overall relative abundance (~30%) and were the 

second most abundant phylum in both soil compartments. Proteobacteria are abundant 

in a number of soils found globally, but they have also been reported to be dominant 

in soil crusts found in the Tengger Desert in China (Liu et al., 2017b). Prior studies 

have suggested that members of the Proteobacteria phylum can also excrete 

exopolysaccharides that support surface stabilization, and have shown enrichments of 

several Proteobacterial taxa in arid soil crusts (Gundlapally and Garcia-Pichel, 2006, 

Steven et al., 2013b). At the OTU level, SIMPER analysis identified Oxalobacteraceae 

as the most enriched soil crust OTU, and log-fold change analysis identified 26 

Proteobacterial OTUs that were significantly enriched in soil crust communities. Prior 

studies in desert regions have identified a signature accumulation of Oxalobacteria in 

soil crusts, which has been linked with their ability to degrade and utilize oxalate, a 

compound excreted by desert plants, lichens and fungi (Nagy et al., 2005). A number 

of enriched Proteobacteria OTUs were additionally assigned to Sphingomonas, which 

have been previously isolated from desert crusts, but their overall function in soil 

crusts remains mostly unknown (Reddy and Garcia-Pichel, 2007). Overall, results here 

suggest that both phototrophic and heterotrophic bacterial taxa are critical members of 

developing soil crusts in a temperate agricultural soil.  

 

In bulk soil communities, there were significant enrichments of Nitrospirae, 

Acidobacteria, Verrucomicrobia, Planctomycetes and Firmicutes. Of these, 

Nitrospirae was the most enriched bacterial phylum in bulk soil communities, which 

has also been shown in prior studies (Mogul et al., 2017). This further emphasizes the 

large differences in bacterial community structure between the soil surface and bulk 

soils. 
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2.4.3.2. Fungal communities 

Whilst overall community composition did not differ between compartments in fungal 

communities, there were significant enrichment of Agaricomycetes and 

Dothideomycetes in soil crust communities.  Agaricomycetes are normally a dominant 

class in soil microbial communities and belong to Basidiomycota, which contribute 

significantly to carbon cycling through the decomposition of plant litter and organic 

material, and their enrichment in the soil crust suggest a potential functional role in 

these processes (Lynch and Thorn, 2006). Prior studies have additionally found 

abundances of Agaricomycetes in soil crusts, but so far this has only been shown in 

crusts obtained from arid regions (Mueller et al., 2015). At the OTU level, 15 OTUs 

assigned to Agaricomycetes were significantly enriched in soil crust communities, 

however most of these had no annotation beyond the order Agaricales (Bates et al., 

2012).  

 

Dothideomycetes (a class within Ascomycota) were also significantly enriched in soil 

crust communities. Dothideomycetes are known to tolerate extreme environments, 

which include high UV radiation, drought and fluctuations in temperature, which may 

explain their abundance at the soil surface (Sun et al., 2017). A study by Steven et al. 

(2016) which examined fungal communities of soil crusts across a 15 km spatial 

gradient in the Colorado Plateau, identified that Dothideomycetes populations were 

always abundant despite other taxa exhibiting large variation, suggesting they are part 

of the core biocrust community. Furthermore, the abundance of Dothideomycetes 

increased ~2 fold in the final four time points, which suggests a larger taxonomic role 

in more developed soil crusts. Abundances of Dothideomycetes presented here 

represents the first study to show enrichment of this class in soil crusts outside an arid 

ecosystem. SIMPER analysis identified Plenodomus biglobosus (belonging to 

Dothideomycetes) as the main fungal OTU contributing to compartmental and 

temporal differences in fungal community composition, which had a substantial 

contribution to relative abundance in the final 4 months (6-10%). Plenodomus 

biglobosus has previously been described as an opportunist fungal pathogen that is 

capable of infecting a range of plants, that include common crops such as Brassica 

species (de Gruyter et al., 2013, Cai et al., 2014). However, it is capable of producing 

ascospores that are incredibly vulnerable to wind dispersal, therefore enrichments at 
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the soil surface are likely due to dispersion. Fold-change analysis identified 

Xylographa vermicularis as the most enriched OTU in soil crust communities. 

Members of Xylographa are amongst the most abundant lichen mycobionts in 

temperate regions, and their abundance at the soil surface is likely linked with the 

development of soil crusts through the association with lichens (which were enriched 

in soil crusts in later months) (Spribille et al., 2014). Additionally, Endogonales 

(Mucoromycotina) were also significantly enriched in soil crust communities. 

Although Enodogonales are currently poorly defined, they form arbuscular 

mycorrhizal associations with higher plants, and mycorrhiza-like associations with 

non-spermatophyte plants and bryophytes including liverworts, ferns, lycophytes, 

hornworts and mosses (Chang et al., 2019, Desirò et al., 2017). Overall, although 

community-scale analysis did not identify large community-scale shifts in fungal taxa, 

changes in abundance of fungal species are likely to be critical for development into 

mature crusts through symbioses with autotrophs.  

 

2.4.3.3. Protist communities 

The roles of protist in soil microbial communities are rarely considered in the current 

literature. Results in this chapter presents one of the few studies that examine soil crust 

protist communities, and findings here revealed for the first time that the soil crust is 

enriched of a number of protist taxa in a temperate soil.  Rhizaria (SAR) were the only 

taxa that were significantly enriched in soil crust communities at the ‘ta1’ taxonomic 

level. Rhizaria are an extremely diverse supergroup that are composed of several 

phyla, and consequently are functionally diverse. They are capable of forming long 

pseudopodia, which are cytoplasmic hair-like extensions that are capable of forming 

networks that can reach over a centimeter in diameter, and their enrichment in the soil 

surface may too contribute towards soil surface stability (Geisen et al., 2018, Burki 

and Keeling, 2014). Furthermore, Rhizaria are known to form photosymbiotic 

relationships with microalgae and some groups are actually considered algae 

themselves, which may suggest they are associated with the photosynthetic capability 

of the soil crust (Burki and Keeling, 2014). A large number of Rhizaria OTUs were 

also enriched in the soil crust, which mainly consisted of Cercozoa. Cercozoa are 

vastly abundant in soils and contain large groups of bacterial grazers, and due to an 

increased recorded microbial biomass at the soil surface, this may be a more desirable 
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habitat for these organisms. A recent study by Fiore-Donno et al. (2018) designed a 

primer set to assess Cercozoan community composition of soil crusts from arid soils 

in Chile and a deciduous mixed forest in Germany. Fiore-Donno and colleagues 

showed that biocrusts from varying climatic regions contained an abundance of 

diverse Cercozoa taxa, but no functional information was inferred from this 

experiment. Results here too reveal that Cercozoa make up a considerable proportion 

of soil crust protist communities, but in a temperate agricultural setting. Temporal 

analysis revealed that Amoebozoa were significantly enriched across time in soil crust 

communities, which were notably abundant in the final three time points. Amoebozoa 

are known to perform considerable roles in bacterial grazing in soils, and their 

abundance in the final time points (when biomass C and N were high in the soil 

surface) may explain their abundance. Prior studies have shown that Amoebozoa taxa 

make up considerable proportions of heterotrophic populations, but current literature 

on this topic is restricted to two studies that sampled from polar (Norway) and arid 

(South Africa) soils  (Rippin et al., 2018, Dumack et al., 2016). Results presented here 

suggest that protist communities contain significant enrichments of numerous taxa in 

temperate soil crusts, including groups that have previously reported roles in bacterial 

grazing and photosynthesis. However, protists are vastly understudied in comparison 

to bacterial and fungal communities, and current taxonomic annotations are relatively 

poor. 

 

2.4.3.4. Phototroph communities 

Analysis of phototrophic communities (determined by the 23S rRNA subunit) 

revealed significant enrichments of Oscillatoriales, Dinophyceae and the PX clade 

were in the soil surface at the class level. Oscillatoriales are a group of filamentous 

Cyanobacteria, whereas Dinophyceae (Dinoflagellates) and the PX clade 

(Stramenopiles) are groups of algae. All of these taxa have been shown to be abundant 

components of early colonizing phototroph communities in both arid and arctic soil 

crusts (Pushkareva et al., 2015, Condon et al., 2019), and results here too suggest a 

significant taxonomic role in a temperate soil. At the OTU level, Leptolyngbya (also 

identified from 16S rRNA sequences, see 2.4.1.3.1), Vaucheria litorea, 

Klebsormidium flaccidum and Nodosilinea were identified as highly enriched soil 

crust taxa; and additionally Vaucheria litorea, Klebsormidium flaccidum and 
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Microcoleus vaginatus were identified as displaying the greatest temporal variation in 

the soil crust. Nodosilinea belong to the same family as Leptolyngbya 

(Leptolyngbyaceae) and are also filamentous in nature and may perform similar 

functions as Leptolyngbya in soil surface stabilization (Türk and Gärtner, 

2003).Vaucheria litorea is a species are filamentous, tubular yellow-green algae 

which is associated with early soil surface colonization and formation of yellow-green 

algal mats (Türk and Gärtner, 2003). Klebsormidium flaccidum and Microcoleus 

vaginatus are both widely reported as keystone species of soil crust colonization in a 

number of arid soils due to their excretion of mucilage and exopolysaccharide that 

binds and stabilizes the soil surface (Veluci et al., 2006, Bu et al., 2015). Enrichments 

of these taxa in the soil crust, notably in the last four months, highlights the functional 

capability of phototrophic communities for stabilizing the soil surface. 

 

Furthermore, significant detection of Bryophyta sequences (which were exclusively 

moss and lichen sequences) were detected in soil crust communities, which increased 

substantially in the final three months, reaching a peak relative abundance of 28%. 

This result correlates with visual assessments and morphological analysis of soil cores, 

within which after 8 months the soil surface was almost exclusively covered by a green 

biotic layer and contained an abundance of mosses. This result is one of the first 

studies that shows substantial development of mosses in soil crusts within a relatively 

short time span (<1 year). For example, a study by Li et al. (2002) revealed that 

progression towards moss-dominated soil crusts occurred after 8-10 years in the 

Tengger Desert, China (an arid ecosystem), but only if left unperturbed. A similar 

timescale to show the presence of mosses in soil crust development has additionally 

been described in a number of studies, all of which have been in non-agricultural arid 

ecosystems (Maestre et al., 2011, Belnap and Eldridge, 2003, Dojani et al., 2011). The 

quickest progression of a moss-dominated soil crusts was recorded by Wang et al. 

(2009) in the desert areas of Mongolia, in which the presence of mosses occurred after 

2 years of soil crust formation. However, this study was performed in a semi-artificial 

system, whereby soils were inoculated with cyanobacteria in order to simulate soil 

crust growth and were protected from physical perturbations by using sand barriers 

and straw checkboards. The timescale for natural biological soil crust development in 

temperate ecosystems has been recorded to occur much quicker than in arid regions. 
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For example, Fischer et al. (2010) described the development of 2.5 mm thick soil 

crusts, which were dominated by cyanobacteria and algae, three years after a 

perturbation event in a natural system containing temperate soils from Germany, 

although no presence of mosses were recorded. A recent study by Crouzet et al. (2019) 

recorded the rapid progression of algal biocrusts after just 50 days in a mesocosm 

experiment using agricultural temperate soils in France. Although this study was 

performed in an experimental system with controlled environmental conditions, this 

highlights the capacity for the rapid development of soil crusts in temperate regions. 

Overall, results shown here highlight the quickest recorded development of soil crust 

communities to show the presence of mosses in any soil ecosystem.  

 

2.4.4. Microbial co-occurrence networks 

Only a small number of studies have explored soil crust communities using co-

occurrence microbial networks and results here represent the first use of this method 

in temperate soil crusts. Microbial co-occurrence network analysis revealed that soil 

crust networks were more complex in comparison to bulk soil networks. Both soil 

compartments had a higher proportion of positive (~60%) than negative (~40%) 

connections, suggesting the majority of microbial correlations were potentially 

beneficial, such as symbioses or commensalism. However, soil crust communities 

displayed a higher level of connectivity and centrality but had a lower number of 

clusters in comparison to bulk soil communities. Similar findings were shown by 

Chilton et al., (2017), who examined bacterial networks from arid soil crusts in New 

South Wales and found that undeveloped and bare soil crusts had lower connectivity 

than highly developed crusts.  Whilst a higher level of connectivity is normally 

considered a sign of a more robust community, higher connectivity combined with 

high centrality and low modularity are typical of microbial communities that are less 

stable under disturbance events, which have been shown in bacterial responses to 

drought (de Vries et al., 2018, Santolini and Barabási, 2018). Therefore, connectivity 

features shown in soil crust microbial networks here are typical of microbial 

communities that are less stable under disturbance events. 

 

Soil crust networks had a higher number of nodes (136) in comparison to bulk soil 

networks (77), which suggests that bulk soil communities exhibit a lower number of 
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important interacting OTUs. The number of nodes in both compartments however 

were represented by a similar proportion from each amplicon, in which ITS amplicons 

had the highest proportion, followed by 16S rRNA, 18S rRNA and 23S rRNA (in that 

order) amplicons. Prior work has suggested that fungal co-occurrence networks are 

more stable in perturbance events, which may explain their abundance (de Vries et al., 

2018). Surprisingly, 23S rRNA nodes (phototroph amplicons) represented the least 

proportion of nodes in soil crust networks, suggesting that a lower number of 23S 

rRNA OTUs are correlatively important. Cartographic representation of soil crust 

nodes revealed that Meliniomyces (ITS) was classified as a ‘module hub’, which are 

normally considered as keystone taxa due to their importance in network topology 

(Cong et al., 2019). Meliniomyces are groups of mycorrhizal fungi that can form 

symbioses with plants in a structural plant-fungal symbiotic complex, known as the 

Rhizoscyphus ericae aggregate, or in plant roots (Hambleton and Sigler, 2005). 

However, these associations have previously been shown to only occur with plants 

belonging to the Ericaceae family (such as ericaceous shrubs and ectomycorrhizal 

trees), which were not present in this system; and additionally there have been no prior 

studies that have reported abundances of Meliniomyces in soil crusts. Whilst results 

here suggest an important a functional significance of Meliniomyces in the soil crust, 

it is not clear the exact role may be. Further highly-connected ITS OTUs in soil crust 

communities included the potential plant pathogen Plenodomus and plant symbiotic 

Endogonomycetes (section 2.4.1.3.2), which were both previously identified as 

significantly enriched OTUs in soil crust communities – suggesting plant-microbe 

interactions are important in shaping soil crust communities (Bates et al., 2010, 

Adhikari et al., 2014). For 16S rRNA, 18S rRNA and 23S rRNA amplicons, 

Phormidium, Rhizaria, Vaucheria litorea and Klebsormidium flaccidum were all 

identified as highly connected OTUs, which were all taxonomically enriched in soil 

crust communities (section 2.4.1.3). Taxonomic enrichment, coupled with a large 

number of correlative connections emphasizes the proposal that these taxa are 

important members for soil surface stabilization and recruitment of other taxa to soil 

crusts, which has been suggested by a number of prior studies in arid regions. 

Furthermore, these results highlight that whilst fungal communities did not display 

significant differences between compartments, a number of fungal taxa have important 

interactions in soil crust communities.  
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It was hypothesized that a decreased connectivity would occur in soil crust 

communities over time, as more dominant phototrophic OTUs would become more 

prevalent but no trends were seen in connectivity across time. Furthermore, there were 

no differences in the proportion of positive and negative connections in either 

compartment with time, but the ratio always remained roughly 60% positive, and 40% 

negative. This suggests there was a higher level of beneficial relationships (e.g. 

symbiosis) as opposed to negative relationships irrespective of time. No differences 

were seen in the number of nodes, or the relative proportion of nodes represented by 

each amplicon across time. Cartographic representation (results not presented) 

revealed no large changes in connected taxa between months in either compartment, 

and the same OTUs discussed earlier had the highest connectivity regardless of time. 

These results are contrary to results presented by Chilton et al., (2017), who showed 

that co-correlation networks of arid soil crusts displayed significant structural changes 

in network topology as soil crust development increased, which mainly consisted of 

increased connectivity. However, this study only examined bacterial co-occurrence 

networks, and did not consider the fungal, protist and non-bacterial phototroph 

communities. Overall, these results highlight that compartmental, not temporal, 

differences are more important in determining network topology.   

 

However, microbial network analysis remains a young field in microbial ecology and 

there is yet to remain a universally accepted method to generate microbial correlation 

networks. Network analysis is extremely prone to thresholding techniques and the 

method of filtering OTU tables (for example, rarefaction, use of multi-amplicon 

networks, removal of rare taxa) can significantly impact network structure and 

topology (Ju et al., 2014, Berry and Widder, 2014). Furthermore, the community 

remains split over the optimal correlation algorithm to use, for example SparCC or 

SPIEC-EASI, and the use of different algorithms can additionally contribute to 

differences in network topology. As a result, results of microbial network analyses 

should be assessed with caution. 
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2.4.5. Community assembly processes 

Only a small selection of studies have previously used null models to quantify 

community assembly processes of microbial communities over time, and this 

experiment represents the first study to use null models to quantify community 

assembly processes in soil crust communities from any environment. Results 

presented here revealed that fungal, protist and phototroph communities were mainly 

governed by stochastic community assembly processes, whereas bacterial community 

assembly processes were governed by both deterministic and stochastic processes. 

Furthermore, clear differences were seen between compartments in community 

assembly processes in every amplicon, within which bulk soil communities were all 

dominated by random genetic drift, or drift and selection (bacteria) – which suggests 

assembly in the bulk soil is largely random. Bacterial soil crust communities were 

initially dominated by homogenous selection, which occurs in environments within 

which there is a consistent geophysical selection pressure, resulting in a low species 

turnover (Stegen et al., 2015). Similar findings were presented by Tripathi et al. 

(2018), who quantified community assembly processes from soil samples obtained 

from various arctic glacial chronosequences in Svalbard (Norway). Tripath and 

colleagues showed that in early successional stage soils, bacterial communities were 

initially dominated by homogenous selection (30-100%) in 4 geographically separated 

chronosequences, but gradually became dominated by stochastic processes over time.  

Results presented here show similar trends to Tripath et al., (2018), and in the context 

of this study suggest that in undeveloped soil crusts there is a strict environmental 

pressure at the soil surface that is restricting propagation to select biota. However, over 

time bacterial, fungal, protist and phototroph soil crust communities all became 

dominated by dispersal limitation. Dispersal limitation occurs when there are weak 

selection pressures and physical barriers constrain organisms from different 

populations from mixing. In this situation, this result suggests that in developed soil 

crusts there is dispersal barrier that is preventing assembly at the soil surface, and that 

the ability to disperse to the soil surface by chance events is the main factor 

determining assembly. Together, these results support the proposal that the ability to 

assemble at the soil surface is initially restricted to well adapted taxa due to the strict 

environmental pressures, but in developed soil crusts these selective pressures are 

more negligible and the stochastic events determine assembly. As this is the first study 
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to use null model approaches to quantify community assembly processes of soil crusts 

communities across time, further research is warranted to test whether results shown 

here hold true in other ecosystems.  

 

2.4.6. Soil physiochemical properties 

2.4.6.1. Soil moisture 

The soil surface is often described as an extreme environment due to the large 

fluctuations in physical pressures it experiences (Csotonyi et al., 2010). Results here 

suggest that the immediate soil surface and bulk soil were under similar environmental 

stresses. Significant differences in recorded physical parameters between 

compartments were only seen in November (soil moisture), March (pH), April (pH) 

and June (pH). Large variation was seen in soil moisture content across the time course 

and the same trends were seen in both soil crust and bulk soil samples. Soil moisture 

is known to significantly impact important soil functions, for example an increase in 

soil moisture is often associated with higher levels of carbon and nitrogen fixation 

(Niederberger et al., 2015, Zielke et al., 2002). A number of studies have shown that 

soil moisture is a highly important driver in shaping microbial communities. For 

example, a recent study by Frindte et al. (2019) showed that soil moisture was a main 

long-term driver in shaping community structure in arctic-alpine soils. However, 

redundancy analysis here revealed that soil moisture was not the main contributor to 

explained variance of microbial communities in both compartments, and only 

contributed significantly in bacterial and fungal community composition.  

 

2.4.6.2. Soil pH 

Extremely large fluctuations were seen in pH across the time course, which ranged by 

over a pH unit in soil crust samples and by just over half a pH unit in bulk soil samples. 

Seasonal fluctuations in soil pH are widely reported, which can often be associated 

with microbial processes, for example soil acidification mediated by nitrification, or 

by non-biotic processes such as rainfall events and nutrient leaching (You et al., 2015, 

Miegroet and Cole, 1984, Wang et al., 2015). Soil pH is arguably the most important 

factor in shaping microbial communities, and a variety of studies have examined the 

impacts of soil pH on community structure over local and continental scales (Fierer 

and Jackson, 2006). For example, Bartram et al. (2014) identified sizable, scalable 
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shifts in the abundance of a number of soil bacterial phyla, including Acidobacteria, 

Alphaproteobacteria, Verrucomicrobia and Gammaproteobacteria, across a pH 

gradient ranging from 4.5 – 7.5. Results here revealed that variation in soil crust 

communities (all amplicons) was always significantly impacted by pH and 

additionally in bacterial and phototroph bulk soil communities.  

 

More specifically, a significant decline in pH was seen in both compartments from 

November to May, but an abnormal spike in pH was seen only in the soil surface in 

March, which coincided with the application of nitrogen-based fertilizers. Application 

of nitrogen-based fertilizers can either acidify and alkalify soils depending on type of 

fertilizer that has been used (Barak et al., 1997). Urea fertilizers, which were applied 

one day prior to sampling in March, can temporarily increase local soil pH and can 

lead to high rates of volatilization due to ammonium conversion (up to 50% loss of 

nitrogen) (Jones, 2013). However, microbial oxidation of nitrogen-based fertilizers 

over greater time periods has been shown to drastically reduce soil pH, which was 

witnessed in subsequent months (Schroder et al., 2011). Therefore, it is likely that the 

short-term increase in pH at the soil surface in March samples was due to fertilizer 

application. Very little work has been performed on the impacts of fertilizer 

application and soil crust development, but it has been suggested that large chemical 

application may be detrimental to soil crust health (Belnap, 2003). In March, soil 

crusts appeared lighter in colour and experienced a sharp increase in chlorophyll a 

content in comparison to general trends seen in prior months. Furthermore, a large 

shift was seen in bacterial community composition and a reduction of bacterial alpha 

diversity occurred during this month, suggesting the large shift in pH altered bacterial 

community structure. However, these changes were only seen in bacterial soil crust 

communities, which suggests that fungal, protist and phototrophic soil crust 

communities were more resistant to pH fluctuations. A number of studies have shown 

that soil bacterial communities are less resistant, but more resilient, to environmental 

perturbations than fungal communities (Bapiri et al., 2010, de Vries et al., 2018). For 

example, Barnard et al. (2013) highlighted  that community composition of bacterial 

communities were significantly different after drought treatments but recovered 

rapidly upon re-wetting, however fungal communities remained relatively unchanged 

throughout the whole process. However, the impacts on soil protist and phototroph 
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communities are less well known. Furthermore, the compositional shift that was seen 

in bacterial communities in March is likely attributed to the large increase (>2-fold) 

in the relative abundance of Bacteroidetes, which are known to increase substantially 

with a rise in soil pH (Lauber et al., 2009). A number of studies have shown that 

Bacteroidetes make up a considerable amount of the heterotrophic component of soil 

crust communities, and may perform significant roles in the production of 

exopolysaccharides that can contribute to soil stabilization, and the catabolism of 

different compounds due to their flexible metabolic repertoire (Abed et al., 2019, 

Gundlapally and Garcia-Pichel, 2006). Overall, this result highlights that temperate 

agricultural soils are prone to large changes in pH over time, which likely influence 

community structure.  

 

2.4.6.3. Physical perturbations to the soil surface 

In arid desert ecosystems, prior studies have shown that it can take up to 25 years for 

soil crusts to fully develop into communities containing mosses and lichens, which is 

only possible if they are left unperturbed (Li et al., 2002). However, in different 

climatic regions the development of soil crusts into mature late-successional crusts 

can occur in a much shorter time scale (Wang et al., 2009, Fischer et al., 2010, Crouzet 

et al., 2019). Results here showed that development of soil crusts to complex 

communities, including mosses, can occur within just a few months within an 

agricultural system. However, during this time frame soil crusts were exposed to a 

number of major physical disturbance events. Shortly prior to the initial time point, 

the soil surface was subject to herbicide application (glyphosate, pendimethalin, and 

Diflufenican) and 6-inch minimum tillage (the process of mechanically replacing 

surface soil with lower layers). Despite the benefits of tillage in increasing surface 

nutrients and preparing the soil for drilling, tillage is currently a widely-debated and 

controversial practice as it can result in the mineralization soil organic carbon, increase 

surface wind and water erosion, increase soil compaction and reduce water infiltration, 

all of which are associated with a reduction in soil health (Haddaway et al., 2017, Gao 

et al., 2016). On top of this, differences in tillage regimes have also been shown to 

significantly alter the composition and functionality of microbial communities (Smith 

et al., 2016, Degrune et al., 2017). Soil crusts are readily destroyed by tillage practices 

and a recent study by Durham et al. (2018) suggested that past tillage practices had 
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long-lasting detrimental impacts on the species richness of soil crust lichen and 

bryophyte functional groups from grassland soils in Western Montana (USA). 

Furthermore, the application of herbicides also has been reported to detrimentally 

impact soil crust communities (Belnap and Eldridge, 2003). For example, Zaady et al. 

(2004) concluded that application of simazine, a pre-emergence herbicide, disturbed 

soil crust populations, resulting in a reduction of microphytes and mosses, thus leading 

to increased soil erosion.  

 

Results here revealed that there were no significant compartmental differences at the 

first sampling point in November, in microbial community composition (NMDS and 

Bray-Curtis comparisons), alpha diversity (all amplicons), biomass C/N and 

chlorophyll a content, and additionally no crusts were visualized morphologically 

shortly after tillage and pesticide application. This suggests that at the start of the 

growing season soil surface and bulk soil communities were the same, and that no pre-

existing soil crust development persisted from prior seasons. Therefore, the physical 

agricultural disturbances of crop harvest, tillage and pesticide application resets the 

development of crusts after each growing season, creating a level-playing field where 

soil crust pioneers can re-establish.  

 

2.4.7. The relative contributions of edaphic factors, time and distance in shaping 

microbial community composition 

No single edaphic factor was determined to contribute the most towards community 

composition in soil crust and bulk soil samples. In bacterial and protist soil crust 

communities, time was the most important factor for determining community 

composition. However, time displayed strong, significant correlations with 

chlorophyll a content and temperature, which were the most important factors 

determining fungal and phototroph community composition. Time is often considered 

the most important factor for the development of soil crust communities, but only if 

communities can remain unperturbed (Belnap and Eldridge, 2003). In fungal 

communities, a large proportion of variation correlated with chlorophyll a content, 

which suggests phototrophic biomass is important for explaining variation in fungal 

soil crust communities. For phototrophic soil crust and bulk soil communities, 

temperature, which is known to significantly influence photosynthesis and nitrogen 
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fixation, explained a large proportion of explained community variance (Stal, 2017). 

Less variation was explained by measured variables in bulk soil communities, 

suggesting that bulk soil communities are more resistant to environmental variables. 

Time (bacteria and fungi) and temperature (phototroph) were the most important 

factors explaining compositional variance in bulk soil communities.  

 

Redundancy and distance-decay analysis revealed that within-field geographical 

distance did not contribute significantly towards microbial community composition in 

soil crust or bulk soil microbial communities. A number of studies on soil microbial 

communities have shown that local-scale distance effects can significantly influence 

community composition. For example Deakin et al. (2018) identified significant shifts 

in community structure, notably the abundance of several fungal OTUs, across just a 

20 meter scale. Furthermore, previous studies have shown that soil crusts are spatially 

heterogenous on a local scale, and community composition can differ greatly even in 

soil crusts that are several meters apart (Steven et al., 2013b). However, local-scale 

spatial studies of soil crusts have only been performed in unperturbed desert 

environments, where there is heterogenous distribution of soil nutrients that can result 

in accumulation of more-developed soil crusts in hotspots of higher nutrient 

availability (Goberna et al., 2007). Conversely, in agricultural systems the distribution 

of nutrients is often more homogenous (due to processes such as tillage), which may 

reduce variation in the development of soil crusts. Furthermore, the effects of pooling 

samplings (within each ‘W’ shape), which aimed to reduce microsite variation 

(variation under the meter scale) may have reduced distance-decay impacts. Overall, 

results here conclude that local-scale distance effects over a 40 meter transect did not 

significantly influence soil crust community composition.  

 

2.4.8. Conclusions 

Results presented in this chapter represent the first use of next-generation sequencing 

technologies to track the development of biological soil crust and bulk soil 

communities in a temperate agricultural ecosystem. The first aim of this chapter was 

to determine whether the soil crust and bulk soil microbiome are compositionally 

different in a temperate agricultural ecosystem. Amplicon DNA sequencing results 

revealed that there were significant compartmental differences in bacterial, protist and 
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phototrophic community composition and diversity. Soil crust communities had 

substantial enrichments of an array of taxa, which included Cyanobacteria, 

Agaricomycetes, Dothideomyctes, Rhizaria, Oscillatoriales and Dinophyceae. At the 

OTU level, enrichments of taxa associated with soil surface stabilization were seen in 

soil crusts relative to bulk soil, which included Phormidium, Vaucheria litorea and 

Klebsormidium flaccidum. These results suggest that the soil crust has a distinct 

microbiome relative to bulk soils in a temperate agricultural ecosystem.  

 

The second aim of this chapter was to determine whether significant temporal 

dynamics in diversity and composition occurred in soil crust communities. Results 

here revealed that significant reductions in alpha diversity as well as large shifts in 

community composition were seen across time in bacterial, fungal, protist and 

phototrophic soil crust communities. Furthermore, results here showed the quickest 

progression of soil crust development to contain an abundance of mosses in the current 

literature, emphasizing that substantial development of soil crusts can occur within a 

highly perturbed agricultural ecosystem. However, several agricultural management 

practices, such as harvest, tillage and chemical application, were shown to impact 

community structure of soil crusts.  

 

The third aim was to examine local scale variation in soil crust community 

composition. Redundancy analysis revealed that there were no significant 

contributions of local-scale distance effects (over a 40 meter transect) to explained 

variance in soil crust community composition in any amplicon.  

 

The fourth aim was to examine the relative influences of time, geographical distance 

and environmental factors in determining soil crust community composition on a local 

scale. Redundancy analysis revealed that no one single factor explained the most 

variation in soil crust microbial community composition for all amplicons; but time 

(bacterial, protist), temperature (phototroph) and chlorophyll a (fungal) were the most 

important factors in different amplicons.  

 

The fifth aim was to compare co-occurrence networks of microbial communities in 

soil crusts and bulk soils to identify which key taxa are conserved across 
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compartments. Soil crust microbial networks were more complex, within which they 

had a higher number of nodes, edges and connectivity, than bulk soil networks. 

Cartographic representation identified Meliniomyces and Plenodomus were highly 

connected and correlatively-important soil crust OTUs, suggesting their functional 

importance in soil crust communities. Cartographic representation and analysis of 

network topology did not reveal any clear trends in soil crust networks over time.  

 

The last aim was to quantify the relative contributions that each fundamental 

ecological process has in driving soil crust and bulk soil microbial community 

assembly.  Using null models to quantify community assembly processes, results 

showed that deterministic processes dominated soil crust bacterial community 

composition in early time points, but stochastic processes became dominant across 

time. For fungal protist and phototroph communities, stochastic processes (dispersal 

limitation) dominated regardless of time point. Bulk soil community assembly was 

dominantly driven by genetic drift. 

 

Overall, the ecological importance of soil crusts is not currently considered in 

temperate agricultural regions, and due to the previous studies showing the ecological 

importance of soil crusts in arid regions, work here suggests that this distinct 

compartment should be considered in agroecosystems. However, this chapter 

represents a single case study, and further work is warranted to try and identify if 

results found here are reproducible and applicable to other temperate agricultural 

fields.   
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CHAPTER 3 – THE INFLUENCE OF BIOLOGICAL SOIL CRUST 

DEVELOPMENT ON MICROBIAL COMMUNITIES AND SOIL 

STRUCTURE 

 
3.1. Introduction  

3.1.1. Soil physics at the soil surface 

A small number of studies have explored structure at the soil surface. As discussed in 

section 1.2.5.3, the soil surface is exposed to environmental conditions that are not 

experienced in bulk soil, such as high exposure to UV light, mechanical pressure from 

rain water droplets and trampling, and extreme fluxes in temperature, which have been 

suggested to impact on soil structure, as well as community structure (Csotonyi et al., 

2010). A recent study by  Armenise et al. (2018) used X-ray CT to investigate the 

structural changes in artificial physical soil crusts generated after exposure to 

increasing durations of rain water. They found that in three different soil types, the 

soil surface experienced a zone of reduced porosity, termed the ‘soil seal’, which 

increased in thickness after exposure to longer rainfall events (Figure 3.1) (Armenise 

et al., 2018). However, this study exclusively examined physical soil crusts on sieved 

repacked soil cores, and therefore provides little context in reference to naturally 

occurring biological soil crusts. 

 

 
Figure 3.1. Soil seal thickness after increasing durations of rainfall in three soil types. Seal thickness 
was calculated as the depth at which porosity returns to within the 95% confidence interval of reference 
(bulk) soil from X-ray CT images. ZCL: Silty clay loam, SZL: Sandy silt loam, SL: Sandy loam. D2-
D14 indicates duration of rainfall (minutes). Figure obtained from Armenise et al. (2018).  
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Raanan et al. (2016) used X-ray microtomography to examine the soil structure of 

biological soil crusts obtained from hyper-arid soils obtained from Egypt and Israel. 

This study revealed that in the presence of soil crusts, two morphologically distinct 

layers were produced – which they termed the top crust, and the sub crust (Figure 3.2). 

The top crust was classified as a seal found at the immediate soil surface that exhibited 

exceptionally low porosity, whereas the sub crust was directly below the top crust and 

contained a large number of vesicular pores, suggesting higher biological activity in 

this region (Raanan et al., 2016).  

 

 
Figure 3.2. Structure of a biological soil crust obtained from the Negev desert. Structural analysis 
was performed using X-ray microtomography on Cyanobacterial-dominated crusts. Separation of a top 
crust (~top 2mm) and subcrusts (~1-2mm) were identified. Image taken from Raanan et al. (2016).  
 

 
Couradeau et al. (2018) used X-ray microtomography to examine the in-situ response 

of desiccation on the soil structure of developed soil crusts sampled from the Moab, 

Utah. Using imaging techniques, Couradeau and colleagues examined the proportion 

of air, water and mineral particles in an exopolysaccharide Cyanobacterial bundle 

sheath isolated from the soil surface of an arid soil crust. They showed that the 

Cyanobacterial bundle sheath was capable of remaining hydrated whilst surrounding 

soil pores outside the sheath were rapidly drying, suggesting a significant functional 

role of soil crusts in retaining soil moisture in arid soils.  
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Lastly, Menon et al. (2011) used X-ray microtomography to quantify water flow in 

Cyanobacterial and Cyanobacterial-lichen dominated soil crusts isolated from 

Botswana. They concluded that less developed (Cyanobacteria-dominated) crusts had 

a higher porosity and were more prone to mechanical disturbance in comparison to 

more developed crusts (Cyanobacterial-lichen) (Menon et al., 2011). Further, the soil 

surface also identified as a region of lower porosity and increased density in 

comparison to bulk soil (Figure 3.3), which agrees with conclusions made by 

Armenise et al. (2018) and Raanan et al. (2016) (Menon et al., 2011).  

 

 
Figure 3.3. A 2D cross section of a cyanobacterial-lichen dominated soil crust. Structural analysis 
was performed using X-ray microtomography on a cyanobacterial-lichen dominated crust obtained 
from Botswana. Scans had an image resolution of 3 µm (5805 x 2700 µm). Image obtained from Menon 
et al. (2011).  
 
3.1.2. Chapter 3 aims 

Prior studies using non-invasive techniques to examine structure of soil crusts have all 

highlighted that the soil surface exhibits a distinct region of reduced porosity (in 

comparison to lower soils) in the presence of developed soil crusts (Menon et al., 2011, 

Armenise et al., 2018). Further, the clear structural differences displayed at the soil 

surface have been suggested to have important implications for physical processes, 

such as water retention or distribution (Menon et al., 2011, Armenise et al., 2018). 

However, current literature studying soil structure of naturally developed biological 
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soil crusts have been performed exclusively in arid desert ecosystems, which have 

different chemical, biological and structural compositions in comparison to temperate 

soils (see section 1.4). Furthermore, current literature investigating soil structure of 

biological soil crusts have sampled from unperturbed deserts, have used repacked soil 

cores or have made no biological links, particularly by examining shifts in the 

community structure (Armenise et al., 2018, Raanan et al., 2016, Menon et al., 2011). 

These studies therefore provide little insights into real world agricultural 

environments, and it remains unknown how the structure of biological soil crusts 

develop outside these systems. This chapter investigated these current research gaps 

in understanding how soil structure of biological soil crusts develop in a real-world 

temperate agricultural system, and how whether this differs to bulk soil. The aims of 

this chapter were: 

 

To determine changes in the physical soil structure at the soil surface across a 

growing season in an agricultural field containing soil crusts 

1. To determine the depth at which the soil crust influences structure in the soil 

profile 

2. To determine changes in soil pore abundance, distribution, connectivity and 

structure throughout the soil profile  

3. To determine changes in soil pore abundance, distribution, connectivity and 

structure across a growing season 

4. Investigate how annual trends in crust community development and community 

composition determined in chapter 2occur at a different study site 

 

From these aims, the following hypotheses were made:  

1. Soil crusts have a larger influence on soil structure than the ~2 mm depth in 

which they occupy 

2. Soil porosity decreases with increasing depth, and soil pore characteristics 

are more complex at the soil surface 

3. Soil pore characteristics significantly change across time in the soil crust 

4. Soil crust microbial communities display similar trends (to those identified in 

chapter 2) in composition across time and between compartments on a 

different sampling site  
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3.2. Methods 

3.2.1. Location, experimental design, sampling methods and core processing 

Soil samples were obtained from Big Cherry field (Figure 3.4.A) at the Warwick Crop 

Centre, Wellesbourne, United Kingdom (52.205086°N, -1.603735°E), under a winter 

barley crop. The sampling site was subject to 6-inch conservational tillage in the 

second week of October 2017, and the crop was drilled the following week. Sampling 

occurred three times in the 2017-2018 growing season (November, March and July), 

which were chosen based on first year metadata in order to select three developmental 

stages of soil crusts. At each sampling date, a 40 metre transect was laid out along the 

field, which was separated into five 4 m x 8 m boxes (Figure 3.4.B). Sampling was 

conducting according to the methodology described in section 2.2.1. A plastic soil 

core (10 cm x 5 cm x 10 cm) was taken at the centre of each ‘W’ (letter ‘C’) for X-

Ray Computed Tomography (CT) scanning. X-Ray CT cores were sampled carefully 

without forceful impact (no use of a mallet) to avoid compaction of the soil, which 

would impact soil pore metrics. Soil cores were kept at 4 °C overnight and X-Ray CT 

scanning was performed the following day for all time points. Processing of soil cores 

and measurements of chlorophyll a, biomass C/N, soil moisture, soil pH and bulk 

density were performed using methods described in sections 2.2.1 – 2.2.6.   

 

 
Figure 3.4. Sampling location and strategy. A) Location of sampling site for this chapter (1) and 
chapter two (2) (Google maps, satellite image). B) Sampling and pooling strategy. Sampling was 
performed in November 2017, March 2018 and July 2018. Cores were taken at each circle and samples 
were pooled within each ‘W’. Additional bulk density cores were taken at each circle. 
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Historical information on the weather conditions at the time of sampling were also 

recorded (Wellesbourne weather station, UK), and additionally the agricultural 

management practices (tillage and chemical application) used throughout the year 

were recorded following discussions with the land manager (Table 3.1).  
 

Table 3.1. Chemical application at the sampling site. 
 

Date Application Amount 

22/10/2017 – 

26/10/2017 

Flufenacet, Pendimethalin (Crystal®) 4 L Ha-1 

Diflufenican 0.1 L Ha-1 

Glyphosate 1 L Ha-1 

21/03/2018 Granular Urea 225 Kg Ha-1 

07/04/2018 Ammonium Nitrate 200 Kg Ha-1 

 

3.2.2. DNA extraction, Illumina MiSeq library preparation, DNA amplicon 

sequencing, bioinformatics and statistical analysis 

DNA extraction, Illumina MiSeq library preparation, DNA amplicon sequencing, 

bioinformatics and statistical analysis were all performed using methods described in 

sections 2.2.7 – 2.2.10. Following DNA sequencing and filtering of raw reads, OTU 

tables were rarefied using a single random subsampling algorithm to the lowest 

number of reads across all samples for each amplicon, which was 6,300, 16,000, 1,600 

and 2,900 for 16S rRNA, ITS, 18S rRNA and 23S rRNA, respectively.  

 

3.2.3. X-ray CT scanning 

Soil cores were scanned using a Phoenix v|tome|x M scanner (GE Sensing and 

Inspection Technologies GmbH, Wunstorf, Germany) at 140 kV at a current of 180 

µA. Each run lasted 40 minutes, and a total of 2400 projection images were taken 

(with an average 4 images, skipping 1 for each projection) with 200 ms detector timing 

at a resolution of 30 µm.  

 

3.2.4. Image processing 

Scanned images were reconstructed using Phoenix datos|x2 rec reconstruction 

software (version 2.2.3; GE Sensing and Inspection Technologies GmbH, Wunstorf, 

Germany). Radiographs were visually assessed for any movement during the scan by 

comparing the first and last projection image using the autoscan|optimizer module, 



 134	

and were manually adjusted for any movement or shrinkage if necessary. Any cores 

displaying a substantial amount of movement during the scan were re-scanned. 

Reconstructed X-Ray CT images were loaded into VG StudioMAX and converted to 

16-bit format (version 2.2.0; Volume Graphics GmbH, Heidelberg, Germany). The 

image intensity was normalized and scaled by mapping the intensity of pore space to 

a value of 5,000, and material (column wall) to 15,000. Images were aligned and 

stacked to generate 3D volumes. 3D volumes were levelled to remove any tilts, and 

XY-orientated cross sections from a region of interest (which encapsulated the top 3 

cm of each core) were exported as TIF images.  TIF image stacks were loaded into 

ImageJ (FIJI), and any low-quality images occurring at the start or end of the stacks 

were removed (Schindelin et al., 2012). A uniform region of interest was selected in 

each sample from the middle of the core (24 x 24 x 30 mm) to avoid edge effects from 

sampling. Image stacks from the region of interest were then resliced to produce a ZX 

orientated image stack. Contrast was enhanced across the image stack by 0.4%, using 

the stacked histogram setting. Images were converted to binary images (air converted 

to black, and matter converted to white) using the Otsu thresholding algorithm (Otsu, 

1978). A separate threshold was not made for each image, but was instead made from 

the whole stack. Visual assessment was performed on all slices to ensure there were 

no thresholding errors, and any errors were manually amended. The scale of the image 

stack was then defined according to the scanning resolution (1 voxel set to 0.3 µm3).  

 

3.2.5. TopCap 

Processed binary image stacks (ZX-orientation) were loaded into TopCap for further 

analysis. TopCap is an ImageJ/FIJI plugin that captures the shape of soil surface, 

extracts a binary image mask of this shape, and measures various pore metrics in the 

shape of the mask iteratively through the soil profile at a specified thickness (Garbout 

et al., 2018) (Figure 3.5). Rolling curve parameters were tested on each core, and a 

value of 15 was selected to use on all cores, as this had the highest resolution whilst 

not producing artefacts. Each iteration was performed in groups of 5 slices (150 µm), 

starting from the soil surface to 3 cm in depth. The first groups at the immediate soil 

surface (up to 0.9 mm) were removed from all further analyses as this was shown to 

overestimate porosity by producing a mask above the soil surface. 
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Figure 3.5. The TopCap process. X-ray computed tomography images of an example soil core 
displaying the TopCap process. A) The soil surface is captured using a specific rolling curve parameter. 
B) A mask is generated (of specified thickness) that captures the shape of the soil surface. C) Soil pore 
metrics are calculated within the mask. D-F) Steps B and C iteratively repeat until the bottom of the 
soil core is reached, capturing soil pores at each depth. The TopCap macro was obtained from Garbout 
et al., (2018). 
 
3.2.6. Particle analysis and shape descriptors  

Pore metrics were calculated using Minkowski functionals, according to Vogel et al. 

(2010). Porosity, pore count, diameter, thickness, circularity, surface area and pore 

shape descriptors were all calculated from binary image stacks generated from each 

TopCap output using the ‘particle analyzer’ tool within BoneJ (Doube et al., 2010). 

Particle analysis of individual slices was performed using the ‘analyze particles’ 

function within the FIJI extension of ImageJ (Schindelin et al., 2012). Binary image 

stacks for each depth were purified and connectivity was calculated using the 

‘connectivity’ tool within BoneJ (Doube et al., 2010).  Pore size classification was 

performed using the method proposed by Jongerius (1957) (Table 3.2) (Perret et al., 

1999). 

 
Table 3.2. Pore size classification. Classification of soil pores based on their Equivalent Cylindrical 
Diameter (ECD). Pore size category terminology was determined following the framework proposed 
by Jongerius (1957). 

Terminology ECD (µm) 

Micropore < 30  

Mesopore 30 - 100 

Macropore > 100 
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Total porosity was calculated as the proportion of total air volume that occupied a 

segmented area. Pore count was calculated as the number of separate pores (>30 µm 

in diameter) that occupy a segmented area. Pore diameter was calculated using Feret’s 

diameter algorithm, which calculates the largest possible diameter of an object within 

a boundary across two parallel axes (in a given orientation). Pore thickness was 

calculated as the number of stacks that occupy a given pore. Connectivity density was 

calculated from the Euler characteristic (a metric of connectivity, where negative 

values indicate highly connected structures, whereas positive values indicate poorly 

connected structures), normalized by the total volume of the segmented area.  

Circularity was calculated for pores only greater than 5 voxels in size.  

 

3.2.7. Soil seal thickness and compartmentalization  

Soil seal thickness was determined using a modified version of the approach described 

in Armenise et al. (2018). The porosity from a region of soil (2.5 – 3.0 mm in depth), 

where the effects of the soil surface will be negligible, was used as a reference zone 

of standard porosity. The depth at which the porosity returned to within the median 

porosity (± the median confidence interval) of the reference zone was determined as 

the ‘soil seal’. The depth immediately after the soil seal (with the same thickness as 

the soil seal) was defined as the ‘transitional zone’. The reference zone (the bottom 10 

mm of the region of interest) was termed bulk soil.  
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3.3. Results 

3.3.1. Metadata 

 
Figure 3.6. Environmental conditions and soil properties. Average values of measured soil properties 
at each time point in the soil crust (green) and bulk soil (brown). A) Bulk density measurements 
averaged across the whole transect. B) Average soil pH. C) Average measured soil moisture content. 
D) Average chlorophyll a concentration. E) Average biomass carbon. F) Average biomass nitrogen. 
Error bars (shaded) indicate +/- 1 standard deviation. Asterisks indicate a significant compartmental 
difference based on Tukey’s HSD multiple-comparison test (after a two-way ANOVA). 

0 50 100 150 200 250
0.6

0.8

1.0

1.2

1.4

1.6
B

ul
k 

de
ns

ity
 (g

/c
m

3 )

0 50 100 150 200 250
10

12

14

16

18

20

So
il 

m
oi

st
ur

e 
(%

)

0 50 100 150 200 250
0

75

150

225

300

375

B
io

m
as

s 
C

ar
bo

n 
(µ

g/
g)

0 50 100 150 200 250
6.0

6.4

6.8

7.2

7.6

8.0

pH

0 50 100 150 200 250
0

6

12

18

24

30

C
hl

or
op

hy
ll 
α

 c
on

ce
nt

ra
tio

n 
 (m

g/
m

3 )
 

0 50 100 150 200 250
0

20

40

60

80

100

B
io

m
as

s 
N

itr
og

en
 (µ

g/
g)



 138	

3.3.1.1. Bulk Density 

One-way ANOVA revealed that bulk density did not significantly vary across time 

(Figure 3.6A). Bulk density only displayed minor shifts across time, and from ranged 

from 1.214 g/cm3 (July) to 1.239 g/cm3 (March).  

 

3.3.1.2. pH 

Two-way ANOVA revealed that soil pH significantly varied over time (p = 0.0405) 

but not compartment (p = 0.8473) and there was no significant interaction between 

time and compartment (p = 0.0625) (Figure 3.6.B.). Average soil pH ranged from 6.83 

in March soil crust samples, to 7.04 in July soil crust samples. Multiple comparison 

tests (Tukey’s HSD) did not reveal any significant compartmental differences in soil 

pH at any time point.  

 

3.3.1.3. Soil moisture 

Two-way ANOVA revealed that soil moisture significantly varied over time (p = 

0.0005) and compartment (p = 0.0073) but there was not a significant interaction 

between time and compartment (p = 0.1914) (Figure 3.6.C). Soil moisture had a peak 

value of 16.01% in March bulk soil samples, and had the lowest value of 13.10% in 

July soil crust samples. Multiple comparison tests (Tukey’s HSD) did not reveal any 

significant compartmental differences in soil moisture at any time point.  

 

3.3.1.4. Crust morphology and chlorophyll a content 

Clear shifts in the morphology of soil crusts were seen from November to July (Figure 

3.7). In November, the soil surface was highly perturbed and did not display any 

evidence of soil crust formation, and mainly consisted of large soil aggregates. In 

March a thin green biotic film was present in certain patches on the soil surface, which 

is indicative of progression to intermediate successional crusts. In July, the soil surface 

was covered by a green biotic layer, and visual analysis of this identified them to 

include mosses, which is a signature of developed crusts (Li et al., 2002).   
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Figure 3.7. Soil crust morphology at each time point. Photographs were taken of a representative soil 
core from each time point. Left to right: November 2017, March 2018 and July 2018.  
 

Two-way ANOVA revealed that chlorophyll a concentration was significantly 

affected by time (p < 0.0001) and compartment (p < 0.0001) and there was a 

significant interaction between time and compartment (p < 0.0001) (Figure 3.6.D). 

Chlorophyll a concentration in the soil crust ranged from 2.60 mg/m3 in November, to 

19.92 mg/m3 in July. In the bulk soil, chlorophyll a concentration ranged from 2.46 

mg/m3 in July to 2.88 mg/m3 in March. Multiple comparison tests (Tukey’s HSD) 

revealed significant compartmental differences in chlorophyll a concentration in 

March (p < 0.0001) and July (p < 0.0001).  

 

3.3.1.5. Microbial biomass 

Two-way ANOVA revealed that biomass carbon significantly changed across time (p 

< 0.0001) and between compartments (p < 0.0001) and there was a significant 

interaction between time and compartment (p < 0.0001) (Figure 3.6.E). Biomass 

carbon ranged from 102.02 µg/g in November, to 280.74 µg/g in July in the soil crust, 

but only 118.64 µg/g in March to 131.99 µg/g in July in the bulk soil. Multiple 

comparison tests revealed significant compartmental differences in biomass carbon in 

March (p = 0.0016) and July (p < 0.0001).  

 

Two-way ANOVA revealed that biomass nitrogen was significantly affected by time 

(p < 0.0001) and compartment (p < 0.0001) and there was a significant interaction 

between time and compartment (p < 0.0001) (Figure 3.6.F). Biomass nitrogen ranged 

from 10.93 µg/g in November to 76.15 µg/g in July in the soil crust, and from 17.69 

µg/g in November to 22.73 µg/g in March in the bulk soil. Multiple comparison tests 

revealed significant compartmental differences in biomass nitrogen in March (p < 

0.0001) and July (p < 0.0001).  
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3.3.2. Soil crust and bulk soil microbial communities 

3.3.2.1. Rarefaction 

Before any microbial community analysis, raw sequences were filtered and rarefied 

for each amplicon. Bacterial samples were assigned a total number of 290,832 reads, 

which resulted in an average 9,640 sequences per sample. Bacterial samples were 

rarefied to 6,300 sequences, resulting in 3706 OTUs. Fungal samples were assigned a 

total number of 714,287 reads, which resulted in an average 23,809 sequences per 

sample. Fungal samples were rarefied to 16,000 sequences, which had a total of 1166 

OTUs. Protists were assigned a total of 315,860 sequences, which resulted in an 

average of 10,528 reads per sample. Protist samples had a large amount of filtering 

applied (due to a high number of metazoan and fungi in the samples), and were rarefied 

to 1,600 sequences per sample, with a total of 927 OTUs across all samples. 

Phototroph samples were assigned a total of 464,416 sequences, which resulted in an 

average of 15,840 sequences per sample. Like protists, a high amount of processing 

was performed (to remove non-phototrophic organisms), and the samples were 

rarefied to 2,900 sequences per sample. From this, there was a total of 288 OTUs. 

 

3.3.2.2. Alpha diversity 

Alpha diversity of bacterial, fungal, protist and phototroph communities were 

examined in soil crust and bulk soil samples across combined time points using 

Fisher’s diversity index (Figure 3.8.). Wilcoxon signed-rank sum tests revealed that 

alpha diversity (calculated using Fisher’s diversity index) was significantly different 

between compartments in bacterial, protist and phototroph (p < 0.0001 for all cases), 

but not fungal (p = 0.8842), communities. Alpha diversity was 1.18 (bacteria), 1.41 

(protist) and 1.42 (phototrophs) times higher on average in the bulk soil in comparison 

to the soil crust. One-way ANOVA revealed that alpha diversity significantly reduced 

across time in soil crust bacterial, fungal, protist and phototroph communities (p < 

0.05 for all cases). No significant reductions in alpha diversity were seen across time 

in bulk soil communities.  



 141	

 
Figure 3.8. Alpha diversity of soil crust and bulk soil microbial communities. Alpha diversity was 
calculated using Fisher’s diversity index on combined soil crust (green) and bulk soil (brown) samples 
across all time points for bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph (23S 
rRNA) communities. Asterisks indicate a significant result from a Wilcoxon signed-rank test (p < 0.05 
= *, < 0.01 = **, p < 0.001 = ***). 
 
3.3.2.3. Community composition 

Microbial community composition was visualized on non-metric multidimensional 

scaling (NMDS) plots generated using Bray-Curtis similarity (Figure 3.9). For all 

amplicons, stress values were below 0.2, suggesting a strong representation of reduced 

dimensionality. NMDS plots revealed compartmental separation in all amplicons. 

Bulk soil samples displayed a relatively low level of separation between time points 

and clustered together. In soil crust samples, a higher degree of separation occurred 

between time points, indicating community composition was more variable.  

 

Analysis of similarity (ANOSIM) calculated from the relative abundance of OTUs 

(for soil crust and bulk soil samples combined across all time points) revealed that 

bacterial (R = 0.400), fungal (R = 0.416), protist (R = 0.586) and phototroph (R = 

0.449) communities were all significantly different between the soil crust and bulk 

soil. All ANOSIM comparisons were robust (p < 0.001 for all comparisons).  
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Figure 3.9. NMDS plots of soil crust and bulk soil microbial communities combined across all time 
points. Non-metric multi-dimensional scaling plots for bacterial (16S rRNA), fungal (ITS), protist (18S 
rRNA) and phototroph (23S rRNA) communities were generated from Bray-Curtis similarity 
comparisons between samples.  
 
The relative abundance of microbial taxa (bacteria – phylum; fungi, protist and 

phototrophs - class) contributing to >1% relative abundance (averaged across all time 

points) was determined for each amplicon (Figure 3.10). In bacterial communities, 

Wilcoxon ranked-sum tests revealed that Cyanobacteria were the only significantly 

enriched bacterial phyla in the soil crust, and were on average 47.2 times higher in the 

soil crust (p = 0.0017). However, Chloroflexi, Acidobacteria, Verrucomicrobia and 

Nitrospirae were all significantly enriched in the bulk soil (p < 0.05 for all cases). In 

fungal communities, there were significant enrichments of Chytridiomycetes and 

Rozellomycota in the soil crust, which were on average 7.48 and 3.06 times higher 

(respectively) in the soil crust in comparison to bulk soil. In the bulk soil, there was 

significant enrichments of Sodariomycetes, Eurotiomycetes, Tremellomycetes and 

Mortierellomycotina. In protist communities, Chloroplastida was significantly 

enriched in the soil crust and was on average 1.46 times more abundant in the soil 
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crust than in the bulk soil. In the bulk soil, there were significant enrichments of 

Discosea, Schizoplasmodiida and Tubulinea. In phototroph communities, 

Oscillatoriales was significantly enriched in the soil crust, and was on average 5.99 

times more abundant in the soil crust than in the bulk soil. In the bulk soil, there were 

significant enrichments of Nostocales, Alphaproteobacteria and Chlorophyta.  

 

 
Figure 3.10. Soil crust and bulk soil microbial community composition combined across all time 
points. The average relative abundance (combined across all time points) of soil crust and bulk soil 
taxa contributing to >1% total relative abundance. Bacterial (16S rRNA) communities were examined 
at the phylum level, protist (18S rRNA) communities at the ‘ta3’ taxonomic level and fungal (ITS) and 
phototroph (23S rRNA) communities were assessed at the class level (higher taxonomic levels 
displayed).  
 
3.3.2.4. Temporal development of soil crust communities 

NMDS plots, generated using Bray-Curtis similarity, revealed a higher degree of 

temporal separation in the soil crust relative to the bulk soil for all amplicons (Figure 

3.11). Furthermore, to assess the extent that community structure had changed from 

the initial communities, pairwise Bray-Curtis comparisons of each sample were made 

with the initial November time point within each amplicon and compartment (Figure 

3.12). Two-way ANOVA revealed that time (p < 0.0001, all amplicons) and 

compartment (p < 0.0001, all amplicons) had significant effects on Bray-Curtis 
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similarity, and there was a significant interaction of time and compartment (p < 0.0001 

for all comparisons) (Table 3.3). 

 

 
Figure 3.11. Temporal NMDS plots of soil crust and bulk soil microbial communities. Non-metric 
multi-dimensional scaling plots for bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and 
phototroph (23S rRNA) communities were generated based on Bray-Curtis similarity comparisons 
between samples.  
 
Multiple comparison testing (Tukey’s HSD) revealed that there were significant 

differences in Bray-Curtis similarity (comparisons with November) in bacterial, 

fungal, protist and phototroph communities between each time point in the soil crust 

(p < 0.0001 for all cases) (Figure 3.12). In the bulk soil, multiple comparison testing 

only revealed significant differences between November and July Bray-Curtis 

comparisons (comparisons with November) for all amplicons (p < 0.05 for all cases). 
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Table 3.3. Statistics of community composition similarity in soil crust and bulk soil communities 
across time. Bray-Curtis comparisons were made with the initial time November time point for soil 
crust and bulk soil bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph (23S rRNA) 
communities. Statistics were generated using a two-way ANOVA. 

 

 
Time (days) 

 

Figure 3.12. Community composition similarity in soil crust and bulk soil communities across time. 
Bacterial (16S rRNA), fungal (ITS), protist (18S rRNA) and phototroph (23S rRNA) community 
similarity was calculated by comparing samples the first time point (within amplicon and compartment) 
using Bray-Curtis similarity. Time indicates days after the first sampling time point.  
 

Significant taxonomic shifts were seen in bacterial, fungal, protist and phototroph soil 

crust communities across time (Figure 3.13). In bacterial communities, one-way 

ANOVA revealed that the relative abundance of Cyanobacteria (0.24% - 10.9%, p < 
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0.0001) and Actinobacteria (29.06% - 40.13%, p = 0.0031) significantly increased 

from November to July in the soil crust. However, the relative abundance of 

Acidobacteria (9.85% - 2.46%, p < 0.0001) and Proteobacteria (25.04% - 18.97%, p 

= 0.0410) significantly decreased between November to July in soil crust 

communities. No significant temporal differences in relative abundance were seen in 

bacterial bulk soil communities. ANOSIM revealed that significant differences in 

bacterial community composition between compartments occurred in March (R = 

0.3014) and July (R = 0.7610). Both ANOSIM values were robust (p < 0.001). 

Wilcoxon signed-rank sum tests revealed significant enrichments of Actinobacteria 

(soil crust: 40.12%, bulk soil: 33.17%, p = 0.0005) in the soil crust relative to the bulk 

soil in July; whereas significant enrichments of Cyanobacteria were seen in the soil 

crust relative to the bulk soil in March (soil crust: 1.61%, bulk soil: 0%, p = 0.0048) 

and July (soil crust: 10.89%, bulk soil: 0%, p < 0.0001).   

 

In soil crust fungal communities, one-way ANOVA revealed that the relative 

abundance of Chytridiomycota (3.30% - 15.01% p < 0.0001) significantly increased 

from November to July, whereas Rozellomycota significantly (4.35% - 1.06%, p = 

0.0058) decreased in abundance during this time frame. In bulk soil communities, the 

relative abundance of Basidiomycota (6.69% - 3.88%, p = 0.0319) significantly 

decreased from November to July. ANOSIM revealed that significant differences in 

fungal community composition between compartments occurred in March (R = 

0.2101) and July (R = 0.3048). Both ANOSIM comparisons were robust (p < 0.001).  

Wilcoxon signed-rank sum tests revealed that there were significant enrichments in 

the relative abundance of Chtridiomycota in the soil crust relative to the bulk soil in 

March (soil crust: 9.28%, bulk soil: 2.88, p < 0.0001) and July (soil crust: 15.02%, 

bulk soil: 3.34%, p < 0.0001); Basidiomycota in March (soil crust: 6.55%, bulk soil: 

3.93%, p = 0.0139) and July (soil crust: 6.91%, bulk soil: 3.88%, p = 0.0141) and 

Rozellomycota in March (soil crust: 3.91%, bulk soil: 0.53%, p = 0.0031) and July 

(soil crust: 1.06%, bulk soil: 0.18%, p = 0.0081). Significant enrichments of 

Mortierellomycota were seen in the bulk soil relative to the soil crust in July (soil 

crust: 1.06%, bulk soil: 6.91%, p < 0.0001).  
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In protist communities, one-way ANOVA revealed that in both soil compartments, the 

relative abundance of Archaeplastida (soil crust: 30.93% - 56.96%, p < 0.0001, bulk 

soil: 21.98% - 36.64%, p < 0.0001) significantly increased between November to July, 

whereas SAR significant decreased between November to July (soil crust: 53.66% - 

30.86%, p < 0.0001, bulk soil: 53.35% - 41.09%, p = 0.0014). ANOSIM revealed that 

significant differences in protist community composition between compartments 

occurred in March (R = 0.3571) and July (R = 0.5918) Both ANOSIM comparisons 

were robust (p < 0.001). Significant enrichments of Archaeplastida occurred in the soil 

crust relative to the bulk soil in November (soil crust: 30.93%, bulk soil: 21.97, p < 

0.0001), March (soil crust: 20.11%, bulk soil: 16.40, p = 0.0391) and July (soil crust: 

56.96%, bulk soil: 35.63, p < 0.0001). Significant enrichments of SAR were seen in 

the bulk soil relative to the soil crust in July (soil crust: 30.86%, bulk soil: 41.08%, p 

< 0.0001).  

 

In phototroph communities, one-way ANOVA revealed that in both communities the 

relative abundance of Streptophyta significantly increased between November to July 

(soil crust: 11.95% - 67.29%, p < 0.0001, bulk soil: 13.20% - 35.26%, p < 0.0001), 

whereas the relative abundance of the PX clade (soil crust: 35.13% - 4.48%, p < 

0.0001, bulk soil: 19.09% - 9.98%, p < 0.0001) significant decreased between during 

this time period. In soil crust communities, the relative abundance of 

Alphaproteobacteria (11.09% - 1.12%, p < 0.0001) and Bacillariophyta (14.97% - 

0.58%, p < 0.0001) also significantly decreased from November to July. ANOSIM 

revealed that significant differences in phototroph community composition between 

compartments occurred in November (R = 0.7014), March (R = 0.7581) and July (R = 

0.8112). All ANOSIM comparisons were robust (p < 0.001) Wilcoxon signed-rank 

sum tests revealed significant enrichments of Oscillatoriales were seen in the soil crust 

relative to bulk soil in November (soil crust:  3.18%, bulk soil: 0.75%, p = 0.0096), 

March (soil crust:  17.20%, bulk soil: 1.71%, p < 0.0001),  and July (soil crust:  

20.26%, bulk soil: 4.31%, p < 0.0001); Bacillariophyta in November (soil crust:  

14.97%, bulk soil: 7.84%, p = 0.0096) and Streptophyta in July (soil crust: 67.29%, 

bulk soil: 35.26%, p < 0.0001). Significant enrichments of Alphaproteobacteria were 

seen in the bulk soil relative to the soil crust in November (soil crust:  11.09%, bulk 

soil: 26.95%, p = 0.0058), March (soil crust:  9.55%, bulk soil: 27.17%, p = 0.0015) 
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and July (soil crust:  1.12%, bulk soil: 20.93%, p = 0.0003); Chlorophyta in March 

(soil crust:  7.05%, bulk soil: 21.04%, p < 0.0001) and July (soil crust:  4.47%, bulk 

soil: 18.09%, p < 0.0001) and PX clade in July (soil crust:  4.48%, bulk soil: 9.97%, p 

= 0.0306).  

 

Overall, analysis of microbial communities revealed significant biological 

development of soil crust communities, which were taxonomically distinct from bulk 

soil.  

 

 
Figure 3.13. Relative abundance of bacterial, fungal, protist and phototroph taxa across time in soil 
crust and bulk soil communities. Bacterial (16S rRNA), fungal (ITS) and protist (18S rRNA) were shown 
at the phylum-equivalent level. Phototrophs (23S rRNA) were shown at the class level. Only taxa that 
contributed to >1% relative abundance in any treatment were shown.  
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3.3.3. CT scanning data 

3.3.3.1 Soil seal thickness 

Soil seal thickness was calculated as the depth at which the soil porosity returned to 

the median reference porosity (bulk soil) ± the 95% confidence interval, a method 

proposed by Armenise et al. (2018) (Supplementary figure 3.1). Soil seals had the 

lowest average thickness (3.39 mm) in November, but had the highest average 

thickness (8.70 mm) in July (Figure 3.14). Pairwise Wilcoxon signed-rank sum tests 

revealed significant differences in seal thickness between November and March (p = 

0.0044), November and July (p < 0.0001) but not March and July (p = 0.1344).  

 

 
Figure 3.14. Soil seal thickness. The thickness of soil seals was determined as the depth at which soil 
porosity returned to median bulk soil porosity (± 95% confidence interval), as proposed by Armenise 
et al (2018). Asterisks indicate a significant test statistic from a Kruskal-Wallis comparison (* = p < 
0.05, ** = p < 0.01, *** = p < 0.001).  
 
3.3.3.2. Soil porosity 

Two-way ANOVA revealed that soil porosity significantly varied over time (p < 

0.0001) and depth (p < 0.0001), and there was a significant interaction between time 

and depth (p < 0.0001) (Figure 3.15.A). Average soil porosity (combined across all 

depths) had a peak value in July (24.50%), followed by November (19.99%) and 

March (14.86%). However, each time point displayed dissimilar trends in soil porosity 

and depth.  
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Figure 3.15. Calculated soil porosity throughout the soil profile at each time point. Porosity was 
calculated from X-ray computed tomography images obtained after running the TopCap macro at 
intervals of 150 µm. A) Calculated soil porosity with increasing depth (intervals of 150 µm). B) Soil 
porosity of soil seals (the depth at which porosity returns to the median porosity, + 95% confidence 
interval, of bulk soil), transitional layer (the depth immediately below the soil seal of the same 
thickness) and bulk soil layers (bottom 10 mm). Mesopores (30-100 µm) and macropores (>100 µm) 
were defined as according to Jongerius (1957).  
 
Soil porosity was also calculated for the soil seal (the depth at which soil porosity 

returns to ± the confidence interval of bulk soil porosity), the transitional (trans) layer 

(the adjacent layer immediately below the soil seal, of the same thickness as the seal) 

and for bulk soil (bottom 10 mm of soil core) (Figure 3.15.B). Two-way ANOVA 

revealed that soil porosity significantly varied over time (p < 0.0001) and compartment 

(p < 0.0001) and there was a significant interaction between time and compartment (p 

= 0.0086). Compartmental multiple comparison tests (Tukey’s HSD) revealed 

significant differences in soil porosity between the soil seal and transitional layer 

(November: p = 0.0156, July: p = 0.0265) and between the soil seal and bulk soil (July: 

p < 0.0001).  Significant temporal differences were seen across every compartmental 

comparison (p < 0.05). 

 

In all compartments and time points, macropores (> 100 µm in diameter) were 

responsible for the majority of soil porosity (>80.1% in all cases) (Figure 3.15.B). 

March had the lowest proportion of total porosity by mesopores (30 – 100 µm in 

diameter - 0.56%, 0.30% and 0.37% in the soil seal, transitional layer and bulk soil, 

respectively), whereas July samples had the highest proportion of porosity by 

mesopores (2.91%, 4.19% and 5.41% in the soil seal, transitional layer and bulk soil, 

respectively). Wilcoxon-signed rank sum tests revealed that mesopore soil porosity 
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was significantly lower in the soil seal in comparison to the transitional layer (p < 0.05, 

p < 0.05) and bulk soil (p < 0.05, p < 0.05) in November and July.  

 

3.3.3.3. Soil pore number 

Two-way ANOVA revealed that the number of soil pores significantly varied over 

time (p < 0.0001) and compartment (p < 0.0001) and there was a significant interaction 

between time and compartment (p = 0.0039) (Figure 3.16). March had the lowest 

average number of soil pores across all compartments (1.44 mm3), whereas July had 

the highest average number of pores across all compartments (4.81 mm3). Multiple 

comparison tests across soil compartments (Tukey’s HSD) revealed that there were 

significant differences in the number of soil pores between the soil seal and the 

transitional layer (November: p = 0.0108), between the soil seal and bulk soil (March: 

p = 0.0276, July: p < 0.0001) and between the transitional layer and bulk soil (July: p 

< 0.0001). Significant temporal differences in soil pore count (p < 0.05) within 

compartments occurred in all comparisons except between the transitional layers in 

November and March (p = 0.3160), and between bulk soil layers in November and 

July (p = 0.5713). 
 
Mesopores were the most abundant pore type across all time points and compartments, 

and contributed to > 63.84% of the total pores in all cases. July had the highest 

proportion of mesopores in each compartment (74.69%, 79.43% and 80.52% in the 

soil seal, transitional layer and bulk soil, respectively), whereas March had the lowest 

proportion of mesopores (70.79%, 63.89% and 66.71% in the soil seal, transitional 

layer and bulk soil, respectively). Wilcoxon signed-rank sum tests revealed that the 

proportion of mesopores was significantly lower in the soil seal in comparison to bulk 

soil in November (p = 0.023) and July (p = 0.0086), but not in March (p = 0.222).  
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Figure 3.16. Number of soil pores in different soil compartments at each sampling time point. 
Number of soil pores in the soil seals (the depth at which porosity returns to the median porosity, + 
95% confidence interval, of bulk soil), transitional layer (the depth immediately below the soil seal of 
the same thickness) and bulk soil (bottom 10 mm) for pores >30 µm in diameter. The number of pores 
was calculated from X-ray computed tomography images obtained after running the TopCap macro at 
intervals of 150 µm. Mesopores (30-100 µm) and macropores (>100 µm) were defined according to 
Jongerius (1957).  
 
3.3.3.4. Soil pore connectivity 

Two-way ANOVA revealed that soil pore connectivity significantly varied over time 

(p < 0.0001) and depth (p < 0.0001), and there was a significant interaction between 

time and depth (p < 0.0001) (Figure 3.17.A). Average soil pore connectivity across all 

depths was lowest in March (0.041 mm-3), followed by November (0.065 mm-3) and 

July (0.104 mm-3).  

 

In relation to soil compartments, two-way ANOVA revealed that that soil pore 

connectivity significantly varied across time (p < 0.0001) and compartments (p < 

0.0001) and there was a significant interaction between time and compartment (p = 

0.0039) (Figure 3.17.B). Multiple comparison tests across compartments (Tukey’s 

HSD) revealed that there were significant differences between the soil seal and the 

transitional layer (November: p = 0.0108) and between the soil seal and bulk soil 

(November: p = 0.0015, July: p < 0.0001). Multiple comparison tests further revealed 

significant temporal differences in soil pore connectivity (p < 0.05) within 

compartments for all comparisons, except between the transitional layers in November 

and March (p = 0.9461), and in bulk soil between November and July (p = 0.5713).  
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Figure 3.17. Soil pore connectivity throughout the soil profile at each time point. Soil pore 
connectivity density (Euler number/volume) was calculated from X-ray computed tomography images 
obtained after running TopCap at intervals of 250 µm. A: Soil pore connectivity density with increasing 
depth (intervals of 250 µm). B: The connectivity density of soil pores within the soil seals (the depth at 
which porosity returns to the median porosity, + 95% confidence interval, of bulk soil), transitional 
layer (the depth immediately below the soil seal of the same thickness) and bulk soil layers (bottom 10 
mm). 
 
3.3.3.5. Soil pore surface area 

Two-way ANOVA revealed that soil pore surface area was significantly influenced 

by time (p < 0.0001) and compartment (p < 0.0001), but there was no significant 

interaction between time and compartment (p = 0.1065) (Figure 3.18). March had the 

lowest average soil pore surface area across all compartments (2.76 mm2/mm3), 

whereas July had the highest average soil pore surface area (11.92 mm2/mm3). 

Multiple comparison tests (Tukey’s HSD) revealed that there were only significant 

compartmental differences in the soil pore surface area between the soil seal and bulk 

soil in July (p < 0.0001). Temporal multiple comparison tests within compartment 

revealed significant differences in the soil crust between November and July (p = 

0.0337) and March and July (p < 0.0001); between all comparisons in the transitional 

layer (p < 0.05); but between no comparisons in the bulk soil.  

 

Macropores contributed the most towards total soil pore surface area in all time points 

and compartments (>80.34% of total pore surface area in all cases). March had the 

highest proportion of total surface area by macropores (93.90%, 95.15% and 95.29% 

in the soil seal, transitional layer and bulk soil, respectively), whereas July had the 

lowest proportion of total surface area by macropores (85.00%, 83.26% and 80.34% 

in the soil seal, transitional layer and bulk soil, respectively). Wilcoxon-signed rank 

sum tests of the relative abundance of macropores between the soil seal and the 
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transitional layer/bulk soil revealed no significant differences at any time point (p > 

0.05 for all cases). 

 

 
Figure 3.18. Soil pore surface area in different soil compartments at each sampling time point. The 
soil pore surface area was calculated within the soil seals (the depth at which porosity returns to the 
median porosity, + 95% confidence interval, of bulk soil), transitional layer (the depth immediately 
below the soil seal of the same thickness) and bulk soil layers (bottom 10 mm). The surface area was 
calculated from X-ray computed tomography images obtained after running the TopCap macro at 
intervals of 150 µm.  
 
3.3.3.6. Circularity 

Two-way ANOVA revealed that soil pore circularity was significantly influenced by 

time (p < 0.0001) and compartment (p < 0.0001), and there was a significant 

interaction between time and compartment (p = 0.0227) (Figure 3.19). Average pore 

circularity across all compartments increased with time, rising from 0.734 in 

November to 0.815 in July. Multiple comparison tests (Tukey’s HSD) revealed that 

there were significant compartmental differences in soil pore circularity between the 

soil seal and the transitional layer, and between the soil seal and bulk soil in March 

and July (p < 0.05). Temporal multiple comparison tests within compartment revealed 

significant differences in soil seal pore circularity between all comparisons of soil 

seals (p < 0.05), and between November and July (p = 0.0007, p = 0.0410) and March 

and July (p = 0.0429, p = 0.0167) for both transitional layers and bulk soil layers.   
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Figure 3.19. Soil pore circularity in different soil compartments at each sampling time point. Soil 
pore circularity was calculated within soil seals (the depth at which porosity returns to the median 
porosity, + 95% confidence interval, of bulk soil), transitional layer (the depth immediately below the 
soil seal of the same thickness) and bulk soil layers (bottom 10 mm). Soil pore circularity was calculated 
from X-ray computed tomography images obtained after running the TopCap macro at intervals of 150 
µm.  
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3.4. Discussion 

This study represents the first application of X-ray CT scanning to investigate soil 

structure of biological soil crusts obtained from a real-world temperate agricultural 

ecosystem. Amplicon DNA sequencing results confirmed trends presented in chapter 

2, within which significant differences in bacterial, protist and phototroph community 

composition and diversity were seen between the soil crust and the bulk soil. 

Additionally, morphology, biomass and amplicon sequencing data also confirmed that 

soil crust communities exhibited significant biological development within a single 

growing season. X-ray CT image analysis further revealed that a region of reduced 

porosity at the soil surface, termed the soil seal, had developed after 4 months in an 

agricultural temperate soil, which had increased in thickness after 8 months. The soil 

seal had a higher number of pores, which were more complex in terms of connectivity, 

surface area and circularity and had a higher abundance of mesopores, in comparison 

to lower depths, but this was only seen when substantial biological development of 

soil crusts had occurred (March and July). Furthermore, a region directly below the 

soil seal, termed the transitional zone, had higher porosity in comparison to the soil 

seal, but had a higher pore number and more complex shape descriptors (surface area, 

circularity and size) in comparison to bulk soil. The structural discrepancies of the 

transitional layer with other soil layers also became more prominent with increasing 

soil crust development over time. Together, these results demonstrate that the soil 

surface is a distinct biological and structural compartment in comparison to bulk soil, 

which undergoes significant development (abiotic and biotic) in a temperate 

agricultural environment. Furthermore, work here suggests that soil crusts have larger 

structural impacts on the soil profile than previously anticipated, and influence the soil 

structure beyond the 2-5 mm in which they occupy (Belnap, 2003b).  

 

3.4.1. Biology of the soil surface 

Visual analysis of morphology showed that the soil surface had no significant 

biological development at the initial time point (November), and instead the soil 

surface consisted of large, loose debris and soil particles shortly after tillage. However, 

visual assessment of soil cores showed that patches of green biotic layers, which 

contained mosses, had established after just 4 months (March) of the initial time point 

(November). After 8 months (July) the soil surface was almost exclusively covered by 
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a green biotic layer, which contained an abundance of mosses, suggesting that 

substantial development of biological soil crusts had occurred in this time frame. 

Amplicon DNA sequencing results revealed that alpha diversity was significantly 

lower in bacterial, protist and phototrophic soil crust communities in comparison to 

bulk soil communities. Temporal analysis of microbial communities revealed that soil 

crust community composition significantly changed over time, where significant 

enrichments of Cyanobacteria, Actinobacteria, Chytridiomycota, Archaeplastida and 

Streptophyta were all seen as soil crusts developed. These results all confirm trends 

seen in chapter 2 (see section 2.4), where substantial development of soil crust 

morphology, biomass and microbial communities were seen within a single growing 

season, with large enrichments of filamentous taxa or early colonisers that are 

involved in soil surface stabilisation.   

 

3.4.2. Soil physics at the soil surface 

Using non-invasive X-ray CT scanning, results here revealed that significant structural 

differences in pore abundance, surface area, shape, connectivity and porosity occur at 

the soil surface in comparison to lower layers in natural temperate soils containing 

biological soil crusts. Using a methodology proposed by Armenise et al. (2018), a 

region of reduced porosity was found at the soil surface, termed the soil seal, which 

increased in thickness as soil crusts became more developed. Furthermore, results here 

identified a separate zone in the soil profile immediately below the soil seal that had 

altered porosity characteristics in comparison to both the soil surface and bulk soil, 

which was termed the “transitional zone”. Several studies have found a reduction in 

porosity at the soil surface, for example Armenise et al. (2018) reported the production 

of soil seals (of reduced porosity) in three soil types after exposure to artificial rainfall 

events in repacked soil cores – which reached a peak thickness of up to ~5.5 mm after 

just 14 minutes of rainfall. Additionally, Raanan et al. (2016) witnessed that in 

developed soil crusts from arid regions in Egypt and Israel, two distinct soil 

compartments formed – a ‘topcrust’ (a region of reduced porosity, roughly ~2 mm 

thick) and the ‘subcrust’ (a vesicle-rich porous layer directly below the topcrust, 

roughly 1-2 mm in thickness). These findings complement results shown here, 

whereby the topcrust is equivalent to the soil seal, and the subcrust is equivalent to the 

more porous transitional layer. However, results here revealed that soil seals in more 
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developed soil crusts (July) were over 5-fold higher than in developed crusts reported 

in Raanan et al. (2016), which reached a peak average thickness of 8.7 mm (or 17.4 

mm if the effects of the transitional layer are also considered). Together, these results 

suggest that the presence of soil crusts may have deeper structural impacts on the soil 

profile, beyond the upper ~2-5 mm reported (that used morphological analysis) in 

prior studies, and are additionally thicker than soil crusts reported in arid regions 

(Belnap, 2003b).  

 

3.4.2.1. Soil porosity and pore number 

Significant differences were reported in a number of soil pore metrics between 

compartments at each sampling time point. In November, there were significant 

differences in soil porosity and the number of pores between the soil seal and 

transitional layer. Furthermore, there was a significantly lower proportion of 

macropores in the soil surface in comparison to the bulk soil. Two weeks prior to the 

November sampling time point, the sample site was subject to 6-inch conservational 

tillage, which has been shown in an array of studies to increase the breakdown of 

macroaggregates, increase porosity, reduce bulk density and destroy complex soil 

structures (such as fungal hyphal networks) over short timescales (Six et al., 1998, 

Ambert-Sanchez et al., 2016). Therefore, the soil structure of the upper ~6 inches of 

the soil profile was essentially reset as a result of tillage, and results in November 

indicate the extent of tillage on soil structure. Significant differences in soil porosity 

and pore number between the soil seal and transitional layer in November suggests 

that over short recovery periods structural differences in the soil surface were 

beginning to establish. Biological data presented here (and in chapter 2) showed that 

microbial community composition (bacterial, fungal and protist) and diversity (all 

amplicons) were not significantly different between the soil surface and bulk soil at 

this time point. Therefore, results here suggest that physical factors had larger impacts 

than microbial community composition on soil porosity and pore count in November.  

 

No significant differences were seen in soil porosity between compartments in March. 

However, significant reductions in porosity, coupled with increased proportions of 

macropore porosity (which are associated with non-microbial processes), across time 

were found in all compartments between November and March samples (Beven and 
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Germann, 2013). Whilst samples taken in November act as the “post tillage” samples, 

samples obtained in March have experienced the effect of “wintering”, which included 

exposure to heavy amounts of snow and sub-zero temperatures. Both the effects of 

snow and freeze-thawing cycles can have large short-term impacts on soil structure, 

which include altered porosity (due to rearrangement and breakdown of soil particles 

due to freezing), increase in macropores, increased short-term soil compaction (due to 

pressure of snow), and water-logging of soil pores after snow melting (LaMalfa and 

Ryle, 2008, Decharme et al., 2016). Biological data showed that by March, moderate 

development of soil crust biological communities had occurred, within which there 

were significant changes in community similarity (relative to initial communities) in 

all amplicons. Additionally, the soil surface contained significant enrichments of 

Cyanobacteria (Oscillatoriales), Chytridiomycota and Archaeplastida (dominated by 

green-algae) relative to the bulk soil, all of which have previously been reported as 

performing roles in early colonisation or stabilisation of the soil surface (Abed et al., 

2019, Pushkareva et al., 2015). Together, shifts in community structure, but increases 

in macroporosity (which are generated through non-microbial processes) suggest that 

the major reductions in soil porosity in March are likely due to a combination of both 

environmental conditions and soil crust maturity. 

 

Significant differences in soil porosity were revealed between the soil seal and both 

the transitional layer and bulk soil in July. Between the March and July sampling time 

points, there were no major perturbation events that were experienced at the soil 

surface, and visual assessments of soil crust morphology, biomass data and amplicon 

sequencing data all suggested that substantial biological development of soil crusts 

had occurred. Therefore, in the presence of a considerably developed biological soil 

crust (July), the soil seal experienced significantly lower soil porosity in comparison 

to the transitional layer and the bulk soil, which is in agreement with results found in 

Raanan et al. (2016) and Menon et al. (2010). Amplicon DNA sequence results 

showed large enrichments of Cyanobacteria (11%), Archaeplastida (56%, dominated 

by green-algae), Streptophyta (67%, dominated by moss and green algae sequences) 

and Actinobacteria (40%) in the soil crust relative to bulk soil. These taxa have all 

been previously shown to increase soil surface stability, either by the excretion of 

mucilage or exopolysaccharides (green algae and Actinobacteria), or due to their 
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filamentous nature that binds together soil particles (Cyanobacteria, Streptophyta) – 

all of which could reduce soil porosity (Mikhailyuk et al., 2014, Hoppert et al., 2004, 

Büdel et al., 2016, Belnap, 2003b, Rego et al., 2019). Therefore, the abundance of 

these taxa in developed soil crust communities (which showed similar composition to 

crusts studied in chapter 2) shown here suggests a substantial biological influence on 

soil structure in surface seals through reduction of soil surface porosity. Soil porosity 

is an indicator of the upper water holding capacity of soils, and a reduced porosity in 

the soil seal suggests that the soil surface may act as a filter that limits the rate of water 

infiltration (which is limited by soil porosity) into the soil profile (Nimmo, 2004). 

However, in order to confirm this, the hydraulic conductivity of soil crusts would have 

to be measured experimentally. Furthermore, structural features described at the soil 

surface, in which a thick structural seal of reduced porosity and tightly packed soil 

aggregates is produced, are features that are indicative of a functional role in the 

protection from soil erosion, which is a widely reported function of soil crusts in arid 

regions (Belnap, 2006, Belnap, 2003a, Jimenez Aguilar et al., 2009). 

 

3.4.2.2. Soil pore connectivity 

Soil pore connectivity has been shown to be a vital factor that influences microbial 

activity, decomposition rates, movement of nutrients and gases through the soil profile 

and determining soil organic matter complexity (Smith et al., 2017, Negassa et al., 

2015). In November, there were no significant differences in soil pore connectivity 

between compartments. This is likely due to the impacts of tillage, which would have 

destroyed previously established soil pore networks and redistributed soil particles in 

the upper 6 inches, creating new soil pore channels in the process. However, in March 

and July the soil seal exhibited significantly higher levels of soil pore connectivity and 

soil pore count in comparison to the bulk soil. Therefore, results here suggest that pore 

networks in more developed biological soil crusts are highly connected, yet experience 

an overall level of reduced porosity in comparison to lower soils. Whilst methods here 

did not measure hydraulic properties of soil crusts, increased soil pore connectivity 

coupled with a lower soil porosity in the soil seal could suggest both a greater ability 

for soil crusts to retain soil moisture at the soil surface to maintain hydrated, which 

has been reported in a number prior studies on soil crust functioning, and additionally 

limited infiltration to lower soil depths (Belnap and Lange, 2002, Belnap, 2003b, 
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Colica et al., 2014). Furthermore, these results are likely explained by the abundance 

of several surface stabilising and filamentous microbial taxa (as mentioned above), 

such as Cyanobacteria and green-algae, in developed soil crust communities, which 

have prior been shown to heavily influence soil structure by creating mesh-like 

networks that bind together soil aggregates (Belnap, 2003b, Belnap and Gardner, 

1993, Zhang, 2005). The action of these biota binding together soil aggregates could 

account for the production of a higher number of smaller pores between large soil 

aggregates, which increases the probability of pore channel formation and pore 

connection.  

 

Furthermore, significant increases in soil pore connectivity were seen across time in 

the soil seal between November and July. A number of studies have shown that tillage 

can lead to lower soil pore connectivity, and zero-till systems can actually lead to long-

term increases in soil macroporosity and connectivity (Galdos et al., 2019). Therefore, 

the effects of tillage prior to the November sampling time point may explain the low 

soil pore connectivity in the soil seal during November (2 weeks post-till) when 

biological impacts were deemed minimal (as no significant biological development of 

soil crusts had occurred). Furthermore, the reduced amount of disturbance to the soil 

surface after November may have contributed to increased soil pore connectivity over 

time (which is also seen in zero-till systems), which was likely exacerbated by 

substantial enrichments of surface-stabilizing biota that could reshape pore channels 

at the soil surface.  

 

Moreover, prior findings presented by Carson et al. (2010) have suggested that soil 

pore connectivity can drastically impact microbial community structure, in which low 

soil pore connectivity results in an increased bacterial community diversity. Results 

here also show similar trends, with increases of soil pore connectivity but decreases in 

alpha diversity were seen across time in soil crust bacterial communities, but 

additionally we show that this to extends to protist and phototroph communities. Low 

soil pore connectivity has been suggested to prevent exchange of oxygen, water and 

nutrients in the soil environment and can lead to the production of different 

environmental niches on the pore scale, which can in turn increase diversity 

(Wilpiszeski et al., 2019). However, there are no studies that have investigated soil 
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pore connectivity of biological soil crusts, and results here for the first time identify a 

region of low porosity, but high connectivity which forms under developed biological 

soil crusts.  

 

3.4.2.3. Soil pore shape descriptors 

Soil pore shape descriptors, which included soil pore surface area, circularity and size 

categorisation, all exhibited significant differences between the soil seal and lower 

layers under biologically developed soil crusts (July). Soil pore surface area was 

significantly higher in the soil seal relative to the bulk soil in July, but not in November 

or March. Soil pore surface area is an important metric in soil physics as it indicates 

the size of the interface between the soil and the pore environment, within which 

higher values are indicative of increased sorption of water and nutrients into the soil 

ecosystem (Hajnos et al., 2000). Results presented here suggest that in biologically 

developed soil crusts, the soil pore/soil particulate interface is more complex relative 

to lower layers, highlighting a greater capacity for exchange and acquisition of water 

and nutrients, which are previously reported functions of biocrusts found in arid 

regions (Rossi et al., 2012, Wei et al., 2015, Belnap, 2003b). Large temporal variation 

was seen in soil pore surface area within compartments, but no clear trends were 

deciphered with time and instead soil pore surface area strongly correlated with the 

number of pores (R2 = 0.9031, p < 0.001).  

 

Soil pore circularity (where higher values indicate rounder pores) was significantly 

higher in the soil seal relative to lower layers in March and July, and significant 

increases in soil pore circularity were seen within each compartment across time. 

Higher values of soil pore circularity are indicative of biological processes, as they are 

predominantly composed of gaseous vesicles that are released due to microbial 

metabolism (Yonovitz and Drohan, 2009). This therefore suggests that in a temperate 

agricultural setting, soils become more microbially active across time, and this is 

exacerbated closer to the surface. Furthermore, results here also revealed that under 

developed soil crusts (July), there was a significantly lower proportion of macropores 

(relative to mesopores) in the soil seal in comparison to lower layers. Macropores 

(>100 µm) are generated as a result of large disturbances to soils such as desiccation, 

soil cracking, freeze-thawing cycles, plant root growth, animal burrows (mainly 



 
 
 

163 

worms) and fungal mycelia growth (Beven and Germann, 2013). However, micro 

(<30 µm) and mesopores (30-100 µm) are considered the preferred habitats for 

microbial activity, and it has been shown that the majority of microbial biomass in the 

soil profile originates from pores of these sizes (Amato and Ladd, 1992, Hassink et 

al., 1993, Kirchmann and Gerzabek, 1999). Together, increased soil pore circularity 

and enrichment of mesopores in the soil seal all suggest a substantial influence of 

biological processes in shaping pore structure in soil crusts from July; and amplicon 

sequencing data suggests that these biological processes are likely attributed to 

significant enrichments of filamentous taxa at the soil surface.  

 

3.3.4.3. Conclusions 

This is the first study to couple the use of non-invasive X-ray CT scanning and next-

generation sequencing to track development of biological soil crusts in a temperate 

agricultural ecosystem. The first aim of this chapter was to determine the depth at 

which the soil crust influences soil structure in a temperate agricultural soil. Results 

here showed that a distinct structural seal forms at the soil surface (termed the ‘soil 

seal’) that exhibits a substantially lower porosity relative to the bulk soil. The 

structural influence of biological soil crusts was shown to extend beyond the soil seal, 

and a zone of altered porosity relative to both the soil seal and bulk soils was identified 

directly beneath the soil seal, which we termed the ‘transitional zone’. Both the 

structural seal and the transitional zone reached a peak combined thickness of 17.4 

mm, suggesting that biological soil crusts have an extended structural significance on 

the soil profile than the 2-5 mm depth in which they span.  

 

The second aim was to determine changes in soil pore abundance, distribution, 

connectivity and structure throughout the soil profile in a temperate agricultural soil. 

Results revealed that soil surface structural seals exhibited substantially lower soil 

porosity, but higher pore connectivity relative to lower soil layers. Furthermore, the 

pore structures of the soil seal were shown to be more complex relative to lower layers, 

within which soil seal pores were more abundant, had a higher surface area, higher 

circularity and lower proportion of macropores, but only under developed biological 

soil crusts. Additionally, the transitional zone had significantly lower porosity, higher 

circularity and a higher number of pores than bulk soils, but only when substantial 
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biological development of soil crusts had occurred (July). These results highlight the 

structural significance of the soil seal in temperate agricultural soils.  

 

The third aim of this chapter was to determine changes in soil pore abundance, 

distribution, connectivity and structure across the growing season in a temperate 

agricultural soil. Results here showed that whilst there was substantial temporal 

variation in soil pore metrics across all soil compartments, no clear universal temporal 

trends were shared across compartments. However, the clear structural differences in 

pore architecture, porosity and connectivity between the soil seal and lower layers 

were exacerbated with time, and samples in July displayed the largest structural 

discrepancies between the soil seal and lower layers. This data may suggest that 

structural features of the soil surface are exacerbated with significant biological 

development of soil crusts.   

 

The last aim was to confirm trends in biological development of soil crusts obtained 

from results presented in chapter 2. Sequencing data presented here revealed that 

composition and diversity of bacterial, protist and phototrophic communities was 

significantly different at the soil surface relative to bulk soils. Furthermore, significant 

shifts in microbial community composition (all amplicons), coupled with reductions 

in alpha diversity (bacteria, protist, phototrophs) were seen in the soil crust across 

time. Soil surface communities also showed significant enrichments of Cyanobacteria, 

Actinobacteria, Chytridiomycota, Archaeplastida and Streptophyta relative to bulk 

soils. Overall, these results not only confirm trends seen in chapter 2, but also extend 

them to show significant enrichments of Chytridiomycota at the soil surface. 

Moreover, enrichments of filamentous taxa, such as Cyanobacteria, green-algae and 

mosses at the soil surface, when there was substantial structural development of soil, 

suggests that these taxa likely influenced characteristics in pore structure in the soil 

seal. 

 

Overall, results here emphasise that the soil surface is a structurally and biologically 

distinct soil compartment, which is capable of forming in a perturbed temperate 

agricultural ecosystem, and may have functional roles in soil erosion and water 

infiltration. However, results here only represent a single case study and further studies 
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are required in order to assess whether these results are translatable to other 

agricultural temperate ecosystems. 
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CHAPTER 4 – THE FUNCTIONAL GENETIC POTENTIAL OF 

DEVELOPED BIOLOGICAL SOIL CRUSTS  

 
4.1. Introduction 

4.1.1. Metagenomics and metatranscriptomics of the soil surface 

A small number of studies have applied shotgun metagenomic sequencing to examine 

functional profiles of biological soil crusts. A study by Steven et al. (2013a) coupled 

amplicon DNA sequencing with shotgun metagenomics to examine taxonomic and 

functional profiles of soil crust and shrubland root zone (rhizosphere) samples 

obtained from the Mojave Desert, containing arid soils. In this study, assembly-free 

metagenomic sequences were aligned to the KEGG and COG databases, and gene 

abundances between soil crust and root zone samples were determined at different 

SEED levels. Their results revealed that soil crusts, which were largely dominated by 

Cyanobacterial reads (~40%), had significant enrichments of genes with KEGG 

annotations assigned to ‘potassium metabolism’, ‘photosynthesis’ and ‘cell division 

and cell cycle’. Further breakdown revealed that the soil crust had significant 

enrichments of genes that encoded light harvesting complexes, electron transport 

chain proteins and circadian clock genes relative to the root zone. They also revealed 

that metagenomic and taxonomic profiles of soil crusts did not change after 10 years 

of exposure to elevated atmospheric carbon dioxide, suggesting that soil crust 

microbiomes show a degree of resistance to climate change. Whilst this study 

emphasises the different metabolic capabilities of soil crusts in comparison to the 

rhizosphere, this was performed in an arid desert ecosystem which lacks relevance to 

temperate ecosystems.  

 

A more recent study by Swenson et al. (2018) utilised exometabolomics, shotgun 

metagenomics and metatranscriptomics to investigate functional responses of wetting 

on microbial communities sampled from the Moab Desert, Utah. In this experiment, 

within which metagenomics was mainly used for taxonomic profiling, Cyanobacterial 

communities dramatically reduced in response to wetting (from 17-28% to 1-3% after 

50 hours of wetting), whereas Firmicutes displayed the opposite response (4-5% to 

19-39% after 50 hours of wetting). However, metatranscriptomic reads (extracted 

from active mRNA instead of DNA) assigned to KEGG pathways revealed 
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‘biosynthesis of amino acids’, ‘phenylalanine, tyrosine and tryptophan biosynthesis’ 

and ‘valine, leucine and isoleucine biosynthesis’ significantly increased as a direct 

response to wetting. Whilst this study represents an impressive showcase using an 

integrative approach to determine microbial functioning of soil crusts, it provides little 

context to functioning of soil crusts, especially in context to bare or bulk soils, in 

temperate systems.  

 

A comprehensive study by Steven et al. (2018) used metatranscriptomics to investigate 

the effects of wetting and disturbance (trampling) on soil crust microbial communities 

from arid soils near the Moab Desert, Utah. Firstly, they concluded that functional 

profiles changed relatively little between soil crusts (0-1 cm) and subsurface soils (1-

2 cm). They additionally found that rapid enrichments in the abundance of transcripts 

associated with photosynthesis and carbon fixation occurred in biological soil crusts 

shortly after wetting. However, they could not single out an individual gene that was 

responsible for this functional response. Lastly, they additionally highlighted the 

vulnerability of soil crusts to disturbance events, in finding that chronic disturbance of 

soil crusts significantly altered their functional profile, leading to significant 

reductions in expression of transcripts associated with nitrogen fixation.  

 

4.1.2. Chapter 4 aims 

Only a small number of studies have used metagenomic approaches to gain both a 

taxonomic and functional insight of biological soil crusts. Furthermore, studies that 

have used these approaches (or metatranscriptomic approaches) have been performed 

exclusively in arid desert ecosystems, and provide little context for temperate 

(agricultural) environments (see section 1.4) (Steven et al., 2018, Swenson et al., 2018, 

Steven et al., 2013a). Additionally, there is a lack of comparative metagenomic 

approaches, in which metagenomic profiles of soil crust and bulk (or bare) soil 

communities have been compared. Consequently, there is currently no study that 

presents the functional roles of soil crusts temperate agroecosystems, and their roles 

in these ecosystems remains speculative. This chapter investigates the current research 

gaps in understanding the taxonomic and functional metagenomes of developed soil 

crusts in a real-world temperate agricultural ecosystem, and how they differ to bulk 

soil, using a genetic approach. The aims of this chapter were: 
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To analyse developed biological soil crust and bulk soil metagenomes obtained 

from a temperate agricultural ecosystem  

1. To compare taxonomic profiles of soil crust and bulk soil metagenomes 

2. To compare functional profiles of biogeochemical cycling genes between soil 

crust and bulk soil metagenomes 

 

From these aims, the following hypotheses were made:  

1. Taxonomic composition of soil crust and bulk soil metagenomes are 

significantly different, and soil crust metagenomes have enrichments of similar 

taxa identified by DNA amplicon sequencing (chapter 2) 

2. Soil crust metagenomes are enriched with a number of genes associated with 

biogeochemical cycles, mainly carbon and nitrogen fixation, relative to bulk 

soil metagenomes 
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4.2. Methods 

4.2.1. Sample selection 

DNA isolated from soil crust and bulk soil samples collected in August 2017 (sampled 

in chapter 3) were selected for metagenomic analysis. Samples were chosen using 

metadata presented in chapter 3, which highlighted both significant compartmental 

differences between the soil crust and the bulk soil, as well as significant development 

of soil crusts. A full description of sampling methodologies is described in section 

3.2.1.  

 

4.2.2. DNA extraction and sequencing 

DNA was extracted from pooled soil crust and bulk soil samples, which was described 

in section 3.2. After extraction, DNA was loaded onto a 1% agarose gel and run at 

100V for 20 minutes and smears of DNA were visualised under UV light using a 

transilluminator. DNA concentrations were determined using an Invitrogen Qubit ® 

2.0 broad range fluorometric quantitation protocol and DNA quality (A260/A280) was 

assessed using a NanoPhotometer® N60. DNA (at concentrations of at least 30 ng/µL) 

was sent to Novogene Ltd. (Hong Kong) for library preparation and 150 base pair 

paired-end shotgun sequencing on an Illumina HiSeq 4000 with a target depth of 30 

gigabases per sample. Sequencing resulted in an average number of 9,028,805,826 bp 

per sample in forward reads, and an average number of 10,318,355,835 bp per sample 

in reverse reads (Table 4.1).  

 

4.2.3. Raw sequences 

Trimmomatic (version 0.39) was used to remove 3’- and 5’- adaptor sequences, low-

quality base pairs or low quality reads and to align forward and reverse reads from raw 

sequences (Bolger et al., 2014). Removal of adapters (supplied in the TruSeq. 3 

adapter file) was performed using a maximum number of two mismatches in the initial 

seed, a clipping threshold of 30 and a simple clip threshold of 10. Quality filtering of 

bases was performed using a leading and trailing threshold of 12, a sliding window of 

4 bases with a minimum Phred score of 15 and removal of any reads shorter than 36 

nucleotides. Cleaned paired reads were quality assessed (per base quality) using 

FASTQC to ensure suitable trimming had occurred (Andrew, 2010).  
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Table 4.1. Number of base pairs obtained from DNA sequencing. DNA sequencing was performed on 
an Illumina HiSeq 4000 (150 bp paired-end sequencing). 
 

Sample  Forward read Reverse read 
Soil crust 1 10,184,323,118 11,555,091,035 
Soil crust 2 9,146,933,486 10,302,701,505 
Soil crust 3 9,209,381,122 10,208,837,283 
Soil crust 4 8,718,734,603 9,836,302,344 
Soil crust 5 8,674,453,142 9,709,621,639 
Bulk soil 1 8,488,390,014 9,856,814,128 
Bulk soil 2 8,797,308,936 10,161,410,268 
Bulk soil 3 8,719,933,403 10,035,460,588 
Bulk soil 4 9,906,765,627 11,747,132,512 
Bulk soil 5 8,441,834,804 9,770,187,049 

 

4.2.4. Co-assembly 

Quality-controlled sequences from all samples (5 soil crust and 5 bulk soil) were co-

assembled using MEGAHIT (version 2.0.), a de novo de Bruijn graph based 

metagenomic assembler (Li et al., 2015). Reads were assembled using a k-mer range 

between 27 to 127, with step intervals of 10. Contigs below 1000 base pairs in length 

were discarded and removed from any further analysis. Contigs generated from the 

metagenomic co-assembly were quality assessed using MetaQUAST with default 

parameters (Mikheenko et al., 2015).  

 

4.2.5. Open Reading Frame prediction and functional annotation 

Coding regions within contigs, known as open reading frames (ORFs), were predicted 

using Prodigal (version 2.6.3.) with the ‘meta’ pre-set function (Hyatt et al., 2010). 

ORFs were translated into amino acid sequences and functional annotations were 

obtained by performing a DIAMOND (version 0.9.9.110) search which queried the 

Kyoto Encyclopaedia of Genes and Genomes (KEGG), Clusters of Orthologous 

Groups (COG), the protein families (Pfam) and the carbohydrate-active enzymes 

(CAZy) databases using an expected value (e-value) threshold of 1e-15, a minimum 

amino acid length of 50 and a minimum identity of 90% (Galperin et al., 2014, Finn 

et al., 2014, Buchfink et al., 2014, Kanehisa et al., 2015, Lombard et al., 2013). 

Taxonomic annotations of assembled contigs were performed using  ‘CAT and BAT’, 

which queried contigs against The National Centre for Biotechnology Information 
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(NCBI) non-redundant protein sequences database using an e-value threshold of 1e-

15 (Bastiaan von Meijenfeldt et al., 2019, Kanehisa et al., 2015). 

 

4.2.6. Mapping and normalisation 

Quality controlled reads (obtained after step 4.2.3) from each sample were mapped to 

annotated contigs and annotated ORFs obtained after co-assembly using Bowtie2 were 

sorted, indexed and filtered using SAMtools (Langmead and Salzberg, 2012, Li et al., 

2009). Mapping information from each sample was collated across all samples to 

obtain coverage information (read hits per contig/ORF) using the ‘coverage’ function 

within the BEDTools suite (Quinlan and Hall, 2010). Coverage information was 

normalised to account for gene length and sequencing depth per sample (equation 4.1) 

and gene abundance was expressed as reads per kilobase million (RPKM).   

 
Equation 4.1. Reads per kilobase million calculation: 

!"#$ = &'()*+	-.	+*/01
23*4*	5*436ℎ1000 : ;6-6/5	+*/011,000,000 =

 

 

4.2.7. Bioinformatics and statistical analysis 

Non-metric multidimensional scaling plots (NMDS) were generated from Bray-Curtis 

similarity using sample coverage information using the vegan package on R (version 

3.5.1) (Oksanen et al., 2018). Tests for a normal distribution were performed using a 

Shapro-Wilk test, and statistical comparisons between treatments were performed 

using either a student’s t-test or a Wilcoxon signed-rank sum test (depending on 

normality) for pair-wise comparisons. The DESeq2 R-package was used to determine 

differential abundance between soil compartments using a Wald’s test, which were 

plotted using the enhanced volcano package on R (Love et al., 2014).  Stacked bar 

plots were generated using the Phyloseq package on R, and were plotted using the 

ggplot2 R package (McMurdie and Holmes, 2013).  
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 4.3. Results 

4.3.1. Assembly statistics 

Metagenomic co-assembly resulted in the generation of 5,823,845 contigs that were 

over 1000 bp in length (Table 4.2). Contigs consisted of a combined total of 

11,278,116,646 base pairs, which equated to 14.57% of the total base pairs input for 

metagenomic co-assembly. N50 and N75 values (the minimum contig lengths required 

to cover 50% and 75% of all contigs) were calculated as 1954 and 1333 (respectively), 

which indicates a strong assembly performance based on similar sized data sets (van 

der Walt et al., 2017, Vollmers et al., 2017). The vast majority of contigs were between 

1000-5000 bp (95.57%). A small number of large contigs (>50,000 bp) were produced 

(441, 0.007% of total contigs). A total number of 14,973,970 ORFs (minimum length 

of 50 amino acids) were predicted from the 5,823,845 contigs, which was the 

equivalent of 2.57 ORFs per contig.  

 
Table 4.2. Statistics of contigs after co-assembly. Statistics were generated using MetaQUAST on 
contigs produced from a metagenomic co-assembly of combined soil crust and bulk soil reads.  
 

Statistic  Value 

Total bp 11,278,116,646 

Number of contigs  5,823,845  

> 1000 bp 5,823,845 

> 5000 bp 213,005 

> 10,000 bp 40,847 

> 25,000 bp 3462 

> 50,000 bp 441 

N50 1954 

N75 1333 

 

4.3.2. Taxonomy  

Microbial community composition was visualised on non-metric multidimensional 

scaling (NMDS) plots generated using Bray-Curtis similarity from mapped coverage 

of reads to co-assembled contigs (Figure 4.1). A stress value of 0.101 was calculated, 

suggesting a strong representation of reduced dimensionality. NMDS plots revealed 

clear separation between the soil crust and the bulk soil in mapped coverage to contigs.  
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Figure 4.1. NMDS plots of soil crust and bulk soil microbial communities from metagenomic 
sequencing. Non-metric multi-dimensional scaling plots of mapped coverage (quality-controlled reads 
to co-assembled contigs) were generated using Bray-Curtis similarity.  
 
After quality-control, a total number of 5,852,165 contigs (99.51% of all contigs from 

metagenomic co-assembly) were used for taxonomic annotation (Table 4.3). The vast 

majority of contigs were assigned to bacterial sequences (5,480,673 – 93.65%), 

followed by unassigned contigs (274,602 – 4.72%), eukaryotes (35,574 – 0.61%), 

archaea (30,658 – 0.53%) and viruses (2338 – 0.04%).  

 
Table 4.3. Number of contigs assigned to each kingdom. Taxonomic annotations were assigned based 
on the NCBI non-redundant protein database using a DIAMOND search with a threshold of 10 e-15.  
 

Kingdom  Number of contigs Proportion (%) 
Archaea 30658 0.53 
Bacteria 5480673 94.11 
Eukaryotes 35574 0.61 
Unassigned 274602 4.72 
Viruses 2338 0.04 

 

Coverage of mapped reads to co-assembled contigs showed similar trends to the 

number of contigs assigned to each kingdom (Table 4.4). In the soil crust, bacterial 

contigs had the highest proportion of mapped coverage (93.96%) followed by 
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unassigned contigs (4.11%), eukaryotes (1.04%), archaea (0.85%) and viruses 

(0.04%). In the bulk soil, bacterial contigs had the highest proportion of mapped 

coverage (94.77%), followed by unassigned contigs (3.70%), archaea (1.34%), 

eukaryotes (0.17%) and viruses (0.02%). Wilcoxon signed-rank sum tests revealed 

significant differences in mapped coverage between compartments for archaeal (p = 

0.0062) and eukaryotic (p = 0.0360) sequences.  

 
Table 4.4. Mapped coverage of soil crust and bulk soil reads to each kingdom. The relative abundance 
of coverage information obtained from quality-controlled reads to co-assembled contigs. Contigs were 
annotated against the NCBI non-redundant protein database using a DIAMOND search with an e-
value threshold of 10 e-15. 
 

Kingdom  Soil Crust (%) Bulk Soil (%) p-value 
Archaea 0.85 1.34 0.0062 
Bacteria 93.96 94.77 0.1250 
Eukaryotes 1.04 0.17 0.0360 
Unassigned 4.11 3.70 0.1013 
Viruses 0.04 0.02 0.0625 

 

 

The relative abundance of phyla contributing to >1% of total mapped coverage was 

determined for individual soil crust and bulk soil samples (Figure 4.2). ANOSIM 

(calculated from the relative abundance of total mapped coverage) revealed significant 

differences between compartments (R = 0.8013). Calculated ANOSIM values were 

robust (p < 0.001). In both compartments Actinobacteria, Proteobacteria and 

Acidobacteria were the most abundant phyla, contributing to an average relative 

abundance of 35.84%, 32.84% and 9.32% in the soil crust, and 32.83%, 31.41% and 

17.61% in the bulk soil, respectively. Thaumarchaeota were the only abundant 

archaeal phylum, and contributed 0.97% in the soil crust and 1.61% in the bulk soil. 

Chlorophyta was the most abundant eukaryotic phyla, and contributed to an average 

relative abundance of 0.62% in the soil crust, and 0.03% in the bulk soil. 



 
 
 

175 

 
 
Figure 4.2. Soil crust and bulk soil microbial community composition. The relative abundance was 
calculated based on the mapped coverage of each sample to co-assembled contigs. Taxonomic 
annotations were obtained using a DIAMOND search against the NCBI non-redundant protein 
database using an e-value threshold of 10 e-15. (BSC = biological soil crust samples, BULK = bulk 
soil samples). Only taxa that contribute to >1% of relative abundance in any sample are shown.  
 
 
Wilcoxon signed-rank sum tests revealed that eight out of eleven phyla (contributing 

to >1% relative abundance) had significant differences in relative abundance between 

compartments. Log10 fold change (L10FC – the relative abundance of soil crust taxon 

divided by relative abundance of bulk soil taxon, transformed to log10) was determined 

for taxa displaying significant differences in the relative abundance between 

compartments (Figure 4.3). The soil crust had significant enrichments of Chlorophyta 

(L10FC = 1.34, p = 0.0002), Cyanobacteria (L10FC = 1.01, p = 0.0003), Bacteroidetes 

(L10FC = 0.23, p = 0.0041), Actinobacteria (L10FC = 0.04, p = 0.0158) and 

Proteobacteria (L10FC = 0.02, p = 0.0491). However, Chloroflexi (L10FC = -0.21, p = 

0.0071), Thaumarchaeota (L10FC = -0.22, p = 0.0003) and Acidobacteria (L10FC = -

0.28, p = 0.0001) were significantly enriched in the bulk soil relative to the soil crust.  
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Figure 4.3. Differential abundance of soil crust and bulk soil taxa. Taxa exhibiting significantly 
different relative abundance in mapped coverage (Wilcoxon signed-rank test, p < 0.05 = *, p < 0.01 = 
**, p < 0.001 = ***) between soil crust and bulk soil communities. Relative abundance of mapped 
coverage was transformed to fold change (relative abundance of a given taxa in soil crust/bulk soil) 
and subsequently log10 transformed.  
 

Differential abundance analysis of mapped coverage to annotated contigs was 

performed at the phylum level between compartments (Figure 4.4). This was 

performed by plotting the log2 fold change (soil crust/bulk soil, L2FC) against the log10 

p-value (determined by a Wald’s test). Differential abundance analysis identified 13 

phyla that were significantly enriched in the soil crust (L2FC > 2, p < 0.05), and 2 

phyla that were significantly enriched in the bulk soil (L2FC < -2, p < 0.05). Of these 

phyla, Cryptomycota, Chlorophyta and Blastocladiomycetes displayed the highest 

fold-change and were enriched in the soil crust (L2FC = 4.72, 4.67 and 4.25; -L10P = -

4.75, -14.48 and -14.48, respectively). Streptophyta, Bacillariophyta and 

Cyanobacteria had the highest significance statistic (-L10P) of significantly enriched 

soil-crust phyla (L2FC = 4.21, 4.25 and 3.64, -L10P = 87.14, 59.23 and 29.29, 

respectively). Two phyla were significantly enriched in the bulk soil by differential 

abundance analysis, which were assigned to Apicomplexa and the candidate phyla 

WPS2 (L2FC = -3.51, -2.16; -L10P = -3.75, -3.71, respectively). 
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Figure 4.4. Volcano plots of phyla enriched in soil crust and bulk soil metagenomes. Log2 fold change 
was calculated from mapped coverage to annotated contigs between soil crust and bulk soil samples. 
Log10(p) was generated from a Wald’s test. Dashed horizontal line: p = 0.05, dashed vertical lines: log2 
fold change = +/-2 threshold. Plots generated using ‘enhanced volcano’ R package 
 

ANOSIM revealed significant differences in the relative abundance of mapped 

coverage to archaeal sequences between compartments (R = 0.908) (Figure 4.5). The 

calculated ANOSIM value was robust (p < 0.001). The majority of mapped reads to 

archaeal contigs were assigned to Thaumarchaeota in both compartments, contributing 

to an average relative abundance of 96.13% in the soil crust and 96.67% in the bulk 

soil. Wilcoxon signed-rank sum tests revealed that the abundance of Thaumarchaeota 

was significantly enriched in the bulk soil relative to the soil crust (p = 0.0079). The 

relative abundance of Crenarchaeota was also significantly higher in the bulk soil 

relative to the soil crust (soil crust: 1.26%, bulk soil: 1.61%, p = 0.0073), whereas 

Euryarchaeota was significantly enriched in the soil crust relative to the bulk soil (soil 

crust: 2.11%, bulk soil: 1.61%, p = 0.0151).  

 

ANOSIM revealed significant differences in the relative abundance of mapped 

coverage to bacterial sequences between compartments (R = 0.9115) (Figure 4.5). The 
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calculated ANSOIM value was robust (p < 0.001). Bacterial contigs with the highest 

abundance of mapped reads were assigned to Actinobacteria, Proteobacteria and 

Acidobacteria in both compartments (soil crust: 36.63%, 33.56% and 9.52%, bulk soil: 

33.45% 31.99% and 17.94%, respectively). Wilcoxon signed-rank sum tests revealed 

that Actinobacteria (p = 0.0158), Proteobacteria (p = 0.0079), Bacteroidetes (p = 

0.0073) and Cyanobacteria (p = 0.0001) were all significantly enriched in the soil crust 

relative to the bulk soil. Conversely, Acidobacteria (p = 0.0019), Chloroflexi (p = 

0.0071) and Rokubacteria (p = 0.0079) were significantly enriched in the bulk soil 

relative to the soil crust.  

 

ANOSIM revealed significant differences in the relative abundance of mapped 

coverage to eukaryotic reads between compartments (R = 0.9684) (Figure 4.6). The 

calculated ANSOIM value was robust (p < 0.001). Eukaryotic contigs with the highest 

abundance of mapped reads were assigned Chlorophyta (soil crust: 53.84%, bulk soil: 

16.63%), Ascomycota (soil crust: 25.06%, bulk soil: 60.7%) and Streptophyta (soil 

crust: 14.07%, bulk soil: 5.94%) in both compartments. Wilcoxon signed-rank sum 

tests revealed significant enrichments of Bacillariophyta (p < 0.0001), Chlorophyta (p 

< 0.0001) and Streptophyta (p < 0.0001) in the soil crust relative to the bulk soil. 

However, significant enrichments of Chordata (p = 0.0103), Ascomycota (p < 0.0001), 

Basidiomycota (p = 0.0002) and Mucoromycota (p < 0.0001) were revealed in the 

bulk soil relative to the soil crust.  

 

ANOSIM revealed significant differences in the relative abundance of mapped 

coverage to viral reads between compartments (R = 0.7014) (Figure 4.6). The 

calculated ANSOIM value was robust (p < 0.001). Viral contigs with the highest 

abundance of mapped reads were assigned to Siphoviridae (77.22%), Podoviridae 

(7.57%) and Myoviridae (5.83%) in the soil crust, and Siphoviridae (77.49%), 

Mimiviridae (7.66%) and Podoviridae (7.57%) in the bulk soil.  Wilcoxon signed-rank 

sum tests revealed Podoviridae (p = 0.0079) and Phycodnaviridae (p = 0.0098) were 

significantly enriched in the soil crust relative to the bulk soil. However, Siphoviridae 

(p = 0.0017) was significantly enriched in the bulk soil relative to the soil crust.  
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Figure 4.5. Relative abundance of archaeal and bacterial phyla in soil crust and bulk soil communities. Only phyla that contributed to >1% relative abundance of mapped 
coverage (reads to contigs) are shown. Any taxa contributing less than 1% are in the ‘low abundance’ category. * Indicates candidate phyla. 
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Figure 4.6. Relative abundance of eukaryotic and viral taxa in soil crust and bulk soil communities. Only phyla (eukaryotes) and families (viruses) that contributed to >1% 
relative abundance of mapped coverage (reads to contigs) are shown. Any taxa contributing less than 1% are in the ‘low abundance’ category.  
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4.3.2.1. Comparison of bacterial amplicon MiSeq 16S rRNA taxonomy and bacterial 

shotgun metagenomics taxonomy  

Comparisons of bacterial community profiles were made between 16S rRNA 

amplicon DNA sequencing (from section 2.3.5.3) and shotgun metagenomic 

sequencing (Figure 4.7).  ANOSIM of bacterial composition between the two 

methodologies revealed significant differences in both the soil crust (R = 0.9011) and 

the bulk soil (R = 0.9119). Both calculated ANSOIM values were robust (p < 0.001).  

Both sequencing methods identified Actinobacteria, Proteobacteria and Acidobacteria 

as the most abundant bacterial phyla in both compartments. Wilcoxon signed-rank 

sum tests revealed significant differences in the relative abundance of Actinobacteria, 

Acidobacteria, Bacteroidetes, Chloroflexi, Firmicutes, Nitrospirae, Planctomycetes 

and Verrucomicrobia (p < 0.05 for all comparisons) between the two sequencing 

methods (both compartments). Firmicutes, Nitrospirae and Planctomycetes were 

underrepresented in metagenomic profiles, contributing to an average relative 

abundance of 0.18%, 0.64% and 0.57% (respectively) across both compartments. 

However, in amplicon sequencing Firmicutes, Nitrospirae and Planctomycetes 

contributed to an average relative abundance of 1.81%, 0.76% and 

5.88%(respectively), which were on average 9.83, 1.14 and 10.34-fold more abundant 

than in metagenomic profiles.  

 
Figure 4.7. Bacterial community composition of soil crust and bulk soil phyla determined from 
amplicon and shotgun metagenomic sequencing.  Only phyla representing >1% relative abundance 
are shown. Metagenomic relative abundance was determined from the percentage of mapped reads to 
annotated contigs. Amplicon relative abundance was determined as the relative abundance of 
annotated read count (after rarefaction to 8700 sequences). 
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4.3.3. Functional annotations 

Functional profiles of soil crust and bulk soil sequences were created by querying 

predicted ORF protein sequences against protein sequences of annotated genes in the 

KEGG database. ORFs were additionally annotated against the COG and Pfam 

databases to confirm correct annotations had occurred. The abundance of genes (reads 

per kilobase million – RPKM) involved in nitrogen metabolism, photosynthesis, 

carbon fixation, phosphorus cycling, sulphur metabolism and methane metabolism 

according to KEGG annotations (pathway KEGG level) was determined in soil crust 

and bulk soil samples (Figure 4.8). Significant enrichments of genes involved in 

nitrogen metabolism (soil crust: 5461.1 RPKM, bulk soil: 5326.7, p = 0.0081), 

photosynthesis (soil crust: 542.9 RPKM, bulk soil: 111.9, p = 0.0001) and carbon 

fixation (soil crust: 5084.5 RPKM, bulk soil: 4971.5 RPKM, p = 0.0003) were seen in 

the soil crust relative to the bulk soil. However, there were significant enrichments of 

genes involved in phosphorus cycling (soil crust: 5369.7 RPKM, bulk soil: 5562,3, p 

< 0.0001) and methane metabolism (soil crust: 32.4 RPKM, bulk soil: 45.2, p = 

0.0041) in the bulk soil relative to the soil crust. No significant compartmental 

differences were seen in sulphur metabolism (p = 0.1041). 
 

 
 
Figure 4.8. Abundance of genes involved in biogeochemical processes in the soil crust and bulk soil. 
The combined abundance (reads per kilobase million) of genes involved in KEGG pathways for 
nitrogen metabolism (map00910), oxygenic photosynthesis (map00195), carbon fixation (map00720), 
sulphur metabolism (map00920) and methane metabolism (map00920). KEGG genes involved in 
phosphorus cycling were obtained from Liu et al. (2018). Error bars indicate +/- the standard 
deviation. Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 
0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
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4.3.3.1 Nitrogen cycling 

Abundance of genes involved in nitrogen cycling were determined in soil crust and 

bulk soil samples (Figure 4.9). The abundance of genes involved in nitrogen fixation 

were significantly higher in the soil crust (p = 0.0035), and were on average 3.55-fold 

more abundant in the soil crust (266.24 RPKM) relative to the bulk soil (74.46 

RPKM).  

 
Figure 4.9. Abundance of nitrogen cycling genes in the soil crust and bulk soil. The  combined 
average abundance (reads per kilobase million) of genes involved in nitrogen fixation (KEGG module 
M00175 - nifHDK), nitrification (M00528 – amoABC, hao, nxrAB), dissimilatory nitrate reduction 
(M00530 - narIV, napAB, nirBD, nrfAH), assimilatory nitrate reduction (M00531 - nasAB, narB, nirA, 
NIT-6, NR) and denitrification (M00529 - narGHI, napAB, nirKS, norBC, CYP55, nosZ. Asterisks 
indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 0.05 = *, p < 0.01 = 
**, p < 0.001 = ***). 
 

Taxonomic annotations of sequences mapped to nitrogen-fixation genes were assigned 

to the bacterial phyla Cyanobacteria and Proteobacteria. Wilcoxon signed-rank sum 

tests revealed that the gene abundance of Cyanobacterial nitrogen-fixation genes was 

significantly higher in the soil crust (146.37 RPKM) relative to the bulk soil (6.35 

RPKM) (p < 0.0001). Further taxonomic annotations (Figure 4.10) revealed 

Cyanobacterial nitrogen fixation contigs consisted of sequences assigned Nostocales 
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(soil crust: 114.75 RPKM and bulk soil: 4.87 RPKM), or no further taxonomic 

annotations (soil crust: 31.62 RPKM, bulk soil: 1.49 RPKM), whereas Proteobacterial 

nitrogen fixation contigs were assigned to Rhodosipirillales (soil crust: 44.73 RPKM, 

bulk soil: 17.66 RPKM), Rhizobiales (soil crust: 0 RPKM, bulk soil: 7.46 RPKM) and 

Myxococcales (soil crust: 7.07 RPKM, bulk soil: 1.10 RPKM). All comparisons at the 

order level were significantly different between compartments (p < 0.05 for all cases). 

 

 
Figure 4.10. Abundance of taxa assigned to nitrogen fixation genes in the soil crust and bulk soil. 
The combined average abundance (reads per kilobase million) of genes involved in nitrogen fixation 
(KEGG module M00175 – nifHDK). Taxonomic annotations were performed at the ‘order’ level. 
Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 0.05 = *, p 
< 0.01 = **, p < 0.001 = ***). 
 

Wilcoxon signed-rank sum tests revealed that the abundance of genes involved in 

nitrification were significantly higher in the soil crust relative to the bulk soil (p < 

0.0001) (Figure 4.9). Bacterial taxonomic annotations of nitrification genes were 

assigned to Actinobacteria (soil crust: 209.27 RPKM, bulk soil: 148.04 RPKM), 

Proteobacteria (soil crust: 42.11 RPKM, bulk soil: 46.75 RPKM) and Nitrospirae (soil 

crust: 6.55 RPKM, bulk soil: 13.39 RPKM). Archaeal taxonomic annotations of 

nitrification genes were assigned to Thaumarchaeota (soil crust: 4.87 RPKM, bulk 

soil: 8.56 RPKM), or were unassigned (soil crust: 6.97 RPKM, bulk soil: 10.39 

RPKM). Wilcoxon signed-rank sum tests revealed significant differences in the gene 

** 
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abundance of every nitrification phyla between compartments (p < 0.05 for all cases), 

except Proteobacteria (p = 0.0784).  

 

However, Wilcoxon signed-rank sum tests revealed that the abundance of genes 

involved in denitrification were significantly higher in the bulk soil relative to the soil 

crust (p = 0.0078) (Figure 4.9). Bacterial taxonomic annotations of sequences mapped 

to denitrification genes were assigned to Proteobacteria (soil crust: 149.44 RPKM, 

bulk soil: 151.23 RPKM), Actinobacteria (soil crust: 84.79 RPKM, bulk soil: 67.68 

RPKM), Acidobacteria (soil crust: 16.67 RPKM, bulk soil: 25.15 RPKM), 

Bacteroidetes (soil crust: 15.97 RPKM, bulk soil: 16.92 RPKM), Chloroflexi (soil 

crust: 0 RPKM, bulk soil: 5.71 RPKM) Gemmatimonadates (soil crust: 12.86 RPKM, 

bulk soil: 7.46 RPKM) and Verrucomicrobia (soil crust: 4.87 RPKM, bulk soil: 5.91 

RPKM). Archaeal sequences were only present in the bulk soil, which were assigned 

to Crenarchaeota (6.24 RPKM) and Thaumarchaeota (5.47 RPKM). Wilcoxon signed-

rank sum tests revealed significant differences in the gene abundance of every 

denitrification phyla between compartments (p < 0.05 for all cases). No significant 

differences in gene abundance were seen between the soil crust and bulk soil in 

assimilatory and dissimilatory nitrate reduction, but ANOSIM of the taxonomic 

profiles of genes associated with these processes revealed that composition was 

significantly different between compartments (assimilatory: R = 0.4011, dissimilatory: 

R = 0.2110). Both calculated ANSOIM values were robust (p < 0.001).   

 

4.3.3.2. Carbon cycling 

The abundance of genes involved in carbon dioxide fixation, production of 

photosynthetic apparatus and carbohydrate-active enzymes (CAZy) were determined 

in soil crust and bulk soil samples (Figure 4.11). Wilcoxon signed-rank sum tests 

revealed a significant enrichment of genes involved in the reductive TCA cycle (soil 

crust: 108.81 RPKM, bulk soil: 145.00 RPKM) and the Wood-Ljungdahl cycle (soil 

crust: 3.62 RPKM, bulk soil: 7.77 RPKM) in the bulk soil relative to the soil crust. 

Taxonomic annotations (phyla) of sequences mapped to reductive TCA genes were 

assigned to Actinobacteria (soil crust: 22.49 RPKM, bulk soil: 16.21 RPKM), 

Proteobacteria (soil crust: 15.90 RPKM, bulk soil: 21.97 RPKM) Nitrospirae (soil 

crust: 8.13 RPKM, bulk soil: 14.15 RPKM) and Rokubacteria (soil crust: 1.77 RPKM, 



 
 
 

186 

bulk soil: 6.50 RPKM) (Figure 4.12). Wilcoxon signed-rank sum tests revealed 

significant compartmental differences in the gene abundance of all phyla for detected 

reductive-TCA genes. No significant compartmental differences were seen in the 

abundance of genes associated in the 3-HP bicycle.  

 

 
Figure 4.11. Gene abundance of carbon fixing genes in the soil crust and bulk soil. The abundance 
of genes involved in carbon fixation, CAZy enzymes and photosynthetic apparatus. A) KEGG modules: 
Reductive TCA cycle (M00173), 3HP bi-cycle (M00376), Wood-Ljungdahl (M00377). B) CAZy 
enzymes (see supplementary information for full list). C) KEGG modules: PSII (M00161), PSI 
(M00136), Cytochrome b6f (M00162) and rubisco (K01601, K01602). Error bars indicate +/- standard 
deviation. Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 
0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
 

Taxonomic annotations of sequences mapped to Wood-Ljungdahl cycle genes (Figure 

4.12) were assigned to Gemmatimonadetes (soil crust: 0.47 RPKM, bulk soil: 0.56 

RPKM), Acidobacteria (soil crust: 0.29 RPKM, bulk soil: 0.33 RPKM), 

Actinobacteria (soil crust: 0.266 RPKM, bulk soil: 0.66 RPKM), Proteobacteria (soil 

crust: 0.24 RPKM, bulk soil: 0.45 RPKM), Chloroflexi (soil crust: 0.23 RPKM, bulk 
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soil: 0.48 RPKM) and Verrucomicrobia (soil crust: 0.09 RPKM, bulk soil: 0.03 

RPKM). Wilcoxon signed-rank sum tests revealed significant compartmental 

differences in the relative abundance of Gemmatimonadetes (p = 0.0131), 

Acidobacteria (p = 0.0198), Proteobacteria (p = 0.0012) and Chloroflexi (p = 0.0081).  

 
Figure 4.12. Abundance of genes involved in reductive-TCA, Wood-Ljungdahl and 3HP pathways 
in the soil crust and bulk soil. KEGG modules were used to obtained functional annotations of 
sequences. Reductive TCA cycle (M00173), 3HP bi-cycle (M00376), Wood-Ljungdahl (M00377). 
Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 0.05 = *, p 
< 0.01 = **, p < 0.001 = ***). 
 
Wilcoxon signed-rank sum tests revealed a significant enrichment of sequences 

assigned to CAZy enzymes genes in the soil crust (11620.80 RPKM) relative to the 

bulk soil (11083.11 RPKM, p = 0.0036), which were 1.05-fold more abundant in the 

soil crust (Figure 4.13). Bacterial taxonomic annotations of sequences assigned to 

CAZy enzyme genes were assigned to Actinobacteria (soil crust: 3353.73 RPKM, bulk 

soil: 2919.05 RPKM), Proteobacteria (soil crust: 2536.79 RPKM, bulk soil: 2221.88 

RPKM), Acidobacteria (soil crust: 833.64 RPKM, bulk soil: 1491.81 RPKM), 

Bacteroidetes (soil crust: 823.57 RPKM, bulk soil: 521.91 RPKM), Chloroflexi (soil 
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crust: 151.39 RPKM, bulk soil: 241.83 RPKM), Cyanobacteria (soil crust: 303.533 

RPKM, bulk soil: 0 RPKM), Gemmatimonadetes (soil crust: 267.96 RPKM, bulk soil: 

226.07 RPKM) and Verrucomicrobia (soil crust: 248.42 RPKM, bulk soil: 305.15 

RPKM). Chlorophyta (eukaryotes) were additionally detected in the soil crust (205.93 

RPKM) but not in the bulk soil (0 RPKM).  Wilcoxon signed-rank sum tests revealed 

significant differences in the gene abundance of all phyla assigned to CAZy enzyme 

genes between compartments (p < 0.05 for all cases).  

 
Figure 4.13. Gene abundance of CAZy genes in the soil crust and bulk soil. KEGG gene numbers 
were used to obtain functional annotations of sequences. See the supplementary information for the full 
list of KEGG annotations.  Asterisks indicate a significant compartmental difference (Wilcoxon signed-
rank test, p < 0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
 
Taxonomic profiles as well as the abundance of genes associated with each CAZy 

class was further broken down in the soil crust and the bulk soil (Figure 4.14).  

Wilcoxon signed-rank sum tests revealed a significant compartmental difference of 

CAZy carbohydrate-binding module gene abundance, which were 1.07-fold more 

abundant in the soil crust (1076.59 RPKM) relative to the bulk soil (1000.44 RPKM, 

p = 0.0079). Taxonomic annotations of CAZy carbohydrate-binding module genes 

were assigned to Acidobacteria (soil crust: 54.07 RPKM, bulk soil: 93.88 RPKM), 

Actinobacteria (soil crust: 459.45 RPKM, bulk soil: 360.37 RPKM), Bacteroidetes 

(soil crust: 32.62 RPKM, bulk soil: 14.89 RPKM), Cyanobacteria (soil crust: 31.30 

RPKM, bulk soil: 0 RPKM), Gemmatimonadetes (soil crust: 22.23 RPKM, bulk soil: 

12.42 RPKM), Proteobacteria (soil crust: 163.03 RPKM, bulk soil: 152.19 RPKM), 

Verrucomicrobia (soil crust: 33.01 RPKM, bulk soil: 41.66 RPKM) and Chlorophyta 
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(soil crust: 12.49 RPKM, bulk soil: 0 RPKM). Wilcoxon signed-rank sum tests 

revealed significant differences in the gene abundance of all phyla assigned to CAZy 

carbohydrate-binding module genes between compartments (p < 0.05 for all cases), 

except for Proteobacteria (p = 0.0713). 

 

Wilcoxon signed-rank sum tests revealed a significant compartmental difference of 

CAZy glycoside hydrolase gene abundance, which were 1.09-fold more abundant in 

the soil crust (5910.13 RPKM) relative to the bulk soil (5412.62 RPKM, p = 0.00319) 

(Figure 4.14). Taxonomic annotations of CAZy glycoside hydrolase genes were 

assigned to Acidobacteria (soil crust: 366.72 RPKM, bulk soil: 633.26 RPKM), 

Actinobacteria (soil crust: 2047.22 RPKM, bulk soil: 1626.23 RPKM), Bacteroidetes 

(soil crust: 566.66 RPKM, bulk soil: 377.29 RPKM), Chloroflexi (soil crust: 66.62 

RPKM, bulk soil: 99.03 RPKM), Cyanobacteria (soil crust: 135.25 RPKM, bulk soil: 

0 RPKM), Gemmatimonadetes (soil crust: 134.51 RPKM, bulk soil: 108.66 RPKM), 

Proteobacteria (soil crust: 1048.06 RPKM, bulk soil: 877.02 RPKM), 

Verrucomicrobia (soil crust: 111.91 RPKM, bulk soil: 135.39 RPKM) and 

Chlorophyta (soil crust: 86.23 RPKM, bulk soil: 0 RPKM). Wilcoxon signed-rank 

sum tests revealed significant differences in the gene abundance of all phyla assigned 

to CAZy glycoside hydrolase genes between compartments (p < 0.05 for all cases).  

 

Wilcoxon signed-rank sum tests revealed a significant compartmental difference of 

CAZy polysaccharide lyase gene abundance, which were 1.39-fold more abundant in 

the soil crust (32.26 RPKM) than in the bulk soil (23.23 RPKM, p = 0.0061) (Figure 

4.14). Taxonomic annotations of CAZy polysaccharide lyase genes were assigned to 

Acidobacteria, (soil crust: 2.61 RPKM, bulk soil: 4.45 RPKM), Actinobacteria (soil 

crust: 2.40 RPKM, bulk soil: 2.95 RPKM), Bacteroidetes (soil crust: 12.36 RPKM, 

bulk soil: 5.99 RPKM), Gemmatimonadetes (soil crust: 0.58 RPKM,  bulk soil: 0.63 

RPKM), Planctomycetes (soil crust: 0 RPKM, bulk soil: 0.29 RPKM), Proteobacteria 

(soil crust: 4.21 RPKM, bulk soil: 0.618 RPKM) and Verrucomicrobia (soil crust: 2.77 

RPKM, bulk soil: 2.25 RPKM). Wilcoxon signed-rank sum tests revealed significant 

differences in the gene abundance of Bacteroidetes (p < 0.0001), Planctomycetes (p = 

0.0013) and Proteobacteria (p < 0.0001) CAZy polysaccharide lyase genes between 

compartments.   
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 Figure 4.14. Gene abundance of CAZy enzyme categories in the soil crust and bulk soil. KEGG gene numbers were used to obtained functional annotations of 
sequences. See the supplementary information for the full list of KEGG annotations. CAZy categories were split according to the CAZy database (Lombard et al., 
2013).  Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
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Wilcoxon signed-rank sum tests revealed a significant enrichment in the abundance of 

sequences assigned to photosystem I (PSI - soil crust: 133.58 RPKM, bulk soil: 8.26 

RPKM), photosystem II (PSII – soil crust: 254.89 RPKM, bulk soil: 17.00 RPKM), 

cytochrome B6F (soil crust: 154.37 RPKM, bulk soil: 122.9 RPKM) and rubisco (soil 

crust: 122.39 RPKM, bulk soil: 66.84 RPKM) in the soil crust relative to the bulk soil 

(Figure 4.15). The abundance of genes associated with these processes were on 

average 16.18, 14.99, 1.78 and 1.83-fold higher in the soil crust relative to the bulk 

soil. 

 

 
 
Figure 4.15. Gene abundance of photosynthesis-related genes in the soil crust and bulk soil. KEGG 
module numbers were used to obtain functional annotations of sequences. Photosystem I (M00163), 
photosystem II (M00163), cytochrome B6F (M00162) and rubisco (K01601, K01602 - which encoded 
rbcl and rbcS subunits). Asterisks indicate a significant compartmental difference (Wilcoxon signed-
rank test, p < 0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
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Taxonomic annotations (at the phylum level) of sequences mapped to PSI genes were 

assigned to Cyanobacteria (soil crust: 32.01 RPKM, bulk soil: 1.78 RPKM), 

Streptophyta (soil crust: 6.29 RPKM, bulk soil: 0 RPKM), Chlorophyta (soil crust: 

2.32 RPKM, bulk soil: 0 RPKM) and Bacillariophyta (soil crust: 1.20 RPKM, bulk 

soil: 0 RPKM). Wilcoxon signed rank-sum tests revealed significant differences in the 

relative abundances of all phyla assigned to PSI genes between compartments (p < 

0.05 for all cases). Taxonomic annotations (at the phylum level) of PSII sequences 

were assigned to Cyanobacteria (soil crust: 64.54 RPKM, bulk soil: 3.43 RPKM), 

Chlorophyta (soil crust: 19.04 RPKM, bulk soil: 1.88 RPKM), Streptophyta (soil 

crust: 17.83 RPKM, bulk soil: 0.92 RPKM) and Bacillariophyta (soil crust: 0.57 

RPKM, bulk soil: 0.11 RPKM). Wilcoxon signed-rank sum tests revealed significant 

differences in the gene abundance of all PSII phyla between compartments (p < 0.05 

for all comparisons).  

 

Taxonomic annotations (at the phylum level) of sequences mapped to cytochrome B6F 

were assigned to Cyanobacteria (soil crust: 26.64 RPKM, bulk soil: 1.43 RPKM), 

Streptophyta (soil crust: 14.00 RPKM, bulk soil: 0 RPKM), Acidobacteria (soil crust: 

11.08 RPKM, bulk soil: 24.83 RPKM), Actinobacteria (soil crust: 9.51 RPKM, bulk 

soil: 13.70 RPKM), Chlorophyta (soil crust: 9.45 RPKM, bulk soil: 1.09 RPKM), 

Chloroflexi (soil crust: 9.17 RPKM, bulk soil: 16.09 RPKM), Proteobacteria (soil 

crust: 2.58 RPKM, bulk soil: 2.77 RPKM) and Verrucomicrobia (soil crust: 1.78 

RPKM, bulk soil: 0 RPKM). Wilcoxon signed-rank sum tests revealed significant 

differences in the gene abundance in all phyla assigned to cytochrome B6F genes 

between compartments.  

 

Taxonomic annotations (at the phylum level) of sequences mapped to rubisco genes 

were assigned to Proteobacteria (soil crust: 29.85 RPKM, bulk soil: 26.64 RPKM), 

Streptophyta (soil crust: 12.79 RPKM, bulk soil: 0.79 RPKM), Cyanobacteria (soil 

crust: 9.95 RPKM, bulk soil: 0.68 RPKM), Actinobacteria (soil crust: 7.70 RPKM, 

bulk soil: 7.58 RPKM), Bacteroidetes (soil crust: 0 RPKM, bulk soil: 1.44 RPKM) 

and Chlorophyta (soil crust: 3.19 RPKM, bulk soil: 0 RPKM) (Figure 4.15). Wilcoxon 

signed-rank sum tests revealed significant differences (p < 0.05 for all cases) in the 
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gene abundance of all phyla, except Actinobacteria (p = 0.0810), assigned to rubisco 

genes between compartments.   

 
The abundance of genes involved in methane (pmoA) and methanol (mxaF, mdh) 

oxidation were examined in soil crust and bulk soil communities (Figure 4.16). 

Wilcoxon signed-rank sum tests revealed an enrichment of genes involved in methane 

oxidation (soil crust: 31.17 RPKM, bulk soil: 43.88 RPKM, p = 0.0013), but not 

methanol oxidation (p = 0.1034) in the bulk soil relative to the soil crust (Figure 4.16). 

Taxonomic annotations of sequences mapped to methane oxidation were assigned to 

Proteobacteria (soil crust: 8.64 RPKM, bulk soil: 8.68 RPKM), Thaumarchaeota (soil 

crust: 5.38 RPKM, bulk soil: 9.12 RPKM), Nitrospirae (soil crust: 1.24 RPKM, bulk 

soil: 3.36 RPKM), Crenarchaeota (soil crust: 0.36 RPKM, bulk soil: 0.93 RPKM) and 

Acidobacteria (soil crust: 0.19 RPKM, bulk soil: 0.31 RPKM). Wilcoxon signed-rank 

sum tests revealed significant differences in the abundance of genes mapped to 

methane oxidation in every phylum, (p < 0.05 for all comparisons), except 

Proteobacteria (p = 0.3119), between compartments.  

 

No significant compartmental differences in gene abundance were detected in 

methanol oxidation (p = 0.1013). Additionally, there were no detected signals for 

genes encoding any subunit of methyl coenzyme-M reductase (mcrA, mcrB, mcrG), 

which are functional markers for methanogens, in either soil compartment.  

 

 
Figure 4.16. Gene abundance of methane and methanol oxidation genes in the soil crust and bulk 
soil. KEGG gene numbers were used to obtain functional annotations of sequences for methane 
oxidation (pmoABC: K10944-46, mmoXYZ: K16157-59) and methanol oxidation (mxaIF: K14028-29, 
mdh: K00093). Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p 
< 0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
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4.3.3.3. Phosphorus cycling 

Abundance of genes associated with phosphorus cycling (phosphatases, phytases, 

phosphate starvation response, phosphonate degradation and phosphorus transporters) 

were determined in soil crust and bulk soil samples (Figure 4.17). Genes associated 

with phosphorus cycling were chosen based on those provided in Liu et al. (2018). 

Wilcoxon signed-rank sum tests revealed a significant enrichment of genes involved 

in phosphonate degradation in the soil crust (soil crust: 243.43 RPKM, bulk soil: 

234.01 RPKM, p = 0.0132), which were on average 1.04-fold more abundant in the 

soil crust relative to the bulk soil. However, genes associated with phosphate 

starvation regulation (soil crust: 744.99 RPKM, bulk soil: 786.85 RPKM, p = 0.0005) 

and phosphorus transporters (soil crust: 3431.24, bulk soil: 3597.96, p < 0.0001) were 

significantly more abundant in the bulk soil relative to the soil crust, and were on 

average 1.06 and 1.04-fold more abundant in the bulk soil (respectively). No 

significant compartmental differences were found in gene abundance between 

compartments for genes encoding either phosphatases or phytases. 

 

Taxonomic annotations (phylum level) of sequences assigned to genes associated with 

phosphonate degradation were assigned to Proteobacteria (soil crust: 149.06 RPKM, 

bulk soil: 142.90 RPKM), Bacteroidetes (soil crust: 18.04 RPKM, bulk soil: 7.74 

RPKM), Acidobacteria (soil crust: 17.81 RPKM, bulk soil: 29.07 RPKM), 

Gemmatimonadetes (soil crust: 9.68 RPKM, bulk soil: 8.19 RPKM), Verrucomicrobia 

(soil crust: 5.75 RPKM, bulk soil: 5.19 RPKM) and Actinobacteria (soil crust: 3.06 

RPKM, bulk soil: 3.42 RPKM). Wilcoxon signed-rank sum tests revealed significant 

compartmental differences in the gene abundance of phyla assigned to phosphonate 

genes for Acidobacteria (p < 0.0001) and Bacteroidetes (p = 0.0048).  

 

Taxonomic annotations (phylum level) of sequences assigned to genes associated with 

the regulation of phosphate starvation response were assigned to Proteobacteria (soil 

crust: 243.29 RPKM, bulk soil: 212.24 RPKM), Actinobacteria (soil crust: 132.33 

RPKM, bulk soil: 133.55 RPKM), Acidobacteria (soil crust 69.32 RPKM, bulk soil: 

129.99 RPKM), Bacteroidetes (soil crust: 57.09 RPKM, bulk soil: 33.58 RPKM), 

Gemmatimonadetes (soil crust: 26.011 RPKM, bulk soil: 23.75 RPKM), 

Verrucomicrrobia (soil crust: 16.93 RPKM, bulk soil: 21.14 RPKM), Chloroflexi (soil 
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crust: 16.66 RPKM, bulk soil: 28.81 RPKM) and Cyanobacteria (soil crust: 12.93 

RPKM, bulk soil: 0 RPKM). Wilcoxon signed-rank sum tests revealed significant 

compartmental differences in the gene abundance of phyla assigned to genes 

associated with the phosphate starvation response in Proteobacteria (p = 0.0291), 

Acidobacteria (p < 0.0001), Bacteroidetes (p = 0.0038), Chloroflexi (p = 0.0030) and 

Cyanobacteria (p < 0.0001).  

 

 
Figure 4.17. Gene abundance phosphorus cycling genes in the soil crust and bulk soil. KEGG gene 
numbers were used to obtain functional annotations of sequences associated with phosphorus cycling 
as categorised in Liu et al (2018). For a full list of KEGG numbers see the supplementary information. 
Asterisks indicate a significant compartmental difference (Wilcoxon signed-rank test, p < 0.05 = *, p 
< 0.01 = **, p < 0.001 = ***). 
 

Taxonomic annotations (phylum level) of sequences assigned to genes involved in 

phosphorus transport were assigned to Proteobacteria (soil crust: 1055.40 RPKM, bulk 

soil: 914.47 RPKM), Actinobacteria (soil crust: 900.33 RPKM, bulk soil: 790.01 

RPKM), Acidobacteria (soil crust: 324.26 RPKM, bulk soil: 642.24 RPKM), 

Bacteroidetes (soil crust: 135.04 RPKM, bulk soil: 92.83 RPKM), Cyanobacteria (soil 
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crust: 95.55 RPKM, bulk soil: 0 RPKM), Gemmatimonadetes (soil crust: 78.09 

RPKM, bulk soil: 68.92 RPKM), Verrucomicrobia (soil crust: 58.63 RPKM, bulk soil: 

68.44 RPKM) and Chloroflexi (soil crust: 45.76 RPKM, bulk soil: 69.88 RPKM). 

Wilcoxon signed-rank sum tests revealed significant compartmental differences in the 

gene abundance of phyla assigned to genes associated with phosphorus transport in 

Proteobacteria (p < 0.0001), Actinobacteria (p = 0.0011), Acidobacteria (p < 0.0001), 

Bacteroidetes (p = 0.0479) and Cyanobacteria (p < 0.0001).  

 

4.3.3.4. Sulphur metabolism 

Abundance of genes involved in sulphur metabolism were determined in soil crust and 

bulk soil samples (Figure 4.18). The abundance of genes involved in thiosulphate 

oxidation were significantly enriched in the bulk soil (p < 0.0001), and were on 

average 1.25-fold more abundant in the bulk soil. Taxonomic annotations of sequences 

mapped to thiosulphate oxidation were assigned to Proteobacteria (soil crust: 299.55 

RPKM, bulk soil: 338.66 RPKM), Acidobacteria (soil crust: 26.24 RPKM, bulk soil: 

57.64 RPKM) and Gemmatimonadetes (soil crust: 5.97 RPKM, bulk soil: 6.99 

RPKM). Wilcoxon signed-rank sum tests revealed significant compartmental 

differences in the gene abundance of phyla assigned to thiosulphate oxidation for 

Proteobacteria and Acidobacteria (p < 0.0001 for both cases).  

 

No significant differences in the abundance of genes assigned to sulphate reduction 

(assimilatory or dissimilatory) were found between the soil crust and the bulk soil (p 

> 0.05).  
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Figure 4.18. Abundance of sulphur metabolism genes in the soil crust and bulk soil. The combined 
average abundance (reads per kilobase million) of genes involved in sulphur metabolism (KEGG 
module map00920), which included assimilatory sulphate reduction (M00176), thiosulphate oxidation 
(M00595) and dissimilatory sulphate reduction (M00596). Asterisks indicate a significant 
compartmental difference (Wilcoxon signed-rank test, p < 0.05 = *, p < 0.01 = **, p < 0.001 = ***). 
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4.4. Discussion 

This study is the first application of shotgun metagenomics to examine both taxonomic 

and functional profiles of soil crust microbiomes obtained from a temperate 

environment. Results here revealed significant differences in archaeal, bacterial, 

eukaryotic and viral taxonomic metagenomic profiles between soil crust and bulk soil 

communities. Soil crust metagenomes exhibited large enrichments of Chlorophyta, 

Cyanobacteria and Bacteroidetes whereas the bulk soil had enrichments of 

Acidobacteria, Thaumarchaeota and Chloroflexi, which both strengthens and add to 

taxonomic profiles presented in prior chapters (section 2.4). Functional analysis 

demonstrated that there were significant enrichments of genes involved in nitrogen 

metabolism, oxygenic photosynthesis and carbon fixation in the soil crust relative to 

bulk soil. More specifically, significant enrichments of genes associated with nitrogen 

fixation, nitrification, photosynthetic apparatus (PSI, PSII, cytochrome B6F), rubisco 

and CAZy enzymes were shown in the soil crust. However, in the bulk soil there were 

significant enrichments of genes involved in methane metabolism and phosphorus 

cycling. Further analysis revealed significant enrichments of genes associated with 

denitrification, the reductive TCA, the Wood-Ljungdahl pathway, methane oxidation, 

the phosphorus starvation response, phosphorus transport and thiosulphate oxidation 

in the bulk soil relative to the soil crust. Together, results presented here show for the 

first time that soil crusts from temperate agricultural ecosystems have a substantial 

capability in performing high levels of carbon and nitrogen fixation relative to bulk 

soil, and additionally populations that likely perform these functions are not 

exclusively composed of Cyanobacteria, which has been suggested in arid regions. As 

temperate regions occupy an incredibly large proportion (~39%) of global terrestrial 

environments, temperate soil crusts therefore have a colossal potential to contribute to 

carbon and nitrogen cycles on a global scale. With this in mind, results here suggest 

that these ecosystems have the hypothetical possibility to mitigate large amounts of 

atmospheric carbon dioxide annually (if scaled), and further research into the 

functional dynamics of terrestrial soil crusts in different sites is warranted to explore 

whether this can be seen on larger scales.   
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4.4.1. Taxonomic differences 

The application of shotgun metagenomics to investigate taxonomic profiles of 

environmental samples permits the analysis of archaeal, bacterial, eukaryotic and viral 

community compositions simultaneously, without introducing major PCR biases. 

Using this approach, results here demonstrated that bacterial sequences constitute the 

vast majority of total reads (~94%) in soil microbiomes; archaeal and eukaryote reads 

contributed to small proportions (~1%), whereas viral reads were sparse in abundance 

(0.02-0.04%). Bacterial reads have previously been shown to dominate a large array 

of soil microbiomes using shotgun metagenomics. For example Imchen et al. (2017) 

showed bacterial sequences made up a large proportion (~90%) of shotgun 

metagenomic reads from soil and sediment samples obtained from tropical mangroves 

and rainforests. Significant enrichments of bacterial metagenomic sequences assigned 

to Cyanobacteria and Bacteroidetes were seen in the soil crust relative to the bulk soil, 

which corresponds with results seen in earlier chapters using amplicon DNA 

sequencing (chapters 2 and 3), as well as a number of prior studies investigating soil 

crust microbiomes in a range of ecosystems (Steven et al., 2013c, Rippin et al., 2018, 

Abed et al., 2019). Cyanobacteria have been shown to perform key roles in the 

establishment and development of soil crusts in arid, temperate and polar regions, and 

results here too display their significance in an agricultural soil surface context 

(Belnap and Harper, 1995, Mazor et al., 1996, Büdel, 1999, Belnap, 2003b). Whilst 

Bacteroidetes have been shown in several studies to be abundant members of soil crust 

communities, most notably in arid or high pH soils, their functional significance in 

soil crusts remains poorly understood (Maier et al., 2014, Mogul et al., 2017, Kuske 

et al., 2012, Zhang et al., 2016). However, some Bacteroidetes species are known to 

produce exopolysaccharides, which promote stabilisation of the soil surface and 

development of biological soil crusts, therefore their abundance at the soil surface may 

suggest a contribution to these functions (Gundlapally and Garcia-Pichel, 2006).  

 

Log-fold change analysis revealed that sequences assigned to eukaryotes, which 

included Chlorophyta, Cryptomycota and Bacillariophyta were largely enriched in the 

soil crust relative to bulk soil. The importance of eukaryotic taxa in soil crusts has 

been reported in a number of prior studies, for example in arid regions a number of 

green algal species (belonging to Chlorophyta) have been shown to perform key roles 
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in providing carbon and organic matter, as well as stabilising the soil surface for 

colonisation of mosses and lichens (Zhao et al., 2008). Furthermore, prior studies have 

found an abundance of diatoms (Bacillariophyta) in biological soil crusts obtained 

from North America, Europe, Asia, Africa and South America (Büdel et al., 2016). In 

arid soils, enrichments of Bacillariophyta have proposed roles in enhancing soil crust 

succession by providing the soil surface with nutrients (Hawkes and Flechtner, 2002, 

Schulz et al., 2016). Whilst there are no previously reported enrichments of 

Cryptomycota in soil crusts, Cryptomycota have been shown to be abundant in young 

developing soils, suggesting a role in early colonisation (Tian et al., 2017). Therefore, 

log-fold analysis identified enrichments of eukaryotes at the soil surface that are 

previously associated with soil surface stabilisation, early colonisation and driving soil 

crust development.  

 

Significant differences were seen between metagenomic taxonomic profiles of soil 

crust and bulk soil archaeal communities, where an overall higher proportion of reads 

were assigned to contigs with archaeal annotations in the bulk soil in comparison to 

the soil crust. Archaeal abundance is often associated with reduced oxygen content or 

anoxic conditions, which are found at lower depths in the soil profile. For example, 

Lee et al. (2015) showed an increased abundance of methanogenic archaea, such as 

Methanoregula, Methanosaeta and Methanosphaerula with increasing depth in bulk 

and rhizosphere soils obtained from rice paddies. Archaeal sequences were largely 

dominated by Thaumarchaeota, which were 1.65-fold more abundant in the bulk soil 

relative to the soil crust. Previous studies have shown that Thuamarchaeota are 

sensitive to depth in agricultural soils, where increased depth results in higher diversity 

(Lu et al., 2016). More specifically, a study by Marusenko et al. (2013) showed that 

Thaumarchaeota were abundant ammonia-oxidising archaea in soil crusts obtained 

from arid desert regions, however their relative abundance in comparison to lower 

layers of the soil profile was not assessed. Overall, results here suggest the abundance, 

diversity and functional significance of archaea is lower in the soil crust relative to 

bulk soil.  

 

Significant differences were seen between metagenomic taxonomic profiles of soil 

crust and bulk soil viral communities, where soil crust communities had a two-fold 
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higher proportion of viral reads in comparison to bulk soil communities. A higher viral 

load is often associated with a greater impact on microbial populations, and soils often 

exhibit a high abundance of viruses which can reach as much as 109 g-1 (Wilpiszeski 

et al., 2019, Ashelford et al., 2003). An enrichment of reads assigned to 

Phycodnaviridae was seen at the soil surface in comparison to the bulk soil. 

Phycodnaviridae are a family of dsDNA viruses that infect a host of algae (including 

green-algae), therefore their abundance at the soil crust is likely attributed to an 

increase abundance of green algae (Wilson et al., 2009). Furthermore, 

Phycodnaviridae abundance at the soil surface may contribute to control of algal 

populations and development of soil crusts towards moss and lichen dominated 

communities; however supplementary work would be required to explore this further.   

 

4.4.2. Functional analyses 

4.4.2.1 Nitrogen cycling 

Functional analysis of soil crust and bulk soil metagenomes revealed that the soil crust 

had a significant enrichment in genes associated with nitrogen metabolism, 

photosynthesis and carbon fixation according to KEGG pathway annotations. 

Metagenomic analysis of nitrogen cycling pathways demonstrated that the soil crust 

had a significantly higher abundance of genes involved in nitrogen fixation and 

nitrification in comparison to the bulk soil. A number of studies have shown that 

biological soil crusts perform substantial amounts of nitrogen fixation and have been 

estimated to contribute as much as ~40% of global biological nitrogen fixation 

performed in terrestrial environments (Elbert et al., 2012). Results presented here 

show that the genetic potential for nitrogen fixation in a developed temperate 

agricultural soil crust is ~3.5-fold higher in comparison to the immediate lower soil 

layer. Previous studies that have examined the genetic potential for nitrogen fixation 

by soil crusts have been exclusively limited to unperturbed arid and semi-arid 

ecosystems. For example, previous studies have used qPCR to show that the gene 

abundance of nifH (a gene encoding nitrogenase iron protein, a functional marker for 

nitrogen fixation) in soil crusts were roughly 100-fold higher relative to bare and bulk 

soils in the Chihuahuan Desert (arid), the Great Basin Desert (arid) and the Anhui 

Province (semi-arid, China) (Couradeau et al., 2019, Huang et al., 2011). Data here 

for the first time suggests that similar enrichment of genes associated with nitrogen 
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fixation rapidly occurs in a highly perturbed temperate agricultural soil. Taxonomic 

annotations of nitrogen fixation genes were exclusively assigned to Cyanobacteria and 

Proteobacteria at the phylum level. Further breakdown of Cyanobacterial nitrogen 

fixation sequences revealed that the majority of reads were assigned to Nostocales, 

and remaining reads contained no further taxonomic annotation beyond 

‘Cyanobacteria’. Nostocales taxa have been previously shown to be abundant 

Cyanobacterial members of soil crusts in arid and temperate regions, with suggested 

roles in nitrogen fixation, soil surface stabilisation and additionally acting as 

photobionts to support lichen colonisation (Li et al., 2014, Belnap, 2006, Belnap, 

2003c, Davies et al., 2013a, Yeager et al., 2012). Furthermore, Proteobacterial 

nitrogen fixation sequences were assigned to Myxococcales, Rhizobiales and 

Rhodospirillales. Whilst these taxa have been reported to be present in soil crust 

microbiomes in several prior studies, the functional significance has not been explored 

(Maier et al., 2018, Angel and Conrad, 2013). Overall, results here suggest that soil 

crusts in temperate agricultural soils have a high genetic capability to perform nitrogen 

fixation in comparison to bulk soil. Additionally, taxonomic annotations to nitrogen 

fixation genes were not only assigned to Cyanobacterial taxa, but they additionally 

consisted of significant proportions of Proteobacteria, suggesting diverse communities 

are involved in nitrogen fixation in soil crusts.  

 

Significant enrichments in the abundance of nitrification genes (oxidation of ammonia 

to nitrate, and oxidation of nitrite to nitrate) were seen in the soil crust relative to the 

bulk soil, which were on average 1.14-fold more abundant in the soil crust. These 

results are in agreement with previous findings suggesting that soil crusts perform 

significant amounts of nitrification (Weber et al., 2015). For example, Brankatschk et 

al. (2013) found that in developed soil crusts sampled from temperate inland sand 

dunes (Germany), the abundance of ammonia monooxygenase (a functional gene for 

nitrification - amoA) was ~10-fold higher in comparison to bare soil surfaces. 

However, results presented here extend this finding to an agricultural temperate 

environment. Taxonomic annotations of nitrification genes were predominantly 

composed of Actinobacterial sequences in both soil compartments. Actinobacteria are 

a dominant phyla in a range of soil microbial communities, and whilst they are often 

detected in soil crust microbiomes, their functional significance in the soil crust has 
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mostly been ignored (Mogul et al., 2017, Steven et al., 2013b, Liu et al., 2017b, Abed 

et al., 2019). However, both compartments displayed low abundances of nitrification 

genes assigned to Nitrospirae, within which significant enrichments were seen in 

Nitrospirae abundance in bulk soil relative to the soil crust. Nitrospirae are widely 

reported to perform central roles in nitrification in a range of soils, and data here 

suggest that the majority of soil crust and bulk soil nitrification is not performed this 

phylum (Lücker et al., 2010, Koch et al., 2019). Overall, results here suggest that 

temperate agricultural soil crusts have an increased genetic capability to perform 

nitrification in comparison to bulk soil, which is predominantly due to increased 

contribution of Actinobacteria taxa. 

 

Significant enrichments in gene abundance of denitrification genes (reduction of 

nitrate to molecular nitrogen) were seen in the bulk soil relative to the soil crust. 

Previous studies have suggested that nitrogen loss via biological denitrification is a 

major process that occurs in developed biological soil crusts, but this has only been 

shown in arid environments where the extent at which this happens varies considerably 

(Weber et al., 2015, Johnson et al., 2005, Strauss et al., 2012). For example, Abed et 

al. (2013) showed significant nitrogen loss via biological denitrification by tracking 

radiolabelled nitrates and using qPCR to detect denitrification genes (nirS, narG) in 

arid biological soil crusts from the Oman desert. Results here suggest that the genetic 

potential for denitrification was higher in bulk soil relative to the soil crust, therefore 

indicating that temperate agricultural soil crust contributions to denitrification are no 

higher than bulk soil. Denitrification genes were mostly assigned to Proteobacteria 

and Actinobacteria, and both of these groups are commonly associated with several 

steps in soil denitrification (Abed et al., 2013, Palmer and Horn, 2012).  

 

Overall, results here show that metagenomes of soil crusts in a temperate agricultural 

setting have a significantly higher genetic capability to perform nitrogen fixation and 

nitrification, but a lower capability to perform denitrification, relative to bulk soils. 

 

4.4.2.2. Carbon cycling 

4.4.2.2.a. Carbon fixation 
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Functional analysis of carbon fixation processes revealed significant enrichments in 

the abundance of genes encoding PSI, PSII, cytochrome B6F and Rubisco in the soil 

crust relative to the bulk soil. It is well documented in the literature that soil crusts 

perform substantial amounts of carbon fixation in a host of climates, and may account 

for as much as 7% of terrestrial NPP by vegetation (Elbert et al., 2012, Ciais et al., 

2013, Huang et al., 2014a, Li et al., 2012, Niederberger et al., 2015). The enrichments 

of genes encoding PSI and PSII, which along with cytochrome B6F are vital 

machinery in oxygenic photosynthesis, were ~15-fold higher in the soil crust relative 

to the bulk soil, representing a substantially higher genetic capability of soil crusts to 

perform photosynthesis. A study performed by Steven et al. (2013a) also presented 

significant enrichments of photosynthetic KEGG-annotated genes, including light 

harvesting complexes and electron transport chain genes, in soil crusts  relative to root-

zone soils – but this was performed in arid soils from the Mojave Desert. Furthermore, 

Rubisco was 1.83-fold more abundant in the soil crust relative to the bulk soil. Rubisco 

is the most abundant enzyme in the biosphere and catalyses the first major step in 

carbon fixation through the Calvin-Benson cycle by combining carbon dioxide with 

ribulose 1,5-bisphosphate to produce 3-phosphoglycerate (Badger and Bek, 2008). 

Similar enrichments of Rubisco genes have been exhibited in metatranscriptomes of 

arid soil crusts from the Moab Desert (Utah), which were shown to increase rapidly in 

response to wetting events (Steven et al., 2018). Together, results presented here show 

for the first time that soil crusts from a temperate agricultural setting have a 

substantially higher genetic capability to perform carbon fixation through oxygenic 

photosynthesis in comparison to bulk soils. Taxonomic annotations of carbon fixation 

genes were dominated by Cyanobacteria and Eukaryotes (with no further annotation) 

in PSI, PSII and cytochrome B6F genes, but Proteobacteria in Rubisco genes. The 

same phyla (Cyanobacteria and Proteobacteria) were also revealed as dominant taxa 

in nitrogen fixation (section 2.4.2.1) associated genes. This suggests that the 

abundance of both Cyanobacteria and Proteobacteria in the soil crust are central for 

both nitrogen and carbon fixation in a temperate agricultural ecosystem.  

 

However, significant enrichments of genes associated with carbon fixation through 

the reductive TCA cycle and the Wood-Ljungdahl pathway were revealed in the bulk 

soil in comparison to the soil crust. Autotrophic organisms that perform the reductive 
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TCA cycle, also known as the Reverse Krebs Cycle, utilise carbon dioxide (and water) 

to generate cellular carbon through a series of biochemical reactions (Berg, 2011). 

This pathway was originally identified in the anaerobic green sulphur bacterium 

Chlorobi (Chlorobium limicola), and is now known to be performed mostly by 

obligate anaerobes or microaerobic taxa (Evans et al., 1966, Berg, 2011). Therefore, 

it is likely that the abundance of genes associated with the reductive TCA at a lower 

soil depth is due to a lower oxygen availability in comparison to the soil surface. This 

is further supported by taxonomic annotations of reductive-TCA genes, where 

significant enrichments of sequences in bulk soil were assigned to Proteobacteria and 

Nitrospirae, which contain a number of anaerobes that utilise this pathway (Berg, 

2011). However, taxonomic annotations of sequences assigned to reductive-TCA 

genes were fairly poor, where just over 50% of the sequences did not have a taxonomic 

annotation beyond ‘Bacteria’, and more thorough annotations are required to fully 

scope the taxonomic profiles of these sequences. Enrichments of sequences assigned 

to the Wood-Ljungdahl pathway, a non-cyclic pathway that utilises carbon dioxide to 

produce carbon monoxide and formic acid, were additionally seen in the bulk soil 

(Berg, 2011). Like the reductive-TCA, taxonomic sequences assigned to the Wood-

Ljungdahl pathway were poor, where just under 65% of sequences were not annotated 

beyond ‘Bacteria’. Therefore, it is difficult to conclude which taxa contributed the 

most to compartmental differences. Furthermore, the abundance of sequences 

assigned to the Wood-Ljungdahl pathway was incredibly low in both compartments 

(<10 RPKM), which suggests the contribution of this pathway to overall carbon 

fixation is negligible. Overall, whilst the soil crust exhibited an abundance of genes 

associated with carbon fixation through oxygenic photosynthesis, these results reveal 

that lower layers may also contribute to carbon fixation through alternative pathways.  

 

4.4.2.2.b. Carbohydrate-Active Enzymes (CAZy)  

The abundance of combined CAZy enzyme genes were significantly higher in the soil 

crust relative to the bulk soil. CAZy enzymes consist of a large group of proteins that 

are directly involved in the biological breakdown, modification or assembly of 

complex oligosaccharides and polysaccharides (Cantarel et al., 2009). The current 

CAZY database consists of over 300 protein families, which have been classified into 

6 categories: 1) auxiliary activities, 2) glycoside hydrolases, 3) glycosyltransferases, 
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4) olysaccharide lyases, 5) carbohydrate esterases and 6) carbohydrate-binding 

modules (Lombard et al., 2013). Analysis here revealed that the glycoside hydrolases, 

polysaccharide lyase and carbohydrate-binding modules CAZy enzyme classes were 

significantly enriched in the soil crust relative to the bulk soil. Glycoside hydrolases  

are responsible cleaving glycosidic bonds (covalent bonds between carbohydrates) by 

hydrolysis or transglycosylation to produce small metabolizable products; whereas 

polysaccharide lyases use the β-elimination mechanism to cleave glycosidic bonds in  

hexose-1-4-a- or β-uronic acid sequences (Henrissat and Davies, 2000, Linhardt et 

al., 1987, Sutherland, 1995). In particular, glycoside hydrolases can act on a range of 

common substrates found in soils, for example cellulose, starch, fructan and xylan 

from plant matter, or chitin from fungi or microarthropods (Berlemont and Martiny, 

2016). It is widely reported that soil crust biota excrete complex mixtures of high-

molecular weight exopolysaccharides, which make up a considerable component of 

the biological matrix that forms in soil crusts (Colica et al., 2014, Rossi et al., 2012, 

Chamizo et al., 2018, Mazor et al., 1996, Belnap, 2003b, Rossi and De Philippis, 

2015). Therefore, it is highly possible that enrichments in gene abundance of both 

glycoside hydrolases and polysaccharide lyases at the soil surface could be explained 

by an increased substrate availability and utilisation of exopolysaccharides excreted 

by soil crust inhabitants.  Further, results here revealed that the majority of glycoside 

hydrolase sequences were dominated by Actinobacteria (34.6% relative abundance), 

whereas polysaccharide lyase sequences were dominated by Bacteroidetes, suggesting 

important roles of these phyla in the utilisation of exopolysaccharides in soil crusts. 

This result aligns with findings presented in Yeager et al. (2017), who suggested large 

roles in the degradation of hemicellulose, cellulose and chitin in arid crusts by a range 

of Actinobacteria species, which included Pseudonocardiaceae, Streptomyces and 

Micromonosporaceae.  

 

Significant enrichments were also found in the gene abundance of carbohydrate-

binding modules in the soil crust relative to the bulk soil. Whilst this protein family 

does not have any direct enzymatic activity, carbohydrate-binding modules facilitate 

activity of other CAZy classes by promoting folding, targeting and prolonging 

interaction of enzyme-substrate complexes (Cantarel et al., 2009). Most notably, 

carbohydrate-binding modules are known to work closely in conjunction with 
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glycoside hydrolases (Boraston et al., 2004). Sequences assigned to carbohydrate-

binding modules were also dominated by Actinobacteria (44.5% relative abundance), 

which also dominated glycoside hydrolase profiles.  

 

Overall, the increased abundance of polysaccharide lyases, glycoside hydrolases and 

carbohydrate binding modules at the soil surface suggests a functional role of 

temperate agricultural soil crusts in the deconstruction of complex carbohydrates and 

polysaccharides at the soil surface. 

 

4.4.2.2.c. Methane cycling 

Prior studies have suggested that soil crusts in arid and glacial ecosystems results in a 

net-release of methane due to development of increased abundances of methanogenic 

taxa within soil crusts (Angel et al., 2011, Aschenbach et al., 2013). However, results 

shown here did not reveal any detection of methanogenic functional genes (methyl 

coenzyme-M reductase) in either soil compartment. Conversely, detection of 

methanotrophic (utilisation of methane) taxa involved in both methane (particulate 

and soluble methane monooxygenases) and methanol (methanol dehydrogenase) 

oxidation were detected in both compartments, albeit in small abundances (< 50 

RPKM). Methane oxidation gene abundance was significantly higher in the bulk soil 

relative to the soil crust, suggesting that lower layers in the soil profile could have a 

greater significance for utilising methane, which has been shown to occur optimally 

at depths of around 10-20 cm in other soil systems (Saari et al., 1998, Roslev et al., 

1997). Furthermore, the detection of methanotrophs here is contrary to results found 

by Angel et al. (2011), who found considerable numbers of methanogens but no 

detectable signals of methanotrophs in desert soil crusts. Due to the low abundance of 

the detected methanotroph genes, the effects of methane cycling in a temperate 

agricultural ecosystem are likely negligible to overall carbon cycling.  

 

 4.4.2.3. Phosphorus cycling 

Several studies have suggested substantial roles of soil crusts in arid regions in 

phosphorus cycling, particularly in the release of inaccessible organic-P (Crain et al., 

2018, Glaser et al., 2017, Baumann et al., 2019). Significant enrichments in the 

abundance of genes assigned to phosphonate degradation were seen in the soil crust 
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relative to the bulk soil, which were on average 1.04-fold more abundant in the soil 

crust. Phosphonates are a class of carbon-bound organophosphorus compounds that 

exhibit high chemical stability, and are common structural compounds used by 

bacteria, archaea and eukaryotes (Kononova and Nesmeyanova, 2002, Yu et al., 

2013). Phosphonate degradation usually occurs through the action of C-P lyases, 

which result in the production of orthophosphate (Pi – a more bioavailable form of P) 

(Villarreal-Chiu et al., 2012). Results here suggest increased ability to utilise 

phosphonates at the soil surface relative to the bulk soil. However, phosphonates are 

minor components of soil P pools, and the main process that releases bioavailable 

phosphorus in soils is usually through the action of acid and alkaline phosphatases, 

which hydrolyse anhydrides and esters of phosphoric acids (Margalef et al., 2017, 

Eivazi and Tabatabai, 1977, Huang et al., 2017). No significant differences were seen 

in the abundance of genes encoding phosphatases between compartments. 

Furthermore, significant enrichments of phosphorus transporters (which catalyse Pi 

uptake into the cytoplasm) and phosphate starvation response genes (which are 

responsible for regulating P-cycling genes under P-limiting conditions) were seen in 

the bulk soil relative to the soil surface (Biber et al., 2013, Furtwängler et al., 2010). 

Both these processes displayed higher compartmental fold-changes and gene 

abundance in comparison to phosphonate degradation. Therefore, it is likely that 

developed temperate agricultural soil crusts do not have a larger role in the net release 

and utilisation of Pi than bulk soils.  

 

4.4.2.4. Sulphur cycling 

Significant involvements of soil crusts in sulphur cycling, which is tightly linked with 

the carbon cycle, have been proposed in prior studies (Rippin et al., 2018, Canfora et 

al., 2016). For example, results presented by Canfora et al. (2016) revealed that 

bacteria associated with the sulphur cycle (with potential roles in sulphide, sulphur, 

sulphite or thiosulphate oxidation) co-occurred with cyanobacterial populations in soil 

crusts sampled from semi-arid Mediterranean environments in Italy. However, results 

here exhibited no significant enrichments of genes associated with sulphate reduction 

or thiosulphate oxidation in the soil crust relative to the bulk soil. Instead, enrichments 

of genes associated with thiosulphate oxidation were seen in the bulk soil relative to 

the soil crust. Thiosulphate represents a pool of naturally-occurring sulphur in soils, 
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and can be utilised by a number of chemotrophic and phototrophic taxa as an energy 

source (Hensen et al., 2006). But despite a range of phototrophic taxa showing 

enrichment in the soil crust, enrichments of thiosulphate oxidation sequences were not 

seen at the soil surface. Therefore, results shown here indicate that lower layers in 

temperate crust-dominated soil profiles may have larger contributions to sulphur 

cycling in comparison to the soil surface.   

 

4.4.3. Comparison of soil crust and bulk soil amplicon and metagenomic profiles 

Soil crust and bulk soil samples used in this chapter were used for both 16S rRNA 

DNA amplicon sequencing (chapter 2) and shotgun metagenomic sequencing (chapter 

4). Comparison of results revealed that in both compartments community composition 

was significantly different between sequencing methods. Amplicon DNA sequencing 

displayed significant enrichments of Firmicutes, Nitrospirae and Planctomycetes 

relative to shotgun metagenomic sequencing. DNA amplicon sequencing has been 

heavily criticized as an approach to profile microbial communities, as the method can 

introduce sequence biases through PCR. Additionally there are irregular copy numbers 

of the 16S rRNA gene across different taxa and taxonomy is assigned based on only a 

small 150-300 bp region in the bacterial genome (Krehenwinkel et al., 2017, Becker 

et al., 2000). For example, the relative abundance of Firmicutes, which is known to 

contain several copies of the 16S rRNA gene, has been shown to be overrepresented 

in amplicon DNA sequencing (Větrovský and Baldrian, 2013). Conversely, 

metagenomics aims to reduces these biases through avoiding PCR methods in library 

preparation and assembling short reads to larger contigs that provide a higher 

taxonomic resolution. Only a small number of studies have made direct comparisons 

of community profiles generated from 16S rRNA amplicon sequencing and shotgun 

metagenomics, for example, Laudadio et al. (2018) who compared the two approaches 

to profile the human gut microbiome, showed that shotgun metagenomics resulted in 

a substantially deeper characterization of composition through identifying a higher 

number of species per sample. Results presented here suggested that substantial 

variation in community composition can occur between the two methods, and 

amplicon DNA communities are likely inflated with taxa assigned to Firmicutes, 

Nitrospirae and Planctomycetes. However, until the price of metagenomic sequencing 
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reduces, amplicon DNA sequencing will be the most cost-effective approach to use 

next-generation sequencing to profile microbial communities. 

 

4.4.4. Conclusions 

Prior studies that have investigated metagenomes of soil crusts have been performed 

exclusively in arid ecosystems, and results presented in this chapter signify the first 

study to use metagenomics to assess the functional capability of temperate soil crusts. 

The first aim of this chapter was to compare metagenomic taxonomic profiles of soil 

crust and bulk soil communities. Analysis of unbiased taxonomic profiles here 

revealed that bacterial, eukaryote, archaeal and viral communities all displayed 

significantly different composition in the soil crust relative to the bulk soil. 

Furthermore, soil crust communities were enriched with a plethora of taxa relative to 

bulk soil communities, and differences were dominated by sequences assigned to 

Cyanobacteria, Chlorophyta, Bacteroidetes, Actinobacteria and Proteobacteria – all of 

which have previously-reported roles in soil surface stabilisation. This finding both 

supports and adds to prior work examining taxonomic profiles of soil crusts performed 

in earlier chapters (chapters 2 and 3). Additionally, for the first time in the current 

literature, this experiment studied the taxonomic and functional roles of the soil crust 

viral metagenome. Results presented here showed that soil crust viral communities 

were significantly enriched with taxa that are capable of infecting green algae, a key 

member of soil crust communities, which could suggest a significant ecological role 

of viruses in the soil crust.  

 

The second aim of this chapter was to compare functional profiles of biogeochemical 

cycling genes between soil crust and bulk soil metagenomes. Soil crust and bulk soil 

metagenomes were functionally annotated using the KEGG database, and 

compartmental differences in gene abundance were assessed for nitrogen, carbon, 

phosphorus and sulphur biogeochemical pathways. Significant enrichments in the 

abundance of genes associated with nitrogen metabolism, oxygenic photosynthesis 

and non-photosynthetic carbon fixation were seen in the soil crust relative to bulk 

soils; whereas significant enrichments of genes associated with phosphorus cycling 

and methane metabolism were seen in bulk soils relative to soil crusts. Further analysis 

revealed that in the soil surface there were significant enrichments in the abundance 
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of genes associated with nitrogen fixation, nitrification, oxygenic photosynthesis 

apparatus (PSI, PSII, cytochrome B6F, rubisco), phosphonate degradation and CAZy 

genes (carbohydrate-binding module, glycoside hydrolases and polysaccharide 

lyases). Of these, photosynthetic apparatus and nitrogen fixation genes displayed the 

highest enrichment in the soil crust, and were dominated by Cyanobacteria (both 

processes) and Proteobacteria (nitrogen fixation only) sequences. Conversely, in the 

bulk soil there were significant enrichments of genes associated with denitrification, 

the reductive TCA, the Wood-Ljungdahl pathway, methane oxidation, the phosphorus 

starvation response, phosphorus transport and thiosulphate oxidation relative to the 

soil crust – suggesting different contributions of lower soil layers to a number of 

biogeochemical processes. These results for the first time highlight the substantial 

genetic potential that temperate agricultural crusts have in the contribution to global 

nitrogen and carbon cycling, and further provide insights into the biota that perform 

these processes.  

 

The use of metagenomics may prove a revolutionary tool in microbial ecology as it 

permits for unbiased taxonomic and functional analysis of microbial communities. 

However, metagenomic analysis remains conceptually challenging and there are 

numerous limitations that govern the current performance of this approach. Current 

metagenomic experiments are regulated by the quality of annotation databases, which 

to date poorly represent all aspects of the tree of life, and as a result a large number of 

sequences obtained from metagenomic sequencing cannot be fully utilised. 

Furthermore, cost and resource restrictions often constrain the size of experiments, but 

with reductions of sequencing costs these boundaries should lower. The use of 

metagenomics in this experiment was confined to a single time point, and 

metagenomic analysis of additional time points would uncover functional changes that 

occur during soil crust development. Further use of metagenomics to compare 

taxonomic and functional profiles of bare soils (or undeveloped crusts) to well-

developed crusts could also uncover further capabilities of the soil crust.  
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CHAPTER 5 – GENERAL DISCUSSION 

 

5.1. Overview 

Prior research that has investigated either the structure or function of biological soil 

crusts have almost exclusively been performed in non-agricultural arid desert 

ecosystems. For example, by querying the Web of Science database against all current 

online scientific literature to find studies on “soil crusts” or “biocrusts” only 2.3% of 

all soil crust literature contained the keyword “temperate” in the main body of text, 

and 0.2% contained both “temperate” and “agriculture”. Research presented in this 

study aimed to address a current research gap in understanding the structural and 

biological development of soil crusts in a temperate agricultural ecosystem. Three 

separate studies were presented, which utilised (a) amplicon DNA sequencing, (b) X-

Ray computed tomography scanning and (c) shotgun metagenomic sequencing to 

explore microbial community composition, soil structure and potential functioning of 

temperate agricultural soil crusts.  Overall, results presented here demonstrated that 

the soil crust is a distinct soil compartment that has a substantially different structure, 

biological composition and functional capacity relative to lower bulk soils in a 

temperate agroecosystem.  

 

5.2. The temporal and local-scale spatial dynamics of bacterial, fungal, protist and 

phototroph soil crust and bulk soil community composition 

Chapter 2 aimed to determine the temporal and local-scale spatial dynamics of soil 

crust and bulk soil microbial communities in a temperate agricultural soil. Only a small 

number of studies that have investigated soil crust microbial community structure have 

made direct comparisons to lower soil layers in the soil profile, and instead 

comparisons are normally made to ‘bare’ soils which contain no visible soil crusts 

(Davies et al., 2013b, Mueller et al., 2015, Maier et al., 2018). As ‘bare soils’ are often 

determined based on morphological analysis (and may be in the early stages of soil 

crust development and contain considerable Cyanobacterial populations) comparisons 

to lower soils provides a better comparison to understand distinct features in soil crust 

communities. Results here revealed that bacterial, protist and phototrophic community 

composition and diversity was significantly different in soil crusts relative to bulk soils 
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lower in the soil profile. Soil crust communities were enriched with a number of taxa 

such as Cyanobacteria, Agaricomycetes, Dothideomycetes, Rhizaria, Oscillatoriales 

and Dinophyceae. At the OTU level, these differences were mainly attributed to 

Phormidium, Vaucheria litorea and Klebsormidium flaccidum, all of which are groups 

of filamentous phototrophs that have prior been shown to have roles in soil surface 

stabilisation, as well as carbon and nitrogen fixation (Dojani et al., 2014, Pushkareva 

et al., 2015, Türk and Gärtner, 2003, Mikhailyuk et al., 2014, Bu et al., 2015). 

Therefore, results here concluded that the soil surface and bulk soil had substantial 

differences in microbiome structure and diversity; and furthermore suggested an 

important role of filamentous phototrophs in soil crusts from temperate agricultural 

soils, which have previously only been explored in arid, polar or non-agricultural 

temperate ecosystems.  

 

Whilst there were enrichments of a number of fungal taxa between the soil surface and 

bulk soil, results here revealed that there were no significant differences in fungal 

community composition between compartments. Fungal communities in this study 

were examined by amplifying the internal transcribed spacer (ITS) region between the 

small 5.8S rRNA and large 28S rRNA subunits in eukaryotic DNA. The ITS region 

has previously been criticized for its use as a phylogenetic marker to target fungal 

populations, as it experiences insertion and deletion induced alignment problems, and 

it often exhibits poor phylogenetic diversity (Nagy et al., 2012). However, the poor 

phylogenetic resolution of ITS regions is usually only applicable above the species 

taxonomic level, and compositional fungal data here was analysed at the class level. 

Therefore ‘poor’ phylogenetic resolution of ITS regions would have had negligible 

effects on results presented here, and findings here suggest that fungal populations are 

less sensitive to physiochemical changes experienced at the soil surface relative to 

other microbial communities.  

 

Temporal analysis revealed substantial differences in bacterial, fungal, protist and 

phototroph community composition and diversity over time. At early time points, 

visual analysis revealed that there were no soil crust structures present at the soil 

surface, and additionally there were no differences in alpha diversity, community 

composition or biomass data between compartments. This suggested that soil crust 
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and bulk soil communities were initially the same, and that any development of soil 

crust communities from prior seasons was reset – which is likely caused by the 

physical perturbations of tillage, harvest and chemical application to the soil surface. 

However, significant increases in biomass C, biomass N and chlorophyll a, as well as 

reductions in alpha diversity and shifts in community composition, were seen in the 

soil crust over time. These changes were coupled with increased abundances of OTUs 

assigned to Cyanobacteria (Phormidium, Oscillatorialles), Vaucheria litorea, 

Klebsormidium flaccidum and Dicranum scoparium in the soil crust, all of which are 

important for soil crust stabilisation in either unperturbed desert or polar ecosystems, 

suggesting that there is global taxonomic continuity in soil crusts irrespective of 

climate and habitat (Pushkareva et al., 2015, Dojani et al., 2014). In particular, both 

morphological and DNA sequencing analysis revealed that soil crust communities had 

substantial enrichments of moss sequences, which prior studies have used as a proxy 

to show substantial soil crust development, after just 7-8 months of soil crust 

development (Li et al., 2002). In arid ecosystems, the quickest progression to show 

the presence of mosses was recorded by Wang et al. (2009), which occurred after 2 

years of development in desert areas of Mongolia, but development of moss-

dominated soil crusts is less well-documented in temperate regions. In addition to this, 

shifts in fungal community composition during periods of increased biomass C, N and 

chlorophyll a provides evidence of ecological succession of soil crust communities to 

support fungal saprotrophs. Together, these data all suggested that substantial 

development of soil crusts occurs in a temperate, agricultural ecosystem, and results 

here further showed the quickest progression of soil development to show an 

abundance of mosses in any prior reports.  

 

Prior studies have shown that soil crusts found just metres apart can have substantially 

different morphology and community composition, which is thought to be mainly 

driven by differences in physiochemical properties, such as water and soil nutrient 

availability (Steven et al., 2013b). Redundancy analysis and distance decay plots here 

revealed that within-field local-scale variation (across 40 metres) was not an important 

factor in determining soil crust (or bulk soil) community composition. However, the 

effects of pooling samples (5 samples over an 8 x 4 metre box), which aimed to reduce 

sampling noise on the microsite scale (<10 metres), may have minimalised the impacts 



 
 
 

215 

of within-field spatial variation. Results from redundancy analysis also showed that 

no one single factor determined composition of soil crust microbial communities, but 

time, temperature and chlorophyll a were important factors.  

 

Co-occurrence microbial network analysis revealed that both soil crust and bulk soil 

microbial communities were dominated mainly by positive (~60%) as opposed to 

negative (~40%) correlations, suggesting a higher number of beneficial interactions 

between microbes such as symbioses or commensalism. However, soil crust microbial 

network topology was vastly more complex relative to bulk soil networks, within 

which soil crust networks had a higher node number, number of edges and 

connectivity. Together, soil crust network features were typical of networks that are 

less stable (less resistant) under disturbance events, which is a widely reported feature 

of soil crusts (Kuske et al., 2012, Santolini and Barabási, 2018). Cartographic 

representation of soil crust networks revealed that fungal taxa contained the greatest 

number of connections and were therefore the most important for soil crust network 

structure. This suggests an importance of individual fungal OTUs in soil crust 

community structure, despite prior results showing that there were no differences in 

fungal community structure between compartments. Furthermore, network analysis 

identified a Meliniomyces OTU as the most connected OTU in soil crust networks, 

which has not been reported as an important soil crust taxon in any prior study. 

Network analysis also identified Phormidium, Rhizaria, Vaucheria litorea and 

Klebsormidium flaccidum, as correlatively important OTUs, which were all identified 

as important OTUs in the soil crust based on relative abundance. However, temporal 

network analysis did not identify any major shifts in network topology over time in 

either the soil crust or bulk soil, suggesting that compartmental differences in co-

occurrence networks had a greater effect on topology than time.  

 

However, microbial network analysis remains a young field in microbial ecology and 

there is yet to remain a universally accepted method to generate microbial correlation 

networks. Network analysis is extremely prone to thresholding techniques and the 

method of filtering OTU tables, for example, rarefaction, use of multi-amplicon 

networks, removal of rare taxa, can all significantly impact network structure and 

topology (Ju et al., 2014, Berry and Widder, 2014). Furthermore, the community 
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remains split over the optimal correlation algorithm to use, for example SparCC or 

SPIEC-EASI, and the use of different algorithms can additionally contribute to 

differences in network topology. As a result, it is not feasible to compare co-

occurrence networks across studies, and results of microbial network analyses should 

always be interpreted with consideration of the methods used.  

 

This study represents the first experiment to quantify the relative contributions that 

stochastic and deterministic processes have on soil crust microbial community 

assembly (using the framework proposed by Vellend, 2010). Quantification of 

community assembly processes revealed that fungal, protist and phototroph soil crust 

communities were mainly governed by stochastic community assembly processes 

regardless of time. However, soil crust bacterial communities were initially dominated 

by deterministic processes, which was mainly homogenous selection, but became 

dominated by stochastic processes across time. Conversely, bulk soil communities 

were mainly dominated stochastic community assembly processes regardless of 

amplicon and time point. These results provide the first insight into the processes that 

drive assembly of soil crust microbial communities.  

 

Microbial community assembly is influenced by a host of interacting factors, and 

categorisation of these factors to fit Vellend’s framework represents a crude method 

to simplify these complex processes (Stegen et al., 2012, Vellend, 2010). As a result, 

bNTI makes a number of assumptions in order to quantify microbial communities 

under this framework (Stegen et al., 2012). As bNTI is performed on OTU tables 

obtained from amplicon data, there is no way to measure the effects of speciation – 

which is one of Vellend’s major processes. However, the effects of speciation are 

proposed to have minimal impacts on microbial communities, and therefore bNTI 

assumes that the effects of speciation on microbial community assembly are negligible 

(Leibold et al., 2004, Stegen et al., 2013). The bNTI framework also assumes that 

there is a considerable phylogenetic signal between each OTUs optimal habitat 

conditions. In this case, phylogenetic signal refers to a scenario where closely related 

OTUs have preferred habitats relative to less closely-related OTUs. Whilst this is 

tested using Mantel tests and Pagel’s l, this should be tested experimentally to confirm 

whether this holds true. In summary, the bNTI framework is a young methodology in 
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microbial ecology, and further work is warranted to determine whether these 

assumptions are applicable to a host of other microbial systems.  

 

Overall, results presented in chapter 2 emphasise that the soil surface is a biologically 

distinct soil compartment relative to the bulk soil. Additionally, soil crust communities 

experience complex successional shifts in community structure over time, emphasised 

by transitions from early-establishing phototrophic and soil stabilising taxa, to the 

propagation of heterotrophs and fungal saprotrophs that can utilise the increased 

nutrients and biomass supplied at the soil surface by pioneer populations. Network 

analysis results further support this notion, within which several correctively-

important fungal saprotroph OTUs were identified in soil crust, but not bulk soil, 

communities. Fundamental ecological processes governing soil crust communities 

were shown to be different to those influencing bulk soil communities. Initially, 

ecological processes dictating soil crust community assembly were deterministic, and 

selection pressures restricted establishment to fast-growing pioneer phototroph 

communities. However, over time stabilisation of the soil surface by early colonisers 

enabled establishment of other taxa, such as fungal saprotrophs, and the ability to 

disperse to the soil surface governed community assembly. Together, these results all 

highlight that complex soil crust communities indeed form in temperate 

agroecosystems, and furthermore undergo convoluted successional changes within the 

space of a single growing season.  

 

5.3. The influence of biological soil crust development on the physical soil structure 

throughout the soil profile 

Chapter 3 aimed to determine the structural impacts that biological soil crust 

development had on the soil profile across a growing season in a temperate agricultural 

field (a different field studied in chapter 2). In this chapter, non-invasive X-ray CT 

scanning was used to determine structural features throughout the soil profile, whereas 

amplicon DNA sequencing was used to assess biological development of soil crusts. 

Amplicon DNA sequencing confirmed trends seen in chapter 2, where significant 

differences in bacterial, protist and phototroph community composition and diversity 

were seen between the soil crust and the bulk soil, within which soil crust communities 

had significant enrichments of Cyanobacteria, Actinobacteria, Chytridiomycota, 
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Archaeplastida and Streptophyta; and temporal analysis revealed that soil crust and 

bulk soil community composition became less similar across time. This emphasised 

that significant biological development of soil crusts occurred in this experiment, and 

additionally emphasised that findings from chapter 2 were replicated on a different 

temperate agricultural field supporting a different crop. 

 

X-ray CT analysis of soil structures revealed that a structural seal forms at the soil 

surface, termed the ‘soil seal’, that had substantially lower porosity but higher 

connectivity in comparison to lower soil depths. Furthermore, pore structures within 

the soil seal were more complex, within which there was a higher number of pores, 

they had a higher surface area, higher circularity and a higher proportion of 

macropores relative to lower layers, but these features were only present under 

substantially developed biological soil crusts. The structural region of influence of 

biological soil crusts on the soil profile was shown to extend beyond the soil seal, and 

a region of altered porosity relative to the soil seal and reference bulk soil was 

identified immediately beneath the soil seal, which was termed the ‘transitional zone’. 

The transitional zone had lower porosity, higher circularity and a higher pore number 

relative to bulk soils, but only when substantial development of biological soil crusts 

had occurred. Together, these results suggest that biological soil crusts have a larger 

structural influence on the soil profile than the 2-5 mm depth in which they span, and 

these structural influences are likely associated with shifts in community composition 

towards filamentous colonisers.  

 

X-ray CT analysis has been revolutionary in the field of soil science as it allows in situ 

analysis of solid, liquid and gaseous material within soil samples in real time, which 

allowed the progression away from the analysis of thin slices or subsamples that lack 

environmental context. However, there are several limitations of X-ray CT scanning 

that can restrict the effectiveness of this technique in experiments. Firstly, X-ray CT 

image analysis is limited by the scanning resolution, which is the size of individual 

slices (or distance between voxels), and the typical resolution for industrial scanners 

ranges between 5 – 150 µm for biological studies (du Plessis et al., 2017). In this study, 

a scanning resolution of 30 µm was used, which meant that it was only possible to 

analyse soil structures larger than 30 µm, making it impossible to study the structural 
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impacts of micropores (< 30 µm), which are generally accepted as the main habitats 

for microorganisms in the soil profile (Luxmoore, 1981, Smucker et al., 2007). 

Secondly, agricultural soils are composed of a number of different materials, which 

include large or small soil aggregates, clay, rocks, stones, liquid material and air 

spaces, all of which make soil pore data incredibly noisy. For example, the presence 

of a single large stone (which would not be assigned to a soil pore in image analysis) 

in the soil profile would shift soil porosity in that region to a value of 0%, which would 

drastically skew data on soil porosity and soil pore structure (circularity, pore number, 

connectivity, surface area). However, to combat these effects, soil physicists normally 

measure soil structures in a representative subsample, known as a region of interest, 

that is not skewed by any large artefacts; but the process of selecting a region of 

interest to avoid particular features can introduce bias into the experiment. In this 

experiment, a uniform region of interest (2.4 cm x 2.4 cm x 3.0 cm) was taken from 

the same location in each core to minimalize artefacts produced from sampling whilst 

minimizing bias. Thirdly, thresholding methods are required in order to differentiate 

solid from liquid or gaseous material in the soil profile, which is either performed on 

a global (all slices) or individual (manually thresholding each slice) scale. Global 

thresholding algorithms can often result in the incorrect allocation of solid to liquid or 

gaseous material (or the reverse), whereas individual thresholding is subject to human 

error and interpretation – both of which can severely impact downstream analyses 

(Iassonov et al., 2009). In order to reduce thresholding artefacts, in this experiment a 

global thresholding algorithm (Otsu’s algorithm) was used to process all slices, and 

individual manual adjustment of each slice (where necessary) was performed to ensure 

correct thresholding was performed. Lastly, X-ray CT requires expensive state-of-the-

art machinery (with high maintenance costs), and consequently is an incredibly 

expensive process to perform. In this experiment, it cost ~£200/sample in order to scan 

each core once to a ~5cm depth, which considerably restricted the sampling size of 

this study. Overall, X-ray CT image analysis has a number of limitations, and in this 

experiment these limitations were addressed to try and reduce the impacts they would 

have on downstream analysis.  

 

The TopCap ImageJ algorithm was used to capture the shape of the soil surface by 

creating a mask that can be used to measure pore metrics iteratively throughout the 
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soil profile (Garbout et al., 2018). The algorithm works by using a ‘rolling curve’ 

diameter, within which a circular object of a specified diameter ‘rolls’ over the soil 

surface and records the path in which it travels. However, this algorithm was designed 

to capture the surface of physical soil crusts, which have a smooth microtopography 

and are morphologically less complex than biological soil crusts. The use of a rolling 

curve diameter that was too high resulted in an overestimation of the soil surface, 

whereas the use of a rolling curve diameter that was too low resulted in complete 

miscalculation of the soil surface (as the circular object was small enough to fit in 

crevices in the soil profile). In this experiment, a conservative rolling curve diameter 

was used that marginally over-estimated the soil surface. However, this resulted in soil 

pores being assigned above the soil surface, which significantly overestimated soil 

porosity in the uppermost slices. Despite manual intervention these artefacts could not 

be corrected, and as a result the upper slices (0.9 mm) had to be removed from 

downstream analysis – which contains perhaps the most important feature of the 

biological soil crust structure. Optimization of the rolling curve diameter algorithm, 

coupled with a greater scanning resolution, would reduce artefacts at the immediate 

soil surface, making it possible to analyse this section in future studies.  

 

Overall, results from chapter 3 emphasised that the soil surface forms a distinct 

structural compartment, and biological soil crust development has a large structural 

impact on the soil profile than the 2-5 mm in which they span. Furthermore, biological 

data from this chapter confirmed that results presented in chapter 2 could be replicated 

on a different temperate agricultural site.  

 

5.4. Taxonomic and functional profiles of developed biological soil crust and bulk 

soil metagenomes 

Chapter 4 aimed to determine differences in taxonomic and functional profiles of 

metagenomes obtained from developed biological soil crusts and bulk soil from a 

temperate agricultural field. Analysis of unbiased taxonomic profiles presented here 

revealed that bacterial, eukaryote, archaeal and viral communities were all 

significantly different between the soil crust and the bulk soil. Soil crust communities 

displayed significant enrichments in a number of taxa that are associated with roles in 

soil surface stabilisation, which included Cyanobacteria, Chlorophyta, Bacteroidetes, 



 
 
 

221 

Actinobacteria and Proteobacteria. Furthermore, as shotgun metagenomics permits the 

analysis of bacterial, eukaryote, archaeal and viral communities simultaneously, 

results shown here for the first time show soil crust and bulk soil viral communities 

had a significantly different composition. Functional analysis of shotgun 

metagenomes was performed by assigning assembled sequences to the KEGG, COG 

and Pfam databases, and results were presented based on KEGG annotations. Soil 

crust communities were significantly enriched with genes associated with nitrogen 

fixation, nitrification, oxygenic photosynthesis, phosphonate degradation and CAZy 

genes (carbohydrate-binding modules, glycoside hydrolases and polysaccharide 

lyases). Of these, oxygenic photosynthesis and nitrogen fixation associated genes 

displayed the highest fold-change between compartments and were dominated by 

Cyanobacteria and Proteobacteria – suggesting a functional significance of these taxa 

in soil crust communities. Bulk soil communities displayed significant enrichments in 

genes associated with carbon fixation (through the reductive TCA and the Wood-

Ljungdahl pathway), methane oxidation, phosphorus starvation, phosphorus transport 

and thiosulphate oxidation, which suggested differential contributions of bulk soil and 

soil surface communities to several biogeochemical cycles. This chapter represents 

the first study to analyse shotgun metagenomes of temperate agricultural soil crusts 

and the results suggest that they perform enriched roles in a number of biogeochemical 

cycles, specifically nitrogen and carbon fixation. This work remains the only study to 

explore the functional capabilities of soil crusts using a genetic approach, and further 

work is warranted to determine whether findings present here extend to different 

ecosystems within temperate regions.  

 

Taxonomic analysis revealed that Eukaryotes were only assigned to a very low 

proportion of contigs (0.61%, by count), and mapped coverage eukaryotic contigs 

were ~5-fold higher in the soil crust (1.04%) than the bulk soil (0.17%). This 

highlights the dominance of bacteria in soil microbial communities (~90% coverage), 

whereas fungi and protists (which belong to the eukaryotic kingdom) only contribute 

to minute abundances (<1% in both compartments), which were more comparable to 

the proportion archaea (~1%). However, Chlorophyta (a diverse group of green algae 

belonging to Eukaryotes) were identified as one of the most abundant phyla across all 

kingdoms and were revealed as the most enriched phyla (highest fold change which 
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contributed >1% relative abundance) in the soil crust. Therefore, despite their low 

contributions to overall metagenomic reads, these results suggest that eukaryotes have 

an important functional role in developed temperate agricultural soil crusts, which has 

only been suggested previously in polar and arid ecosystems (Dumack et al., 2016, 

Maier et al., 2018, Abed et al., 2019). Moreover, the importance of eukaryotes in soil 

crust communities is supported by the multi-amplicon microbial co-occurrence 

networks presented in chapter 2, within which fungal OTUs displayed the highest 

number of connections of any amplicon.  

 

Whilst metagenomics has been revolutionary in microbial ecology, for example in the 

discovery of new candidate phyla, it is not a perfect methodology and still contains a 

number of limitations(Parks et al., 2017). The largest limitation of metagenomics 

arises from the databases that are available, and large portions of the microbial tree of 

life are currently unannotated across all databases (Quince et al., 2017). In this study, 

26.2% of contigs were not assigned beyond the phylum taxonomic level, which limited 

the conclusions that could be made. For example, genes annotated to assimilatory and 

dissimilatory nitrate reduction, denitrification, the reductive TCA and the Wood-

Ljungdahl pathway contained 20-65% of sequences with no taxonomic annotation 

beyond ‘bacteria’, providing little insight into the taxa that perform these functions. 

However, as the price of metagenomics becomes cheaper to perform, taxonomic and 

functional databases will become better annotated and consequently the effectiveness 

of metagenomics will improve. Another problem in metagenomics arises from the 

approach to normalize and present gene coverage data. Whilst the future of 

metagenomic analysis is likely to be directed towards taxonomic binning techniques, 

metagenomic bins produced in this study were low quality and only a small number 

were suitable for further analysis, therefore functional analyses of metagenomic bins 

was not presented. Instead, gene abundance was converted to reads per kilobase 

million (RPKM), which was calculated as the mapped coverage of a given contig with 

the consideration of both contig length and sequencing depth of that given sample – 

both of which are considered as major factors that can impact coverage data across 

samples. Converting metagenomic gene abundance to RPKM is a popular approach 

that has been used in a number of studies as it accounts for sequencing depths across 

samples, which is also widely debated and problematic topic in amplicon sequencing, 
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therefore making cross-sample comparisons more applicable relative to alternative 

normalisation approaches such as relative gene abundance (that do not consider 

differences in sequencing depth) (Lawson et al., 2017, Annavajhala et al., 2018, Zhang 

et al., 2018). An alternative approach is to express gene abundance as a proportion of 

the coverage of housekeeping genes, for example RecA, an essential gene encoding a 

subunit of the bacterial DNA recombination protein. However, as metagenomics 

amplifies DNA obtained from all kingdoms simultaneously, normalisation of 

housekeeping genes that are conserved across all kingdoms would have to be 

performed – most of which can display substantially variability in gene abundance. A 

common approach is to divide gene abundance data by the median coverage of 32 

single copy core housekeeping genes to account for the abundance of different 

individuals. However, use of this approach in this study resulted in extremely large 

variation across samples – where median coverage ranged by >100-fold difference 

between samples, and therefore normalization with this approach would introduce 

larger amounts of variation than it would have accounted for. Overall, methods used 

in this chapter aimed to maximize the effectiveness whilst reducing the number of 

artefacts in metagenomic analysis. This was performed through the use of 

metagenomic co-assembly, by querying sequences with three functional annotation 

databases and by using normalization methods to reduce variability across samples.  

Overall, results from chapter 3 emphasised that developed biological soil crusts had a 

distinct taxonomic and functional metagenomic profile relative to bulk soil. These 

results suggested that soil crusts had a greater capacity to perform nitrogen and carbon 

fixation, relative to lower depth soil, in a temperate agricultural ecosystem.  

 

5.5. Implications of studies 

Soil crusts have been estimated to cover ~12% of global terrestrial ecosystems and 

have predicted contributions of 40% of total biological nitrogen fixation and 7% of 

NPP (under vegetation) by terrestrial ecosystems (Maier et al., 2018, Rodriguez-

Caballero et al., 2018, Weber et al., 2015, Elbert et al., 2012). However, these 

estimates have been based on extrapolations from experiments performed in 

unperturbed arid ecosystems. Results presented in the three experimental chapters 

indicate that biological soil crusts undergo substantial physical and biotic development 

in a highly perturbed temperate agroecosystem. Physical analysis showed that a 
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structural seal forms at the soil surface, and pore features of the structural seal are 

indicative of a functional role in protection from soil erosion, which is a widely 

reported role of biological soil crusts from arid regions (Belnap and Lange, 2003). 

Decline in soil fertility through soil erosion is a large factor contributing to losses in 

soil health, and it is estimated in the UK that the costs of soil erosion are between £0.9 

– £1.4 billion pounds per annum (Graves et al., 2015). Encouraging or protecting 

development of soil crusts in agroecosystems could therefore help negate the impacts 

of soil erosion, but further work is required to explore the functional role of soil crusts 

in soil erosion in temperate ecosystems.  

 

Results here also showed that taxonomic profiles of soil crusts contained large 

enrichments of filamentous taxa that are associated with soil surface stabilisation, as 

well as carbon and nitrogen fixing taxa. Furthermore, metagenomic analysis revealed 

that soil surface communities had substantially higher genetic capabilities to perform 

nitrogen fixation, nitrification, carbon fixation and breakdown complex carbohydrates 

(CAZy) relative to bulk soils. These results all suggest that soil crusts may perform 

considerable roles in nutrient cycling in agricultural environments, which may have 

implications for plant development. As bioavailable nitrogen is often a limiting factor 

for growth of plants, increased nitrogen fixation and nitrification by soil crusts may 

help increase soil fertility and therefore plant production, which has been suggested in 

arid regions (Song et al., 2017, Belnap and Lange, 2002, Bowker et al., 2010, Li et al., 

2012). Furthermore, increased amounts of carbon fixation, coupled with the utilization 

of complex polysaccharides, suggests that soil crusts may promote formation of soil 

organic carbon, which is considered a vital factor contributing to soil health. Overall, 

results here suggest that soil crusts have the capacity to perform substantial roles in 

nutrient cycling relative to lower depth soils in a temperate agroecosystem. These roles 

could help increase soil health and plant productivity, but further research is warranted 

to explore this claim.  

 

5.6. Future work 

Together, data presented from experimental chapters here indicates for the first time 

that biological soil crusts from temperate agroecosystems form a separate physical soil 

compartment that exhibits a distinct microbial composition and has a substantially 
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higher capability to contribute to nitrogen and carbon cycling relative to bulk soils. 

However, this study was limited to just two separate temperate agroecosystems, both 

of which contained the same soil type. Additionally, these two fields were growing a 

winter wheat crop (chapters 2 and 4) and a winter barley crop (chapter 3), which are 

closely related, exhibit similar resource requirements and have similar morphology 

(and therefore similar shading effects on the soil surface) (Li et al., 2010). However, 

different crops would permit a varied amount of light to reach the soil surface, and 

could consequently impact the ability for soil crusts to develop in these systems, as 

light is an important factor that drives soil crust development (Belnap and Lange, 

2003). Therefore, a future direction could be to investigate whether biological and 

structural soil crust development occurs under a number of crops that exhibit varied 

amounts of light coverage. Furthermore, as temperate regions have extremely variable 

climatic conditions, soil crust development could fluctuate dramatically across large 

spatial scales in temperate regions. To address this, a future study could examine long-

distance spatial variation of soil crust community development in different temperate 

regions, which has previously been performed in arid regions, to help uncover whether 

substantial variation in community structure occurs in these climates (Couradeau et 

al., 2019, Pajares et al., 2016, Pietrasiak et al., 2011).  

 

Moreover, temporal analysis in this experiment was performed over a single growing 

season (on two separate sites), and development (or destruction) of soil crusts post-

harvest were not assessed. A future direction could be to assess the recovery of soil 

crust communities and soil structure after major perturbations across several years in 

a temperate agroecosystem. This could provide an insight as to whether agricultural 

practices can lead to a chronic disturbance on physical structure, composition and 

functioning of soil crust communities. Furthermore, tracking soil crust development 

in agroecosystems within which the soil surface is not actively destroyed each year 

(harvest), for example in reduced or no-till systems, would provide an insight as to 

whether soil crusts can reach climax communities in these environments.   

 

In this study, shotgun metagenomics was performed using a short-read sequencing 

platform (150 bp, paired-end). Whilst metagenomic co-assembly was performed to 

help combat the problems with the analysis of short-read sequences, the use of long-
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read sequencing technologies (for example the Oxford Nanopore) could permit 

analysis of metagenomes with a greater resolution whilst providing a greater 

confidence (relative to assembled contigs) in sequences (Nicholls et al., 2019).  

 

Metagenomic data only provides an insight on the genetic capability to perform a 

specific function, and provides no insight into whether a given gene is actively 

transcribed. While we identified a potential capacity for biological soil crusts to 

contribute to a number of biogeochemical cycles, there is need to investigate gaseous 

emissions and soil nutrient analysis in biological soil crusts to provide insight into the 

products released from metabolic processes as well as the availability of substrates. A 

future study could be to use other ‘omics approaches to determine whether enriched 

gene abundance found in metagenomes correlates with activity. Analysis of soil crust 

and bulk soil metatranscriptomes, all of the actively transcribed RNA, would uncover 

the abundance and identity of genes that are actively expressed and transcribed. 

However, metatranscriptomics can be difficult to perform and has a number of 

limitations as mRNA only represents a small pool of total RNA (~1%), has an 

incredibly short half-life, is easily contaminated and is vastly more expensive to study 

than DNA (Bashiardes et al., 2016). Furthermore, analysis of the soil crust 

metaproteome, all of the expressed proteins in a given sample, would provide an 

insight into all the proteins that are actively translated, providing a greater functional 

context. However, metaproteomics also has a number of limitations, the most 

important being the extraction efficiency, which is exacerbated in complex systems 

such as soil, as well as the relatively poor annotation of proteins, with significant 

proportions remaining uncharacterised (Petriz and Franco, 2017). Combined, the use 

of all three of these ‘omics approaches would generate a strong dataset that could be 

used to understand both the functional capacity and activity of biological soil crusts.   
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APPENDIX 

 

 
 
Supplementary figure 2.1. Mantel correlograms of bacterial and fungal soil crust and bulk soil 
communities. Significant correlations according to a mantel test are indicated by filled symbols (p < 
0.05). Mantel correlograms were calculated using the vegan package on R.  
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Supplementary figure 2.2. Mantel correlograms of protist and phototroph soil crust and bulk soil 
communities. Significant correlations according to a mantel test are indicated by filled symbols (p < 
0.05). Mantel correlograms were calculated using the vegan package on R. 
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Supplementary table 2.1. Differentially abundant bacterial OTUs between combined soil crust and bulk soil communities. Differentially abundant OTUs were calculated 
if they exhibited a log2Fold Change >|2| and a corrected p-value of <0.05 (Wald’s test).  
 

Phylum 
  

Class Order Family Genus Species log2FoldChange stat p-value 

[Thermi] Deinococci Deinococcales Deinococcaceae Deinococcus 
 

3.16702205 4.78388508 2.50E-05 
Acidobacteria [Chloracidobacteria] RB41 Ellin6075 

  
2.35236084 4.78921586 2.46E-05 

Actinobacteria Actinobacteria Actinomycetales Nocardioidaceae Nocardioides plantarum 2.38645633 6.86450972 3.14E-10 
Actinobacteria Actinobacteria Actinomycetales 

   
3.54813896 6.55086153 2.40E-09 

Armatimonadetes [Fimbriimonadia] [Fimbriimonadales] [Fimbriimonadaceae] Fimbriimonas 
 

2.54856086 4.61572349 5.12E-05 
Armatimonadetes Armatimonadia Armatimonadales Armatimonadaceae 

  
3.29363696 5.08922133 6.74E-06 

Armatimonadetes Armatimonadia Armatimonadales Armatimonadaceae 
  

2.0342853 3.62193143 0.00225493 
Bacteroidetes [Saprospirae] [Saprospirales] Chitinophagaceae Segetibacter 

 
2.57208978 6.76040117 6.11E-10 

Bacteroidetes [Saprospirae] [Saprospirales] Chitinophagaceae Segetibacter 
 

2.48932292 4.94363745 1.25E-05 
Bacteroidetes [Saprospirae] [Saprospirales] Chitinophagaceae Segetibacter 

 
2.47244367 3.23370301 0.00748453 

Bacteroidetes [Saprospirae] [Saprospirales] Saprospiraceae 
  

2.38730541 4.92596677 1.35E-05 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 

 
4.59406346 8.29501651 1.42E-14 

Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 
 

3.9011819 8.19794032 3.03E-14 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 

 
3.82780289 6.97274753 1.62E-10 

Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 
 

3.33430528 4.83640554 2.01E-05 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 

 
2.90378991 3.16743376 0.00897558 

Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 
 

2.61966907 3.41021527 0.00441249 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae Hymenobacter 

 
2.27536615 5.81733142 1.76E-07 

Bacteroidetes Cytophagia Cytophagales Cytophagaceae Rudanella 
 

5.00710598 8.52011559 2.34E-15 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae Spirosoma 

 
3.11235491 3.70709036 0.00174243 

Bacteroidetes Cytophagia Cytophagales Cytophagaceae Spirosoma 
 

3.08707563 2.94269075 0.01616288 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae Spirosoma 

 
2.85745366 3.40117937 0.0045114 

Bacteroidetes Cytophagia Cytophagales Cytophagaceae 
  

3.23306683 4.37745541 0.00013981 
Bacteroidetes Cytophagia Cytophagales Cytophagaceae 

  
2.29462174 4.16615287 0.00033422 

Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium 
 

2.31203992 3.45747482 0.00381684 
Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium 

 
2.30099312 4.58247303 5.84E-05 

Bacteroidetes Flavobacteriia Flavobacteriales Flavobacteriaceae Flavobacterium 
 

2.26045267 4.60776881 5.26E-05 
Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae Pedobacter 

 
3.08458866 5.02885863 8.60E-06 

Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae Pedobacter 
 

2.89596177 8.63119062 1.02E-15 
Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae 

  
3.73333964 4.96055163 1.17E-05 

Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae 
  

3.67510144 4.34800652 0.00015762 
Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae 

  
2.72704352 2.94169736 0.01616288 

Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae 
  

2.34751612 2.88396049 0.01865958 
Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae 

  
2.25219303 7.0910778 7.45E-11 

Bacteroidetes Sphingobacteriia Sphingobacteriales Sphingobacteriaceae 
  

2.21013478 9.92171505 2.63E-20 
Chloroflexi Chloroflexi Herpetosiphonales 

   
2.74147155 8.77289352 3.41E-16 

Chloroflexi Chloroflexi Herpetosiphonales 
   

2.49390371 5.97379672 7.47E-08 
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Chloroflexi Thermomicrobia 
    

2.10256295 6.44503452 4.53E-09 
Chloroflexi Thermomicrobia 

    
2.06126063 4.638741 4.68E-05 

Cyanobacteria Oscillatoriophycideae Oscillatoriales Phormidiaceae Phormidium 
 

5.32225307 10.1357103 4.51E-21 
Cyanobacteria Oscillatoriophycideae Oscillatoriales Phormidiaceae Phormidium 

 
4.097968 5.02047115 8.91E-06 

Cyanobacteria Oscillatoriophycideae Oscillatoriales Phormidiaceae Phormidium 
 

3.92606645 7.96386866 1.57E-13 
Cyanobacteria Oscillatoriophycideae Oscillatoriales Phormidiaceae Phormidium 

 
3.85489847 11.0886037 3.35E-25 

Cyanobacteria Synechococcophycideae Pseudanabaenales Pseudanabaenaceae Leptolyngbya 
 

5.37751252 8.03952654 1.01E-13 
Cyanobacteria Synechococcophycideae Pseudanabaenales Pseudanabaenaceae Leptolyngbya 

 
5.16601543 9.31395072 4.14E-18 

Cyanobacteria Synechococcophycideae Pseudanabaenales Pseudanabaenaceae Leptolyngbya 
 

3.04370353 4.43042778 0.00011115 
Cyanobacteria Synechococcophycideae Pseudanabaenales Pseudanabaenaceae 

  
4.41690882 8.74434735 4.06E-16 

Cyanobacteria 
     

3.87191847 7.48668112 5.03E-12 
FBP 

     
2.32398071 3.78986531 0.0013179 

FBP 
     

2.1231012 4.02218275 0.00058338 
Gemmatimonadetes Gemmatimonadetes Gemmatimonadales A1-B1 

  
3.42118656 7.16431679 4.60E-11 

Gemmatimonadetes Gemmatimonadetes Gemmatimonadales Ellin5301 
  

2.32075271 3.31815054 0.00585516 
Gemmatimonadetes Gemmatimonadetes Gemmatimonadales 

   
2.71985571 2.54715606 0.04222126 

Gemmatimonadetes Gemmatimonadetes Gemmatimonadales 
   

2.26636265 4.00455927 0.00062422 
Gemmatimonadetes Gemmatimonadetes Gemmatimonadales 

   
2.25788372 3.96410771 0.00071519 

Gemmatimonadetes Gemmatimonadetes Gemmatimonadales 
   

2.14833559 3.77234857 0.00138818 
Planctomycetes Phycisphaerae WD2101 

   
3.52622077 3.6542084 0.00204297 

Planctomycetes Phycisphaerae WD2101 
   

2.31452627 3.91889483 0.0008369 
Planctomycetes Phycisphaerae WD2101 

   
2.10092276 3.95231318 0.00074608 

Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae Mycoplana 
 

2.80034748 5.30200992 2.49E-06 
Proteobacteria Alphaproteobacteria Caulobacterales Caulobacteraceae 

  
2.37136067 6.51501184 3.00E-09 

Proteobacteria Alphaproteobacteria Rhizobiales Methylobacteriaceae Methylobacterium adhaesivum 2.06253982 5.46564074 1.08E-06 
Proteobacteria Alphaproteobacteria Rhizobiales Methylobacteriaceae Methylobacterium 

 
2.5354778 6.66514674 1.13E-09 

Proteobacteria Alphaproteobacteria Rhodobacterales Rhodobacteraceae Rhodobacter 
 

2.55697177 8.99837354 5.39E-17 
Proteobacteria Alphaproteobacteria Rhodospirillales Acetobacteraceae 

  
2.32963621 3.69824394 0.00178535 

Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas echinoides 4.03409997 6.47099891 3.95E-09 
Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas 

 
2.92246712 4.15101506 0.00035227 

Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas 
 

2.67482034 5.0744907 7.03E-06 
Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae Sphingomonas 

 
2.19809883 4.33870634 0.00016285 

Proteobacteria Alphaproteobacteria Sphingomonadales Sphingomonadaceae 
  

3.96725723 5.85492892 1.44E-07 
Proteobacteria Alphaproteobacteria Sphingomonadales 

   
2.68019 5.27824961 2.79E-06 

Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Hydrogenophaga 
 

3.9179488 6.93068269 2.10E-10 
Proteobacteria Betaproteobacteria Burkholderiales Comamonadaceae Limnobacter 

 
2.91998873 3.89028068 0.00092717 

Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae Janthinobacterium 
 

2.41723487 4.40457001 0.00012403 
Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae 

  
2.40718917 8.95511026 7.26E-17 

Proteobacteria Betaproteobacteria Burkholderiales Oxalobacteraceae 
  

2.08101487 5.23038241 3.49E-06 
Proteobacteria Betaproteobacteria Burkholderiales 

   
2.00930407 6.17686557 2.30E-08 

Proteobacteria Deltaproteobacteria Bdellovibrionales Bacteriovoracaceae 
  

2.13431394 3.36122435 0.00514113 
Proteobacteria Deltaproteobacteria Myxococcales Myxococcaceae Myxococcus 

 
2.71841417 3.8612496 0.00102048 

Proteobacteria Deltaproteobacteria Myxococcales Polyangiaceae 
  

4.26192681 6.00875439 6.19E-08 
Proteobacteria Deltaproteobacteria Spirobacillales 

   
2.05571167 6.24575237 1.55E-08 
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Proteobacteria Gammaproteobacteria Alteromonadales Alteromonadaceae Cellvibrio 
 

2.12881537 5.35155575 1.95E-06 
Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas viridiflava 4.38866944 7.11091713 6.61E-11 
Proteobacteria Gammaproteobacteria Pseudomonadales Pseudomonadaceae Pseudomonas 

 
2.73312915 2.65867229 0.03239773 

Proteobacteria Gammaproteobacteria Xanthomonadales Xanthomonadaceae 
  

4.48791123 5.62559265 4.78E-07 
TM7 TM7-1 

    
2.06968815 3.72040571 0.00165894 

Verrucomicrobia [Spartobacteria] [Chthoniobacterales] [Chthoniobacteraceae] 
  

2.59465096 4.64225211 4.63E-05 
Verrucomicrobia Verrucomicrobiae Verrucomicrobiales Verrucomicrobiaceae 

  
2.44968162 2.8162864 0.02224066 

 
 
Supplementary table 2.2. Differentially abundant fungal OTUs between combined soil crust and bulk soil communities. Differentially abundant OTUs were calculated if 
they exhibited a log2Fold Change >|2| and a corrected p-value of <0.05 (Wald’s test).  
 

Phylum  Class Order Family Genus Species log2FoldChange stat p-value 
  

Ascomycota Dothideomycetes Capnodiales Teratosphaeriaceae Devriesia fraserae 3.8863 5.4406 7.40E-07 
Ascomycota Dothideomycetes Dothideales Dothioraceae Aureobasidium pullulans 2.9244 4.1977 0.00026836 
Ascomycota Dothideomycetes Myriangiales Incertae sedis Endosporium aviarium 2.4581 2.7508 0.03419855 
Ascomycota Dothideomycetes Incertae sedis Dothideomycetes Septoriella hirta 3.8273 7.5155 3.23E-12 
Ascomycota Dothideomycetes Incertae sedis Dothideomycetes Zymoseptoria brevis 3.2059 5.2179 2.32E-06 
Ascomycota Dothideomycetes Pleosporales Didymellaceae Neoascochyta exitialis 3.5542 3.4597 0.00423784 
Ascomycota Dothideomycetes Pleosporales Didymellaceae Neoascochyta graminicola 4.9899 6.3173 8.34E-09 
Ascomycota Dothideomycetes Pleosporales Leptosphaeriaceae Leptosphaeria 

 
3.3579 6.9799 1.32E-10 

Ascomycota Dothideomycetes Pleosporales Leptosphaeriaceae Plenodomus biglobosus 3.9135 10.8252 1.64E-24 
Ascomycota Dothideomycetes Pleosporales Lophiostomataceae Trichometasphaeria 

 
2.4812 5.6460 2.86E-07 

Ascomycota Dothideomycetes Pleosporales Phaeosphaeriaceae Phaeosphaeria juncicola 2.0859 2.6311 0.04410719 
Ascomycota Dothideomycetes Pleosporales Pleosporaceae Alternaria hordeicola 3.5335 9.7033 6.10E-20 
Ascomycota Dothideomycetes Pleosporales 

   
3.1579 4.4968 7.86E-05 

Ascomycota Dothideomycetes 
    

3.5918 3.1126 0.01291882 
Ascomycota Lecanoromycetes Agyriales Agyriaceae Xylographa vermicularis 6.0616 4.2986 0.00018265 
Ascomycota Lecanoromycetes Teloschistales Teloschistaceae Xanthoria coomae 2.3780 2.6706 0.04058791 
Ascomycota Leotiomycetes Helotiales Helotiaceae Articulospora 

 
3.1441 6.7156 6.91E-10 

Ascomycota Leotiomycetes Incertae sedis Leotiomycetes Meliniomyces 
 

3.0263 10.1910 6.82E-22 
Ascomycota Leotiomycetes Incertae sedis Leotiomycetes Meliniomyces 

 
2.6175 8.7346 3.07E-16 

Ascomycota Leotiomycetes Incertae sedis Leotiomycetes Meliniomyces 
 

2.5645 5.7015 2.26E-07 
Ascomycota Leotiomycetes 

    
3.4334 3.8796 0.00096486 

Ascomycota Sordariomycetes Chaetosphaeriales Chaetosphaeriaceae 
  

3.7587 6.3022 8.76E-09 
Ascomycota Sordariomycetes Xylariales Incertae sedis Microdochium colombiense 4.0488 5.5456 4.71E-07 
Ascomycota 

     
4.2193 5.3616 1.12E-06 

Ascomycota 
     

2.8630 8.4311 3.07E-15 
Ascomycota 

     
2.4961 3.5215 0.00354074 

Basidiomycota Agaricomycetes Agaricales 
   

4.0066 5.7425 1.83E-07 
Basidiomycota Agaricomycetes Agaricales 

   
3.9902 4.3723 0.00013289 

Basidiomycota Agaricomycetes Agaricales 
   

3.8184 6.0892 2.92E-08 



 
 
 

232 

Basidiomycota Agaricomycetes Agaricales 
   

3.6250 5.6514 2.85E-07 
Basidiomycota Agaricomycetes Agaricales 

   
3.4700 5.5189 5.35E-07 

Basidiomycota Agaricomycetes Agaricales 
   

3.3558 5.4638 6.96E-07 
Basidiomycota Agaricomycetes Agaricales 

   
3.2854 5.9513 6.04E-08 

Basidiomycota Agaricomycetes Agaricales 
   

2.9156 2.6757 0.04058791 
Basidiomycota Agaricomycetes Agaricales 

   
2.7911 5.0732 4.91E-06 

Basidiomycota Agaricomycetes Agaricales 
   

2.6236 3.8682 0.00099615 
Basidiomycota Agaricomycetes Agaricales 

   
2.3951 5.6853 2.41E-07 

Basidiomycota Agaricomycetes Agaricales 
   

2.3630 7.4787 3.92E-12 
Basidiomycota Agaricomycetes Agaricales 

   
2.3450 5.7498 1.81E-07 

Basidiomycota Agaricomycetes Agaricales 
   

2.2495 4.3866 0.00012666 
Basidiomycota Agaricomycetes Russulales Bondarzewiaceae Heterobasidion australe 2.1450 3.9859 0.00063872 
Basidiomycota Agaricomycetes 

    
2.5286 2.9470 0.02012189 

Basidiomycota Exobasidiomycetes 
    

2.3266 3.1702 0.01085233 
Basidiomycota Microbotryomycetes Leucosporidiales Leucosporidiaceae Leucosporidium drummii 3.4729 6.4796 3.03E-09 
Basidiomycota Microbotryomycetes Sporidiobolales Incertae sedis Sporobolomyces roseus 3.9488 5.4509 7.20E-07 
Basidiomycota Tremellomycetes Filobasidiales Filobasidiaceae Filobasidium stepposum 3.0213 3.2112 0.00985072 
Basidiomycota Tremellomycetes Tremellales Bulleraceae Bullera crocea 2.5679 3.6830 0.00200743 
Basidiomycota Tremellomycetes Tremellales Tremellaceae Cryptococcus frias 4.0708 5.3524 1.16E-06 
Basidiomycota Tremellomycetes Tremellales Tremellaceae Cryptococcus 

 
4.8342 7.5561 2.60E-12 

Basidiomycota Tremellomycetes Tremellales Tremellaceae Dioszegia fristingensis 2.1339 2.7578 0.03378425 
Basidiomycota Tremellomycetes Tremellales Tremellaceae Dioszegia hungarica 3.0059 3.7593 0.00152601 
Basidiomycota Tremellomycetes Tremellales 

   
2.7174 2.6705 0.04058791 

Chytridiomycota Chytridiomycetes 
    

4.3271 6.5974 1.46E-09 
Chytridiomycota Spizellomycetes Spizellomycetales Spizellomycetaceae Powellomyces 

 
4.4963 8.1468 2.60E-14 

Chytridiomycota Spizellomycetes Spizellomycetales Spizellomycetaceae Powellomyces 
 

2.0792 3.4969 0.00383289 
Chytridiomycota 

     
3.3016 6.0945 2.92E-08 

Chytridiomycota 
     

2.5367 3.0676 0.01470807 
Chytridiomycota 

     
2.2899 2.6924 0.0390474 

Entomophthoromycota Basidiobolomycetes Basidiobolales Basidiobolaceae Basidiobolus ranarum 3.3386 6.7749 4.88E-10 
Entomophthoromycota Basidiobolomycetes Basidiobolales Basidiobolaceae Basidiobolus ranarum 3.1767 7.1606 3.87E-11 
Glomeromycota Glomeromycetes Glomerales Glomeraceae Rhizophagus intraradices 5.5578 8.3332 6.17E-15 
Mortierellomycota Mortierellomycotina Mortierellales 

   
2.6087 2.9155 0.02161648 

Mucoromycota Endogonomycetes Endogonales 
   

5.6495 4.9680 8.32E-06 
Unidentified 

     
3.8263 9.1804 6.73E-18 

Unidentified 
     

3.7890 6.0851 2.92E-08 
Unidentified 

     
3.0794 3.4337 0.00460877 

Unidentified 
     

3.0257 4.5253 7.00E-05 
Unidentified 

     
2.7474 2.9421 0.02023797 

Unidentified 
     

2.6531 3.0258 0.01636665 
Unidentified 

     
2.5754 4.2043 0.00026487 

Unidentified 
     

2.4790 4.1142 0.00038067 
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Supplementary table 2.3. Differentially abundant protist OTUs between combined soil crust and bulk soil communities. Differentially abundant OTUs were calculated if 
they exhibited a log2Fold Change >|2| and a corrected p-value of <0.05 (Wald’s test).  
 

ta2 ta3 ta4 ta5 ta6 ta7 log2FoldChange stat p-value  
Amoebozoa Fractovitelliida Soliformovum Amoebozoa  

  
2.7169 3.9705 0.00033427 

Amoebozoa Myxogastria Cavostelium  apophysatum 
  

3.1856 5.2256 1.32E-06 
Amoebozoa Myxogastria Protophysarum Lamproderma  scintillans 

 
2.5256 3.1798 0.00489548 

Amoebozoa Tubulinea Euamoebida BOLA868  Hartmannellidae  Hartmannellidae 3.3119 7.5127 1.40E-12 
Amoebozoa Tubulinea Euamoebida Glaeseria Copromyxa protea Copromyxa protea 3.4303 6.3242 3.50E-09 
Amoebozoa Tubulinea Euamoebida Glaeseria Hartmannella cantabrigiensis 2.4985 6.4388 1.74E-09 
Amoebozoa Tubulinea Euamoebida Glaeseria Tubulinida  

 
4.9631 7.1364 1.98E-11 

Amoebozoa Tubulinea Leptomyxida  Eimeriidae  Eimeriidae  Eimeriidae 2.3012 5.6722 1.41E-07 
Archaeplastida Chloroplastida Charophyta Charales Tolypella Tolypella porteri 2.3882 8.6625 1.67E-16 
Archaeplastida Chloroplastida Chlorophyta Chlorophyceae Kirchneriella Neocystis brevis 3.6256 5.2168 1.35E-06 
Archaeplastida Chloroplastida Chlorophyta Trebouxiophyceae  Banisveld   Banisveld  3.5640 4.6711 1.97E-05 
Archaeplastida Chloroplastida Desmidiaceae 

   
2.1625 2.3848 0.04185442 

Archaeplastida Glaucophyta Cyanoptyche gloeocystis 
  

3.0897 4.0221 0.00027323 
Centrohelida  Lobosea 

    
2.6756 5.2740 1.04E-06 

Excavata Discoba Discicristata Diplonemea Diplonema  marine diplonemid 2.6440 3.7779 0.00069253 
Excavata Discoba Discicristata Heteronematina Petalomonas   2.4254 7.0977 2.44E-11 
Excavata Discoba Discicristata Prokinetoplastina Ichthyobodo   2.4583 5.6260 1.78E-07 
Incertae Sedis Apusomonadidae Apusomonas Proboscidea 

  
2.6863 3.5826 0.00136535 

Opisthokonta Holozoa Choanomonada Stephanoecidae 
  

2.9081 5.4190 5.25E-07 
Opisthokonta Holozoa Corallochytrea Corallochytridae Corallochytrium limacisporum 2.2952 2.5556 0.02810409 
Opisthokonta Nucletmycea 

   
  2.3206 2.5662 0.0275171 

RT5iin25  Eimeriidae 
    

4.8964 7.3084 6.01E-12 
RT5iin25           3.2367 3.1304 0.00560483 
RT5iin25           2.5897 6.5962 6.42E-10 
SAR Alveolata Apicomplexa Eugregarinorida Gregarina Heterocapsaceae  2.8260 8.5294 4.73E-16 
SAR Alveolata Ciliophora Colpodida Notoxoma Colpodidae  2.8083 6.1075 1.33E-08 
SAR Alveolata Ciliophora Heterotrichea Blepharisma   3.0272 3.5978 0.00130608 
SAR Alveolata Ciliophora Hypotrichia 

 
  2.7369 4.2182 0.00012937 

SAR Alveolata Protalveolata Perkinsidae A31  freshwater  3.1048 5.8265 6.82E-08 
SAR Alveolata Protalveolata Syndiniales Amoebophrya  clone OLI11261 2.8237 5.7216 1.17E-07 
SAR Rhizaria Cercozoa Cercomonadida  Cercomonadida  

 
3.0929 5.7403 1.09E-07 

SAR Rhizaria Cercozoa Cercomonadidae Cercomonas 
 

2.3332 2.6951 0.01944572 
SAR Rhizaria Cercozoa Cercomonadidae Eocercomonas    3.2046 10.0910 4.38E-22 
SAR Rhizaria Cercozoa Glissomonadida Allantion Thaumatomonadida  4.2224 12.0341 3.40E-31 
SAR Rhizaria Cercozoa Glissomonadida Bodomorpha  cercozoan 2.7025 3.2606 0.0038244 
SAR Rhizaria Cercozoa Glissomonadida Heteromita Bodomorpha 5.1757 4.4004 6.12E-05 
SAR Rhizaria Cercozoa Glissomonadida Proleptomonas faecicola 3.7497 10.3709 3.24E-23 
SAR Rhizaria Cercozoa Glissomonadida Thaumatomonadida  

 
4.3371 4.7438 1.41E-05 

SAR Rhizaria Cercozoa Glissomonadida     2.5175 2.6938 0.01944572 
SAR Rhizaria Cercozoa Incertae Sedis Trachelocorythion pulchellum 3.4846 12.9898 4.04E-36 
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SAR Rhizaria Cercozoa Novel Clade Gran-6  cercozoan  cercozoan 2.9804 5.3942 5.85E-07 
SAR Rhizaria Cercozoa Peregriniidae Gyromitus 

 
3.6953 5.9811 2.79E-08 

SAR Rhizaria Cercozoa Peregriniidae Gyromitus 
 

2.6924 4.5863 2.90E-05 
SAR Rhizaria Cercozoa RT5iin19  Eimeriidae 

 
3.4594 4.3108 8.87E-05 

SAR Rhizaria Cercozoa RT5iin19  Eimeriidae 
 

2.8009 4.0438 0.00025455 
SAR Rhizaria Cercozoa RT5iin19  Eimeriidae 

 
2.6571 3.4031 0.00253372 

SAR Rhizaria Cercozoa Thaumatomonadidae Thaumatomastix  cercozoan 4.1082 5.3648 6.69E-07 
SAR Rhizaria Cercozoa Thecofilosea 

 
  2.1101 8.9442 1.80E-17 

SAR Stramenopiles Bicosoecida P34.6 
 

  2.3108 7.6259 6.37E-13 
SAR Stramenopiles Ochrophyta Ochromonadales Paraphysomonas butcheri 2.1683 5.3310 7.84E-07 
SAR Stramenopiles Ochrophyta Tribonematales Bumilleriopsis 

 
2.7728 8.2968 3.09E-15 

SAR Stramenopiles Peronosporomycetes Apodachlya brachynema 
 

2.7213 5.0786 2.68E-06 
SAR Stramenopiles Peronosporomycetes Saprolegnia Saprolegnia parasitica  

 
2.1049 9.2911 8.83E-19 

 
 
Supplementary table 2.4. Differentially abundant phototroph OTUs between combined soil crust and bulk soil communities. Differentially abundant OTUs were 
calculated if they exhibited a log2Fold Change >|2| and a corrected p-value of <0.05 (Wald’s test).  
 

ta1 ta2 ta3 ta4 ta5 ta7 ta8  log2FoldChange stat p-value 
Bacteria Cyanobacteria Oscillatoriales Leptolyngbya 

   
3.1459 5.3684 6.14E-07 

Bacteria Cyanobacteria Oscillatoriales Nodosilinea 
   

2.2575 4.6258 1.81E-05 
Eukaryota Stramenopiles Bacillariophyta Bacillariophyceae Bacillariophycidae Phaeodactylaceae Phaeodactylum 2.2444 4.5980 1.91E-05 
Eukaryota Stramenopiles Bacillariophyta Coscinodiscophyceae Thalassiosirophycidae Thalassiosiraceae Thalassiosira 2.0178 4.0624 0.00017565 
Eukaryota Stramenopiles PXclade Xanthophyceae Vaucheriales Vaucheria litorea 2.1409 4.7074 1.28E-05 
Eukaryota Stramenopiles PXclade Xanthophyceae Vaucheriales Vaucheria litorea 2.0763 3.0358 0.00599708 
Eukaryota Stramenopiles PXclade Xanthophyceae Vaucheriales Vaucheria litorea 2.2853 5.1905 1.37E-06 
Eukaryota Viridiplantae Chlorophyta Trebouxiophyceae Microthamniales Stichococcusbacillaris 

 
2.1771 3.3597 0.00232678 

Eukaryota Viridiplantae Streptophyta Klebsormidiophyceae Klebsormidiales Klebsormidium flaccidum 2.1547 6.3876 1.79E-09 
Eukaryota Viridiplantae Streptophyta Klebsormidiophyceae Klebsormidiales Klebsormidium flaccidum 2.2403 3.5261 0.00132785 
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Supplementary figure 3.1. Soil seal determination. Porosity was calculated from X-ray computed 
tomography images obtained after running the TopCap macro at intervals of 150 µm. The top 0.9 mm 
were removed from calculations as the TopCap algorithm overestimated porosity at the immediate soil 
surface. Horizontal lines indicate + median confidence interval calculated from the porosity of the 
bottom 10 mm of the core. Soil seals were calculated as the depth at which porosity returned to within 
the median confidence interval of reference porosity.  

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

16

18

20

22

24

26

28

30 November Core 1

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

16

18

20

22

24

26

28

30 November Core 4

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30 March Core 2

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30 March Core 5

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30

35

40 July Core 3

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

16

18

20

22

24

26

28

30 November Core 2

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

0

5

10

15

20

25

30 November Core 5

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30 March Core 3

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30

35

40 July Core 1

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30

35

40 July Core 4

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

16

18

20

22

24

26

28

30 November Core 3

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30 March Core 1

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30 March Core 4

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30

35

40 July Core 2

2.4 3.7
5 5.1 6.4

5 7.8 9.1
5

10
.5

11
.85 13

.2
14

.55 15
.9

17
.25 18

.6
19

.95 21
.3

22
.65 24

25
.35 26

.7
28

.05 29
.4

10

15

20

25

30

35

40 July Core 5

P
or

os
ity

 (%
)

Depth (mm)



 
 
 

236 

Supplementary table 4.1. KEGG numbers for CAZy gene enzyme classes. KEGG numbers for different 
CAZy gene enzyme classes were obtained from the KEGG database (Kanehisha et al. 2015).  
 

CAZy class KO number 

Auxiliary 
activities 

K03933 K21712 K21713 K22033 K00516 K19356 K22032 

Carbohydrate 
binding modules 

K18578 K13381 K20547 K20692 K20697 K23550 K20844 K19891 K19892 
K19893 K22832 K22833 K13268 K21606 K19223 K19224 K22409 K15921 
K01070 K03930 K03932 K01044 K03927 K03929 K15743 

Glycoside 
Hydrolases 

K01188 K12695 K13031 K13032 K14756 K15748 K20834 K20835 K20852 
K21362 K22279 K22404 K22425 K17624 K08304 K08305 K15532 K17108 
K18576 K18206 K18205 K00700 K00701 K01200 K01214 K01236 K02438 
K22253 K00689 K00690 K01176 K01182 K01196 K01208 K01226 K05341 
K05343 K05992 K06044 K16147 K21350 K21575 K22597 K23079 K20885 
K01177 K01178 K22308 K22934 K16559 K20830 K20832 K20846 K21850 
K01199 K01183 K17523 K17524 K17525 K17526 K03791 K18577 K12373 
K14459 K20730 K08306 K08308 K08309 K21687 K21690 K21691 K01218 
K20845 K20847 K01213 K18580 K18650 K01206 K05349 K15920 K20836 
K01201 K22276 K01187 K01203 K01811 K12047 K12316 K12317 K15922 
K15925 K18820 K22307 K01193 K01212 K18775 K20848 K20849 K21351 
K21352 K01186 K12357 K23591 K19392 K06617 K01194 K01191 K12311 
K12312 K15524 K21000 K01232 K07406 K22933 K01198 K06113 K23741 
K01230 K20829 K01179 K05991 K15924 K18579 K22277 K01209 K22268 
K07405 K16149 K22451 K01202 K19668 K03931 K23086 K00691 K05342 
K10231 K18783 K18784 K21355 K22078 K21353 K05988 K00692 K20811 
K01225 K19357 K22834 K22835 K22836 K03796 K13714 K18651 K08257 
K00705 K07964 K20833 K15531 K20542 K20850 K19247 K15719 K18581 
K20831 K13688 K18675 K21298 K15923 K20851 K21574 K15538 K21132 

Glycosyl 
Transferases 

K00699 K00711 K00724 K01223 K04628 K05841 K07432 K07441 K08236 
K08237 K10757 K12338 K12711 K12717 K12726 K12930 K12933 K12937 
K12938 K12939 K13030 K13068 K13078 K13080 K13227 K13235 K13263 
K13269 K13492 K13493 K13494 K13495 K13496 K13691 K13692 K14367 
K14368 K14375 K14595 K14596 K15774 K15775 K15776 K15787 K15929 
K15931 K15934 K15935 K15936 K15937 K15938 K15939 K15946 K15948 
K15951 K15960 K15961 K15964 K15965 K15989 K15993 K15994 K16004 
K16009 K16010 K16388 K16440 K16441 K16442 K16443 K16444 K18100 
K18101 K19566 K19888 K20079 K21187 K21194 K21229 K21230 K21259 
K21260 K21262 K21263 K21354 K21370 K21371 K21372 K21373 K21374 
K22426 K22706 K22707 K22771 K22772 K22794 K22845 K23154 K23260 
K23261 K23452 K23520 K23521 K23522 K23523 K23524 K23525 K23725 
K00716 K00753 K03663 K07632 K07633 K07634 K07635 K09669 K14412 
K14464 K20151 K23249 K23424 K00718 K20883 K21367 K00725 K09655 
K00726 K09666 K00727 K00742 K00771 K09662 K09663 K20891 K03854 
K05537 K10967 K00736 K00737 K00744 K09661 K00748 K20444 K00694 
K00698 K00721 K00729 K00745 K00752 K00770 K02359 K03669 K03820 
K07011 K07027 K10012 K10999 K11936 K12983 K12984 K12987 K12988 
K12990 K12991 K12992 K12997 K12998 K12999 K13002 K13500 K13670 
K13680 K13683 K14666 K16555 K16556 K16557 K16562 K16564 K16649 
K16650 K16698 K16700 K16702 K17250 K18788 K19003 K19004 K19290 
K19354 K19423 K19425 K19427 K20327 K20438 K20534 K20887 K20923 
K20924 K20926 K21216 K21304 K21305 K21363 K21366 K22708 K22709 
K22844 K22907 K23103 K23105 K23130 K23131 K23190 K23229 K23230 
K23251 K23683 K23684 K23685 K23686 K00697 K03692 K16055 K00720 
K03846 K03847 K05286 K08098 K00717 K11718 K07270 K11703 K23067 
K02852 K05946 K13660 K21364 K00710 K02563 K03429 K03715 K00778 
K00779 K00780 K00781 K03368 K03369 K03370 K03371 K03373 K03374 
K03375 K03376 K03479 K03494 K03792 K06612 K06613 K06614 K06615 
K06616 K16153 K00693 K02527 K00715 K00719 K00731 K00734 K00739 
K00741 K03766 K03877 K05948 K07819 K07820 K07970 K07971 K09653 
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K09654 K09664 K09665 K13675 K14413 K18705 K20843 K20854 K20855 
K20856 K01988 K05528 K05534 K08251 K22721 K03842 K23082 K05531 
K05532 K08238 K00688 K00702 K13681 K00728 K03280 K00695 K00696 
K00712 K00754 K01222 K02840 K02844 K03208 K03843 K03844 K03857 
K03867 K06119 K08256 K09480 K12583 K12989 K12993 K12994 K12995 
K12996 K13000 K13001 K13003 K13004 K13057 K13657 K13668 K13677 
K13678 K13684 K14335 K15914 K16148 K16150 K16697 K16701 K16703 
K17248 K17249 K19002 K19422 K19424 K20578 K20582 K20589 K20921 
K20922 K20999 K21001 K21002 K21011 K21365 K21369 K21586 K22248 
K22710 K22908 K22916 K23073 K23101 K23102 K23104 K23132 K23160 
K23189 K23199 K23200 K23201 K23202 K23250 K13672 K09667 K00735 
K10157 K10158 K10812 K20869 K20871 K02366 K02367 K02368 K02370 
K18789 K20870 K20888 K20889 K00706 K11000 K21032 K00703 K00749 
K13679 K20430 K20812 K05284 K03693 K03814 K04478 K05365 K05366 
K05367 K12551 K12555 K18770 K21464 K00785 K11386 K11387 K00738 
K13748 K12582 K03848 K03849 K03845 K03850 K00707 K00709 K00722 
K00743 K20736 K20886 K21368 K13666 K03714 K18134 K18207 K05529 
K05530 K05533 K02369 K03691 K07151 K21306 K13673 K13690 K00747 
K13499 K00708 K00723 K00733 K00746 K07553 K07966 K07967 K07968 
K07969 K09656 K09657 K09905 K13659 K05535 K05536 K05538 K10968 
K10969 K12981 K13379 K07542 K11714 K20783 K20784 K20892 K18818 
K13674 K09668 K00750 K03275 K03276 K03278 K03279 K12916 K12985 
K12986 K13648 K18819 K20867 K20890 K20893 K22809 K12248 K13693 
K21349 K13689 K23084 K23085 K13686 K13669 K13671 K13687 K02841 
K02843 K02849 K12982 K13667 K13682 K14434 K20782 

Polysaccharide 
Lyases 

K18197 K18198 K19052 K19050 K19051 K18195 K19053 K01727 K19049 
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Supplementary table 4.2. Phosphorus cycling gene KEGG numbers. KEGG gene numbers were used to obtain functional annotations of sequences associated with phosphorus 
cycling as categorised in Liu et al (2018).  
  

Gene category Gene KO 
number 

 KEGG description 

Phosphatase Acid phosphatase PHO K01078 PHO; acid phosphatase [EC:3.1.3.2] 
Acid phosphatase phoN K09474 phoN; acid phosphatase (class A) [EC:3.1.3.2] 
Acid phosphatase aphA K03788 aphA; acid phosphatase (class B) [EC:3.1.3.2] 
Alkaline phosphatase phoA K01077 E3.1.3.1, phoA, phoB; alkaline phosphatase [EC:3.1.3.1] 
Alkaline phosphatase phoD K01113 phoD; alkaline phosphatase D [EC:3.1.3.1] 
GP phosphodiesterase ugpQ K01126 E3.1.4.46, glpQ, ugpQ; glycerophosphoryl diester phosphodiesterase 

[EC:3.1.4.46] 
Phosphotriesterase php K07048 PTER, php; phosphotriesterase-related protein 

Phytase  4-Phytase appA K01093 appA; 4-phytase / acid phosphatase [EC:3.1.3.26 3.1.3.2] 
3-Phytase 3-phytase K01083 E3.1.3.8; 3-phytase [EC:3.1.3.8] 

Phosphonate 
degradation 

C-P lyase multi-enzyme 
complex 

phnF K02043 phnF; GntR family transcriptional regulator, phosphonate transport system 
regulatory protein 

C-P lyase multi-enzyme 
complex 

phnG K06166 phnG; alpha-D-ribose 1-methylphosphonate 5-triphosphate synthase subunit 
PhnG [EC:2.7.8.37] 

C-P lyase multi-enzyme 
complex 

phnH K06165 phnH; alpha-D-ribose 1-methylphosphonate 5-triphosphate synthase subunit 
PhnH [EC:2.7.8.37] 

C-P lyase multi-enzyme 
complex 

phnI K06164 phnI; alpha-D-ribose 1-methylphosphonate 5-triphosphate synthase subunit PhnI 
[EC:2.7.8.37] 

C-P lyase multi-enzyme 
complex 

phnJ K06163 phnJ; alpha-D-ribose 1-methylphosphonate 5-phosphate C-P lyase [EC:4.7.1.1] 

C-P lyase multi-enzyme 
complex 

phnK K05781 phnK; putative phosphonate transport system ATP-binding prot 

C-P lyase multi-enzyme 
complex 

phnL K05780 phnL; alpha-D-ribose 1-methylphosphonate 5-triphosphate synthase subunit 
PhnL [EC:2.7.8.37] 

C-P lyase multi-enzyme 
complex 

phnM K06162 phnM; alpha-D-ribose 1-methylphosphonate 5-triphosphate diphosphatase 
[EC:3.6.1.63] 
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C-P lyase multi-enzyme 
complex 

phnN K05774 phnN; ribose 1,5-bisphosphokinase [EC:2.7.4.23] 

C-P lyase multi-enzyme 
complex 

phnO K09994 phnO; (aminoalkyl)phosphonate N-acetyltransferase [EC:2.3.1.280] 

C-P lyase multi-enzyme 
complex 

phnP K06167 phnP; phosphoribosyl 1,2-cyclic phosphate phosphodiesterase [EC:3.1.4.55] 

Phosphonatase phnX K05306 phnX; phosphonoacetaldehyde hydrolase [EC:3.11.1.1] 
Phosphonacetate hydrolase phnA K06193 phnA; protein PhnA 

Phosphorus 
transporter 

Inorganic pyrophosphatase ppa K01507 ppa; inorganic pyrophosphatase [EC:3.6.1.1] 
Exopolyphosphatase ppx K01514 PRUNE, PPX1; exopolyphosphatase [EC:3.6.1.11] 
Polyphosphate kinase ppk K00937 ppk; polyphosphate kinase [EC:2.7.4.1] 
PQQGDH gcd K00117 gcd; quinoprotein glucose dehydrogenase [EC:1.1.5.2] 
Phosphate inorganic 
transporter 

pit K03306 TC.PIT; inorganic phosphate transporter, PiT family 

Low-affinity inorganic 
phosphate transporter 

pitA K16322 pit; low-affinity inorganic phosphate transporter 

Phosphate-specific transport 
system subunit 

pstA K02038 pstA; phosphate transport system permease protein 

Phosphate-specific transport 
system subunit 

pstB K02036 pstB; phosphate transport system ATP-binding protein [EC:7.3.2.1] 

Phosphate-specific transport 
system subunit 

pstC K02037 pstC; phosphate transport system permease protein 

Phosphate-specific transport 
system subunit 

pstS K02040 pstS; phosphate transport system substrate-binding protein 

Phosphonate transporter 
subunit 

phnC K02041 phnC; phosphonate transport system ATP-binding protein [EC:7.3.2.2] 

Phosphonate transporter 
subunit 

phnD K02044 phnD; phosphonate transport system substrate-binding protein 

Phosphonate transporter 
subunit 

phnE K02042 phnE; phosphonate transport system permease protein 

Glycerol-3-phosphate 
transporter subunit 

ugpA K05814 ugpA; sn-glycerol 3-phosphate transport system permease protein 
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Glycerol-3-phosphate 
transporter subunit 

ugpB K05813 ugpB; sn-glycerol 3-phosphate transport system substrate-binding protein 

Glycerol-3-phosphate 
transporter subunit 

ugpC K05816 ugpC; sn-glycerol 3-phosphate transport system ATP-binding protein 
[EC:7.6.2.10] 

Glycerol-3-phosphate 
transporter subunit 

ugpE K05815 ugpE; sn-glycerol 3-phosphate transport system permease protein 

Regulation of 
phosphate 

starvation genes 

Phosphate regulon response 
regulator 

phoB K07657 phoB; two-component system, OmpR family, phosphate regulon response 
regulator PhoB 

Phosphate regulon sensor 
histidine kinase 

phoR K07636 phoR; two-component system, OmpR family, phosphate regulon sensor histidine 
kinase PhoR [EC:2.7.13.3] 

PhoR/PhoB inhibitor 
protein 

phoU K02039 phoU; phosphate transport system protein 
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